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ABSTRACT
Tree-of-heaven (Ailanthus altissima), first introduced to the United States into
Philadelphia in 1784, is a very aggressive and invasive weed in both forest and urban
environments, especially within the Mid-Atlantic region. In 2002 to 2003, in southcentral Pennsylvania, Verticillium nonalfalfae, a soilborne, vascular wilt pathogen, was
found naturally killing thousands of Ailanthus trees. To date, V. nonalfalfae has been
isolated from dying Ailanthus in Pennsylvania, Virginia, and Ohio. Verticillium
nonalfalfae causes typical Verticillium wilt symptoms on Ailanthus, including wilt,
yellow vascular discoloration, defoliation, and mortality. The fungus naturally spreads
rapidly through Ailanthus stands from diseased to healthy Ailanthus trees. Due to its
efficacy and relatively small host range, V. nonalfalfae isolate VnAa140 has been
proposed as a biological control for the invasive Ailanthus in Pennsylvania. In this thesis
there were two main objectives. The first objective was to determine if intraspecific root
grafts and clonal root systems in Ailanthus stands play roles in rapid local V. nonalfalfae
transmission. The phenomenon of root grafting has been reported in >100 tree species
and can aid in the transmission of pathogens from diseased to healthy trees, for example,
those causing oak wilt and Dutch elm disease. Ailanthus altissima has not been reported
to form root grafts, nor has it been reported that Verticillium spp. can be transmitted by
root grafts in trees. Understanding the transmission of this potential biological control is
important for optimized deployment and assessing risk. Also, investigating root grafting
in Ailanthus altissima will allow for greater understanding of its invasion strategy and
biology. The second objective of this thesis was to develop a simple formulation and
delivery system for V. nonalfalfae isolate VnAa140 and explore the use of natural V.
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nonalfalfae inoculum sources, while further investigating this potential biocontrol agent’s
safety. The level of control achieved by V. nonalfalfae surpasses herbicide treatments
currently in use; however it is not formulated for anticipated expanded use by land
managers. The development of an optimized formulation and delivery system for V.
nonalfalfae will allow for more effective and efficient control of Ailanthus than
conventional herbicide control treatments. In addition, developing simple inoculation
methods utilizing natural inoculum sources will allow land managers to use V.
nonalfalfae without complete dependence on laboratory-prepared inoculum. Lastly, the
non-target plant species composition and health was reassessed within the Verticillium
wilt epicenter where V. nonalfalfae isolate VnAa140 was originally isolated. In this area
of Tuscarora State Forest, V. nonalfalfae has persisted and killed mature canopy
Ailanthus trees for over a decade. This assessment will help to further investigate this
biological control agent’s risk, efficacy, and host-adaptedness to Ailanthus.
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Chapter I
Literature Review: Verticillium wilt and biological control of Ailanthus altissima

Introduction to Ailanthus altissima

Ailanthus altissima (Mill.) Swingle, commonly known Ailanthus, tree-of-heaven,
or Chinese sumac, hereafter referred to as Ailanthus, is an exotic, invasive tree and an
aggressive invader of forest and urban environments within the United States. The
species A. altissima belongs to the family Simaroubaceae and is native to China, whereas
the genus, Ailanthus, is primarily found from eastern Asia to Australia (Miller, 1990;
Shah, 1997; Siren, 1949). Introduced into Philadelphia in 1784 from Europe by William
Hamilton, Ailanthus is now present in 44 contiguous states (Feret, 1985; Kasson et al.,
2013a). Historically, the tree was planted throughout cities in the early 1800s and a
desirable shade tree due to its ability to grow exceptionally well on poor sites and quickly
provide shade by reaching 1.5 m-tall in a single growing season (Shah, 1997). By the
mid-1800s, Ailanthus’ popularity began to decrease as its desirable characteristics also
contributed to its new-found status as a very aggressive noxious weed. Until about the
1960s Ailanthus was mostly confined to urban environments and transportation corridors.
At this time, in Pennsylvania, Virginia, Maryland, Ohio, and West Virginia, severe gypsy
moth defoliation of hardwood forests and subsequent salvage logging led to the invasion
of Ailanthus into forested environments, where it now outcompetes and displaces native
plant species, and impedes sound forest management (Hutchinson et al., 2004; Kasson et
al., 2013a).
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Ailanthus is a deciduous, early successional, shade-intolerant tree. It is extremely
fast-growing and capable of reaching heights >25 m and diameters at breast height (DBH,
1.4 m) of ≥100 cm. It is generally considered a short-lived species, living only between
30 to 50 years, but is capable of living well over 100 years (Kasson et al., 2013a; Miller,
1990). The leaves of Ailanthus are large, 20 to 60 cm long, odd-pinnately compound, and
include up to 35 lance-ovate leaflets (Fig. 1.1A). The leaflets also include two to four
glandular teeth, as well as two opposing glands at the rounded base. The petioles are
enlarged at the base and often two-toned; reddish on top and green on the bottom. At
defoliation, petioles leave behind large, heart-shaped leaf scars on the stout twigs. The
trunk is covered with smooth, thin, light gray bark (Hu, 1979) (Fig. 1.1B). Bark on larger
trees can become slightly fissured.
The reproductive capabilities of Ailanthus significantly contribute to its status as a
troublesome invasive species. The tree is dioecious; yellow-green male and female
flowers emerge from mid-April to July. Female flowers are less conspicuous than the
more numerous male flowers. Mature female trees are more noticeable and identifiable
than male trees by their distinctive fruits. The fruit is a samara with a single seed in the
center of a falcate wing. Samaras grow in large clusters of hundreds of seeds, which
range in color from an inconspicuous yellow-green to a brilliant orange or red (Fig.
1.1C). The clusters fully ripen and dry to a brownish color in September to October.
Samaras are wind-dispersed from July, throughout the fall and winter, and may persist on
trees into the following spring (Miller, 1990). Mature female trees are capable of
producing >300,000 seeds by 12 years of age (Dirr, 1998). Seed production varies and
depends on site conditions, but can start as early as 4 years old (O’Neal, personal
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observations). Even Ailanthus trees >100 years old are still capable of annually
producing hundreds of thousands of seeds. A female tree located on the University Park
campus of Penn State University, at the age of 112, produced a conservatively estimated
ca. 700,000 seeds during the 2012 growing season (O’Neal, unpublished observations).
Ailanthus can also reproduce aggressively by vegetative root sprouting/suckering (Miller,
1990; Swingle, 1916). Newly flushed roots sprouts/suckers are yellow-green and the
leaves vary in size and number of leaflet divisions (Fig. 1.1D). In comparison, seedlings
are epigeal, have a pair of round cotyledons, and trifoliate leaves (Hu, 1979) (Fig. 1.1E).
Vast seed production is only one of many characteristics that make Ailanthus an
aggressive, vigorous, and invasive competitor. Ailanthus also produces many allelopathic
quassinoids, including ailanthone, which can be found in leaf, root, bark, and seed tissues
(Heisey, 1990a, 1990b, 1996). The allelopathic compound is capable of suppressing
establishment and growth of competing plants, including desirable native species
(Heisey, 1996). Also, due to Ailanthus’ fast growth rate, the species can outcompete
native plant species for light, space, and nutrients.
Vegetative root sprouting/suckering adds to the difficulty of controlling this
invader. To combat Ailanthus, many manual control methods have been attempted,
including mowing, cutting, and girdling (Hoshovsky, 1988). However, these methods
often trigger vigorous sprouting from the surviving root system, intensifying the problem.
Therefore, such physical methods of control must be paired with systemic herbicide
treatments that kill the roots to fully control Ailanthus. Stem injections of herbicide
appears to be another option for controlling Ailanthus (Burch and Zedaker, 2003;
DiTomaso and Kyser, 2007). The combined effects of cutting and herbicidal treatments
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are most effective (Meloche and Murphy, 2006), but some roots may survive and sprout,
therefore rendering many control treatments ineffective. Also, with increasing
restrictions, costs, and labor that accompany the widespread use of herbicides along miles
of Ailanthus-flanked roadways, as well as within forest stands, biological control of
Ailanthus has become an area of great interest. With the recent discovery of Verticillium
wilt of Ailanthus, caused by the fungus Verticillium nonalfalfae Inderbitzin et al., the
option of utilizing biological control against Ailanthus appears viable and extremely
effective (Kasson et al., 2014b; Schall and Davis, 2009a).

Introduction to Verticillium nonalfalfae

In 2002 to 2003, massive numbers of wilting and dying Ailanthus trees were
discovered in south-central Pennsylvania within Tuscarora State Forest. Soil-borne fungi,
Verticillium albo-atrum Reinke and Berthold and Verticillium dahliae Klebahn, were
isolated from symptomatic seedlings and trees. However, pathogenicity tests revealed
that V. albo-atrum was more virulent than V. dahliae on Ailanthus and the major cause of
the unprecedented natural wilt and mortality of Ailanthus (Schall and Davis, 2009a). In
2011, V. albo-atrum underwent taxonomic division and the species originally isolated is
now identified as V. nonalfalfae (Inderbitzin et al., 2011). Verticillium nonalfalfae
appears native to the northeastern United States and has been isolated from wilting and
dying Ailanthus in Pennsylvania, Virginia, and Ohio (Kasson et al., 2014b; Rebbeck et
al., 2013; Schall and Davis, 2009a; Snyder et al., 2013, 2014).
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Verticillium nonalfalfae is a soil-borne fungus belonging to Kingdom Fungi,
phylum Ascomycota, subphylum Pezizomycotina, class Sordariomycetes, order
Phyllachorales, and family Plectosphaerellaceae (Fradin and Thomma, 2006; Inderbitzin
et al., 2011). The species occurs on a variety of hosts, but not on alfalfa (Medicago sativa
L.) as its name implies (Inderbitzin et al., 2011). On potato dextrose agar (PDA) and
plum extract agar (PEA), colonies of V. nonalfalfae first appear white with nondescript
conidia on verticillate conidiophores (Fig. 1.2A, B and C). After 2 weeks, colonies
darken due to formation of heavily melanized resting mycelia (Fig. 1.2A, B, and D). The
resting mycelia enable V. nonalfalfae to survive in harsh environmental conditions and
persist in soil for many years in the absence of a host.
Wilhelm (1955) concluded that V. dahliae microsclerotia could survive as least 14
years in soil. However, the resting mycelia of V. nonalfalfae may have a shorter
longevity. DeVay and Pullman (1984) concluded that V. albo-atrum sensu lato can
survive for about 2 to 3 years in fallow field soil. Also, recently, it was discovered that V.
nonalfalfae can remain viable for at least 4 years in potting soil at 4°C (O’Neal,
unpublished observations). This longevity allows for the stabilization and storage of
Verticillium spp. in soil for many years under laboratory conditions (Joaquim and Rowe,
1990; Kasson et al., 2014b).
Verticillium dahliae is easily differentiated from V. nonalfalfae since it produces
microsclerotia (Fig. 1.2E). However, to correctly identify and differentiate V. nonalfalfae
from other Verticillium spp. that form resting mycelia, including Verticillium alfalfae
Inderbitzin et al. and Verticillium albo-atrum Inderbitzin et al. sensu stricto,
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morphological characteristics are not adequate and molecular identification must be used
(Fradin and Thomma, 2006; Inderbitzin et al., 2011).
Fungi in the genus Verticillium are mainly vascular wilt pathogens causing
Verticillium wilt on a large number of unrelated plant species, many of which are
economically important (Born, 1974). Verticillium nonalfalfae has been isolated from
infected hops, spinach, solanaceous crops, and trees in the United States, United
Kingdom, Canada, Slovenia, and Japan (Heimstra and Harris, 1998; Inderbitzin et al.,
2011; Kasson et al., 2014a, 2014b; Pegg and Brady, 2002; Schall and Davis, 2009b).
Comparative pathogenicity testing revealed that V. nonalfalfae isolates from other hosts,
such as eggplant and potato, were not pathogenic on Ailanthus (Kasson et al., 2014b),
suggesting host-adaptation within V. nonalfalfae isolates.
Verticillium nonalfalfae isolates from Ailanthus, specifically V. nonalfalfae isolate
VnAa140 (previously PSU 140), appear to have a relatively limited host range and may
be host-adapted to Ailanthus (Kasson et al. 2014a, 2014b; Schall and Davis, 2009b). In an
extensive host range study (Kasson et al. 2014a), in the field, V. nonalfalfae isolate
VnAa140 only caused >30% mortality in stem-inoculated staghorn sumac (Rhus typhina
L.), poison ivy (Toxicodendron radicans L.), striped maple (Acer pensylvanicum L.), red
elderberry (Sambucus racemosa L.), and devil’s walking stick (Aralia spinosa L.) out of
71 plant species. In addition, trace amounts of V. nonalfalfae isolate VnAa140 have been
observed to spread naturally from inoculated Ailanthus trees to staghorn sumac, striped
maple, devil’s walking stick; all of which may be minor hosts for V. nonalfalfae (Kasson
et al., 2014a, 2014b).
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Verticillium wilt of Ailanthus altissima. Both V. dahliae and V. nonalfalfae
cause Verticillium wilt of Ailanthus. In the Mid-Atlantic region of the United States, V.
dahliae is more common on Ailanthus, but V. nonalfalfae is more devastating. Some
Ailanthus may overcome V. dahliae infections, but V. nonalfalfae infections result in
rapid Ailanthus mortality. On Ailanthus, V. nonalfalfae causes symptoms typical of
Verticillium wilt, including sudden wilting of entire compound leaves and leaflets, while
the petioles remain intact (Fig. 1.3A). In addition to foliar symptoms, V. nonalfalfae also
induces gumming in Ailanthus, which creates a yellow discoloration of the vascular
tissue (Fig. 1.3B; Kasson et al., 2014b; Schall and Davis, 2009a). Wilting results from
mycelia and conidia clogging the tree’s xylem, which prevents water uptake. Verticillium
spp. may also produce cell wall-degrading enzymes and phytotoxins that assist in
colonization (Fradin and Thomma, 2006). Wilted leaves exhibit chlorotic and necrotic
tips, followed by wilt and premature defoliation. Initial defoliation of the entire tree is
often followed by flushes of epicormic sprouting, which is shortly followed by further
wilt, defoliation, and eventual mortality (Fig. 1.3C; Kasson et al., 2014b; Schall and
Davis, 2009a).
Inoculated trees and seedlings begin to develop wilt by 4 weeks post-inoculation
(WPI). However, seedlings succumb to Verticillium wilt more rapidly than canopy trees.
By 8 WPI, most seedlings and some trees become heavily defoliated and begin to die.
After 10 WPI seedlings are dead. By 18 weeks post-inoculation, most trees are dead.
During late season infections in the field, V. nonalfalfae overwinters within infected
Ailanthus trees and resumes colonization the following growing season (O’Neal,
unpublished observations; Schall and Davis, 2009a).
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Transmission of Verticillium nonalfalfae. In artificially inoculated Ailanthus
stands, V. nonalfalfae spreads rapidly from diseased to healthy Ailanthus trees. For
example, in stands where only 10 Ailanthus trees had been inoculated, >1,000 dead
and/or infected Ailanthus were observed by 3 years post-inoculation (YPI). Furthermore,
100 Ailanthus trees that had been inoculated in 2006 to 2009 resulted in the infection and
mortality of >14,000 Ailanthus trees by fall of 2011 (Kasson et al., 2014b). The means of
rapid local and long-distance transmission and the spatial pattern of spread of V.
nonalfalfae within these stands are not fully understood. However, possible means of
pathogen transmission from diseased to healthy trees include insect vectors; infected
leaves, seeds, and woody materials; root contact; intraspecific root grafts; and clonal root
systems (Kasson et al., 2014b; Schall, 2008).

Insect vectors. Huang et al. (1983) reported that pea aphids (Acyrthosiphon
pisum Harris) carried V. albo-atrum conidia on their bodies and vectored V. albo-atrum
to alfalfa. Kalb and Millar (1986) also reported that the fungus gnat (Bradysia impatiens
Johannsen) was capable of vectoring V. albo-atrum to alfalfa. Schall (2008) and Kasson
et al. (2013b) observed that Ailanthus trees infected with V. nonalfalfae become heavily
infested with thousands of ambrosia beetles, most commonly Euwallacea validus
Eichhoff. Euwallacea validus is an exotic Asian species first reported in New York in
1976 (Lightle et al., 2007). These ambrosia beetles have been reported to passively carry
V. nonalfalfae conidia on their bodies, but it is unknown if infested beetles can transmit
V. nonalfalfae to healthy trees (Kasson et al., 2013b; Schall, 2008). However, a mass
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attack by thousands of infested beetles on a single healthy Ailanthus tree undoubtedly
results in V. nonalfalfae infection.
Verticillium wilt of Ailanthus epicenters have spontaneously appeared 0.4 km
from the nearest artificially inoculated Ailanthus stand (O’Neal, personal observations).
One hypothesis for this phenomenon is that a single stressed Ailanthus may attract V.
nonalfalfae-infested E. validus and contract Verticillium wilt, and the pathogen then
spreads to adjacent healthy Ailanthus by local modes. Transmission by E. validus may be
responsible for the spread of V. nonalfalfae over long distances, while local spread may
be due to infected leaves, seeds, and/or intraspecific root grafts or root contact. In
addition, V. nonalfalfae transmission to non-target hosts may be due to E. validus attacks
on susceptible species, such as striped maple, staghorn sumac, and devil’s walking stick,
which are known hosts for E. validus (Kasson et al., 2014a).

Infected leaves, seeds, and wood. Verticillium wilt is often spread by the
movement of resting structures, microsclerotia and/or melanized hyphae, which can be
found within infected host tissues (Fradin and Thomma, 2006). Therefore, the movement
of infected materials, such as windblown leaf litter or seeds, or wood, may result in
transmission of Verticillium wilt. Huang (1989) reported that V. albo-atrum is often
confined to and can be isolated from the midrib and lateral veins of infected leaflets of
alfalfa. Also, it has been presumed that V. dahliae can be disseminated by windblown
leaves that have fallen from infected ash trees that contain microsclerotia (Rijkers et al.,
1992).
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Regarding seed transmission, Isaac (1957) concluded that V. albo-atrum can be
transmitted on, but not within, alfalfa seed. Therefore, seed pods and other infected
materials gathered with alfalfa seeds may spread V. albo-atrum. In lettuce (Lactuca sativa
L.), Vallad et al. (2005) observed that 44 to 100% of seeds formed on V. dahliae-infected
plants yielded V. dahliae, suggesting that Verticillium spp. can be transmitted by seed.
Seeds and leaves of infected Ailanthus trees contain V. nonalfalfae (Schall, 2008),
but effective transmission by these modes to healthy Ailanthus trees has never been
proven. Even if proven, infected seeds and leaves may not be significant modes of longrange dissemination since the natural, spatiotemporal spread of the fungus occurs more
rapidly and at greater distances than possible by infected leaf and seed dissemination
alone (Schall, 2008). Infected wood may not be a significant mode of transmission since
its spread is quite limited. However, human activity that moves infected materials, like
leaves and wood, to healthy stands of Ailanthus may serve as a significant long distance
mode of dissemination. Also, moving wood may serve as a method of establishing new
infections in healthy Ailanthus stands in order to obtain biocontrol. Of all these potential
modes of dissemination, it is likely that root contact and intraspecific root grafting play
the most significant roles in the natural transmission of V. nonalfalfae from diseased to
healthy Ailanthus trees.

Intraspecific root grafts and root contact. Trees are not always completely
separate individuals, but rather may be connected by root grafts. There are three types of
natural root grafts, intraspecific (between two members of the same species), interspecific
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(between different species), and self (between two roots of the same tree) (Graham and
Bormann, 1966).
Root grafting is common in many forest genera, including pines (Pinus spp.),
oaks (Quercus spp.), elms (Ulmus spp.) and maples (Acer spp.) (Graham and Bormann,
1966). Root grafts form when larger mature roots from the same tree, or from separate
trees, in close proximity to one another, are naturally forced together. Their soft cortex is
ruptured, the cambial tissues come in contact, and the vascular tissues fuse (Mudge et al.,
2009). The rupturing of the cortex may be caused by rubbing of roots caused by wind
action (Cook and Welch, 1957; Rigg and Harrar, 1931) or from the pressure due to
growing within a confined space constricted by soil or rock (Bormann and Graham, 1959;
Kozlowski and Cooley, 1961; Newins, 1916). The latter of the two possibilities appears
more common, since root grafts are found among eastern white pine trees (Pinus strobus
L.) growing in stiff clay soils that prevent movement of roots due to wind (La Rue,
1934), indicating that wind is not required for grafts to form.
The presence of root grafts among trees has many ecological and silvicultural
implications (Eis, 1972; Graham and Bormann, 1966; Tarroux et al., 2010). Grafts have
been reported to play significant roles in local transmission and translocation of water,
carbohydrates, chemical herbicides, other poisons, and pathogens between or among trees
(Beckman and Kuntz, 1951; Bormann and Bormann, 1960; Epstein, 1978; Fraser et al.,
2006; Kuntz and Riker, 1955). Also, trees may share beneficial microorganisms or even
defensive compounds used in the resistance to pathogens or herbivores through root
grafts (Lev-Yadun, 2011).
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Some common tree pathogens causing vascular wilts, similar to Verticillium wilt,
can pass through intraspecific root grafts. For example, Ceratocystis fagacearum (Bretz)
J. Hunt, causal agent of oak wilt, and Ophiostoma ulmi (Buis.) Melin and Nannfeldt,
causal agent of Dutch elm disease, can be transmitted from diseased to healthy trees by
intraspecific root grafts (Henry et al., 1944; Verrall and Graham, 1935). Other damaging
vascular wilt diseases such as persimmon wilt, caused by Acremonium diospyri (Crand.)
W. Gams, and laurel wilt, caused by Raffaelea lauricola T.C. Harr., Fraedrich, and
Agaveya, have also been proposed to be transmitted from diseased to healthy plants by
root grafts and clonal root systems; however, evidence is limited and requires further
study (Crandall and Baker, 1950; Ploetz et al., 2012). Although not a vascular wilt
disease, annosum root rot, caused by Heterobasidion annosus (Fr.) Brefeld, can also be
transmitted by intraspecific root grafts and root contact (Hodges, 1969). Thus, the clonal
root systems and intertwined roots in dense Ailanthus stands may play significant roles in
the formation of intraspecific root grafts and rapid V. nonalfalfae transmission. However,
it is unknown if Ailanthus forms functional root grafts, although circumstantial evidence
exists since herbicidal treatment of Ailanthus trees can result in the death of neighboring
(non-injected) Ailanthus trees (Lewis and McCarthy, 2008). Although it has not been
reported that Verticillium spp. are capable of being transmitted through root grafts or by
root contact in trees (Epstein, 1978), root contact has been reported to transmit
Verticillium spp. among both potato (Solanum tuberosum L.) (McKay, 1926) and tomato
plants (Solanum lycopersicum L.) (Isaac, 1953; Roberts, 1943).
Non-inoculated healthy Ailanthus trees adjacent to inoculated Ailanthus trees are
usually the first Ailanthus trees to contract V. nonalfalfae. These adjacent trees may
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develop wilt symptoms only 2 weeks after the initially inoculated Ailanthus trees do,
whereas new infections normally have a 4-week incubation period (Schall, 2008). These
observations suggest intraspecific root grafts could be important in the rapid local
transmission of V. nonalfalfae between diseased and healthy Ailanthus trees. In addition,
root contact may transmit V. nonalfalfae, but more slowly since Verticillium spp. are
usually not released from infected plant roots until the death of the roots (Fradin and
Thomma, 2006). Overall, understanding how this pathogen is transmitted from tree-totree is important for assessing risk and deployment strategy if it is to be widely used as a
biological control for the invasive Ailanthus.

Biological Control of Weeds Using Plant Pathogens

The field of plant pathology has been largely devoted to the study, prevention,
and control of diseases of economically important plants. The diseases of weeds are often
overlooked until weeds cause economic losses or ecological harm, as which point, plant
pathogens may be considered as potential biological control agents. Proper deployment of
host-specific plant pathogens as biological herbicides can be used to control weeds with
little risk of damaging desirable plants (Charudattan, 2001; Templeton and TeBeest,
1979; Watson, 1985). Plant pathogens used as biological control agents against weeds
have many advantages over chemical herbicides, which may offer an immediate solution
to a weed problem, but not necessarily the best long-term solution (Templeton and
TeBeest, 1979). Host-specific plant pathogens usually have little or no residue or toxicity,
and do not accumulate in soil or water (Wilson, 1969). Also, unlike chemical herbicides,

14
plant pathogens may have natural delivery systems already in place. Some insect vectors
of plant pathogens, including bees and ants, are known to spread biological control agents
(Fravel, 2005). With increasing costs of applying, developing, and registering chemical
herbicides; the discontinuation of older herbicides; increasing frequencies of herbicideresistant weeds; government mandates of herbicide use reduction; and the public’s desire
for chemical-free food production, host-specific plant pathogens offer a biological
alternative solution to conventional chemical herbicides (Charudattan, 2001) within food
production and weed management.

Use of mycoherbicides in forest management. In forestry, competing vegetation
may interfere with and/or completely inhibit the growth of desirable tree species. The
presence of undesirable and invasive vegetation may inhibit forest management activities
or make them less ecologically sound. Forest weeds are often controlled by mechanical
removal, prescribed burning, and/or chemical herbicides applied in a variety of ways
including stem injections, basal, and foliar sprays. In large forested areas these methods
may be extremely expensive, environmentally damaging, laborious, and may negatively
affect desirable non-target plant species (Shamoun, 2000).
In forest management, interest in replacing costly herbicide treatments with
biological controls, such as using mycoherbicides (Templeton et al., 1978), date back to
the 1960s. In 1965, persimmon wilt, caused by Acremonium diospyri (Crand.) W. Gams,
was proposed as a fungal silvicide, a class of mycoherbicide used to control brush and
trees (Wilson, 1965). In the years that followed, A. diospyri was used to control unwanted
common persimmon trees (Diospyros virginiana L.) on grazing lands in Oklahoma
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(Griffith, 1970). Common persimmon, deemed a noxious weed by the state of Oklahoma,
prevents effective grazing and the fruit sickens livestock if ingested (Wilson, 1965,
1969). Squirt bottles filled with a conidial suspension were provided to landowners and
used to deliver the fungus through stem wounds made with a hatchet. Interestingly, some
landowners had been moving diseased wood from infected persimmon stands to healthy
ones, thus utilizing biological control many years before researchers proposed A. diospyri
as a biological control agent for common persimmon (Templeton and Henry, 1989;
Wilson, 1969).
In 1969, French and Schroeder used oak wilt, caused by C. fagacearum, as a
selective fungal silvicide to control oaks on sites best suited for pine production in central
Minnesota. The biological control treatment removed competing oaks and also eliminated
the oak as an alternative host for pine-oak rust, caused by Cronartium quercuum (Berk.)
Miyabe ex Shirai, which infects economically important pines (French and Schroeder,
1969). The costs for this biological control treatment were negligible, being
approximately $0.01 to $0.02 to kill each oak in 1969. In addition, the labor required was
much less than if chemical herbicides were used to control the undesirable oak trees
(French and Schroeder, 1969).
In the early 1990s, the fungus Chondrostereum purpureum (Pers.) Pouzar, a
common forest saprophyte, was collected by Wall (1990) and used to control hardwood
stump sprouts in Canada after trees were felled. A slurry of inoculated wheat bran or
inverted petri plates were applied to freshly cut stump surfaces. Chondrostereum
purpureum was reported successful in preventing stump sprouting in a number of
hardwood species (Dumas et al., 1997; Harper, 1999; Pitt et al., 1999; Scheepens and
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Hoogerbrugge, 1990; Wall, 1990, 1994). In 2007, a formulation and production system
was developed for C. purpureum as a fungal silvicide for deciduous brush and the fungus
is currently registered in Canada and the United States as a biological control agent
(Hintz, 2007; Paul and Hintz, 2007).

Formulation and delivery of mycoherbicides. The fungus V. nonalfalfae has
potential to be a safe, efficient, and effective mycoherbicide for Ailanthus. Verticillium
wilt of Ailanthus provides a great opportunity to use, what appears to be, an endemic
fungal pathogen as a biological control against a highly susceptible, invasive, and exotic
tree species, which causes many problems along highway corridors and within forests. In
anticipation of future widespread biocontrol use, the development of a formulation and
delivery system for V. nonalfalfae, coupled with continued risk assessments, is the next
step in preparation for using this pathogen as a biological control for Ailanthus in
Pennsylvania.
Formulation of biological control agents, including mycoherbicides, presents
many challenges that have to be overcome before commercialization or widespread use
can be attained. A biological control agent must be able to be produced in large
quantities, survive in storage, and maintain its pathogenicity (Stubbs and Kennedy,
2012). Various mycoherbicide formulations often employ a liquid and/or solid carrier,
which serves as the substrate in or on which the fungus is stabilized, stored, and
delivered. Liquid carriers may include water, corn or other oils, and the detergent and
emulsifier “Tween 20.” Conidial suspensions used by French and Schroeder (1969),
Griffith (1970), Schall and Davis (2009a), and Kasson et al. (2014b) consisted of conidia
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carried in water. Tween 20 was used by Kleczewski and Flory (2010) and Zhang et al.
(2007) as a carrier for conidia of Bipolaris sp. and Helminthosporium gramineum Rabehn
f.sp. echinochloae, respectively, used in artificial inoculations. Boyette (2006) and
Hoagland et al. (2007) both used corn oil to develop a foliar mycoherbicide spray for
sicklepod (Senna obtusifolia (L.) H.S. Irwin and Barneby) and kudzu (Pueraria lobata
(Willd.) Ohwi), respectively. Solid carriers might include substrates like sawdust, seeds,
soil, or “pesta” granules. Tiourebaev et al. (2001) used birch sawdust, wheat seeds, and
oat seeds as carriers for Fusarium oxysporum Schl. f. sp. cannabis Noviello and Snyder.
Although not used as a mycoherbicide, sterile soil was used as a carrier for Pseudomonas
fluorescens Migula by Van Dyke and Prosser (2000) to increase its survival following
application to agricultural soils for use as a plant growth promoter. Pesta granules,
derived from dough made of wheat flour, fillers, and other additives (Connick et al.,
1993), has been used as a carrier for Fusarium oxysporum Schlechtendal in the biological
control of a variety of weeds (Amsellem et al., 1999; Elzein et al., 2004, 2006, 2009;
Kohlschmid et al., 2009; Müller-Stöver and Sauerborn, 2007). Lastly, formulations in
their simplest form may include moving infected materials found in nature from infected
to healthy plants to achieve biological control. The method used to formulate a biological
control agent is largely dependent on the characteristics of the potential biological control
agent. Some microbes are relatively easy to stabilize and store since they form resting or
survival structures, such as bacterial endospores, resting mycelia, sclerotia,
microsclerotia, or specialized resting-spores. However, once they are stabilized one must
be able to revive them successfully (Fravel, 2005).
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Once a biological control agent is formulated it must undergo field testing to
assess its success while facing environmental limitations and impacts. The agent must be
able to withstand harsh, unpredictable environmental conditions, and be virulent against
the target host while in competition with other microbes (Stubbs and Kennedy, 2012).
Field testing is also necessary to develop a successful and efficient delivery system,
which may present additional challenges. In some cases, formulations and delivery
systems for one biological agent can take multiple forms. Determining where, when, and
how to apply a biological control agent depends greatly on the agent and the pathosystem
being used (Fravel, 2005). Developing a delivery system includes considerations other
than just determining whether to apply a biological control as a foliar spray or stem
injection. Research must also be conducted to determine the optimal timing of
inoculation and to develop application schedules to ensure the biological control agent is
effective and efficient (Fravel, 2005).

Formulation of Verticillium nonalfalfae. For biological control, V. nonalfalfae is
currently delivered as a conidial suspension at a concentration of 107 conidia ml-1. The
suspension is injected into the base of Ailanthus trees with a hypo-hatchet (OEM
Fabricators Inc., Woodville, WI), which delivers 1 ml of suspension per hit (Kasson et
al., 2014b; Schall and Davis, 2009a). Unfortunately, the simply formulated conidial
suspension is unstable and has a relatively short shelf-life, limiting its usefulness.
Immediate use helps avoid decreased conidial viability, as well as possible
contamination; therefore it would be useful to prolong the viability of this biological
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control agent. Due to the biological characteristics of Verticillium, extending inoculum
shelf-life and increasing stabilization of inoculum should not be difficult.
Verticillium nonalfalfae has three characteristics that may allow for
uncomplicated formulation. Firstly, many Verticillium spp. are able to survive in the soil
for long periods in the absence of a host, due to formation of resting structures. Secondly,
the removal of Verticillium from storage in soil and germination of resting structures is
simple. Even after 4 years, V. nonalfalfae is easily recovered from storage by transferring
a small amount of soil onto a petri plate containing PDA or PEA (O’Neal, unpublished
observations). Isaac and MacGarvie (1966) reported that water appeared to be the main
requirement for germination of V. albo-atrum resting mycelia. Even after vigorous
mixing, 15 to 50 µ long mycelial fragments, containing only one to three septations, were
still capable of germinating. Upon germination, a thin-walled hyaline germ-tube emerged
from fragments and within 6 h formed conidia on simple non-verticillate conidiophores
(Isaac and MacGarvie, 1966).
Thirdly, pathogenicity of V. nonalfalfae is maintained after years in storage. In a
preliminary experiment during July 2012, a vial containing 4 g of V. nonalfalfae-infested
soil was removed from 2 years of storage at 4°C, mixed with 100 ml sterile distilled
water, filtered through cheesecloth, and used to inoculate five healthy canopy Ailanthus
trees in the field by spraying 1 ml inoculum into each of three wounds/tree. At 2 month
post-inoculation, all five trees displayed typical symptoms of Verticillium wilt. During
the following winter, V. nonalfalfae was isolated from all five inoculated trees and the
identification confirmed by morphology (O’Neal, unpublished observations).
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The biological characteristics of V. nonalfalfae described above may lead to the
rapid development of a successful formulation and delivery system, which may be used
to manage Ailanthus. Potentially, the fungus may be formulated with a simple solid and
liquid carrier comprised of soil and water. The cost of developing a formulation using
soil and water would be minimal, including laboratory materials and labor. The
formulation could be applied using current technology and methods used in herbicide
applications within forestry, making the biological control agent easy for land managers
to prepare and use.
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Figures

Fig. 1.1. Morphological characteristics of tree-of-heaven (Ailanthus altissima), showing, A, pinnately
compound leaves and seed clusters of a female Ailanthus tree, B, smooth, slightly fissured, thin, light gray
bark, C, cluster of falcate samaras, D, root sprouts of a potted Ailanthus sapling, and E, Ailanthus
seedlings.
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Fig. 1.2. Morphological characteristics of Verticillium nonalfalfae, showing A, a young emerging colony
from a piece of infected Ailanthus wood, B, 1-month-old pure culture on plum extract agar (PEA) petri
plate, C, verticillate conidiophore, a characteristic of Verticillium species, D, heavily melanized resting
mycelia within a PEA petri plate (surface mycelia removed), and E, Verticillium dahliae microsclerotia
within a PEA petri plate, for comparison (surface mycelia removed).
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Fig. 1.3. Typical symptoms of Verticillium wilt of Ailanthus altissima caused by Verticillium nonalfalfae,
include A, acute foliage wilt (healthy foliage in upper left), B, yellow vascular discolored wood and
streaking (right side), and healthy colored wood (left side) C, epicormic sprouting, wilting sprouts,
defoliation, and eventual mortality.
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Chapter II
Root grafting and clonal growth in Ailanthus altissima and their role in Verticillium
transmission
E. S. O’Neal and D. D. Davis. Department of Plant Pathology and Environmental
Microbiology, The Pennsylvania State University, University Park, Pennsylvania, 16802
Abstract
O’Neal, E. S. and D. D. Davis. 2014. Root grafting and clonal growth in Ailanthus
altissima and their role in Verticillium transmission. Plant Dis. 99: pp-pp.
Verticillium nonalfalfae, causal agent of Verticillium wilt, is being considered as
an effective biocontrol for the highly invasive Ailanthus altissima in Pennsylvania. This
soilborne fungus is extremely virulent on Ailanthus and rapidly transmitted from diseased
to healthy trees within Ailanthus stands. The modes of rapid local transmission have not
been determined, but root grafts are suspected. However, root graft formation in
Ailanthus and Verticillium transmission by root grafts in trees has not been reported.
Here, intraspecific root grafts and clonal growth of Ailanthus are evaluated as modes of
V. nonalfalfae transmission between diseased and healthy Ailanthus trees. Using dye
translocation, air-spade excavation, and root graft inoculations, abundant functional root
grafts were detected in three Ailanthus stands and their ability to transmit V. nonalfalfae
was demonstrated. Also, the inoculation of an Ailanthus clone demonstrated that V.
nonalfalfae can spread rapidly from an inoculated parent stem to surrounding root
sprouts. These results reveal that clonal growth and root grafts, normally advantageous
growth habits, leave entire Ailanthus stands vulnerable to widespread V. nonalfalfae
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infections. Collectively, the results of this study broaden the understanding of the
Ailanthus-Verticillium pathosystem, growth strategies of invasive Ailanthus, and
epidemiology of Verticillium wilt within trees.
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Introduction

Tree-of-heaven, Ailanthus altissima (Mill.) Swingle, is an aggressive exotic
invader of forest and urban environments across the United States. Since introduction
into Philadelphia in 1784, this shade-intolerant tree has become especially populous in
the Mid-Atlantic region (Feret, 1985; Kasson et al., 2013a). Historically, Ailanthus was
mainly found along transportation corridors and within urban areas, where it remains
problematic. However, Ailanthus has recently invaded and increased in number within
forested areas (Kasson et al., 2013a). Fast growth, prolific seed production, clonal
proliferation, and allelopathy enable Ailanthus to easily outcompete and displace
desirable native plant species (Dirr, 1998; Heisey, 1996; Miller, 1990). Currently,
attempts to control Ailanthus rely primarily on the use of chemical herbicides, which are
expensive, laborious, usually ineffective, and require repetitive applications. In recent
years, Verticillium wilt caused by Verticillium nonalfalfae Inderbitzin et al., a soilborne,
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vascular wilt pathogen has been proposed as a highly effective and mostly host-adapted
biological control for Ailanthus (Kasson et al., 2014a, 2014b; Schall and Davis, 2009a).
Verticillium nonalfalfae, previously recognized as Verticillium albo-atrum Reinke
and Berthold sensu lato, has been reported on hops, spinach, solanaceous crops, and
various trees in the United States, United Kingdom, Canada, Slovenia, and Japan
(Heimstra and Harris, 1998; Inderbitzin et al., 2011; Kasson et al., 2014a, 2014b; Pegg
and Brady, 2002; Schall and Davis, 2009b). In Pennsylvania, Virginia, and Ohio, V.
nonalfalfae has been isolated from wilting and dying Ailanthus trees and appears native
to eastern forests (Kasson et al., 2014b; Rebbeck et al., 2013; Snyder et al., 2013, 2014).
Once infected, Ailanthus trees exhibit yellow vascular discoloration and acute foliage
wilt, followed by defoliation, and eventual mortality. Etiology and efficacy studies have
shown that V. nonalfalfae isolate VnAa140 is extremely virulent on Ailanthus, and
comparative pathogenicity and host range testing indicate that the isolate is likely hostadapted to Ailanthus (Kasson et al., 2014a, 2014b; Schall and Davis, 2009b). However,
very low incidences of natural infection have been observed in striped maple (Acer
pensylvanicum L.), staghorn sumac (Rhus typhina L.), and devil’s walking stick (Aralia
spinosa L.) within severely infected Ailanthus stands, indicating that these three species
may be native hosts (Kasson et al., 2014a).
In naturally infected as well as artificially inoculated Ailanthus stands, V.
nonalfalfae is rapidly transmitted from diseased to healthy trees by undetermined means.
During the springs of 2006 to 2009, the inoculation of 100 Ailanthus trees across 12
stands resulted in the infection and mortality of >14,000 Ailanthus stems by fall of 2011.
In one of these stands, V. nonalfalfae was transmitted from only 10 inoculated Ailanthus
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trees to >300 adjacent, formerly healthy Ailanthus trees by 1 year-post inoculation
(Kasson et al., 2014b). We hypothesize that the modes of rapid V. nonalfalfae
transmission, both local and long-distance, may include insect vectors (ambrosia beetles);
infected leaves, seeds, and wood; root contact; clonal root systems; and intraspecific root
grafts (Kasson et al., 2013b, 2014b; Schall, 2008). The latter two modes are the focus of
this study.
Root grafts are formed when opposing mature roots come in contact and their
cortex is ruptured by the pressure caused by root diameter expansion that is constricted
by soil and rock. The cambia come into contact and the vascular tissues fuse (Bormann
and Graham, 1959; Kozlowski and Cooley, 1961; Mudge et al., 2009; Newins, 1916).
Ecologically, root grafts between trees or among trees can influence tree growth, forest
succession, stand development, and forest management practices (Eis, 1972; Graham and
Bormann, 1966; Tarroux et al., 2010).
Root grafting is generally an advantageous adaptation (Lev-Yadun, 2011), but
transmission of many well-known forest pathogens can occur through root grafts
(Bormann and Graham, 1960; Epstein, 1978). For example, Ceratocystis fagacearum
(Bretz) J. Hunt, causal agent of oak wilt, and Ophiostoma ulmi (Buis.) Melin and
Nannfeldt, causal agent of Dutch elm disease, can be transmitted from diseased to healthy
trees by intraspecific root grafts (Henry et al., 1944; Verrall and Graham, 1935). Other
wilt diseases such as persimmon wilt, caused by Acremonium diospyri (Crand.) W.
Gams, and laurel wilt, caused by Raffaelea lauricola T.C. Harr., Fraedrich, and Agaveya,
have also been proposed to be transmitted by root grafts and clonal root systems;
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however, evidence is limited and requires further study (Crandall and Baker, 1950; Ploetz
et al., 2012).
Although root grafts have not been reported to transmit Verticillium spp. from
diseased to healthy trees, Epstein (1978) discussed the possibility in his review. However,
the existence of intraspecific root grafts has not been reported in A. altissima.
Nevertheless, there are several instances of evidence that such grafts occur in nature. For
example, Lewis and McCarthy (2008) reported that herbicide treatments of Ailanthus
trees may have resulted in the death of neighboring, untreated Ailanthus trees,
presumably by translocation of the herbicide through root grafts between treated and
untreated trees. Also, Schall (2008) observed that non-inoculated Ailanthus trees,
growing adjacent to Ailanthus trees artificially inoculated with V. nonalfalfae, quickly
develop wilt symptoms within 2 weeks after the initial inoculated trees do. These
observations indicate that intraspecific root grafts, and/or clonal root systems, may be
important in the rapid, localized transmission of V. nonalfalfae between diseased and
healthy Ailanthus trees. Herein we provide the first evidence of functioning intraspecific
root grafts in Ailanthus and movement of Verticillium across the grafts.
The main objectives of this study were to: (i) determine if Ailanthus naturally
forms functional intraspecific root grafts, (ii) estimate the frequency of intraspecific root
grafts in Ailanthus stands, (iii) and determine if V. nonalfalfae can be transmitted by
intraspecific root grafts and (iv) through clonal root systems of Ailanthus.
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Materials and Methods

Study sites. Three Ailanthus stands, differing in age and sizes of Ailanthus trees,
located in south-central Pennsylvania among mixed-hardwood dominated forests were
used to study Ailanthus root grafts. A fourth site was used to study V. nonalfalfae
transmission by clonal root systems.
The first stand, LV, was relatively even-aged and located in Locke Valley, near
Shade Gap, PA, within Rothrock State Forest (Huntingdon Co.). The mean age of
Ailanthus trees was 11.8 years and the mean diameter at breast height (DBH, 1.4 m) was
11.7 cm. The mean basal area for Ailanthus within the stand was 23.0 m2/ha (Table 2.1).
The second stand, SGL 322, was a relatively mixed-aged stand located on PA
State Game Lands 322 near Petersburg, PA (Huntingdon Co.). The mean age of Ailanthus
trees was 37.6 years, mean DBH was 12.2 cm, and the mean basal area for Ailanthus was
22.5 m2/ha (Table 2.1). This mixed-aged stand also contained many small Ailanthus
saplings and root sprouts that were only a few years old, in addition to a few old large
canopy trees.
The third stand, SGL 281, was located on PA State Game Lands 281 near
Newport, PA (Perry Co.). This relatively even-aged stand was larger, denser, and older
than the other two study stands. Mean Ailanthus tree age was 38.9 years, mean DBH was
17.3 cm, and mean basal area for Ailanthus was 32.6 m2/ha (Table 2.1).
Detection of root grafts using dye translocation. Methods used to detect
functional intraspecific root grafts in Ailanthus stands were modified from protocols
reported by Bormann and Graham (1959) and Graham (1960). In May 2013, circular 5-m
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radius plots, five plots per stand, were established in Ailanthus stands LV, SGL 322, and
SGL 281.
An Ailanthus stem in the center of each plot was selected, based on size and
proximity to neighboring Ailanthus stems, and designated as plot center (Fig. 2.1). All
Ailanthus stems >2.54 cm DBH in each plot were recorded as to diameter, as well as
distances and azimuths to the plot center. In each plot, the selected plot center stem was
felled, leaving a ca. 30-cm tall “donor” stump. A ca. 30-cm tall dye reservoir was
constructed on each donor stump using vinyl roof flashing, staples, and caulk (Fig. 2.2A,
B). Reservoirs were filled with 0.15% aqueous acid fuchsin dye solution (Fig. 2.2A, C).
Each reservoir was capped and covered with plastic sheeting to prevent evaporation (Fig.
2.2D). Dye was maintained at a depth of 13 cm for 6 weeks, at which time, a 20-cm wide
strip of bark around the entire circumference on all the Ailanthus stems within the plots
was removed. Stems that received dye from the donor stump were designated as
“receptor” stems. The ages of all receptor stems and felled donor stumps were determined
using 5.15-mm diameter increment borers (Haglof Company Group, Madison, MS).
Extracted cores were mounted, sanded, and aged by counting annual growth rings as
described by Kasson et al. (2013a).
Mapping of dye translocation and estimation of tree connectivity. ArcMap 9.2
(ESRI, Redlands, CA) was used to construct maps to visualize spatial dye translocation
from donor stumps to receptor stems within the dye translocation plots. To anchor the
plot locations within the mapping program, latitudes and longitudes were recorded for all
donor stumps using a hand-held GPS unit (Garmin, Olathe, KS). Previously measured
distances and azimuths from donor stumps to all nearby Ailanthus stems within the plots
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were mapped in ArcMap. The few trees with multiple stems were mapped as individual
stems, but were clustered to illustrate that the stems originated from the same stump.
In addition, since dye can only be used to detect root grafts in stems directly
connected to donor stumps (Bormann and Graham, 1959), the generated plot maps were
also used to counteract this limitation by estimating and illustrating likely connections
between and among other intact stems within the dye translocation plots. Once the dye
translocation experiment was completed, the mean DBH of donor stumps (prior to
felling) and receptor stems and distances between them in each Ailanthus stand were used
as criteria to estimate likely stem interconnectedness within their respective dye
translocation plots (Tables 2.2, 2.3, and 2.4). In order to map a possible connection
between a pair of stems, the following criteria had to be met. One stem had to have a
greater DBH than the average donor stump DBH, whereas the other stem had to have a
greater DBH than the average receptor stem. In addition, the pair of stems had to be
closer together than the average observed distance between the donor stump and receptor
stems. Thus, the illustrated possible connections between and among stems are a
conservative estimation of stem interconnectedness within the dye translocation plots.
Air-spade excavation of Ailanthus root systems. In early June 2013, an airspade (Guardair Corp., Chicopee, MA) and a towable 185 CFM air compressor (Sullair,
Michigan City, IN) were used to excavate the root systems of 16 Ailanthus trees in stand
LV and search for root grafts. Stand LV was selected due to accessibility and lack of
large rocks. Ailanthus trees to be excavated were selected based on their relatively large
size and proximity to other Ailanthus trees. Herbaceous vegetation, if present, within a 2m radius around each selected Ailanthus stem was removed and soil excavated to a depth
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of ca. 40 cm with the air-spade. Any two Ailanthus roots, each originating from a
separate stem, that appeared to be grafted and could not be easily separated by hand were
tallied as intraspecific root grafts.
Culture maintenance, inoculum preparation, and isolation. Protocols for V.
nonalfalfae culture maintenance and inoculum preparation followed those reported by
Kasson et al. (2014b) and Schall and Davis (2009a). Verticillium nonalfalfae was grown
on petri plates containing plum extract agar (PEA) (Talboys, 1960) amended with
streptomycin sulfate and neomycin sulfate (PEA+SN) (Kasson et al., 2014b; Schall and
Davis, 2009a) at 23°C and a 12-hr photoperiod.
Resultant cultures were stored using protocols reported by Joaquim and Rowe
(1990) and Kasson et al. (2014b). Five to 10 ml sterile distilled water was added to the
surface of actively growing 4-week-old cultures. Mycelia and conidia were loosened with
a sterile spatula and pipetted in 3-ml aliquots into 10-ml scintillation vials containing a
1:1:1 mixture of sterile potting soil: perlite: peat moss. The mixture was previously
autoclaved for 1 h on at least 3 or more consecutive days and pre-wetted with 2 ml sterile
distilled water. Vials were loosely capped and stored on the laboratory bench at room
temperature for 2 weeks to allow V. nonalfalfae colonization of the mixture. After 2
weeks, the vials were tightly capped and stored at 4°C. To remove isolates from storage,
soil particles were tapped from vials onto fresh PEA+SN plates. Within 3 to 5 days,
resulting colonies were transferred to new PEA+SN plates. Verticillium nonalfalfae
isolates stored following this protocol remain viable after >4 years of storage at 4°C
(O’Neal, personal observations).
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To produce inoculum, 3-week-old V. nonalfalfae isolate VnAa140 cultures were
flooded with 10 ml sterile distilled water and scraped with a sterile spatula to loosen
mycelia and conidia from the agar. The resultant suspension was collected, vortexed, and
passed through a milk filter (KenAg, Ashland, OH) to remove mycelia. The
concentration of conidial suspension was determined using a hemocytometer and
adjusted to 107 conidia ml-1 by adding sterile distilled water. Viability of resulting
inoculum was determined by counting colony forming units (CFU) from 10-fold serial
dilutions on PEA+SN plates. Inoculum exhibiting >80% conidial viability was stored at
4°C until used in the field. Pathogenicity of V. nonalfalfae isolate VnAa140 was
maintained by annually inoculating 1-month-old potted Ailanthus seedlings in a
greenhouse with VnAa140 conidial suspension. Following inoculation, symptomatic
stems were destructively sampled, disinfested with 70% ethanol, and plated onto fresh
PEA+SN plates, where V. nonalfalfae was subsequently reisolated into pure culture and
used as inoculum.
To confirm infections following field inoculations and symptom development, V.
nonalfalfae was isolated by removing bark and excising discolored wood chips from
symptomatic roots or stems with a disinfested knife. Chip samples were bagged, placed
in coolers, and surface-disinfested in the laboratory with 70% ethanol. Samples were
reduced in size with sterile cutting instruments to remove outer surfaces, exposing the
cleaner inner wood, and placed onto PEA+SN plates (Appendix B). After 10 days,
emerging colonies exhibiting morphological characteristics of V. nonalfalfae (e.g.,
verticillate conidiophores and melanized resting mycelia) were transferred to fresh
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PEA+SN plates to obtain pure cultures that were stored and later used for molecular
identification.
DNA extraction and molecular identification of isolates. Genomic DNA was
extracted from air-dried mycelial plugs, originating from mycelia grown on and harvested
from potato dextrose broth (PDB) (Becton Dickinson, Franklin Lakes, NJ), using a
Wizard genomic DNA purification protocol (Promega Corp., Madison, WI) following the
protocol of Kasson et al. (2014b). Isolate identification was based on PCR protocols
reported by Inderbitzin et al. (2011). A Nyx Technik ATC 201 Programmable Thermal
Cycler (Nyx Technik, Inc., San Diego, CA), GoTaq PCR kits (Promega Corp., Madison,
WI), and Platinum Taq (Invitrogen, Carlsbad, CA) were used to amplify three loci: the
protein-coding genes elongation factor 1-α (EF), glyceraldehyde-3-phosphate
dehydrogenase (GPD), and tryptophan synthase (TS). Amplified PCR products were
electrophoresed in 2% agarose gels and stained with EZ-Vision Three DNA Dye &
Buffer 6X (AMRESCO, Solon, OH) to visualize bands. PCR products were purified
using ExoSAP-IT (Affymetrix, Santa Clara, CA). At The Pennsylvania State University
Genomics Core Facility, Sanger sequencing was conducted on an ABI 3730 XL
automated DNA sequencer (Applied Biosystems, Carlsbad, CA). Sequencher 4.8 (Gene
Codes, Ann Arbor, MI) was used to revise the raw sequence data and assemble consensus
sequences before used as BLAST queries to search against the National Center for
Biotechnology Information (NCBI) GenBank database for isolate identification.
Intraspecific root graft inoculations. In late May to mid-June 2013, 12
previously discovered intraspecific root grafts were fully excavated within Ailanthus
stands SGL 281 and LV. Vegetation and soil were removed from around the roots to fully
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expose the graft unions (Fig. 2.3A) and each grafted root was traced to its parent stem.
Each graft was rinsed with distilled water to remove any additional soil. One root,
designated the donor root, was severed on both sides of the graft union. This created a
free root segment connected to the other intact root, designated the receptor root, only by
the graft union (Fig. 2.3B).
Both cut surfaces of the donor root were sealed with grafting wax to reduce
desiccation. Ten donor roots were each inoculated with a conidial suspension (107
conidia ml-1) of V. nonalfalfae isolate VnAa140 at two locations, between the two cut
surfaces and the graft union. Each inoculation point received 0.5 ml inoculum in a wound
made with a 0.75-cm diameter cork borer (Fig. 2.3C). A variation of this protocol was
used for intraspecific root grafts that formed within the base of Ailanthus stems, in that a
root grew into and fused with the base of a neighboring stem. The donor root was severed
creating a root stub protruding from the stem base. This stub was inoculated only in one
location with 0.5 ml conidial suspension (Fig. 2.3D). The remaining two donor roots
served as negative controls and were treated similarly with sterile distilled water. A
plastic sheet was placed under each intraspecific root graft during inoculation to prevent
inoculum from contacting the soil. The sheet was removed following inoculation.
Once the inoculum was absorbed by the donor root, the severed root faces and
inoculation wounds were sealed with grafting wax (Trowbridge’s, Walter E. Clark &
Son, Orange, CT) to reduce desiccation (Fig. 2.3C and D). A clean sheet of plastic was
placed under all inoculated intraspecific root grafts to prevent soil contamination with V.
nonalfalfae. Each graft, including the entire donor root, was firmly wrapped in a white
cotton cloth to additionally help prevent V. nonalfalfae contact with soil and reduce
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desiccation. When the parent stem (receptor stem) of the receptor root exhibited acute
wilt symptoms >15% of the total foliage, the bark was removed from the receptor stem
and root and donor root to inspect for yellow vascular discoloration that is typical of
Verticillium wilt of Ailanthus. Root grafts were evaluated on both sides of the unions for
such discoloration. Wood chip samples were taken from discolored wood in the receptor
stems and roots, as well as associated donor roots and cultured on PEA+SN plates, as
previously described, in attempts to reisolate V. nonalfalfae. Furthermore, the root grafts
involved in V. nonalfalfae transmission were destructively sampled to visualize shared
vascular tissues, as observed in a cross-section of the graft junction (Fig. 2.4; Fraser et al.,
2005). All receptor stems were monitored biweekly for Verticillium wilt symptoms until
September 2013.
Ailanthus clone inoculation. In early June 2013, a fourth study site was selected
for an additional inoculation study. This new site was located on the Raystown Lake
Project, U.S. Army Corps of Engineers (USACE) land near Hesston, PA (Huntingdon
Co.). The study area comprised of a small clonal stand of Ailanthus, consisting of two
male (non-seed producing) parent stems and >200 suspected clonal root sprouts of <2.54
cm DBH. Root sprouts differ from a root-grafted stem, in that a root sprout is a vegetative
shoot that arises directly from parent stem’s roots, thus already sharing vascular tissues.
The larger of the two male parent stems (24.3 cm DBH, 14 years old) at the stand
center was inoculated by injecting 3 ml V. nonalfalfae isolate VnAa140 conidial
suspension (107 conidia ml-1) into three basal wounds (1 ml/wound) with a hypo-hatchet
(OEM Fabricators Inc., Woodville, WI). All surrounding Ailanthus stems >0.5 m in
height as well as both parent stems, a total of 213 stems, were flagged for monitoring. As
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stems exhibited Verticillium wilt symptoms, they were flagged with a different color and
tallied. Stems that exhibited >15% wilt of the total foliage were rated as symptomatic;
stems that had <15% wilted foliage were rated as asymptomatic. A tally of symptomatic
stems was generated monthly through September 2013 to monitor the spread of V.
nonalfalfae throughout the Ailanthus clone. In May 2014, wood samples were taken from
10 select symptomatic stems surrounding the inoculated parent stem to reisolate V.
nonalfalfae.

Results

Detection of root grafts using dye translocation. Results from the dye
translocation study revealed that Ailanthus frequently forms functional intraspecific root
grafts, even within young stands like stand LV. Dye translocation was observed within all
three Ailanthus stands, as evidenced by purple dye in the xylem of receptor stems (Fig.
2.5). In total, 13 of 15 donor stumps (87%) donated dye to at least one receptor stem. In
addition, 9 of 13 donor stems (69%) that donated dye did so to their nearest neighbor. A
total of 35 dyed receptor stems were observed; nine in stand LV, nine in stand SGL 322,
and 17 in stand SGL 281 (Tables 2.2, 2.3, and 2.4). In a few cases, multiple dark streaks
of dye were observed in single stems (Fig. 2.5 and 2.6). Also, in some dissected donor
stumps, downward dye movement occurred only in a few outer annual rings (Fig. 2.7),
even though the entire cross-sectional face of cut stump surface was in contact with the
dye in the reservoir.
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In the youngest Ailanthus stand, stand LV, four of five donor stumps donated dye
to at least one receptor stem (Table 2.2). No visible dye was observed in any potential
receptor stems in the remaining plot. The mean number of receptor stems was 1.8
receptor stems/donor stump. The mean DBH of the stems of the five donor stumps was
15.1 cm (range: 12.6 to 22.1 cm). The mean DBH of the receptor stems was 11.8 cm
(range: 6.8 to 16.3 cm). The mean distance between the donor stumps and their receptor
stems was 1.24 m (range: 0.40 to 2.15 m). The four donor stumps that donated dye did so
to their nearest neighboring stem (Table 2.2).
In the mixed-aged stand, stand SGL 322, all five donor stumps donated dye to at
least one receptor stem, and had a mean of 1.8 receptor stems/donor stump (Table 2.3).
The mean DBH of the stems of the donor stumps was 18.2 cm (range: 14.6 to 24.3 cm).
The mean receptor stem DBH was 18.5 cm (range: 8.2 to 25.6 cm). The mean distance
between donor stumps and their receptor stems was 1.5 m (range: 0.65 to 2.20 m). Unlike
stand LV, only two of the five donor stumps donated dye to their nearest neighboring
stem (Table 2.3).
Lastly, in the older even-aged stand, stand SGL 281, four of five donor stumps
had at least one receptor stem. The mean number of receptor stems was 3.4 stems/donor
stump (Table 2.4). The mean DBH of the donor stumps’ stems was 22.3 cm (range: 20.7
to 25.3 cm). Mean receptor stem DBH was 19.6 cm (range: 5.4 to 29.1 cm). Greater
distances between donor and receptor stems were observed in this stand, as compared to
the other two stands. The mean distance between the donor stems and the receptor stems
was 2.60 m (range: 0.95 to 5.00 m); double the mean distance between stems in stand LV
(Tables 2.2 and 2.4). Eight of 17 (47%) receptor stems were ≥2.5 m from their donor

52
stumps. In addition, three of four donor stumps that donated dye did so to their nearest
neighbor. Plot 2, even with having a large neighboring stem (28.0 cm) within a few
meters (1.95 m) from the large donor stump (21.8 cm), surprisingly, yielded no receptor
stems (Table 2.4).
Mapping of dye translocation and estimation of tree connectivity. Mapping of
the dye translocation plots spatially illustrated the observed dye translocation within each
plot. In addition, this mapping yielded an estimation of numbers and locations of the
potential root connections that were undetected, due to the limitations of dye
translocation. ArcMap plot mapping, based on the conservative criteria developed from
the observed dye translocation data of each respective Ailanthus stand (Tables 2.2, 2.3,
and 2.4), estimated there to be 30 additional connections between stems, in addition to
the 35 receptor stems detected by dye translocation within the 15 plots (Appendix A).
Each connection represents a minimum of one intraspecific root graft formed between
stems. In both stands LV and SGL 322, there were only an estimated two additional
connections between plot stems (Appendix A). In contrast, there were an estimated 26
additional connections between stems in stand SGL 281 (Appendix A).
Air-spade excavation of Ailanthus root systems. Of the 16 Ailanthus root
systems excavated, 12 (75%) formed at least one intraspecific root graft with a
neighboring stem (Table 2.5). There were a total of 28 intraspecific Ailanthus root grafts
revealed by excavation (Fig. 2.8), which represented a mean of 1.8 root grafts/stem
(Table 2.5). The number of root grafts excavated per stem ranged from one to seven
grafts. The mean distance between root-grafted stems was 1.08 m (range: 0.55 to 2.04 m).
In addition, excavation revealed 11 grafts formed among roots of the same individual’s
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root system (data not shown). Seventy-five percent of the stems that formed intraspecific
root grafts formed them with their nearest neighbor. Two of the excavated root systems,
of stems 9 and 14 (Table 2.5), formed intraspecific root grafts with their nearest neighbor
and one additional nearby stem. Stems 1, 2, 4, and 12 did not form any visible
intraspecific root grafts with any neighboring stems (Table 2.5).
Intraspecific root graft inoculations. In May 2013, 10 excavated Ailanthus
intraspecific root grafts were inoculated with V. nonalfalfae isolate VnAa140. Of these
inoculated root grafts, three receptor stems (33%) became symptomatic, displaying >15%
of wilted foliage, indicative of Verticillium wilt (Fig. 2.9A). The three receptor stems
became symptomatic at 2, 4, and 12 weeks post-inoculation (WPI) and had yellow
vascular discoloration associated with the receptor root. The vascular discoloration
extended back through the graft unions and into the donor roots (Fig. 2.9B, C).
Verticillium nonalfalfae was successfully isolated from symptomatic receptor trees and
their associated donor roots, confirming transmission of the pathogen. The remaining
seven receptor stems and two control stems remained asymptomatic through September
2013.
Ailanthus clone inoculation. The inoculation of an Ailanthus parent stem with V.
nonalfalfae isolate VnAa140 revealed that Verticillium can spread rapidly from the parent
stem into its surrounding clonal root sprouts (Fig. 2.10). At 1 month post-inoculation
(MPI), 12 of the 213 (5.6%) monitored stems (>0.5 m in height), including the inoculated
parent stem, within the clonal Ailanthus patch, were symptomatic (Fig. 2.11). By 2 MPI,
the number of symptomatic stems had increased to 48 (22.5%) and wilting sprouts were
observed 10 m from the inoculated parent stem. At 3 MPI the second suspected parent
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stem, which was 3.5 m from the inoculated parent stem, became symptomatic, likely via
an intraspecific root graft. By mid-September 2013, 3.5 MPI, 129 stems (60.6%) were
symptomatic. At this time, the inoculated parent stem displayed 99% crown defoliation
(Fig. 2.11). By mid-September, it was observed that many unmonitored smaller root
sprouts (<0.5 m in height) were wilting and defoliating as a result of the inoculation as
well (Fig. 2.12). Verticillium nonalfalfae was successfully reisolated from 10 select
symptomatic stems surrounding the inoculated parent stem.

Discussion

The objectives of this study were to determine if Ailanthus forms functional
intraspecific root grafts, how frequently they form, and whether V. nonalfalfae is
transmitted by Ailanthus root grafts and clonal root systems.
The dye translocation study revealed that Ailanthus forms functional intraspecific
root grafts, like many other tree species. A total of 35 receptor stems received dye from
just 13 donor stumps, suggesting that Ailanthus not only forms intraspecific root grafts,
but they are common and abundant, especially in dense stands. On average, each donor
stump most likely formed intraspecific root grafts with 2.3 neighboring stems. To our
knowledge, this is the first report of functional intraspecific root grafting occurring in A.
altissima.
Even within the young 11-year-old Ailanthus stand, LV, there were nine receptor
stems, indicating that Ailanthus begins to form functional intraspecific root grafts at an
early age and early in stand development. The ability of Ailanthus to form root grafts at a
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young age may translate from its rapidly expanding lateral root systems. Pan and Bassuk
(1986) reported that lateral roots of 2-year-old Ailanthus seedlings in New York City had
a mean length of 1.14 m. This distance is similar to the mean distance (1.24 m) between
donor stumps and receptor stems in stand LV (Table 2.2). Although the ages of root
grafts in stand LV were not determined, these observations suggest functional Ailanthus
root grafts may form <11 years of age in young dense stands. In the older and denser
Ailanthus stand, SGL 281, there were 17 receptor stems, suggesting the number of
functional intraspecific root grafts and number of interconnected trees in Ailanthus stands
increases with stand age and density. These direct relationships are likely because larger
root systems of larger trees have a greater probability of coming into contact and
subsequently forming root grafts with other trees of the same species. Also, root grafts
will have had more time to develop functionality in older stands (Basnet et al., 1993; De
Byle, 1964; Fraser et al., 2005; Stout, 1961).
The dye translocation study did not allow for exact quantification of functional
root grafts between or among trees. Dye translocation experiments generally
underestimate the abundance of root grafts (Bormann and Graham, 1959). Bormann and
Graham (1959) listed three possible ways that the number of trees with root grafts might
be underestimated in such a study. First, root grafts are only detected and the actual
number of grafts cannot be accurately quantified, since one or more root grafts can
contribute to dye translocation from the donor stump to receptor stems. For example, we
observed multiple streaks of dye within the xylem of some receptor stems (Fig. 2.5 and
2.6). These observations suggest multiple root grafts were involved in dye translocation.
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Secondly, Bormann and Graham suggested that streaks of dye can occur deeper in
the xylem, where they cannot be observed without felling the trees. Since we did not fall
all Ailanthus trees within the dye translocation plots, we could not view dye translocation
in the stem cross-sections and account for dye translocation in deeper tissues.
Thirdly, when several potential receptor stems are grafted to each other, but
perhaps only one of which is directly grafted to the donor stump, the distal receptor stems
may not receive dye due to dye being drawn up into the proximal receptor stems. Factors
like the distance of dye translocation and the dilution of dye may also prevent dye from
being observed in the distal stems. However, they may in fact be able to receive other
agents via translocation through connected root systems.
Therefore, although dye translocation experiments may provide valuable
observations and data, they must be considered preliminary in terms of understanding the
underground growth strategies used by invasive Ailanthus.
Furthermore, dye translocation studies may overestimate the number of possible
root grafts between trees when the species, like Ailanthus, can reproduce vegetatively, as
clonal stems may receive dye if their parent stem is selected as a donor stem. This form
of dye translocation may have occurred within one and three receptor stem(s) in stands
SGL 322 and SGL 281, respectively (Tables 2.3 and 2.4). These stems were suspected to
be of clonal origin mainly due to their small size (relative to other nearby receptor stems),
but also due to large distances from their donor stumps, suppressed crown positions, or
physical emergence from the root of a donor stump. However, even if these select stems
were indeed clonal, the vast majority (88.5%) of the observed receptor stems likely
received dye via intraspecific root grafts.
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To further estimate the potential for Ailanthus root graft formation we mapped the
spatial relationships of all Ailanthus stems within the 15 dye translocation plots using
ArcMap. Of course, this mapping included trees that exhibited translocated dye. By using
the actual observed mean stem diameters and distance criteria, to prevent overestimating
the number of grafts, we were able to estimate the location of possible intraspecific root
grafts within the dye translocation plots. Our results suggested that there may be 30
potential undetected root grafts among Ailanthus trees within the 15 dye translocation
plots (Appendix A), in addition to the root grafts previously detected by dye
translocation. Similar to the dye translocation observations, the plots in stands LV and
SGL 322 only had two additional estimated connections undetected by dye each.
Estimated stem interconnectedness was greatest in stand SGL 281, where there were an
estimated 26 connections undetected by dye. These results provide further evidence that
root graft formation in dense Ailanthus stands is common and becomes increasingly
common as stands mature.
To actually observe root grafts and better estimate their frequency within
Ailanthus stands we excavated the root systems of 16 Ailanthus stems in the youngest
Ailanthus stand, LV, using an air-spade. Air-spade excavation allowed for targeted
excavations that do not damage or disrupt root grafts, unlike previous studies using
hydraulic excavating (De Byle, 1964; Jelínková et al., 2009; Tarroux and DesRochers,
2010). Although we preferred to excavate select root systems in an older Ailanthus stand
(e.g., SGL 281), only stand LV was suitable for such activity.
Surprisingly, the 16 excavated root systems in stand LV, yielded a total of 28
Ailanthus intraspecific root grafts (1.8 grafts/stem). Also, the excavations revealed that
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75% of the excavated root systems formed at least one intraspecific root graft, usually
with their nearest neighbor. Although factors that may contribute to Ailanthus root graft
formation, like soil conditions and possible genetic compatibility, were not investigated
in this study, proximity appears very important and a good potential predictor of root
graft occurrence among Ailanthus stems, as with other tree species (Eis, 1972; Schultz
and Woods, 1967; Tarroux and DesRochers, 2010). Similar to the results of the dye
translocation experiment, the excavations revealed that root grafts among Ailanthus trees
are very common, even in young stands. If excavation could have been conducted in
stand SGL 281, we predict that far more (perhaps double) than 28 intraspecific root grafts
would have been found in that stand, as indicated by the difference in the number dye
receptor stems between stands LV (9 stems) and SGL 281 (17 stems) (Table 2.2 and 2.4).
In fact, in stand SGL 281, just by casual observations and quick excavations by hand,
seven intraspecific Ailanthus root grafts as well as two living Ailanthus stumps, which are
indicators of root graft presence, were found and documented (Fig. 2.13). A living stump
is created when a stem dies or is felled and its root system is maintained through root
grafts to a nearby healthy tree (Bormann, 1961; Bormann and Graham, 1959; YliVakkuri, 1953). As a result, the connected living tree also increases its rooting area.
With intraspecific root grafts, living stumps, and clonal growth, Ailanthus may be
capable of forming vast interconnected root systems capable of colonizing large areas,
aiding to its invasiveness. Similarly, quaking aspen (Populus tremuloides Michx..) is
capable of forming large clones that include living stumps and living root systems of
stems that died decades ago (De Byle, 1964; Jelínková et al., 2009).
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Kowarik (1995) reported that clonal growth allows Ailanthus to produce
vegetative sprouts that quickly fill canopy gaps in forested environments. The
interconnectedness of Ailanthus trees via root grafts and living stumps may act similarly.
That is, although an Ailanthus stem may be long dead, if its stump is surviving being
connected via root grafts to nearby healthy trees, its stump or root system may once again
sprout and reestablish a canopy stem capable of reproducing. If the reproduction is
sexual, the new stem may help maintain genetic diversity within the stand, as reported for
quaking aspen trees (Jelínková et al., 2009). In addition, living Ailanthus trees that
maintain the root systems of stumps, may maintain a competitive advantage over present
or recently established non-Ailanthus tree species. That is, the roots of surviving
Ailanthus stumps, which are connected to healthy Ailanthus trees by a healthy root graft,
utilize space and direct water and nutrients away from competitors.
Whereas root grafts and clonal growth are usually beneficial to trees, as in the
case of Ailanthus, they can be devastating to interconnected trees when one becomes
infected with a pathogen that is capable of being transmitted by root grafts, such as
Ophiostoma ulmi, causal agent of Dutch elm disease. Verticillium nonalfalfae, a proposed
biological control for Ailanthus, is extremely virulent and rapidly moves from diseased to
healthy Ailanthus trees. For example, Kasson et al. (2014b) reported that V. nonalfalfae
spread from 10 initial artificially inoculated Ailanthus stems to >100 formerly healthy
stems in multiple dense Ailanthus stands within 3 MPI.
While estimating root graft functionality and frequency in Ailanthus stands, the
capability of V. nonalfalfae to move from a diseased Ailanthus tree to a healthy Ailanthus
tree via functional root grafts was investigated. Our results revealed that V. nonalfalfae
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can indeed be transmitted by root grafts. However, only three of 10 root graft
inoculations transmitted V. nonalfalfae to the receptor stems, indicating several factors
may have limited the greater success of this novel root graft inoculation technique.
First, eight of the 10 root grafts that were inoculated with V. nonalfalfae were
located in stand LV, the youngest Ailanthus stand. As stated earlier, root grafts may not
be functional in young stands, since the young grafts between or among small trees have
had less time to mature and become functional. Therefore, some of the inoculated root
grafts may not have been functional at time of inoculation.
In addition, the severing and sealing of the inoculated Ailanthus donor root may
have slowed or stopped the “transpirational pull” across the graft union, decreasing the
movement of water and V. nonalfalfae conidia from the donor root into the receptor root
and stem. However, severing the donor root was essential to ensure that V. nonalfalfae
would enter the receptor root and stem only via the graft union. Severing and sealing the
donor root may have caused the fungus to grow more slowly towards the graft unions,
and might also explain differences in time observed between inoculation and symptom
development among the three symptomatic receptor Ailanthus stems.
Nevertheless, three of the root graft inoculations were successful, confirming that
V. nonalfalfae can be transmitted from a diseased root to a healthy root by way of
intraspecific root grafts. To our knowledge, this is the first report confirming Verticillium
transmission from diseased to healthy trees via root grafts within any tree species.
To what level and how quickly this transmission occurs within Ailanthus stands
under natural conditions is difficult to predict, since the speed and efficacy of
transmission depends on the frequency of functional root grafts between or among
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Ailanthus trees. However, two trees connected by functional root grafts may not share
resources equally. One of the two connected trees might become dominant and may
absorb proportionally more than its perceived share of resources. In some cases, one tree
may cause the other tree to decline to the point of mortality (Bormann, 1962; Bormann
and Graham, 1959; Eis, 1972). This imbalance may influence the speed of V. nonalfalfae
transmission between grafted Ailanthus trees. For example, if the dominant stem of a
grafted pair of Ailanthus trees becomes infected first, transmission of a pathogen, like V.
nonalfalfae, may be briefly delayed. However, V. nonalfalfae would eventually colonize
and clog the dominant stem’s xylem, decreasing transpirational capacity. Verticillium
nonalfalfae conidia then may be redirected into and infect the previously inferior stem,
which may then become the new dominant tree in the “transpirational tug-of-war.” In
contrast, if the inferior Ailanthus stem becomes infected first, V. nonalfalfae would likely
be transmitted into the dominant stem rather rapidly, due to its stronger absorption
potential. However, no matter which stem becomes infected first both connected
Ailanthus stems would likely succumb to Verticillium wilt eventually.
Relative to other possible modes of V. nonalfalfae dissemination and
transmission, root graft transmission is most likely responsible for the extremely rapid
progression of the Verticillium wilt epidemic, at least during the first growing season,
within artificially inoculated Ailanthus stands. Wind-blown infected leaves, as well as
infected or infested seeds, are not likely agents of primary spread within the first season,
because transmission can occur more quickly than infected Ailanthus trees can drop their
leaves or seeds (Schall, 2008). Also, simply placing an entire cut and sectioned infected
Ailanthus tree, including leaves, in contact with bare soil immediately against a healthy
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Ailanthus tree does not result in wilt of the healthy tree for >4 months (O’Neal,
unpublished observations; Chapter III).
Ambrosia beetles (Euwallacea validus Eichhoff) have also been proposed as
possible passive vectors for V. nonalfalfae (Kasson et al., 2013a). However, ambrosia
beetles are not normally present in large numbers within healthy Ailanthus stands prior to
initial V. nonalfalfae infections (M. T. Kasson, personal communication). It would take
considerable time for the beetles to move into newly infected stands in large numbers,
infest the initial dead or dying Ailanthus trees, come into contact with V. nonalfalfae
conidia, and passively transmit the pathogen to healthy trees. The observed speed of the
epidemic rules out ambrosia beetles as playing an important role as important vectors
relevant to rapid, short-range, local spread. However, as the number of infected trees and
beetles in the stand increases over time, the beetles may play a significant role in longdistance transmission.
Finally, root contact has also been shown to transmit Verticillium spp. (Isaac,
1953; McKay, 1926; Roberts, 1943). However, only when infected roots die and
decompose are Verticillium propagules released to the soil (Fradin and Thomma, 2006).
Therefore, transmission of V. nonalfalfae via root contact is likely considerably slower
than root graft transmission, possibly occurring in seasons following initial V. nonalfalfae
infections as wilted Ailanthus trees and their root systems die and decompose. We
observed a similar phenomenon on healthy trees within Ailanthus stands where some
trees had been inoculated. In such stands, rapid increases in death and infection of
formerly healthy trees occurred between 12 and 15 MPI of selected Ailanthus stems
(Kasson et al., 2014b). This death and dying of formerly healthy trees occurred at the
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same time that the initially infected trees in the previous year usually die and begin to
decay, likely releasing V. nonalfalfae propagules into the soil (O’Neal, M. T. Kasson,
personal observations).
We can use the mean number of receptor stems/donor stump ratio of 2.3 as a
measure of Ailanthus tree-to-tree connectivity. Use of this ratio allows us to further
demonstrate that root graft transmission is likely a major mode of local V. nonalfalfae
transmission contributing to the rapid Verticillium wilt epidemic within infected
Ailanthus stands. Instead of translocating dye, stems would theoretically transmit V.
nonalfalfae. For example, if 10 trees became infected they could potentially transmit V.
nonalfalfae to 2.3 additional trees each, bringing the total of infected trees to 33. Then all
23 newly infected stems could transmit V. nonalfalfae to another additional 2.3 trees each
bringing the total to 86 infected trees, and so forth in a geometric progression. With V.
nonalfalfae able to be transmitted to non-inoculated healthy trees within 2 to 4 weeks
following initial inoculations (Schall, 2008), root grafts are most likely responsible for
the rapid epidemics within inoculated Ailanthus stands in the first growing season. Root
grafts may remain a major mode of V. nonalfalfae transmission in following years, as the
pathogen continues to spread through stands until all Ailanthus have been killed.
However, in the seasons following initial V. nonalfalfae infections, infected leaf litter,
root contact, and ambrosia beetles may begin to play increasingly significant roles in
transmission, especially in long-range transmission of V. nonalfalfae to previously
healthy Ailanthus stands.
Verticillium nonalfalfae transmission was also followed throughout an inoculated
Ailanthus clone. Following the inoculation of one parent stem, 128 surrounding stems
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were symptomatic by 3.5 MPI; some root sprouts were adjacent to the inoculated parent
stem, but others were 10 m away. These results demonstrate that V. nonalfalfae is rapidly
transmitted from infected parent stems, through their root systems, to their surrounding
clonal root sprouts. Therefore, the normally advantageous clonal growth of invasive
Ailanthus serves as a conduit for rapid V. nonalfalfae transmission that can kill entire
clones consisting of hundreds of sprouts in a very short time. This mode of transmission
may not be common in large even-aged Ailanthus stands, since such stands are not likely
established by widespread clonal growth, but rather by many wind-disseminated seeds.
However, Ailanthus clones often form in canopy gaps, along forest edges, and in
urban/roadside environments. In such areas, clonal root systems may play more important
roles in rapid transmission of V. nonalfalfae.
Overall, results of this transmission study reveal the importance of the previously
unreported root grafting growth habit of the invasive Ailanthus altissima and illustrate
how root grafts among trees may be advantageous or devastating depending on the
situation. Ailanthus root grafts likely play important roles in site invasion, stand
development, dominance over native species, survival, and persistence for the species. In
fact, this growth habit may be more than just a coincidence. Ailanthus tree roots may
release chemical signals that encourage other Ailanthus trees to direct their roots towards
each other, which may encourage intraspecific root grafting. The production of
quassinoids by Ailanthus trees has been reported, but their relation to root grafting
remains undetermined (Heisey, 1996). Root grafting and clonal connectivity has likely
been beneficial to Ailanthus over millennia. However, if an Ailanthus tree comes in
contact with a previously unencountered pathogen, like V. nonalfalfae, for which it has
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not evolved tolerance, root grafting and/or clonal growth habits can threaten the health or
survival of an entire interconnected population. This weakness can be exploited allowing
for efficient and effective biocontrol of an entire Ailanthus stand using V. nonalfalfae.
Understanding the rapid local transmission of V. nonalfalfae through root grafts
and clonal root systems is paramount in importance if this proposed biological control is
to be used to curtail growth and spread of the invasive Ailanthus. Transmission of the
pathogen through connected Ailanthus roots allows for optimized use of inoculum, either
by conidial suspension or the simple formulations currently in development. When
initiating this biocontrol within an Ailanthus stand, not every tree has to be inoculated
with V. nonalfalfae, since the pathogen spreads quite rapidly though root grafts and
clonal root systems as described above. To efficiently establish V. nonalfalfae infections
throughout an Ailanthus stand, we propose that large Ailanthus trees, with their extensive
root systems, in close proximity to other large Ailanthus trees, should be targeted for
inoculation. In addition, entire Ailanthus clones can likely be controlled by simply
inoculating the suspected parent stems.
Collectively, this study has expanded knowledge regarding the biology of the
invasive Ailanthus tree, as well as transmission of V. nonalfalfae through Ailanthus root
systems. This knowledge can help optimize the use of V. nonalfalfae as a biocontrol
agent against Ailanthus. The better we understand transmission of the proposed
biocontrol agent, the better we can assess any risks or hazards related to its use. For
example, this study indicates that the majority of V. nonalfalfae transmission occurs
primarily within the rhizosphere, so most inoculum may become localized within the soil
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in areas with abundant Ailanthus trees, and may not spread into non-target areas devoid
of Ailanthus.
In conclusion, the results of this study further demonstrate the effectiveness of V.
nonalfalfae in controlling Ailanthus, as well as help explain its efficiency. In addition to
recent host range studies and demonstration that V. nonalfalfae may have become hostadapted to Ailanthus (Kasson et al., 2014a, 2014b; Schall and Davis, 2009b), our results
further indicate low risk is associated with its use in Pennsylvania’s forests. Verticillium
nonalfalfae should become an effective biological control option for the highly invasive
Ailanthus altissima, since chemical herbicide applications remain expensive, laborious,
and often ineffective.
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Tables and Figures

TABLE 2.1. Study site ID, location, mean Ailanthus stem age, DBH, and stand basal area

z

Ailanthus stand
ID

Locationz

Mean
stem age
(yrs)

Mean
stem DBH
(cm)

Basal area
(m2/ha)

LV

PA DCNR Bureau of Forestry
Rothrock State Forest, Shade Gap, PA

11.8

11.7

23.0

SGL 322

PA Game Commission
State Game Lands 322, Petersburg, PA

37.6

12.2

22.5

SGL 281

PA Game Commission
State Game Lands 281, Newport, PA

38.9

17.3

32.6

Bold text indicates managing state or federal agency
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TABLE 2.2. Dye translocation observed within the even-aged 11-year-old Ailanthus stand, LV
Receptor Stemsz
Distance from
ID
DBH (cm)y
DBH (cm)
donor stem (m)
1
12.6
12.0
0.90
2
15.3
3
13.1
16.0
0.80
8.6
1.40
15.5
2.00
4
12.6
12.5
0.40
6.8
1.05
7.1, 10.3, 11.7
1.25
5
22.1
16.3
1.25
13.2
2.15
Average
15.1
11.8
1.24
y
The DBH of the stem prior to felling.
Plot

z

Donor Stump

Nearest Non-Receptor Stem
Distance from donor
DBH (cm)
stem (m)
14.0
1.05
7.1
1.10
14.5
1.05

7.2

0.50

15.3

2.75

11.6

1.29

For multiple stemmed receptor stems the DBH values for every stem are listed. “-“ indicates there were
no receptor stems.
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TABLE 2.3. Dye translocation observed within the mixed-aged 37-year-old Ailanthus stand, SGL 322
Receptor Stemsz
Distance from
ID
DBH (cm)y
DBH (cm)
donor stem (m)
1
20.0
12.8
1.55
2
15.2
18.7
0.65
20.9
2.05
3
24.3
25.6
0.75
20.7
1.60
23.6
2.20
4
16.7
13.8
1.65
5
14.6
8.2
1.40
22.3
1.55
Average
18.2
18.5
1.5
y
The DBH of the stem prior to felling.
Plot

z

Donor Stump

Nearest Non-Receptor Stem
Distance from donor
DBH (cm)
stem (m)
5.0
1.00
10.6
0.60
18.6

1.70

2.7
3.4

1.25
1.45

8.1

1.2

Numbers in bold indicate the stem was possibly of clonal origin and may not have received dye via
intraspecific root graft.
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TABLE 2.4. Dye translocation observed within the even-aged 38-year-old Ailanthus stand, SGL 281

y

z

Receptor Stemsz

Plot

Donor Stump

ID

DBH (cm)y

DBH (cm)

Distance from
donor stem (m)

1

21.3

2
3

21.8
25.3

4

20.7

5

22.3

15.2
29.1
5.4
23.2
16.9
24.0
20.9
21.3
5.5
13.3
23.5
21.7
25.7
21.2
19.2
23.0
23.5

Average
22.3
19.6
The DBH of the stem prior to felling.

Nearest Non-Receptor Tree
DBH (cm)

Distance from donor
stem (m)

1.00
1.30
0.95
1.35
2.65
3.00
3.00
4.70
4.75
5.00
1.75
2.40
2.50
4.00
1.10
2.35
2.35

19.4

0.60

28.0
30.2

1.95
1.95

5.5

2.15

22.7

1.15

2.60

21.2

1.56

Numbers in bold indicate the stem was possibly of clonal origin and may not have received dye via
intraspecific root graft. “-“ indicates there were no receptor stems.
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TABLE 2.5. Number of intraspecific root grafts per excavated Ailanthus root system in stand LV
Excavated Root Systems
Number of
DBH
Stem ID
intraspecific
(cm)
root grafts

Root Grafted Stemsy
Distance(s)
DBH
from excavated
z
(cm)
stem (m)

1
12.2
0
2
14.3
0
3
12.0
1
10.3
4
10.4
0
5
14.0
2
15.5
6
20.2
1
12.6
7
14.7
1
13.0
8
13.1
1
20.0
9
15.0
3
13.2, 13.7
10
16.2
2
17.4
11
12.6
2
8.1
12
17.2
0
13
15.4
7
17.6
14
12.3
4
15.5, 13.8
15
12.3
3
8.7
16
14.3
1
23.9
Average
14.1
1.8
13.4
x
Numbers in bold indicate that the stem was dead.
y

1.35
1.50
0.79
1.33
2.04
0.75, 0.85
1.02
0.55
1.06
0.93, 1.1
0.65
1.14
1.08

Nearest Non-Root Grafted Stemx
Distance from
DBH
excavated stem
z
(cm)
(m)
10.2
18.8
12.4
15.1
12.4
17.0
12.5
12.4
10.2
8.3
5.2
11.5
7.2
10.4
12.1
14.4
11.7

0.75
1.05
0.85
1.15
1.85
1.10
1.35
1.00
1.10
0.90
1.05
1.40
1.65
2.10
1.35
1.35
1.25

Excavated root systems that formed intraspecific root grafts with multiple neighboring stems have
multiple DBH and distance values listed respectively for each root grafted stem. “-“ indicates that no root
intraspecific root grafts were discovered.

z

For multiple stemmed trees, initial multiple DBH values were each converted to basal area (m2) values
(BA=0.00007854 x DBH2), summed, and converted back to a single DBH (cm) value
(DBH=√(BA/0.00007854)).
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Fig. 2.1. Dye translocation plot layout. All 15 5-m radius plots, distributed across the three experimental
Ailanthus stands, consisted of a central donor stump, fitted with a dye reservoir, surrounded by potential
receptor stems. Here, plot 5 in Ailanthus stand SGL 281 is shown.
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Fig. 2.2. Dye reservoir construction on Ailanthus donor stumps. The diagram and photographs show A,
reservoir specifications and materials, B, caulk application, wrapping, and securing of the vinyl roof
flashing around a freshly cut donor stump, C, the 0.15% aqueous acid fuchsin dye solution, and D, the
capping and covering of the dye reservoir with plastic sheeting to prevent evaporation.
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Fig. 2.3. Methods used to inoculate Ailanthus intraspecific root grafts with Verticillium nonalfalfae isolate
VnAa140. The diagram shows A, the complete excavation of the intraspecific root graft from soil, B, the
severing of the donor root and the designation of the receptor root and stem, C, the inoculation points, each
receiving 0.5 ml V. nonalfalfae isolate VnAa140 conidial suspension (107 conidia ml-1), and the sealing of
the inoculation points and wounds created by severing the donor root with grafting wax, and D, a modified
inoculation method used to inoculate intraspecific root grafts that occur within the base of an Ailanthus
stem.
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Fig. 2.4. Cross-section of a functional Ailanthus intraspecific root graft union. This root graft, found in
Ailanthus stand LV, was deemed functional because the two opposing roots (indicated by two separate
piths) were sharing vascular tissues. Note the included bark (white arrows) and callus tissue (black arrow)
formed between the two roots.
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Fig. 2.5. Dye translocation between Ailanthus stems. Shown, are four receptor stems in Ailanthus stand
SGL 281 that received dye from the donor stump (shown in the foreground fitted with a covered dye
reservoir), indicating the presence of intraspecific root grafts. The receptor stem on the extreme right was
4.0 m from the donor stump. Multiple streaks of dye were observed in some receptor stems indicating
multiple intraspecific root grafts may have been involved in dye translocation.
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b

a

Fig. 2.6. The involvement of multiple intraspecific root grafts in dye translocation into one receptor stem.
The photograph shows movement of dye from the donor stump root (“a”) into the receptor stem (“b”) via
two intraspecific root grafts. The black arrow indicates the direction of dye movement.
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Fig. 2.7. Cross-section of a donor stump. The cut was made 10 cm below the original cut surface that was
in complete contact with the dye in the reservoir. Dye movement downward occurred only in a few outer
annual growth rings.
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Fig. 2.8. Ailanthus intraspecific root grafts excavated by air-spade in the Ailanthus stand LV. Select root
grafts are indicated by white arrows.
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Fig. 2.9. Transmission of Verticillium nonalfalfae isolate VnAa140 by an Ailanthus intraspecific root graft,
showing, A, wilting foliage of a receptor stem, as compared to the foliage of adjacent healthy Ailanthus
trees, B, yellow vascular discoloration in the donor root (“a”), associated with the inoculation wound (area
of detail), in the receptor root (“b”), and C, in the receptor stem (“c”). V. nonalfalfae was successfully
isolated from the donor root and the receptor stem.
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Fig. 2.10. Symptomatic clonal Ailanthus sprouts surrounding the Verticillium nonalfalfae-inoculated parent
stem. In June 2013 the parent stem, indicated by a white arrow, was inoculated with V. nonalfalfae isolate
VnAa140 and was monitored with 212 surrounding stems until mid-September 2013. By 1 MPI, 12 stems
(including the inoculated parent stem) exhibited typical Verticillium wilt symptoms; chlorosis and wilting
of foliage. At 2 MPI, as depicted in the photo, the number of symptomatic stems grew to 48. In September
2013 (3.5 MPI), the number of symptomatic stems increased to 129.
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Fig. 2.11. Disease progression of Verticillium nonalfalfae isolate VnAa140 through an artificially
inoculated Ailanthus clone. The parent stem was inoculated in June 2013. All 212 surrounding stems, as
well as the inoculated parent stem, were monitored for Verticillium wilt symptoms until mid-September
2013. Stems were tallied as symptomatic when the total foliage exhibited >15% wilt.
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Fig. 2.12. A small symptomatic clonal Ailanthus root sprout (white arrow), near the Verticillium
nonalfalfae-inoculated parent stem (black arrow). Many small sprouts <0.5 m in height not monitored as a
part of this study, like the one pictured, exhibited typical chlorosis, wilt, and defoliation.
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Fig. 2.13. Living Ailanthus stump. Living stumps indicate the presence of a root graft, as these living
stumps are created when a stem dies or is felled and its root system is maintained through root grafts to a
nearby healthy tree.
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Chapter III
Biocontrol of Ailanthus altissima: Formulation and risk assessment of Verticillium
nonalfalfae
E. S. O’Neal and D. D. Davis. Department of Plant Pathology and Environmental
Microbiology, The Pennsylvania State University, University Park, Pennsylvania, 16802
Abstract
O’Neal, E. S. and D. D. Davis. 2014. Biocontrol of Ailanthus altissima: Formulation and
risk assessment of Verticillium nonalfalfae. Plant Dis. 99: pp-pp.
Verticillium nonalfalfae has been proposed as a biocontrol for invasive Ailanthus
altissima in Pennsylvania. However, studies evaluating this potential biocontrol of
Ailanthus utilized a conidial suspension, which has a relatively short shelf-life, as
inoculum. Anticipating expanded use of V. nonalfalfae in Pennsylvania, we evaluated
other inoculum formulations, the optimal season for inoculation, and non-target host risk
assessment. The most effective inoculum formulation, with an extended shelf-life, was
prepared by mixing a refrigerated soil mixture containing V. nonalfalfae with water. Less
successful infections, but still positive, were obtained by simply using infected wood as
inoculum. Monthly inoculation of Ailanthus trees demonstrated that the optimal time for
successful inoculations was in April to May, but also revealed that limited infections
could be achieved following inoculations during all other months. Regarding non-target
host risk assessment, the health of Ailanthus and non-target plants were evaluated within
a decade-old natural Verticillium wilt epicenter, where all mature Ailanthus trees had
been killed. Verticillium wilt was observed on a few re-established small Ailanthus trees,
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while non-target plants were asymptomatic. Our findings reveal that soil-formulated
inoculum is an effective biocontrol against Ailanthus and V. nonalfalfae appears to pose
little threat to non-target plants within Pennsylvania’s forests.
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Introduction

In Pennsylvania and other Mid-Atlantic states, few other plant species are as
invasive as tree-of-heaven (Ailanthus altissima (Mill.) Swingle), commonly referred to as
Ailanthus. This native of China was first introduced into Philadelphia in 1784. Since then
Ailanthus has become increasingly abundant in and along the edges of eastern forests,
where it competes with native desirable plant species and disrupts sound forest
management practices (Feret, 1985; Hutchinson et al., 2004; Kasson et al., 2013a).
Within urban environments and along transportation corridors, Ailanthus thrives in the
tiniest sidewalk cracks and in the most unexpected places, damaging infrastructure,
obscuring visibility along roads, and falling onto roadways (Almeida et al., 1994; Burch
and Zedaker, 2003; Hu, 1979; Santamour, 1983). Ailanthus also poses human health
problems, causing contact dermatitis, and possibly immunoallergic respiratory issues and
myocarditis (Bisognano et al., 2005; Derrick and Darley, 2006; Maxia and Maxia, 2003).
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To add to these problems, especially for severe infestations, effectively
controlling Ailanthus has proven extremely laborious and expensive once it is wellestablished. Due to the species’ prolific root and stump sprouting, cutting, mowing, and
girdling of Ailanthus is largely ineffective, may exacerbate the problem, and requires
repeated treatments (Hoshovsky, 1988). To effectively control and eradicate Ailanthus,
the vigorous root systems must be completely killed. Therefore, most conventional
control methods rely on the application of broad-spectrum systemic herbicides that kill
the roots (Burch and Zedaker, 2003; DiTomaso and Kyser, 2007; Meloche and Murphy,
2006). However, some roots may survive the herbicide treatments and re-sprout,
requiring continued monitoring and reapplication. Although often effective in the shortterm, chemical herbicides alone are not the best long-term solutions for control of any
weed, including Ailanthus (Bussan and Dyer, 1999; Templeton and TeBeest, 1979). Also,
herbicide applications have their limitations. Herbicide treatments against Ailanthus can
be extremely expensive, laborious, and may negatively affect non-target plant species
(Shamoun, 2000). With increasing legal and public restrictions, high costs, and intensive
labor efforts that accompany the widespread use of herbicides (Charudattan, 2001),
biological control of Ailanthus has become a subject of great interest to land managers
within state and federal agencies, not just within Pennsylvania (Kasson et al., 2014b).
In recent years, Verticillium wilt caused by Verticillium nonalfalfae Inderbitzin et
al., previously recognized as Verticillium albo-atrum Reinke and Berthold (Inderbitzin et
al., 2011), has been proposed as a biological control for Ailanthus. This soilborne fungus
was discovered in 2002 to 2003 naturally killing thousands of Ailanthus trees within a
large Ailanthus stand in the forests of south-central Pennsylvania (Schall and Davis,
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2009a). To date, this potential mycoherbicide for Ailanthus has been isolated from
infected Ailanthus in Pennsylvania, Virginia, and Ohio, and appears native to eastern
forests (Kasson et al., 2014b; Rebbeck et al., 2013; Schall and Davis, 2009a; Snyder et
al., 2013, 2014). Etiology and efficacy studies, using V. nonalfalfae isolate VnAa140
(previously PSU 140), have shown that V. nonalfalfae is extremely virulent on Ailanthus
and rapidly transmitted from diseased to healthy Ailanthus trees by root grafts (Chapter
II; Kasson et al., 2014b; Schall and Davis, 2009a). Not only does V. nonalfalfae
effectively kill the above-ground stem, it also kills the roots, and any root sprouts that
may subsequently flush. In fact, inoculation of the parent stem of a clonal group of
Ailanthus stems can control most, if not all, associated root sprouts (Chapter II). The
effectiveness of this mycoherbicide was demonstrated when Kasson et al. (2014b)
inoculated 100 canopy Ailanthus trees from 2006 to 2009 across 12 Ailanthus stands in
south-central PA. By fall of 2011, the natural spread of V. nonalfalfae caused the
infection and mortality of >14,000 Ailanthus trees.
Importantly, V. nonalfalfae isolate VnAa140 appears host-adapted to Ailanthus
(Kasson et al., 2014a, 2014b; Schall and Davis, 2009b). During extensive host range
testing, only three species [devil’s walking stick (Aralia spinosa L.), striped maple (Acer
pensylvanicum L.), and staghorn sumac (Rhus typhina L.)] developed low incidences of
natural infections within Ailanthus stands severely infected with V. nonalfalfae (Kasson,
et al., 2014a, 2014b). Comparative pathogenicity studies also showed that V. nonalfalfae
isolates from other hosts were nonpathogenic on Ailanthus seedlings, further suggesting
host-adaptedness within this Verticillium species (Kasson et al., 2014b).
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For biological control of Ailanthus trees, our research group injects 3 ml
laboratory-prepared, conidial suspension (107 conidia ml-1), which is unstable with a
short shelf-life, into trees using a hypo-hatchet (OEM Fabricators Inc., Woodville, WI)
(Kasson et al., 2014b; Schall and Davis, 2009a). However, if V. nonalfalfae is to be
widely used in forests and along transportation corridors in the future as a mycoherbicide,
more stable formulations should be developed and utilized. An optimal formulation
would stabilize the biological control agent during storage, distribution, and handling;
allow for easy delivery in an appropriate form; protect the agent from unfavorable
environments; maintain pathogenicity; and be able to be produced in large quantities
(Jones and Burges, 1998; Stubbs and Kennedy, 2012). A variety of mycoherbicide
formulations employ a liquid and/or solid carrier, which serves as the substrate in or on
which the fungus is stabilized, stored, and delivered. Once formulated, a delivery system
should be developed and field-tested (Stubbs and Kennedy, 2012). In addition, optimal
inoculation timing (e.g., month/season of inoculation) should be determined to ensure
effective and efficient use of the biological control agent (Fravel, 2005).
Furthermore, the methods and materials used to formulate a biological control
agent are largely dependent on its biological characteristics (Fravel, 2005). Verticillium
nonalfalfae forms melanized resting mycelia which enable it to survive in soil in the
absence of a host (Inderbitzin et al., 2011). Viable V. nonalfalfae can be recovered from a
refrigerated soil mixture after >4 years storage at 4°C (E. S. O’Neal, personal
observations), which is our protocol for storing Verticillium spp. Thus, the soil mixture
currently used to store Verticillium strains may serve as a carrier, requiring only the
development and testing of an appropriate delivery system. In addition to developing a
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formulation, natural inoculum (e.g., infected leaves, wood, and infested soil) could be
used to initiate new infections in healthy Ailanthus stands. Such methods have been used
in biological control of common persimmon (Diospyros virginiana L.) in Oklahoma in
using Acremonium diospyri (Crand.) W. Gams (Wilson, 1969).
In this study, V. nonalfalfae formulation, optimization, and the use of natural
inoculum are explored. In addition, a continued risk assessment of potential non-target
hosts is conducted to further investigate if V. nonalfalfae is safe to use within
Pennsylvania forests. The four main objectives of this study were to: (i) develop an
effective and efficient formulation and delivery system for V. nonalfalfae, (ii) determine
the optimal season for inoculation, (iii) determine if naturally infected plant and infested
soil material can serve as inoculum, and (iv) assess current plant species composition and
health in a Verticillium wilt epicenter where all mature canopy Ailanthus trees were
killed over the last decade.

Materials and Methods

Study sites. All field study sites were located in south-central Pennsylvania
within mixed-hardwood dominated forests invaded by Ailanthus. The first study site,
SGL1, located near Dauphin on PA State Game Lands 211 (Dauphin Co.), has been
described by Kasson et al. (2013a, 2014b). The site consisted of an Ailanthus stand that
had been artificially inoculated with V. nonalfalfae isolate VnAa140 in 2008 by Kasson
et al. (2014b) and contained dead and dying Ailanthus trees infected with V. nonalfalfae.
The second study site, SGL 281, located near Newport on PA State Game Lands 281
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(Perry Co.), was a large stand of healthy Ailanthus, previously described in Chapter II.
The third study area, RLK, located near Hesston and Huntingdon, PA on the Raystown
Lake Project, U.S. Army Corps of Engineers (USACE) land (Huntingdon Co.) consisted
of scattered uninoculated patches of healthy Ailanthus trees of various sizes. Also, there
were wilting and dying Ailanthus trees near RLK that had acquired V. nonalfalfae from
artificial inoculations in 2008 (Kasson et al., 2014b). The last study site, the County-Line
site, is located in the Tuscarora State Forest (TSF) near Amberson, PA on the
Perry/Franklin Co. border and has been described by Schall (2008) and Schall and Davis
(2009a, 2009b). The County-Line site had contained thousands of Ailanthus that were
wilting and dying from natural V. nonalfalfae infections in 2002 to 2003. Verticillium
nonalfalfae isolate VnAa140 was isolated from this location and used in previous studies
(Kasson et al., 2014a, 2014b; Schall and Davis, 2009a, 2009b). This site is currently
dominated by red maple (Acer rubrum L.) and other hardwood species, including
abundant striped maple. The previously dominating Ailanthus component was effectively
removed by natural V. nonalfalfae infections in the last 10 years.
Culture maintenance, inoculum preparation, and isolation. Protocols for
Verticillium culture maintenance and inoculum preparation followed those of Kasson et
al. (2014b) and Schall and Davis (2009a). Verticillium nonalfalfae isolates were
maintained on petri plates containing plum extract agar (PEA) (Talboys, 1960) amended
with streptomycin sulfate and neomycin sulfate (PEA+SN) (Kasson et al., 2014b; Schall
and Davis, 2009a). Plates with actively growing V. nonalfalfae were incubated at 23°C
with a 12-hr photoperiod for 4 weeks. Cultures were then prepared for storage following
the protocols of Joaquim and Rowe (1990) and Kasson et al. (2014b). The surfaces of
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actively growing pure cultures received 10 ml sterile distilled water. Mycelia and conidia
were loosened with a sterile spatula and the resultant suspension pipetted in 3-ml aliquots
into 10-ml scintillation vials containing a 1:1:1 mixture of sterile potting soil: perlite: peat
moss (The soil mixture was previously autoclaved for 1 h on 3 or more consecutive days
and pre-wetted with 2 ml sterile distilled water). Vials were loosely capped and placed on
the laboratory bench at room temperature to allow for V. nonalfalfae colonization. After 2
weeks, vials were tightly capped and stored at 4°C. To remove isolates from storage, soil
particles were simply tapped from vials onto fresh PEA+SN plates. Within 3 to 5 days,
emerging colonies were transferred to new PEA+SN plates.
To make inoculum, 3-week-old V. nonalfalfae isolate VnAa140 cultures were
flooded with 10 ml sterile distilled water and a sterile spatula was used to loosen mycelia
and conidia. The resultant suspension was collected, vortexed, and poured through a milk
filter (KenAg, Ashland, OH) to remove mycelia. The concentration of the resultant
conidial suspension was determined and adjusted to 107 conidia ml-1 using a
hemocytometer and sterile distilled water. The viability of the resulting inoculum was
tested by counting colony forming units (CFU) from 10-fold serial dilutions spread on
PEA+SN plates. Inoculum exhibiting <80% conidial viability was not used. Inoculum
was stored at 4°C until viability was determined immediately before use in the field. The
pathogenicity of isolate VnAa140 was maintained by annually root dip-inoculating
multiple 1-month old Ailanthus seedlings in the greenhouse. Symptomatic stems were
destructively sampled, surface-disinfested with 70% ethanol, sectioned, and plated onto
fresh PEA+SN plates. Within 10 days, emerging VnAa140 colonies were subsequently
reisolated into pure culture.
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To confirm Verticillium wilt infections in the field, bark was removed from
symptomatic Ailanthus trees and discolored wood chips collected from vascular
discoloration in the stem with a knife disinfested with 70% ethanol. Samples were bagged
and kept cool until arrival to the laboratory, where wood chips were surface-disinfested
with 70% ethanol and cut into smaller sub-samples with sterile pruning shears to remove
any additional non-sterile outer surfaces and to expose the relatively cleaner inner wood.
These sub-samples were further sectioned into smaller pieces and plated onto fresh
PEA+SN plates. After 10 days, emerging colonies exhibiting morphological
characteristics of V. nonalfalfae (e.g., verticillate conidiophores and melanized resting
mycelia) were transferred to fresh PEA+SN plates to obtain pure cultures (Appendix B).
This sequential method of isolation consistently yielded nearly-pure V. nonalfalfae
colonies, eliminating most contamination, and was more reliable than isolating V.
nonalfalfae from wilted leaves, which had been attempted in the past. Resultant pure
cultures were used for molecular identification and storage.
DNA extraction and molecular identification of isolates. Genomic DNA was
extracted from air-dried mycelial plugs that were grown on and harvested from potato
dextrose broth (PDB) (BD, Franklin Lakes, NJ) using a Wizard genomic DNA
purification protocol (Promega Corp., Madison, WI). For isolate identification, the PCR
protocols of Inderbitzin et al. (2011), a Nyx Technik ATC 201 Programmable Thermal
Cycler (Nyx Technik, Inc., San Diego, CA), and GoTaq PCR kits (Promega Corp.,
Madison, WI), and Platinum Taq (Invitrogen, Carlsbad, CA) were used to amplify three
loci: the protein-coding genes elongation factor 1-α (EF), glyceraldehyde-3-phosphate
dehydrogenase (GPD), and tryptophan synthase (TS). Amplified PCR products were
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electrophoresed in 2% agarose gels and stained with EZ-Vision Three DNA Dye &
Buffer 6X (AMRESCO, Solon, OH) to visualize bands. PCR products were purified
using ExoSAP-IT (Affymetrix, Santa Clara, CA). Sanger sequencing was conducted on
an ABI 3730 XL automated DNA sequencer (Applied Biosystems, Carlsbad, CA) at the
Penn State Genomics Core Facility, University Park, PA. Sequencher 4.8 (Gene Codes,
Ann Arbor, MI) was used to revise the raw sequence data and assemble consensus
sequences before used as BLAST queries searched against the National Center for
Biotechnology Information (NCBI) GenBank database, in order to identify isolates.
Preliminary V. nonalfalfae formulation field testing. To determine if the soil
mixture used for long-term storage of Verticillium strains could serve as a successful
carrier for V. nonalfalfae inoculum, a 10-ml scintillation vial containing 4 g V.
nonalfalfae isolate VnAa140-infested soil was removed from >2 years of storage at 4°C
in July 2012. The 4-g sample was mixed with 100 ml sterile distilled water and filtered
once through cheesecloth. At study site RLK, five healthy canopy Ailanthus trees were
wounded three times at the stem base with a hatchet and 1 ml inoculum filtrate was
applied to each wound. One additional wounded stem was treated with sterile distilled
water and served as a control. Percentages of foliar wilt and defoliation on the five
inoculated Ailanthus trees were recorded monthly until the trees died. In January 2013,
wood chips were removed from the xylem of the five inoculated trees and cultured as
above, to reisolate and identify V. nonalfalfae.
Verticillium nonalfalfae isolate VnAa140 formulation and delivery. Portions
of this procedure are similar to that described above in this chapter on page 97 under
“Culture maintenance, inoculum preparation, and isolation”, but warrants additional
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description. Verticillium nonalfalfae isolate VnAa140 was single-point sub-cultured by
placing a colonized, inverted 0.5 cm diameter agar plug in the center of a PEA+SN petri
plate and incubated at 23°C with a 12-hr photoperiod. After 4 weeks, 10 ml sterile
distilled water was added to the culture surface and conidia and mycelia loosened from
the agar surface using a sterile spatula (Fig. 3.1A). The resulting suspension was poured
from the plate through a milk filter (KenAg, Ashland, OH) into a sterile flask. The
surface of the scraped culture was washed with an additional 10 ml sterile distilled water
and also poured through the milk filter. The resulting conidial suspension (ca. 20 ml) was
added to a sterile jar containing 30 g soil, 1:1:1 mixture of sterile potting soil: perlite:
peat moss that had been previously sterilized by autoclaving for 1 h on 3 or more
consecutive days. The jar was tapped to mix the conidial suspension into the soil, the lid
secured, and the contents homogenized by shaking. After shaking, the lid was loosened
and the jar of infested soil placed on the laboratory bench at room temperature to allow
for V. nonalfalfae colonization. Every 3 days, the jar lid was tightened to allow the
contents to be homogenized by shaking, then the lid was slightly loosened, and the jar
returned to the laboratory bench. After 2 weeks, the colonized soil was transferred into
three sterile 50-ml centrifuge tubes (10 g colonized soil/tube) (Fig. 3.1B) with tightly
secured lids and stored at 4°C. If more soil-formulated inoculum was desired, more V.
nonalfalfae cultures were initially utilized and the above protocol multiplied accordingly.
As needed in the biocontrol project, tubes were removed from storage and the
contents emptied onto a sterile 20-sq cm square of cheesecloth, which was wrapped
around the soil and secured with a twist tie to form a pouch (Fig. 3.1C). To prepare
deliverable inoculum, the pouch was placed in 500 ml distilled water in a wash bottle,
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which was shaken for ca. 30 s to release small colonized soil particles, resting mycelia
fragments, and conidia into the water (Fig. 3.1D). Inoculum was designed to be delivered
by “hack and squirt” method, where a hatchet is used to wound the tree and a wash bottle
is used to apply inoculum to the wounds.
Field testing of soil-formulated V. nonalfalfae inoculum. After the soilformulated V. nonalfalfae isolate VnAa140 inoculum was stored for 1 month at 4°C, in
May 2013, healthy canopy Ailanthus trees within SGL 281 were inoculated with one of
six treatments. In all treatments, a hatchet was used to wound the trees three times at the
stem base and each wound received 1 ml inoculum via pipette. Treatments 1, 2, and 3
each consisted of 10 Ailanthus trees with mean DBH (diameter at breast height, 1.4 m) of
30.9, 27.9, and 19.9 cm, respectively. Inoculum used for treatments 1, 2, and 3 was
prepared in the field by mixing 20 g, 10 g, or 5 g V. nonalfalfae-colonized soil with 500
ml distilled water, respectively, as previously described and shown in Figure 3.1.
Treatment 4, the positive control treatment, consisted of 10 Ailanthus trees (mean DBH
of 22.7 cm) inoculated with a standard V. nonalfalfae isolate VnAa140 conidial
suspension (107 conidia ml-1). Treatment 5, a negative control treatment, consisted of four
Ailanthus trees (mean DBH of 9.5 cm) that were inoculated with one of two subtreatments. Treatment 5a and 5b each consisted of two trees treated with inoculum that
was prepared by mixing 20 g or 10 g non-infested soil mixture with 500 ml distilled
water, respectively. Treatment 6, a second negative control treatment, consisted of two
trees (mean DBH of 6.9 cm) that were treated with distilled water only. Treatment
descriptions are provided briefly in Table 3.1. Disease severity was quantified biweekly
for all trees using a scale of 1 to 4 (1 = healthy foliage, 2 = chlorosis and/or necrotic
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margins on leaves, 3 = wilt (≥15% wilting foliage), 4 = dead) through September 2013, at
which time one randomly selected symptomatic tree from treatments 1 to 4 were sampled
to isolate V. nonalfalfae.
2012-2013 monthly canopy Ailanthus tree inoculations. At study site RLK, 17
separate groups of Ailanthus trees each consisting of five healthy canopy Ailanthus trees
were selected for inoculation. During the first week of every month from April 2012 to
August 2013, one group of trees was inoculated. Three wounds were made at the base of
each stem with a hypo-hatchet (OEM Fabricators Inc., Woodville, WI), which
simultaneously injected 1 ml V. nonalfalfae isolate VnAa140 conidial suspension (107
conidia ml-1) per hit. The 17 groups of trees were geographically separated to minimize
cross-contamination. An additional group of Ailanthus trees served as a control group,
where one tree was treated every month with sterile distilled water.
Disease severity on inoculated trees and controls was quantified monthly from
June 2012 through September 2013 using a scale of 0 to 8, where 0 = healthy foliage, 1 =
chlorosis and/or necrotic margins on leaves, 2 = slight wilt (<15% wilting foliage) with
slight defoliation (<15%), 3 = moderate wilt (15 to <50% wilting foliage) with no or
slight defoliation (<15%), 4 = severe wilt (50-100% wilting foliage) with no or slight
defoliation (<15%), 5 = moderate defoliation (15 to <50%), 6 = severe defoliation (50 to
<90%), 7 = very severe defoliation (90 to 100%) with epicormic sprouting, and 8 = dead.
Control of Ailanthus using natural V. nonalfalfae inoculum. Natural V.
nonalfalfae inoculum (infested soil, infected wood, and infected leaves) was collected
from a V. nonalfalfae-infected Ailanthus stand, SGL1, and used to determine if natural
inoculum could be used to infect healthy Ailanthus trees (Fig. 3.2).
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Infested soil as inoculum. In mid-May 2013, a 7.5-liter bucket of putatively
V. nonalfalfae-infested soil was collected from a depth of 0 to 5 cm around the base of a
dead Ailanthus tree recently killed by V. nonalfalfae. For comparison, a 2-liter sample of
putatively uninfested soil was collected from the base of a nearby healthy Ailanthus tree.
At SGL 281, 12 healthy canopy Ailanthus trees (mean DBH of 19.7 cm) were wounded
three times at the stem base with a hatchet. Wounds were approximately 60 sq cm in size
and exposed the xylem. Ten trees had ca. 235 ml putatively infested soil (soil only)
applied directly to each wound (Fig. 3.2A), and similarly, two healthy Ailanthus trees had
uninfested soil (soil only) applied to their wounds.
For comparison to the soil only treatment, putatively infested soil was mixed with
sterile distilled water to prepare an injectable inoculum. This inoculum was prepared by
placing either 50 ml putatively infested or uninfested soil onto a 20-sq cm square of
cheesecloth and forming a soil-filled pouch secured with a twist tie. The pouch was
added to a container filled with 500 ml distilled water and shaken, as previously
described and shown in Figure 3.1. In Ailanthus stand SGL 281, 10 healthy Ailanthus
trees (mean DBH of 18.6 cm) were wounded with a hatchet three times at the stem base,
and each wound received 1 ml inoculum mixture via pipette. Two healthy Ailanthus trees
treated with an uninfested soil and distilled water mixture served as controls.
Infected wood chips as inoculum. At the same time as soil collection in
stand SGL1, a canopy Ailanthus tree (ca. 10 cm DBH) that was heavily colonized with V.
nonalfalfae and nearly 100% defoliated was selected. Bark was removed from the
selected tree with a disinfested knife to expose dark yellow vascular discolored wood.
Discolored wood chip samples were excised with a disinfested knife and reduced in size
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to ca. 2.54 sq cm and 2 to 3 mm thick (Fig. 3.2B). Using the same protocol, wood chips
from a healthy Ailanthus tree were also collected.
Samples were placed in clean plastic bags and kept cool and out of direct sunlight
during transportation and until use. In SGL 281, 10 healthy canopy Ailanthus trees (mean
DBH of 17.7 cm) were deeply wounded three times at the stem base using a 2.54-cm
diameter wood chisel to create wounds large enough to accommodate the excised wood
chips. A V. nonalfalfae-infected wood chip was inserted and tapped into each wound
using a hammer (Fig 3.2B). Two additional canopy Ailanthus trees had wood chips
excised from a healthy tree inserted into their wounds, serving as controls.
Infected wood debris as inoculum. In mid-May 2013, five V. nonalfalfaeinfected Ailanthus trees (6 to 9 cm DBH) in stand SGL1 that exhibited nearly 100%
defoliation and dark yellow vascular discoloration were felled and cut into ca. 45 cmlong sections (Fig. 3.2C). One healthy Ailanthus tree of comparable size in stand SGL1
was also felled and sectioned.
In stand SGL 281, forest floor litter was removed and bare soil exposed around
the bases of five healthy Ailanthus trees (mean DBH of 10.8 cm). Exposed roots and tree
bases were wounded with a machete. The collected wood debris, to serve as inoculum,
was transported from stand SGL1 to SGL 281. A pile of infected wood debris, equivalent
to one felled tree, was placed around and against the base of the five healthy trees (Fig.
3.2C). The wood debris from the healthy Ailanthus tree was placed around the base of a
healthy Ailanthus tree in the same manner to serve as a control.
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Infected leaves as inoculum. The collection of V. nonalfalfae-infected leaves
could not take place until late May 2013, when foliar Verticillium wilt symptoms in the
tree crowns became apparent following leaf emergence. Two small Ailanthus trees (ca. 8
cm in DBH), exhibiting 100% wilt, but only 5 to 10% defoliation, were selected (Fig.
3.2D), felled, and wilted leaves collected and bagged. Leaves from a healthy Ailanthus
tree were collected similarly. During transportation, leaves were not exposed to direct
sunlight and kept cool.
Upon arrival to the laboratory, 100 g infected leaves were blended with 500 ml
sterile distilled water (Fig. 3.2D) and filtered through cheesecloth. The infected leaf
filtrate and leaf paste were poured separately into ice cube trays, frozen (Fig. 3.2D),
transferred individually to small plastic bags, and returned to the freezer. The healthy
Ailanthus leaves were processed similarly. During the first week of June 2013, 20 healthy
canopy Ailanthus trees in stand SGL 281 were wounded three times at the stem base with
a hatchet. Ten trees (mean DBH of 21.8 cm) were treated with 1 ml thawed infected leaf
filtrate per wound. The wounds of the remaining 10 trees (mean DBH of 20.5 cm) were
filled with the infected leaf paste by cutting the bag corners and squeezing the contents
into the wounds. Four additional healthy Ailanthus trees were treated similarly and served
as controls; two trees were treated with leaf paste and two received leaf filtrate, both
derived from healthy Ailanthus leaves.
Once all trees were inoculated with the various forms of natural V. nonalfalfae
inoculum, the disease incidence in the treated Ailanthus trees was quantified biweekly
through September 2013. Trees exhibiting typical Verticillium wilt symptoms, wilt

107
and/or vascular discoloration, were tallied as diseased trees. All symptomatic trees were
sampled for V. nonalfalfae to confirm infections.
Forest composition and health after a decade of Ailanthus mortality.
Permanent plots at the County-Line site, within the Tuscarora State Forest, established by
Schall (2008) in 2007, were re-located in July 2013 using recorded GPS coordinates.
Original plot center markers could not be accurately located due to vegetation overgrowth
and limited GPS accuracy, so 12 new plot centers were established as close as possible to
the GPS coordinates of the original plots centers (Appendix C). Plots were 0.081 ha with
16.06 m radii. To evaluate the forest overstory, the DBH of all plot stems ≥2.54 cm DBH
was measured and their crowns rated using a 0 to 2 scale (0 = healthy, 1 = wilting, 2 =
dead). The crown class of each stem was recorded (dominant, codominant, intermediate,
or suppressed) using established criteria
(http://www.fs.fed.us/database/feis/glossary2.html). To evaluate the forest
understory/regeneration, at each plot center, a nested 0.0004 ha understory plot with a
radius of 1.1 m was established. The number of tree seedlings/saplings with a DBH <2.54
cm was tallied and percent cover of all other understory plant species was recorded. In
addition, foliage was rated using the same 0 to 2 scale described above.
Statistical analyses. Progression of Verticillium wilt within infected Ailanthus
trees that had been inoculated using different formulations was evaluated using the area
under the disease progress curve (AUDPC, Shaner and Finney, 1977). Significant
differences among mean AUDPC values and mean DBH values, for the six treatments
were evaluated with analysis of variance (ANOVA) and Tukey’s mean comparisons (P =
0.05) using Minitab 16.1.0 (Minitab Inc., State College, PA).
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For the 2012-2013 monthly canopy Ailanthus tree inoculations, the most effective
months for inoculation were determined by evaluating mean disease severity ratings as of
the 1st, 4th, and 6th ratings. Ratings only occurred from June to September, since disease
severity ratings at these times could only be recorded when Ailanthus trees were normally
foliated. For example, for trees inoculated in August 2012, the 1st rating was in
September 2012, but the 4th rating did not occur until August 2013. Also, for all late,
dormant, or early season inoculations during September to April, the 1st rating was in
June 2013. This rating system was utilized to eliminate the monthly offset between times
of inoculation and host dormancy, in order to allow a valid statistical comparison
between mean disease severity and months of inoculation. Ratings of all control trees
were combined into one group for statistical analyses. Significant differences among
mean disease severity ratings and mean DBH values of the monthly inoculations were
evaluated at the time of 1st, 4th, and 6th ratings using analysis of variance (ANOVA) and
Tukey’s mean comparisons (P = 0.05) using Minitab 16.1.0.

Results

Preliminary Verticillium nonalfalfae formulation field testing. The five canopy
Ailanthus trees inoculated in July 2012 with a mixture of V. nonalfalfae-colonized soil
and distilled water developed Verticillium wilt symptoms between 1 and 2 months postinoculation (MPI). At 2 MPI, September 2012, all five trees displayed severe acute wilt
of foliage (>50%) and defoliation. During January 2013, V. nonalfalfae was successfully
isolated from all five inoculated (dormant) trees. In June 2013 (11 MPI), all five trees
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were 99 to 100% defoliated. In addition, V. nonalfalfae spread naturally to adjacent
previously healthy non-inoculated trees likely by root grafts. By August 2013 (13 MPI),
all five inoculated trees were dead. The control tree remained asymptomatic throughout
the experiment.
Field testing of soil-formulated V. nonalfalfae inoculum. During May 2013,
canopy Ailanthus trees within stand SGL 281 were inoculated using various amounts of
soil-formulated V. nonalfalfae inoculum, as well as positive (our standard conidial
suspension) and negative (soil and water or water only without V. nonalfalfae) controls.
By 4 weeks post-inoculation (WPI), two Ailanthus trees in treatment 1 and five trees in
treatment 4 began to exhibit typical Verticillium wilt symptoms and had mean disease
severity ratings of 2.2 and 1.7, respectively (Fig. 3.3). However, trees in treatments 2 and
3 were nearly asymptomatic, having mean disease severity ratings of 1.1 and 1.6,
respectively (Fig. 3.3). Minor wilt symptoms (ca. 5 to 10% wilting foliage) occurred in
one tree in treatment 2 and one tree in treatment 3. By 6 WPI, eight trees in treatment 1
and nine trees in treatment 4 exhibited substantial wilt and defoliation. At this same time,
two trees in treatment 2 and one tree in treatment 3 developed wilt and slight defoliation.
At 8 WPI, all 30 trees in treatments 1, 2, and 4 exhibited severe wilt and defoliation (Fig.
3.3), and trees in treatments 1 and 4 had crowns that were 10 to 90% defoliated. Also, six
trees in treatment 3 were wilting, but exhibited only ca. 15% defoliation. By September
2013 (16 WPI), all 30 trees in treatments 1, 2, and 4 were still severely wilted and
defoliated, having mean disease severity ratings of 3.0 (Fig. 3.3). Also, eight trees in
treatment 3 were severely wilted with a slightly lower mean disease severity rating of 2.8
(Fig. 3.3). The remaining two trees in the treatment exhibited only ca. 10% wilting
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foliage, having only a mean disease severity rating of 2.0. Trees in negative control
treatments 5a, 5b, and 6 remained asymptomatic for the duration of the experiment,
except one tree in treatment 5b that became symptomatic and acquired V. nonalfalfae
from a nearby infected tree possibly via root grafts. Data from the one symptomatic
control tree were included in statistical analyses. In addition, natural spread of V.
nonalfalfae to formerly healthy Ailanthus trees was observed adjacent to inoculated trees
in treatments 1, 2, and 4. Verticillium nonalfalfae was successfully isolated from all four
randomly sampled trees in treatments 1 to 4 (1 sampled tree/treatment).
According to ANOVA and Tukey’s mean comparisons, the mean AUDPC values
at 16 WPI for treatments 1 to 4 (39.4, 34.3, 29.7, and 38.2, respectively) were all
significantly different from treatment 5 (19.0) and treatment 6 (16.0), the two negative
control treatments (Table 3.1). The mean AUDPC values from treatments 1, 2, and 4
were statically similar (Table 3.1). Treatment 3 had a significantly lower mean AUDPC
value than treatments 1 and 4, but it was not significantly different from treatment 2
(Table 3.1). Further analysis showed Ailanthus trees selected for treatment 1 had a
significantly greater mean DBH (30.9 cm) than did trees in treatments 3, 4, 5, and 6
(19.9, 22.7, 9.5, 6.9 cm respectively), but not treatment 2 (27.9 cm) (Table 3.1).
2012-2013 monthly canopy Ailanthus tree inoculations. Five canopy Ailanthus
trees were inoculated every month from April 2012 to August 2013 with V. nonalfalfae
isolate VnAa140 conidial suspension. Trees inoculated from April 2012 to October 2012
and from April 2013 to August 2013, excluding trees inoculated in June 2012, July 2012
and 2013, exhibited moderate to severe Verticillium wilt symptoms and had the highest
mean disease severity ratings (range: 3.4 to 5.6) at the 1st rating, which were significantly
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greater than the control ratings (0.5) (Table 3.2). Trees inoculated in June 2012, July
2012 and 2013, as well as from November to March 2013, were asymptomatic or
exhibited only minimal wilt symptoms at the 1st rating. At this time, these trees had lower
mean disease severity ratings (range: 0.0 to 3.0) from trees inoculated from April 2012 to
October 2012 (range: 3.4 to 5.6), which were not significantly different from the control
values (0.5) (Table 3.2). Furthermore, trees inoculated from December 2012 to February
2013 had very low mean disease severity ratings (range: 0.0 to 0.8) at the 1st rating and
only a few individual trees exhibited slight wilt symptoms (Table 3.2).
By the 4th rating Ailanthus trees that had been inoculated from April 2012 to
November 2012 and from March 2013 to April 2013 were severely wilted and many trees
were >90% defoliated (Table 3.2) (Data were not collected at the 4th rating for the June to
August 2013 inoculations). In addition, some trees that had been inoculated in April and
May 2012 began to exhibit mortality by the 4th rating. All trees inoculated from April
2012 to November 2012 and in March 2013 and April 2013 had significantly greater
mean disease severity ratings (range: 6.8 to 7.6) than the controls (1.2) (Table 3.2).
Ailanthus trees inoculated from December 2012 to February 2013 had mean disease
severity ratings (range: 2.0 to 3.2) that were not significantly different from the controls
(1.2) (Table 3.2). A few individual trees inoculated in December 2012 and January 2013
began to develop moderate Verticillium wilt symptoms, increasing the mean disease
severity ratings; however, the mean disease ratings were not significantly different from
the values for trees inoculated in November 2012 and prior (Table 3.2).
At the 6th rating, Ailanthus trees that had been inoculated from April to June 2012
were all dead, with mean disease ratings of 8.0 (Table 3.2). Also, four out of the five trees
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inoculated in July 2012 were dead. The remaining living tree exhibited 99% defoliation.
(Disease severity ratings were not collected at the time of the 6th rating for trees
inoculated from August 2012 to August 2013)
Additional statistical analysis revealed that the mean DBH of inoculated Ailanthus
trees were not significantly different from each other during any month of inoculation
(Table 3.2), which indicates the rate of disease progression was influenced by the month
of inoculation and not likely by the size of the inoculated trees.
Control of Ailanthus using natural V. nonalfalfae inoculum. In May 2013,
infested soil, as well as infected wood chips, leaves, and wood debris collected from a V.
nonalfalfae-infected Ailanthus stand were used to inoculate healthy Ailanthus trees in a
nearby stand. From 0 to 7 WPI, no treated Ailanthus trees exhibited Verticillium wilt
symptoms. At 8 WPI, one tree inoculated with infected wood chips exhibited wilt
symptoms (15% wilted foliage) (Fig. 3.4). That tree remained the only symptomatic tree
until the last rating at 16 WPI (September 2013), when three more trees inoculated with
wood chips displayed slight wilt symptoms (5 to 10% wilted foliage). Also, one tree with
infected wood placed around it developed wilt symptoms (Fig. 3.4) at 16 WPI.
In addition, streaks of yellow vascular discoloration were observed in all four
symptomatic Ailanthus trees that had been treated with infected wood chips. Vascular
discoloration was also noted in the one symptomatic tree that had been wounded and
treated with infected wood debris. Verticillium nonalfalfae was isolated from vascular
discolored wood from all five symptomatic trees. All control Ailanthus trees and trees
inoculated with infested soil and infected leaves remained asymptomatic from 0 to 16
WPI.
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Forest composition and health after a decade of Ailanthus mortality. Most if
not all mature overstory Ailanthus trees at the County-Line site had been killed from
2002 to 2012 by natural V. nonalfalfae infections. During July 2013, the composition and
health of forest plant species were assessed in 12 permanent plots within the site. The site
was dominated by native non-Ailanthus species, many of which had established soon
after the mortality of the previous Ailanthus overstory (Fig. 3.5 and 3.8A). There were 70
dead Ailanthus trees/ha at the site in 2013 that were still standing from the original,
natural V. nonalfalfae epidemic (Fig. 3.5).
Regarding live stems in the plots in 2013, striped maple was most abundant (257
trees/ha), followed by black birch (Betula lenta L.) (229 trees/ha), and red maple (Acer
rubrum L.) (108 trees/ha) (Fig. 3.5). Young Ailanthus saplings, which most likely arose
from local seed sources, were present (75 trees/ha) (Fig. 3.5). With respect to basal area,
red maple had the greatest value (13.62 m2/ha), followed by black birch (2.83 m2/ha),
yellow-poplar (Liriodendron tulipifera L.) (1.24 m2/ha), white ash (Fraxinus Americana
L.) (1.07 m2/ha), and the re-established Ailanthus saplings (0.07 m2/ha). Standing dead
Ailanthus trees had a basal area of 7.97 m2/ha (Fig. 3.6).
Regarding crown classes, the dominant and codominant crown classes in 2013
were comprised mainly of healthy red maple, black birch, and black locust (Robinia
pseudoacacia L.) trees (Fig. 3.7). The intermediate and suppressed crown classes
contained striped maple, black birch, witch-hazel, and Ailanthus saplings. These reestablished Ailanthus saplings were confined to the intermediate or suppressed crown
classes (Fig. 3.7).
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Regarding overstory tree health in the plots, four of the living Ailanthus saplings
tallied exhibited severe wilt, defoliation, and vascular discoloration (Fig. 3.8B),
characteristics of Verticillium wilt. Twenty-nine percent of the living striped maples had
symptoms indicative of Botryosphaeria canker or anthracnose, while 70% of the black
locust trees were infested with locust leafminers (Odontota dorsalis Thunb.) resulting in
necrotic leaves and defoliation. Also, a few dead black locust trees exhibited damage
likely caused by locust borers (Megacyllene robiniae Forster). Of the 118 dead trees
tallied, 59% were Ailanthus trees that likely died from natural V. nonalfalfae infections.
The remaining dead trees were black locust (23%), striped maple (10%), and a few
hardwood trees in the lower crown classes (8%) (Fig. 3.5). Verticillium wilt symptoms
were not observed on any non-Ailanthus species.
Similar to the overstory, the understory plots were dominated by living nonAilanthus hardwood species regeneration, including red maple (1236 seedlings/ha), black
birch (824 seedlings/ha), black locust (206 seedlings/ha), striped maple (206
seedlings/ha), and white ash (206 seedlings/ha) (Table 3.3). Ailanthus regeneration was
not present in the understory plots. On the other hand, the understory plots contained both
substantial amounts of invasive and native understory plant species (Fig. 3.8C),
including, hay-scented fern (Dennstaedtia punctilobula (Michx.) Moore) (31.7% cover),
Japanese stiltgrass (Microstegium vimineum (Trin.) Camus) (30.1% cover), Virginia
creeper (Parthenocissus quinquefolia (L.) Planch.) (5.2% cover), and garlic mustard
(Alliaria petiolata (Bieb.) Cavara and Grande) (2.5% cover) (Table 3.3).
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Discussion

The overall objectives of this V. nonalfalfae-A. altissima biocontrol study were to
evaluate: (i) formulation and delivery systems for V. nonalfalfae, (ii) most effective
months for Ailanthus inoculation, (iii) ability of natural inoculum to initiate infections,
and (iv) forest plant health and composition a decade after a natural Verticillium wilt
epidemic killed an entire Ailanthus overstory.
The feasibility of simply using colonized soil mixed with water as inoculum was
demonstrated in the 2012 preliminary Ailanthus tree inoculations. The inoculations also
revealed that the pathogenicity of V. nonalfalfae is maintained during long-term storage,
that water is a sufficient liquid carrier, and that resting mycelia can germinate directly
within the host, or once mixed with water, and then incite disease. This is consistent with
findings of Isaac and MacGarvie (1966), who reported that water appeared to be the main
requirement for germination of “V. albo-atrum” resting mycelia and that even after
vigorous mixing, 15 to 50 µ-long mycelial fragments, containing only 1 to 3 septations,
could germinate and produce conidia within 6 h. These preliminary inoculations formed
the basis for the further development of the soil-based formulation presented in this
study. The simple soil-based formulation is similar to the common protocol for the
storing of Verticillium spp. under refrigeration, but produces larger quantities of
colonized soil that can be stored, transported, and easily mixed with water in the field to
prepare inoculum for application by the “hack-and-squirt” method. This method, where a
hatchet is used to wound the tree and a squirt bottle used to apply herbicide to the
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wounds, is commonly used to treat unwanted trees, including Ailanthus (DiTomaso and
Kyser, 2007).
The Verticillium storage protocol used in our laboratory can maintain viable
Verticillium propagules for >4 years (E. S. O’Neal, personal observations). Therefore,
our formulation protocol should extend the shelf-life of viable V. nonalfalfae inoculum to
>4 years. The maximum shelf-life of V. nonalfalfae stored by these storage and
formulation protocols remains unknown. DeVay and Pullman (1984) reported that “V.
albo-atrum” remains viable 2 to 3 years in fallow field soil. Wilhelm (1955) reported V.
dahliae Klebahn microsclerotia can survive 10 to 15 years in soil. Therefore, the
maximum shelf-life of soil-formulated V. nonalfalfae inoculum stored at 4°C may lie
between 4 to 15 years.
The soil formulation, as opposed to the conidial suspension, also likely increases
the stability of V. nonalfalfae in storage in transit, such as shipping or transport to a field
site. Temperature appears to be a major environmental factor that can affect Verticillium
germination and survival (Pegg and Brady, 2002). Although keeping soil-formulated
inoculum cool and out of sunlight in transit is recommended, the resting mycelia of “V.
albo-atrum” and V. nonalfalfae contains melanin and protects the fungus from damaging
UV radiation (Brandt and Reese, 1964; Griffiths and Campbell, 1971). Also, “V. alboatrum” can survive temperatures of up to ca. 27°C in culture, but may be killed when
exposed to temperatures ca. 33°C (Chaudhuri, 1923). Therefore, hot summer
temperatures could essentially sterilize the soil and the formulated inoculum must be kept
cool to maintain viability.
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The soil-formulated, water-delivered V. nonalfalfae inoculum was field-tested in
May 2013, after 1 month of storage. Inoculations initiated Verticillium wilt infections in
all canopy Ailanthus trees inoculated, regardless of what inoculation treatment was used,
but the volume of colonized soil in the inoculum affected the speed of disease
progression (Fig. 3.3). Overall, treatments 1 and 2, which contained 20 or 10 g colonized
soil, respectively, were just as effective as treatment 4, our standard conidial suspension
inoculum. Treatment 3, which contained only 5 g colonized soil, still established control
but at a slower rate than treatments 1 and 4 (Fig. 3.3). Treatment 3, prepared with 5 g
soil-formulated V. nonalfalfae may be sufficient to initiate V. nonalfalfae infections in
some canopy Ailanthus trees, but this lower dose of inoculum might be better suited for
smaller, younger Ailanthus saplings.
To ensure potency similar to our standard conidial suspension, 10 to 20 g V.
nonalfalfae-colonized soil should be used. However, 10 g colonized soil appears to be
sufficient (Fig. 3.3), since the inoculum prepared with 20 g colonized soil did not result in
significantly faster disease progression or increased effectiveness compared to the 10 g
treatment (Table 3.1). However, all the soil-formulated inoculum treatments were stored
for only 1 month. Additional studies are needed to determine if V. nonalfalfae soilformulated inoculum remains viable and effective following long-term storage.
The minimum concentration of soil-formulated V. nonalfalfae inoculum required
to efficiently kill Ailanthus trees remains untested. Therefore, production of soilformulated inoculum could be optimized further, but still remains more efficient than
producing our standard conidial suspension. One petri plate of V. nonalfalfae generally
makes ca. 200 to 300 ml standard conidial suspension (107 conidia ml-1) (E. S. O’Neal,
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personal observations), which will effectively treat 66 to 100 canopy Ailanthus trees
following our conidial suspension-inoculation protocol (Kasson et al., 2014b; Schall and
Davis, 2009a). However, using the soil-based formulation protocol in this paper, the same
petri plate of V. nonalfalfae will make three 50-ml centrifuge tubes filled with 10 g V.
nonalfalfae-colonized soil that can each be mixed with 500 ml distilled water. In this
manner, the same petri plate can produce 1.5 L soil-formulated V. nonalfalfae inoculum,
which can effectively treat 500 Ailanthus trees. Thus, the soil-formulation allows for
inoculum to be produced in larger quantities, a characteristic of a successful formulation
(Jones and Burges, 1998; Stubbs and Kennedy, 2012) and will treat more Ailanthus trees.
After field testing, the soil-based formulation protocol was slightly revised to
simplify preparation and minimize contamination. Inoculum produced by this improved
formulation was not field-tested in this study, but is presented in Appendix D. We
consider this improvement to be important, since contaminants could render the inoculum
useless, wasting time and resources. Furthermore, a less contaminated soil-formulated
inoculum may retain a longer shelf-life and increased efficacy. Therefore, it is
recommended that the revised protocol be used for future production of soil-formulated
V. nonalfalfae inoculum for use against Ailanthus trees (Appendix D).
To further improve utilization of this biological control agent, we also evaluated
optimal times of year to inoculate Ailanthus trees with V. nonalfalfae using the standard
conidial suspension (107 conidia ml-1) as inoculum. Separate groups of canopy Ailanthus
trees were inoculated every month from April 2012 to August 2013. Although
temperature strongly influences Verticillium wilt disease development and progression
(Pegg and Brady, 2002), our results revealed that Ailanthus trees could be controlled by
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inoculating during most months, including parts of the dormant season. All inoculations
from March to November resulted in severe Verticillium wilt symptoms within
inoculated trees, either during the same growing season or the following season. As
evaluated over time, usually by the 4th rating, inoculations from March to November
achieved similar levels of Ailanthus control (Table 3.2). However, month of inoculation
did influence the rate of initial disease progression. The greatest differences among mean
disease severity ratings for all months of inoculation occurred at the 1st rating, when some
trees inoculated in June and July developed symptoms more slowly than trees inoculated
in April or May, or August and September. These results suggest that high temperatures
can slow V. nonalfalfae colonization in Ailanthus trees. This suggestion is supported by
reports that the growth rate of Verticillium in culture declines as temperatures increase
from the optimal growth temperature of 22.5 to >33°C, at which point the fungus is
reduced to a yeast-like budding stage and may be killed (Chaudhuri, 1923; Pegg and
Brady, 2002). However, increasing drought conditions may actually increase wilt
symptom development, seemingly offsetting the effects of hot temperatures on V.
nonalfalfae, especially in Ailanthus trees inoculated in August and September (Fradin and
Thomma, 2006).
Surprisingly, Ailanthus trees inoculated during November 2012 exhibited
Verticillium wilt symptoms the following June, suggesting that V. nonalfalfae can
initially infect dormant Ailanthus trees, when they are unable to initiate defense
responses. Further colonization may then take place during the ensuing growing season,
when environmental conditions are ideal for disease progressions and mortality. In
support of this idea, the growth rate of Verticillium in culture is greatly reduced, but can
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still occur at 12°C (Chaudhuri, 1923). However, cold tolerance among Verticillium
species and isolates from different geographic locations differs and growth of
Verticillium at temperatures ca. 6 °C have been reported (Pegg and Brady, 2002; Smith,
1965). Thus, the cold tolerance of V. nonalfalfae isolate VnAa140 may be as low as 6°C.
Fall inoculations may result in germination of conidia, which establish an initial
infection, followed by formation of resting mycelia that remain stable during the winter,
and expand colonization during the following spring and summer.
Dormant trees inoculated in December 2012, as well as January, February, and
March 2013, exhibited limited Verticillium wilt symptoms at the start of the 2013
growing season, suggesting that the viability of injected conidia is reduced by harsh
winter conditions, and they do not have the survival capabilities exhibited by resting
mycelia. Galanopoulos and Tribe (1974) reported that that the number of viable V.
dahliae conidia added to soil and stored at 0 to 5°C were reduced by 50% after 8 weeks.
Therefore, reductions in V. nonalfalfae conidia viability may occur during winter at <0°C
air temperature, assuming winter temperatures within Ailanthus trees are similar to air
temperatures. Also, Ailanthus emerging from dormancy may be able to overcome
infections incited by low inoculum concentrations remaining from December to March
inoculations. However, the Ailanthus trees inoculated in March eventually developed
severe Verticillium wilt symptoms, suggesting many conidia are able to survive a short
time period until warmer, spring temperatures that are conducive for colonization arrive.
Although inoculations in most months resulted in Verticillium wilt, April and
May appear to be the optimal months to inoculate Ailanthus. High or low temperatures in
central Pennsylvania during these spring months are seldom extreme enough to inhibit V.
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nonalfalfae colonization or render inoculum nonviable. In addition, cool to mild
temperatures that occur in these months are generally conducive for rapid Verticillium
colonization and development of severe Verticillium wilt symptoms in Ailanthus. Also,
Ailanthus trees that were inoculated during these months were often dead by September,
or at the start of the following growing season, as opposed to trees inoculated in other
months that took longer to develop severe wilt symptoms and/or die. Furthermore, April
and May inoculations of Ailanthus trees have been used routinely and successfully by
Schall and Davis (2009a) and Kasson et al. (2014b).
While the conidial suspension and soil formulations have proven effective in
quickly initiating V. nonalfalfae infections within healthy Ailanthus trees and stands, the
use of natural inoculum to initiate infections has not been previously explored by our
research group. Some Pennsylvania agencies and private forestry consultants have
expressed interest in moving V. nonalfalfae from infected Ailanthus stands to healthy
stands, to avoid having to rely on laboratory-prepared inoculum. Similarly, in ca. 1949
landowners in Oklahoma moved felled common persimmon trees infected with
persimmon wilt, caused by Acremonium diospyri, to healthy but unwanted persimmon
stands, as a successful biocontrol against common persimmon in pastures (Wilson, 1969).
Recently, Pennsylvania foresters have achieved limited success using natural V.
nonalfalfae inoculum. So as a part of this biocontrol study we evaluated multiple methods
utilizing natural inoculum that could be used by land managers to establish new V.
nonalfalfae infections to control Ailanthus.
We determined that inserting yellow discolored, V. nonalfalfae-infected wood
chips into Ailanthus trees, as well as placing infected wood debris around wounded
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Ailanthus trees, in May resulted in Verticillium wilt within formerly healthy Ailanthus
trees by September of the same year (Fig. 3.4). However, use of putatively infested soil
and infected leaves as natural inoculum did not induce Verticillium wilt within the first
growing season. Thus, our results indicate that moving infected wood from an infected
stand to a healthy stand may be more reliable than using infested soil or infected leaves as
inoculum. Although a soilborne pathogen, V. nonalfalfae has not been isolated from, nor
detected in, soil within infected Ailanthus stands, and its presence or absence in forest
soils should remain an area of future study. Limited studies suggest V. nonalfalfae may
not persist for very long in the acidic forest soils of Pennsylvania (Schall, 2008), possibly
due to the negative effects of aluminum or soil-pH related factors on resting structure
formation and survival (Baard and Pauer, 1982; Guba, 1934; Orellana et al., 1975). Thus,
moving soil from one stand to the next to initiate V. nonalfalfae infections may not be
successful if V. nonalfalfae inoculum concentrations are low within soil beneath infected
Ailanthus trees.
In contrast to infested soils, infected leaves have been reported by several authors
to harbor V. nonalfalfae and other Verticillium spp. propagules (Huang, 1989; Pegg and
Brady, 2002; Rijkers et al., 1992; Schall and Davis, 2009a). However, in our study, wilted

leaves from infected Ailanthus trees did not induce V. nonalfalfae infections in healthy
Ailanthus trees within 4 months post-inoculation. This suggests the inoculum density
within wilted leaves may be lower than within the main stems of infected Ailanthus trees.
In the main stem, the xylem vessels are likely plugged by V. nonalfalfae mycelia and
conidia, therefore making xylem wood chips ideal for inoculum. This plugging of the
transpiration stream in the stem may then cause wilting of leaves distal to the high levels
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of colonization. Thus, although wilted, symptomatic leaves on an infected tree may
contain only low levels of infectious propagules, as has been reported for other xylemcolonizing pathogens (Yadeta and Thomma, 2013).
Although V. nonalfalfae can be occasionally isolated from symptomatic Ailanthus
leaves, especially from the petioles, the pathogen is more easily isolated from yellow
vascular discolored wood (E. S. O’Neal, personal observations). Foreman et al. (2002)
reported that non-composted V. dahliae-infected wood chips, when used as mulch, can
start new infections if placed around healthy suscepts. Therefore, the use of infected
wood, as indicated by our results, may be the best source of natural inoculum for
initiating V. nonalfalfae infections in healthy Ailanthus stands.
In addition to inserting wood chips into or placing infected wood around healthy
Ailanthus trees, other techniques not included in this study should be considered. Wood
shavings, taken from yellow discolored wood within infected Ailanthus stems, mixed
with water, and applied as injectable inoculum, has been attempted with limited success
(A. Naylor, personal communication). Use of wood shavings would be easier and less
time consuming than collecting wood chips and inserting them into trees, or moving
entire infected trees from site-to-site. Vegetation management methods along highways,
where Ailanthus is often a major problem, can take advantage of V. nonalfalfae-colonized
Ailanthus trees. Foreman et al. (2002) demonstrated that V. dahliae can survive in wood
chip mulch. Verticillium nonalfalfae is also likely capable of surviving in wood chip
mulch. Therefore, if an Ailanthus stand along a highway is artificially inoculated, or a
naturally infected stand is located, the infected Ailanthus trees can be felled and chipped,
and the infected chips can be placed within a healthy Ailanthus stand elsewhere along the
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highway to initiate new V. nonalfalfae infections. Once the newly infected Ailanthus trees
die and their decaying roots release more V. nonalfalfae into the soil, the site may be
essentially sterilized against future Ailanthus invasions.
With the anticipated expanded adoption of V. nonalfalfae as a biocontrol for
Ailanthus, proposed techniques that move natural V. nonalfalfae inoculum from site-tosite, as well as deployment of soil-based formulated inoculum, may become more
widespread. However, with increased use of V. nonalfalfae comes the potential for
increased risk and hazards to non-target hosts. Therefore, in addition to comparative
pathogenicity tests and host-range testing of V. nonalfalfae isolate VnAa140 already
conducted (Schall and Davis, 2009b; Kasson et al., 2014a, 2014b), continuing to assess
possible adverse effects of V. nonalfalfae on non-target plant species is paramount. As a
part of this continuing assessment, we evaluated the forest plant health and composition
within the natural Verticillium wilt of Ailanthus epicenter in south-central Pennsylvania,
referred to as the County-Line site, which is also where V. nonalfalfae isolate VnAa140
was first isolated (Schall and Davis, 2009a). As of 2013, the site has endured over a
decade of Ailanthus mortality caused by V. nonalfalfae. Although a preliminary
assessment was conducted in 2007 by Schall and Davis (2009b), we conducted another
assessment to investigate long-term effects on non-target plant species health and forest
composition caused by the past Verticillium wilt epidemic.
Our 2013 assessment revealed that the overstory, regardless of crown class,
within the epicenter was dominated by non-target plant species, such as native black
birch, black locust, red maple, and striped maple (Fig. 3.7). The original dominant and
codominant canopy Ailanthus trees had all been killed by V. nonalfalfae infections, but
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some remained as large dead stems exhibiting old, abandoned ambrosia beetle galleries
and Armillaria spp. rhizomorphs. As the roots of these large, dead Ailanthus trees decay,
V. nonalfalfae resting mycelia will be released to the soil. We did record low numbers of
young Ailanthus saplings within the epicenter. However, we hypothesize that these
saplings will soon become infected with V. nonalfalfae and die. In fact, a local forester
has already observed that Ailanthus saplings within such epicenters may grow to 2 m in
height, but then succumb, apparently to soilborne V. nonalfalfae inoculum (S. Wacker,
personal communication). However, the presence of re-established young Ailanthus
saplings in the area of the former epicenter demonstrates the importance of removing
nearby Ailanthus seed sources (e.g., larger female trees) prior to overstory removal or
generation of large canopy gaps. Fortunately, re-established Ailanthus saplings were
lower in the canopy and their growth was inhibited by a lack of sunlight. Removal of the
overstory Ailanthus by V. nonalfalfae apparently released native tree species, allowing
them to increase in height, expand their crowns, and close canopy gaps. Thus, the native
tree species shaded the re-established Ailanthus saplings and prevented further
establishment of Ailanthus seedlings. If V. nonalfalfae infections do not eventually kill
these re-established Ailanthus saplings, lack of sunlight might, as Ailanthus is a shadeintolerant species.
Relatedly, a small number of wilting Ailanthus trees were observed within the
permanent plots (Fig. 3.8B). In addition, wilting Ailanthus trees were also commonly
observed outside the plots. Sampling of three geographically separated wilting Ailanthus
trees within the epicenter yielded V. nonalfalfae (Appendix C), indicating that V.
nonalfalfae is persisting on-site, either in soil, infected Ailanthus, and/or asymptomatic
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hosts (Schall, 2008). Isolating V. nonalfalfae from asymptomatic hosts in Pennsylvania
forests, starting at the County-Line site, should be an area of future study. Such soil and
asymptomatic host sampling may reveal that V. nonalfalfae is very common within
eastern forests, and is likely only reported when it encounters an extremely susceptible
host, like Ailanthus. In support of this hypothesis, V. nonalfalfae has been reported from
Ohio, Pennsylvania, and Virginia, but only from dying Ailanthus trees (Kasson et al,
2014b; Rebbeck et al, 2013, Schall and Davis, 2009a; Snyder et al., 2013, 2014).
Although wilt symptoms were observed on some re-established Ailanthus
saplings within the old epicenter, Verticillium wilt was not observed on non-target plant
species. It is important to note that no striped maple trees in the plots exhibited
Verticillium wilt symptoms, even though the species is listed as a suscept of V.
nonalfalfae (Kasson et al., 2014a; Schall and Davis, 2009b). Although, red elderberry
(Sambucus racemosa L.) is also listed as susceptible to V. nonalfalfae (Kasson et al.,
2014a), many elderberry plants growing near the permanent plots appeared very healthy
and vigorous (Elderberry did not occur within the permanent plots). The fact that these
“susceptible” non-target species are flourishing within the epicenter, without Verticillium
wilt infections, may indicate that high soil inoculum densities or possibly ambrosia beetle
passive transmission are important for initiating V. nonalfalfae infections in non-target
species (Kasson et al., 2013b, 2014a). Recent ambrosia beetle activity was not observed
within the epicenter, and as stated earlier, V. nonalfalfae survival and inoculum density in
soil may be inhibited by the acidic forest soils within this epicenter.
While Verticillium wilt symptoms were not observed on non-target plant species,
within the old epicenter, unhealthy trees were present, as in any forest. Some striped
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maples exhibited symptoms of Botryosphaeria canker or anthracnose; the former disease
had been previously reported in the area, even outside the epicenter, by Schall and Davis
(2009b). As the canopy Ailanthus trees were killed by V. nonalfalfae, understory species
like striped maple would have been exposed to more intense sunlight and possible
moisture stress. Sudden exposure to full sunlight is known to stress and wilt striped
maples, as well as cause growth reductions (Wilson and Fischer, 1977). Such stress may
predispose striped maple to opportunistic pathogens, such as Botryosphaeria dothidea
Moug. ex Fr.
Black locust mortality was also commonly observed within the permanent plots,
and was likely caused by the combined effects of severe locust borer and leafminer
infestations. Seventy percent of the live black locust trees in the plots were highly
infested with locust leafminers. Similarly, severe locust borer infestations were
previously reported during the 2007 assessment (Schall and Davis, 2009b). Coupled with
such insect infestations, black locust is a shade-intolerant, early successional species, and
is likely being removed from the site as canopy caps close. Also, low incidences of
mortality of other miscellaneous hardwood trees occurred mainly in the suppressed and
intermediate crown classes, indicating that these trees were likely stressed, unable to
compete for space and resources, and more likely to succumb to mortality. In summary,
non-target plant infections and mortality appeared to be caused by factors other than V.
nonalfalfae infections.
Similar to the overstory, Verticillium wilt symptoms were not observed on
understory plants and regeneration within the permanent plots. However, unlike the
overstory, plots were dominated by invasive understory plant species, such as hay-
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scented fern, Japanese stiltgrass, garlic mustard, and mile-a-minute. Many of these
invasive weeds were observed throughout the epicenter and will be of concern regarding
site restoration (Table 3.3 and Fig. 3.8C). Thus, our results indicate that opportunistic
weeds may dominate in the understory following the removal of the Ailanthus overstory
using V. nonalfalfae as a biocontrol agent. However, Harris et al. (2013) reported that
removal of overstory Ailanthus usually does not cause increased immigration of new
weeds to the epicenters, but instead encourages the proliferation of previously established
weeds. Therefore, the proliferation of invasive weeds within epicenters may also occur if
the Ailanthus trees had been removed by timber harvesting. Controlling nearby seed
sources of invasive weeds should remain a priority, as if preparing for a timber harvest,
prior to creating large canopy gaps by using V. nonalfalfae to control Ailanthus.
In summary, this study has presented a protocol for the preparation of an
alternative form of V. nonalfalfae inoculum that can be deployed to control Ailanthus
trees in place of the unstable, short-lived conidial suspension currently used by our
laboratory. The soil-based formulation allows for stockpiling and storage of V.
nonalfalfae inoculum with a shelf-life >4 years, and stabilization of inoculum in transit to
land managers and field sites. Use of this inoculum primarily during April and May
should optimize its efficacy in controlling Ailanthus. Once V. nonalfalfae infections are
established in healthy Ailanthus stands, new infections in other healthy stands can be
initiated by using natural inoculum, such as infected wood chips and entire trees,
independently without assistance from any laboratory. Lastly, the results of our
assessment of the County-Line site in the Tuscarora State Forest further indicates V.
nonalfalfae appears to pose minimal hazards to non-target plant species and has become
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host-adapted to Ailanthus. However, the risk of widespread establishment of other
invasive weeds remains a concern, as with many other forest management activities, once
the Ailanthus canopy has been removed.
In conclusion, results of this study further demonstrate the characteristics of V.
nonalfalfae make it a desirable biological control agent against the highly invasive A.
altissima. In addition, we confirm that V. nonalfalfae is versatile, and has few limitations
and restraints related to its use. Finally, our risk assessment is consistent with previous
host range and risk assessment studies conducted by Schall and Davis (2009b) and
Kasson et al. (2014a), suggesting that V. nonalfalfae poses little threat to non-target plant
species within Pennsylvania’s forests. Thus, this study continues to support the expanded
deployment of V. nonalfalfae as a biological control for Ailanthus as an alternative to
expensive, laborious, and often ineffective chemical herbicide treatments.

Acknowledgements

This research was made possible by funding from the United States Department of
Agriculture Forest Service, Forest Health Technology Enterprise Team, Morgantown,
WV. We thank K. Wickert for her assistance in the field and laboratory; as well as the
Pennsylvania Game Commission, Pennsylvania Department of Conservation and Natural
Resources, and the United States Army Corps of Engineers for allowing use of their
forestland as study sites.

130
Literature Cited

1.

Almeida, M. T., Mouga, T., and Barracosa, P. 1994. The weathering ability of
higher plants. The case of Ailanthus altissima (Miller) Swingle. Int. Biodeterior.
Biodegrad.33:333-343. doi:10.1016/0964-8305(94)90011-6

2.

Baard, S. W., and Pauer, G. D. C. 1982. Effect of acid soils on survival of
Verticillium dahliae. Trans. Brit. Mycol. Soc. 79:513-517.

3.

Bisognano, J. D., McGrody, K. S., and Spence, A. M. 2005. Myocarditis from the
Chinese sumac tree. Ann. Intern. Med. 143:159-160.

4.

Brandt, W. H., and Reese, J. E. 1964. Morphogenesis in Verticillium: a selfproduced, diffusible morphogenetic factor. Am. J. Bot. 51:922-927.

5.

Burch, P. L., and Zedaker, S. M. 2003. Removing the invasive tree Ailanthus
altissima and restoring natural cover. J. Arbor. 29:18-24.

6.

Bussan, A. J., and Dyer, W. E. 1999. Herbicides and rangeland. Pages 116-132 in:
Biology and Management of Noxious Rangeland Weeds, Oregon State University,
Corvallis.

7.

Charudattan, R. 2001. Biological control of weeds by means of plant pathogens:
Significance for integrated weed management in modern agro-ecology. BioControl
46:229-260. doi:10.1023/A:1011477531101

8.

Chaudhuri, H. 1923. A study of the growth in culture of Verticillium albo-atrum, B.
et Br. Ann. Bot. 37:519-539.

131
9.

Derrick, E. K., and Darley, C. R. 1994. Contact reaction to the tree of heaven.
Contact Dermatitis 30:178-178. doi:10.1111/j.1600-0536.1994.tb00706.x

10.

DeVay, J. E., and Pullman, G. S. 1984. Epidemiology and ecology disease caused
by Verticillium species with emphasis on Verticillium wilt of cotton. Phytopathol.
Mediterr. 23:95-108.

11.

DiTomaso, J. M., and Kyser, G. B. 2007. Control of Ailanthus altissima using stem
herbicide application techniques. Arbor. Urban For. 33:55-63.

12.

Feret, P. P. 1985. Ailanthus: variation, cultivation, and frustration. J. Arbor. 11:361368.

13.

Foreman, G. L., D. I. Rouse, and B. D. Hudelson. 2002. Wood chip mulch as a
source of Verticillium dahliae (abstract). Phytopathology 92:S26.

14.

Fradin, E. F., and Thomma, B. P. H. J. 2006. Physiology and molecular aspects of
Verticillium wilt diseases caused by V. dahliae and V. albo-atrum. Mol. Plant
Pathol. 7:71-86. doi:10.1111/j.1364-3703.2006.00323.x

15.

Fravel, D. R. 2005. Commercialization and implementation of biocontrol. Annu.
Rev. Phytopathol. 43:337-359. doi:10.1146/annurev.phyto.43.032904.092924

16.

Galanopoulos, N., and Tribe, H. T. 1974. Conidial survival in Verticillium dahliae.
Trans. Brit. Mycol. Soc. 63:85-91.
http://dx.doi.org.ezaccess.libraries.psu.edu/10.1016/S0007-1536(74)80138-5

17.

Griffiths, D. A., and Campbell, W. P. 1971. The fine structure of resting mycelium
of Verticillium albo-atrum R. & B. Can. J. Microbiol. 17:1533-1535.

132
18.

Guba, E. F. 1934. Control of the Verticillium wilt of eggplant. Phytopathology
24:906-915.

19.

Harris, P. T., Cannon, G. H., Smith, N. E., and Muth, N. Z. 2013. Assessment of
plant community restoration following Tree-of-Heaven (Ailanthus altissima)
control by Verticillium albo-atrum. Biol. Invasions 15:1887-1893.

20.

Hoshovsky, M. C. 1988. Element Stewardship Abstract for Ailanthus altissima. The
Nature Conservancy, San Francisco, CA.

21.

Hu, S.Y. 1979. Ailanthus. Arnoldia 39:29-50.

22.

Huang, H. C. 1989. Distribution of Verticillium albo-atrum in symptomed and
symptomless leaflets of alfalfa. Can. J. Plant Pathol. 11:235-241.
doi:10.1080/07060668909501105

23.

Hutchinson, T., Rebbeck, J., and Long, R. 2004. Abundant establishment of
Ailanthus altissima (tree-of-heaven) after restoration treatments in an upland oak
forest. Page 514 in: Proc. 14th Central Hardwood Conference, Wooster, Ohio. U.S.
For. Ser. Gen. Tech. Rep. NE-316.

24.

Inderbitzin, P., Bostock, R. M., Davis, R. M., Usami, T., Platt, H. W., and
Subbarao, K. V. 2011. Phylogenetics and taxonomy of the fungal vascular wilt
pathogen Verticillium, with the descriptions of five new species. PLoS One
6:e28341. doi:10.1371/journal.pone.0018260

25.

Isaac, I., and MacGarvie, Q. 1966. Dormancy and germination of resting structures
of Verticillium spp. Trans. Brit. Mycol. Soc. 49:669-678.

133
26.

Joaquim, T. R., and Rowe, R. C. 1990. Reassessment of vegetative compatibility
relationships among strains of Verticillium dahliae using nitrate-nonutilizing
mutants. Phytopathology 80:1160-1166. doi:10.1094/Phyto-80-1160

27.

Jones, K. A., and Burges, H. D. 1998. Technology of formulation and application.
Pages 7-30 in: Formulation of Microbial Biopesticides: Beneficial Microorganisms,
Nematodes and Seed Treatments. H.D. Burges, ed. Kluwer Academic Publishers,
Dordrecht, Boston, London.

28.

Kasson, M. T., Davis, M. D., and Davis, D. D. 2013a. The invasive Ailanthus
altissima in Pennsylvania: A case study elucidating species introduction, migration,
invasion, and growth patterns in the Northeastern US. Northeast. Nat. 20 (Monogr.
10):1–60.

29.

Kasson, M. T., O’Donnell, K., Rooney, A. P., Sink, S., Ploetz, R. C., Ploetz, J. N.,
Konkol, J. L., Carrillo, D., Freeman, S., Mendel, Z., Smith, J. A., Black, A. W.,
Hulcr, J., Bateman, C., Stefkova, K., Campbell, P. R., Geering, A. D. W., Dann, E.
K., Eskalen, A., Mohotti, K., Short, D. P. G., Aoki, T., Fenstermacher, K. A., Davis,
D. D., and Geiser, D. M. 2013b. An inordinate fondness for Fusarium: Phylogenetic
diversity of fusaria cultivated by ambrosia beetles in the genus Euwallacea on
avocado and other plant hosts. Fungal Genet. Biol. 56:147-157.
doi:10.1016/j.fgb.2013.04.004

30.

Kasson, M. T., O’Neal, E. S., and Davis, D. D. 2014a. Expanded host range testing
for Verticillium nonalfalfae: Potential biocontrol agent against the invasive
Ailanthus altissima. Plant Dis. (Accepted).

134
31.

Kasson, M. T., Short, D. P. G., O'Neal, E. S., Subbarao, K. V., and Davis, D. D.
2014b. Comparative pathogenicity, biocontrol efficacy, and multilocus sequence
typing of Verticillium nonalfalfae from the invasive Ailanthus altissima and other
hosts. Phytopathology 104:282-292. doi:10.1094/PHYTO-06-13-0148-R

32.

Maxia, A., and Maxia, L. 2003. Ailanthus altissima (Miller) Swingle as a cause of
immunoallergic respiratory manifestations. Rendiconti del Seminario della Facoltà
di Scienze dell'Università di Cagliari 73:28-32.

33.

Meloche, C., and Murphy, S. D. 2006. Managing tree-of-heaven (Ailanthus
altissima) in parks and protected areas: A case study of Rondeau Provincial Park
(Ontario, Canada). Environmental Management 37:764-772. doi:10.1007/s00267003-0151-x

34.

Orellana, R. G., Foy, C. D., and Fleming, A. L. 1975. Effect of soluble aluminum
on growth and pathogenicity of Verticillium albo-atrum and Whetzelinia
sclerotiorum from sunflower. Phytopthology 65:202-205.

35.

Pegg, G. F., and Brady, B. L. 2002. Verticillium wilts. CAB International,
Wallingford, UK.

36.

Rebbeck, J., Malone, M. A., Short, D. P. G., Kasson, M. T., O’Neal, E. S., and
Davis, D. D. 2013. First report of Verticillium wilt caused by Verticillium
nonalfalfae on tree-of-heaven (Ailanthus altissima) in Ohio. Plant Dis. 97:999.
doi:10.1094/PDIS-01-13-0062-PDN

37.

Rijkers, A. J. M., Heimstra, J. A., and Bollen, G. J. 1992. Formation of
microsclerotia of Verticillium dahliae in petioles of infected ash trees. Neth. J. Plant
Pathol. 98:261-264.

135
38.

Santamour Jr., F. S. 1983. Woody-plant succession in the urban forest: filling
cracks and crevices [Cottonwood, Populus deltoides, Ailanthus altissima]. J. Arbor.
9:267-270.

39.

Schall, M. J. 2008. Verticillium wilt of Ailanthus altissima. Ph.D. diss. The
Pennsylvania State University, University Park.

40.

Schall, M. J., and Davis, D. D. 2009a. Ailanthus altissima wilt and mortality:
Etiology. Plant Dis. 93:747-751. doi:10.1094/PDIS-93-7-0747

41.

Schall, M. J., and Davis, D. D. 2009b. Verticillium wilt of Ailanthus altissima:
Susceptibility of associated tree species. Plant Dis. 93:1158-1162.
doi:10.1094/PDIS-93-11-1158

42.

Shamoun, S. F. 2000. Application of biological control to vegetation management
in forestry. Pages 87-96 in: Proc. X International Symposium on Biological Control
of Weeds. N. R. Spencer, ed. Montana State University, Bozeman.

43.

Shaner, G., and Finney, R. E. 1977. The effect of nitrogen fertilization on the
expression of slow-mildewing resistance in Knox wheat. Phytopathology 67:10511056.

44.

Smith, H. C. 1965. The morphology of Verticillium albo-atrum, V. dahliae, and V.
tricorpus. New Zeal. J. Agr. Res. 8:450-478. doi:10.1080/00288233.1965.10419889

45.

Snyder A. L., Kasson, M. T., Salom, S. M., Davis, D. D., Griffin, G. J., and Kok, L.
T. 2013. First Report of Verticillium wilt of Ailanthus altissima in Virginia caused
by Verticillium nonalfalfae. Plant Dis. 97:837. doi:10.1094/PDIS-05-12-0502-PDN

136
46.

Snyder, A. L., Salom, S. M., and Kok, L. T. 2014. Survey of Verticillium
nonalfalfae (Phyllachorales) on tree-of-heaven in the southeastern United States.
Biocontrol Sci. and Technol. 24:303-314. doi:10.1080/09583157.2013.860426

47.

Stubbs, T. L., and Kennedy, A. C. 2012. Microbial weed control and microbial
herbicides. Pages 135-166 in: Herbicides-Environmental Impact Studies and
Management Approaches. R. Alvarez-Fernandez, ed. InTech-Open Access
Publishers, Rijeka, Croatia.

48.

Talboys, P. W. 1960. A culture-medium aiding the identification of Verticillium
albo-atrum and V. dahliae. Plant Pathol. 9:57-58. doi: 10.1111/j.13653059.1960.tb01147.x

49.

Templeton, G. E., and TeBeest, D. O. 1979. Biological weed control with
mycoherbicides. Annu. Rev. of Phytopathol. 17:301-310.
doi:10.1146/annurev.py.17.090179.001505

50.

Wilhelm, S. 1955. Longevity of the Verticillium wilt fungus in the laboratory and
field. Phytopathology 45:180-181.

51.

Wilson, C. L. 1969. Use of plant pathogens in weed control. Annu. Rev.
Phytopathol. 7:411-434. doi:10.1146/annurev.py.07.090169.002211

52.

Wilson, B. F., and Fischer, B. C. 1977. Striped maple: shoot growth and bud
formation related to light intensity. Can. J. For. Res. 7:1-7. doi:10.1139/x77-001

53.

Yadeta, K. A., and Thomma, B. P. H. J. 2013. The xylem as battleground for plant
hosts and vascular wilt pathogens. Front. Plant Sci. 4:97.
doi:10.3389/fpls.2013.00097

137
Tables and Figures

TABLE 3.1. Mean area under the disease progress curve (AUDPC) and diameter at breast height (DBH,
cm) values for canopy Ailanthus trees inoculated with different formulation or control treatments in May
2013z

z

Treatment no.

Inoculum type

n

AUDPC

DBH

1

20 g infested soil/500ml DI water

10

39.4

a

30.9

a

2

10 g infested soil/500ml DI water

10

34.4

ab

27.9

ab

3

5 g infested soil/500ml DI water

10

29.7

b

19.9

cd

4

Spore suspension (107 conidia ml-1) in sterile DI water

10

38.2

a

22.7

bc

5

10 and 20 g uninfested soil/500ml DI water

4

19.0

c

9.5

e

6
DI water only
2
16.0 c
6.9 de
Mean AUDPC and DBH values within a given column that do not share a letter are significantly different
according to Tukey’s mean comparisons (P = 0.05). Treatment 4 served as a positive control treatment.
Treatments 5, consisting of two sub-treatments, and 6 served as the negative control treatments. All trees
were inoculated with a total of 3 ml appropriate inoculum applied to three basal wounds made with a
hatchet via pipette (1 ml/wound).
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TABLE 3.2. Mean diameter at breast height (DBH, cm) and mean disease severity ratings at times of the
1st, 4th, and 6th ratings for groups of canopy Ailanthus trees inoculated from April 2012 to August 2013z
Month of
inoculation

n

Mean DBH

Mean disease severity ratings
st

1 Rating

4th Rating

6th Rating

Apr. 2012
May 2012
June 2012
July 2012
Aug. 2012
Sept. 2012
Oct. 2012
Nov. 2012
Dec. 2012
Jan. 2013
Feb. 2013
Mar. 2013
Apr. 2013

5
5.2 ab
7.4 ab
8.0 a
16.7 a
5
4.4 abc
7.2 ab
8.0 a
18.0 a
5
2.6 abcdef
7.6 a
8.0 a
20.8 a
5
0.2 f
7.2 ab
7.8 a
20.0 a
5
4.2 abc
7.4 a
12.1 a
5
5.0
abc
7.0
ab
17.5 a
5
3.4 abcde
7.0 ab
21.3 a
5
3.0 abcdef
6.8 abc
12.0 a
5
0.8
def
2.8
cd
14.8 a
5
0.4 ef
3.2 bcd
20.5 a
5
0.0
f
2.0
d
24.7 a
5
2.0 cdef
7.0 ab
22.7 a
5
3.8 abcd
17.4 a
7.2 ab
5
4.0
abc
May 2013
16.1 a
7.0 ab
June 2013
5
5.0 abc
20.9 a
July 2013
5
2.2
bcdef
17.9 a
5
5.6 a
Aug. 2013
18.4 a
Controls
1 per mo.
0.5 f
1.2 d
1.0 b
14.2 a
z
Mean disease severity ratings and DBH values followed by the same letter within a given
column are not significantly different according to Tukey’s mean comparisons (P = 0.05).
Disease severity was rated using a 0 to 8 scale related to symptom progression. “-“ indicates no
data.
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TABLE 3.3. Understory tree seedlings and plant composition within the County-Line site
Verticillium wilt epicenter in Tuscarora State Forestz
Tree seedlings/saplings
Red maple
Black birch
Striped maple
White ash
Black locust

Acer rubrum
Betula lenta
Acer pensylvanicum
Fraxinus americana
Robinia pseudoacacia
Understory plant species
Hay-scented fern
Dennstaedtia punctilobula
Japanese stiltgrass
Microstegium vimineum
Virginia creeper
Parthenocissus quinquefolia
Garlic mustard
Alliaria petiolata
Mile-a-minute
Persicaria perfoliata
Common blackberry
Rubus allegheniesis
Nettle
Urtica spp.
Pennsylvania smartweed
Polygonum pensylvanicum
Jewelweed
Impatiens capensis
Empty space or large rocks
z

No. seedlings
and saplings/ha
1236
824
206
206
206
% coverage/ha
31.7%
30.1%
5.2%
2.5%
2.5%
1.9%
0.5%
0.3%
0.1%
25.3%

Permanent understory/regeneration 0.0004 hectare, 1.1 m radius plots were
nested within overstory permanent plots. The number of tree
seedlings/saplings <2.54 cm in diameter at breast height (DBH) and percent
cover all understory plant species were recorded per plot.
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Fig. 3.1. Preparation of soil-formulated V. nonalfalfae inoculum, showing, A, the flooding and scraping of
an actively growing culture of V. nonalfalfae isolate VnAa140, after which, the suspension was filtered and
added to a sterile soil mixture, B, 50-ml centrifuge tubes containing 10 g soil-formulated VnAa140, C,
transfer of colonized soil from a centrifuge tube into a cheesecloth pouch, and D, mixing of the pouch with
500 ml distilled water in a wash bottle.
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Fig. 3.2. Collection, processing, and inoculation methods using natural V. nonalfalfae inoculum sources,
showing, A, wounding of a healthy Ailanthus tree and application of putatively infested soil, B, excision,
clipping, and insertion of yellow discolored, infected wood chips into the base of a healthy Ailanthus tree,
C, collection and placement of infected wood debris around the base of a healthy Ailanthus tree, and D,
collection and processing of infected leaves into leaf filtrate and paste.
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Fig. 3.3. Mean disease severity ratings of canopy Ailanthus trees inoculated with different formulation or
control treatments in May 2013. Disease severity was related to symptom development and rated on a 1 to
4 scale: 1 = healthy, 2 = chlorosis and necrotic leaf margins, 3 = wilt (≥15%), and 4 = dead. All trees
received 3 ml of inoculum via pipette through 3 basal wounds made with a hatchet (1 ml/wound). Inocula
for treatments 1, 2, and 3 were prepared by respectively mixing 20 g, 10 g, or 5 g, soil-formulated V.
nonalfalfae isolate VnAa140 with 500 ml distilled water. Treatment 4 inoculum consisted of a conidial
suspension with a concentration of 107 ml-1 and served as a positive control. Treatment 5 inocula consisted
of sub-treatments using 20 g or 10 g uninfested soil mixed with 500 ml distilled water. Treatment 6
inoculum consisted of distilled water only.
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Fig. 3.4. Disease incidence among healthy canopy Ailanthus trees treated with different forms of natural
inoculum collected from a severely V. nonalfalfae-infected Ailanthus stand in May 2013. Treatments
utilized putatively infested soil, both alone and mixed with water, infected wood chips, debris, and infected
leaf filtrate and paste. The controls consisted of similar treatments but utilized uninfested/healthy material
collected from the same Ailanthus stand but from areas where Ailanthus trees appeared healthy.
Verticillium nonalfalfae was successfully isolated from all symptomatic treated Ailanthus trees.
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Fig. 3.5. Number of trees/ha by species within the County-Line site, located in Tuscarora State Forest,
which has endured >10 years of widespread Ailanthus mortality caused by natural infections of V.
nonalfalfae. Species tallies were conducted within 12 circular 0.081 ha permanent plots where trees ≥2.54
cm were counted.
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Fig. 3.6. Basal area/ha by species within the County-Line site, located in Tuscarora State Forest, which has
endured >10 years of widespread Ailanthus mortality caused by natural infections of V. nonalfalfae.
Diameter at breast height (DBH) measurements were recorded for all trees ≥2.54 cm DBH within 12
circular 0.081 ha permanent plots.
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Fig. 3.7. Number of trees/ha by species in each crown class within the County-Line site, located in
Tuscarora State Forest, which has endured >10 years of widespread Ailanthus mortality caused by natural
infections of V. nonalfalfae. Within 12 circular 0.081 ha permanent plots, living trees ≥2.54 cm were
assigned to a crown class based on established criteria (http://www.fs.fed.us/database/feis/glossary2.html).
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C
C
A

B
A

Fig. 3.8. Conditions, as of July 2013, within the County-Line site, the natural Verticillium wilt of Ailanthus
epicenter discovered in Tuscarora State Forest in 2002 to 2003, showing, A, healthy persisting non-target
trees within and around a large canopy created by eliminated Ailanthus, some dead stems are still present
(center), B, wilting and defoliation of young re-established Ailanthus caused by V. nonalfalfae, and C,
canopy gaps that are now filled with other invasive species, such as Japanese barberry (“A”), Japanese
stiltgrass (“B”), and hay-scented fern (“C”).
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APPENDIX A

Dye translocation plot maps

Legend
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Fig. A1. Map of dye translocation and estimated connections in LV plot 1.
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Fig. A2. Map of dye translocation and estimated connections in LV plot 2.

151

Fig. A3. Map of dye translocation and estimated connections in LV plot 3.
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Fig. A4. Map of dye translocation and estimated connections in LV plot 4.
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Fig. A5. Map of dye translocation and estimated connections in LV plot 5.
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Fig. A6. Map of dye translocation and estimated connections in SGL 322 plot 1.
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Fig. A7. Map of dye translocation and estimated connections in SGL 322 plot 2.
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Fig. A8. Map of dye translocation and estimated connections in SGL 322 plot 3.
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Fig. A9. Map of dye translocation and estimated connections in SGL 322 plot 4.
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Fig. A10. Map of dye translocation and estimated connections in SGL 322 plot 5.
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Fig. A11. Map of dye translocation and estimated connections in SGL 281 plot 1.
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Fig. A12. Map of dye translocation and estimated connections in SGL 281 plot 2.
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Fig. A13. Map of dye translocation and estimated connections in SGL 281 plot 3.
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Fig. A14. Map of dye translocation and estimated connections in SGL 281 plot 4.
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Fig. A15. Map of dye translocation and estimated connections in SGL 281 plot 5.
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APPENDIX B

Protocol for Verticillium isolation from Ailanthus

1.

Select a symptomatic Ailanthus tree exhibiting substantial wilt
and/or defoliation and does not appear to be dead.

2.

Check for vascular discoloration by exposing the wood with a
machete, hatchet, or drawknife disinfested with 70% ethanol. If
discoloration is present, remove more bark until a larger area of
yellow vascular discolored wood is visible. This is the best area
to sample from.

3.

Disinfest the machete, hatchet, or knife again with 70%
ethanol, and excise large wood chips from the stem. Try to
obtain wood chips with thicknesses of ca. 0.5 cm. Avoid letting
the wood chips come in contact with the ground and place them
in a plastic sample bag.

4.

In transit, keep the samples cool and store them in the
refrigerator until used. However, use the samples as soon as
possible.

Discard
5.

With flame/ethanol-sterilized pruning shears, clip the wood
chips down into a square or rectangular shape to about 2x2 or
1x2 inch pieces, or into a similar manageable size.

6.

Using flame/ethanol-sterilized forceps, dip and agitate a wood
chip in a 200 ml beaker of 70% ethanol for 2-4 seconds and
place it on clean laboratory wipes and dab it dry.

7.

Again, using sterilized tools, clip off all four sides.
NOTE: Cut to preserve areas of heavily discolored wood while
discarding clean wood. Follow this protocol through all
subsequent cuttings.

8.

Sterilize tools again, then cut the wood chip into equal parts,
each about 1 cm in width.

Keep

~1 cm
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9.

Sterilize tools again and for each piece, cut away slices of the
large faces. This will leave a piece of wood that was never
exposed previously in the field or lab, therefore giving the best
chance for isolation without contaminants. NOTE: Cut as if
you were trying to split the annual rings apart will make these
cuts easier.

10. Sterilize tools again and cut these pieces of wood in half, or as
needed, to obtain pieces only 1-2 mm thick. NOTE: Again,
cutting as if you were trying to split the annual rings apart will
make these cuts easier.

11. These pieces can be cut into thirds. If desired, these smaller
pieces can be cut even further to increase the amounts of
samples that can be added to agar plates.

12. Imbed pieces of heavily discolored wood into PEA amended
with streptomycin and neomycin (PEA+SN).

13. Verticillium spp. should be visible emerging onto the agar or
growing on top of the small wood chips within a few days.
Verticilliate conidiophores are a good first indicator before
resting mycelia or microsclerotia develop.
14. Subculture colonies into pure culture on PEA+SN.

Discard
Keep

166
APPENDIX C

County-Line site map and GPS coordinates

Fig. C1. County-Line site map.
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Table C1. Location of permanent plots within the County-Line site in Tuscarora State Forestz

z

County-Line Site Permanent Plots

Latitude

Longitude

PP1
PP2
PP3
PP4
PP5
PP6
PP7
PP8
PP9
PP10
PP11
PP12

77° 36' 21.3" W
77° 36' 16.3" W
77° 36' 10.6" W
77° 36' 04.5" W
77° 36' 01.8" W
77° 35' 57.4" W
77° 35' 50.7" W
77° 35' 47.0" W
77° 35' 42.2" W
77° 35' 37.2" W
77° 35' 32.0" W
77° 35' 25.9" W

40° 13' 00.6" N
40° 13' 04.3" N
40° 13' 07.9" N
40° 13' 12.5" N
40° 13' 17.9" N
40° 13' 21.7" N
40° 13' 27.3" N
40° 13' 30.1" N
40° 13' 36.4" N
40° 13' 40.5" N
40° 13' 44.1" N
40° 13' 49.0" N

Latitude and longitude coordinates for the permanent plots were initially recorded by

Schall (2008). Some coordinates were adjusted or corrected during June 2013 during
permanent plot re-establishment.
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APPENDIX D

Revised Verticillium nonalfalfae isolate VnAa140 formulation protocol

Verticillium nonalfalfae isolate VnAa140 was single-point sub-cultured by
placing an inoculated inverted 0.5 cm diameter agar plug in the center of PEA+SN plates.
Petri plates were incubated for 4 weeks at 23°C with a 12-hr photoperiod. Each plate was
used to make 30 g soil-formulated V. nonalfalfae inoculum. Following incubation, 12 ml
sterile distilled water was added to the culture surface. Conidia and mycelia were
loosened from the agar surface using a sterile spatula. The resulting conidial/mycelial
suspension was poured into a sterile flask. The surface of the scraped culture was washed
with an additional 12 ml sterile distilled water and poured into the same flask. The
resulting conidial suspension (ca. 24 ml) was poured through a milk filter (KenAg,
Ashland, OH) into another sterile flask. Aliquots of 8 ml conidial suspension, were each
added to sterile 50-ml centrifuge tubes filled with 10 g soil, 1:1:1 mixture of potting soil:
perlite: peat moss that had been sterilized by autoclaving for 1 h on 3 consecutive days.
The tubes were tapped at first to mix the conidial suspension into the soil. The lids were
secured and the contents were homogenized by shaking. Following shaking, the lids were
loosened and the inoculated tubes of soil placed on the laboratory bench at room
temperature to become fully colonized by V. nonalfalfae.
After 2 weeks, the tube lids were tightly secured and the tubes placed in a
refrigerator at 4°C. The preparation and delivery of this inoculated soil is the same as the
initial formulation and delivery protocol described previously in Chapter III.

