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ABSTRACT
The polysaccharide cellulose consists of  linked D-glucose units, and is a major
component of the cell wall of eukaryotic plants and algae. There are both amorphous and
crystalline regions in the microfibrils. Cellulose crystal structure is determined by how chains are
packed and interact through intramolecular and intermolecular hydrogen bonds and van der
Waals interactions. Higher order microfibril assembly may occur through the process of cocrystallization, physical aggregation and bundling. The structure of native cellulose has important
implications in the chemical or enzymatic transformation of cellulosic biomass, and for the
development of new cellulose based composite materials.
The cellulose chains at the surface of microfibrils are in intimate contact with
hemicellulose and other small molecules including water, which will affect the crystallization
process, and eventually impact degradability through chemical and enzymatic processes. A better
understanding of those subjects has become the main focus of many researchers aiming to
produce biofuels and other useful chemicals from lignocellulosic biomass. The development of a
model system should permit more systematic exploration of the complex plant cell wall system.
Bacterial cellulose (BC) synthesis in Gluconacetobacter can serve as a model system to study the
basic principles that govern the biogenesis of cellulose as well as cellulose interaction with other
polymers during synthesis. Synthesis of BC is a precisely and specifically regulated multi-step
process, involving a large number of enzymes and complexes of catalytic and regulatory proteins.
Generally, there are two immediate steps: formation of a glucan chain through the polymerization
of glucose units and crystallization of the cellulose chain. The two steps are coupled and
consecutive processes, and the rate of polymerization is determined by the rate of crystallization.
In addition to cellulose, some other exopolysaccharides (EPS) have been isolated from
the culture medium of cellulose-producing bacteria. Understanding the correlation between water
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soluble EPS and cellulose production is a goal of this study. Gluconacetobacter hansenii (G.
hansenii) ATCC 53582 was found to produce different types of water soluble EPS. Those EPS
have different levels of association to BC. At least a portion of the EPS can be released from the
BC by 0.1M to 4M NaOH solution treatments. Hard to extract EPS (HE-EPS) released by 4M
NaOH solutions have been characterized and contain approximately 75% mannose and 25%
glucose. To study the effect of the EPS on BC synthesis, purified EPS were added to the medium
at the start of cultivation and the BC produced was characterized. Results showed that the
presence of HE-EPS in the culture medium interfered with the alignment of the BC crystals, but
did not reduce crystal size. This is in contrast to similar studies performed using xyloglucan,
xylan, and glucomannan. The width of the average ribbon increased by 60% when HE-EPS levels
increased in the medium, which indicated that the HE-EPS could also modulate the bundling of
cellulose ribbons. Based on the data, a mechanism for how HE-EPS alters cellulose formation and
assembly was proposed. The addition of HE-EPS disturbs the preferential crystal orientation and
increases the spacing of cellulose microfibrils without affecting crystallization by associating
with ordered cellulose prior to physical aggregation or bundling. Those results may impact the
interpretation of previous work, where BC is used as a pure model cellulose material.
This study investigates the influence of carbon source on the cellulosic and non-cellulosic
EPS produced by four Gluconacetobacter strains. The yields of bacterial cellulose and watersoluble polysaccharides were dependent on both carbon source and Gluconacetobacter strain.
The carbon substrate also affected the composition of the free EPS. When galactose served as the
exclusive carbon source, G.xylinus ATCC 53524 and ATCC 700178 produced a distinct alkaline
stable crystalline product, which influenced the crystallization of cellulose. G. hansenii ATCC
23769 and ATCC 53582, however, did not exhibit any significant change in cellulose crystal
properties when galactose was used as the carbon source. Microscopic observation further
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confirmed significant incorporation of EPS into the cellulose composites. The cellulosic network
produced from galactose medium showed distinctive morphological and structural features
compared to that from glucose medium.
Hydrolysis of lignocellulosic biomass is more complicated than that of pure cellulose due
to the presence of lignin and hemicellulose. The properties of cellulose such as crystallinity,
porosity, particle size, and the content and distribution of lignin and hemicellulose could all
contribute to substrate digestibility. Therefore, the aim of this study is to use Gluconacetobacter
as a model system to study how the interaction between cellulose and other polymers influence
the enzymatic hydrolysis.
Three different types of water-soluble polysaccharides produced from plants and G.
xylinus were added to the fermentation medium. There are variations in the amounts of
polysaccharides incorporated into the active G. xylinus system. Glucomannan demonstrated
highest affinity to bacterial cellulose. According to morphological observations, the networks of
hemicellulosic polysaccharides and bacterial cellulose appeared to coalesce more prominently
compared to that of the bacterial cellulose produced in the presence of bacterial polysaccharides.
The cellulase digestion studies were performed on bacterial cellulose with and without added
polysaccharides, and an amorphous cellulose standard. The hydrolysis rate of the native bacterial
cellulose increased drastically with the incorporation of certain types of mannose rich
polysaccharides produced from plants and G. xylinus. Therefore, it seems reasonable to conclude
that the altering physical aggregation and bundling of cellulose microfibrils with certain types of
polysaccharides could improve the enzymatic hydrolysis efficiency without disrupting the crystal
structure of cellulose significantly. This result could have implications for the genetic
modification of plants for biofuel feedstocks.
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The change in the state of water in cellulose is important to its structural and mechanical
properties. The goal of this component of the study is to investigate the hydration and dehydration
induced structural changes of native cellulose. Never dried cotton, and never dried BC with and
without added matrix polymer xyloglucan, are examined under the influence of dehydration and
rehydration. Significant crystal structure changes were observed in the later stage of drying for
both cotton and BC. The 1% lateral expansion in glucan chain spacing and 17% decrease of
calculated Scherrer dimension were detected for cotton due to the distortion of the structure
possibly caused by mechanical stresses associated with drying. No detectable changes on average
glucan chain spacings were observed for large BC crystals. However, an average width decrease
by 4.4 nm was discovered in the (010) direction, which was more significant than that observed in
the (100) and (110) directions. It is hypothesized that co-crystallized elementary fibrils
preferentially disassociate along the (010) plane resulting in a significant reduction of crystal
width. In the BC-xyloglucan model composite, the presence of xyloglucan does not interfere with
the dehydration behavior. Rehydration leads to some structural changes but to a lesser extent than
the initial drying. High temperature dehydration induced deformation and crystal size changes are
found to be non-reversible due to the removal of the last hydration layer on the cellulose surface.
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Chapter 1

Literature Review

1.1 General background of cellulose
Cellulose is the principal structural component of most plant cell walls, which support
and protect the plants. Cellulose is also produced by a variety of other organisms such as algae,
bacteria and fungi. Cellulose biosynthesis in cyanobacteria, which were the earliest forms of life
on earth, has also been demonstrated (Nobles et al., 2001). Cellulose was first isolated by
Anselme Payen in 1838 from plant matter by treating wood with nitric acid. The acid resistant
substance was identified as cellulose. The modern definition of cellulose must consider not only
the composition of the polymer but also sugar linkage, molecular weight, and glucan chain
arrangement. Cellulose is a highly crystalline polymer of β-D-glucopyranose units that is
covalently linked between the OH group of C4 and the C1 carbon atom, as shown in Figure 1-1.

Figure 1-1: Schematics of (a) single cellulose chain repeat unit, showing the directionality of the 1
→ 4 linkage and intrachain hydrogen bonding (dotted line), (b) idealized cellulose microfibril with
the crystalline and amorphous regions (Moon, 2011).
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Cellulose is a straight chain polymer: unlike starch, no coiling or branching occurs. Each
molecule of glucose turns approximately 180 ° relative to its neighbors, so the basic unit of cellulose
is cellobiose instead of glucose. In that stable conformation, all hydroxyl groups are available for
hydrogen bonding with neighboring chains. With several chains lying side by side, a stabilizing
network of interchain and intrachain hydrogen bonds produces straight and stable supramolecular
fibers.

1.2 Crystal structure of cellulose
Despite the simplicity of the chemical structure of cellulose, the physical and chemical
properties of cellulose are not straightforward. The structure of cellulose largely depends on sources,
isolation processes and aggregation states. However, our understanding of the native cellulose
structure is limited because the current experimental methods often require separation or purification
processes. The native structure of cellulose may be altered. Structure parameters such as crystallinity
and crystal size of cellulose are of great interest to researchers evaluating the crystal structure of
native cellulose and isolated cellulose materials.

1.2.1 Crystalline allomorphs
The free hydroxyl groups present in the cellulose macromolecule are involved in a number
of intra and inter molecular hydrogen bonds, which give rise to various ordered arrangements. The
crystal structure of cellulose is determined by the arrangement of the glucan chains. Two crystal
allomorphs are found in the native cellulose, namely Iα and Iβ (Atalla and Vanderhart, 1984). The
differences between the two allomorphs lie in their crystal packing, molecular conformation and
hydrogen bonding (Nishiyama et al., 2002; Nishiyama et al., 2003). Cellulose Iα has a triclinic unit
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cell with a single chain and cellulose Iβ has a monoclinic unit cell with two chains, as shown in
Figure 1-2. The two distinct phases of cellulose I can also be identified by electron diffraction
(Sugiyama et al., 1991) and infared spectroscopy (Sugiyama, 1991). The ratio of Iα to Iβ varies
between samples from different origins and preparation methods. Generally, cellulose from some
algae and bacteria is rich in Iα, while cellulose from cotton wood and tunicates mainly consists of Iβ
(Horii et al., 1987).

Figure 1-2: Schematic of the unit cells for cellulose Iα and Iβ and the altercative occurrence of the
two allomorphs within the same microfibril. The boxed area is likely to be the site of an amorphous
moiety within the microfibril (Pérez and Samain, 2010).
The exact location of the Iα and Iβ phases along the crystalline cellulose microfibrils is a
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subject of debate. Sugiyama proposed that two allomorphs is located along the fibril axis in algal
cellulose of Microdictyon (Sugiyama et al., 1991). Later on, this group confirmed the existence of
these allomorphic domains along the fibril axis by electron diffraction as shown in Figure 1-3 (Imai
and Sugiyama, 1998). However, some researchers argued that Iα and Iβ domains should be
distributed laterally rather than longitudinally. A microfibril model in which the Iβ core subfibrils are
packed in the superlattice of the Iα domain was first proposed by Atalla (Atalla et al., 1993; Hackney
et al., 1994). Yamamoto suggested that the twisting axis in the central part of ribbon should be rich
in Iβ and the Iα fraction should increase in proportion to the distance from the center because Iα
allomorphs crystallized under the stress induced by the natural twisting behavior of bacterial
cellulose ribbons (Yamamoto et al., 1996).
Recently, Sugiyama’s group developed a method to locate the two allomorphs, and their
results indicates that Iα domain exists not only on the surface but also in the central core of the
microfibril (Horikawa and Sugiyama, 2009). The triclinic and monoclinic domains cannot be
explained by only the simple “skin-core” structure but also by a random distribution. The actual
distribution of the allomorphs remains to be clarified.
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Figure 1-3: The proposed model of a single cellulose microfibril showing the distribution of Iα and
Iβ cellulose (Imai and Sugiyama, 1998).

1.2.2 Crystallinity
A parameter termed crystallinity has been used to describe the relative amount of crystalline
material in cellulose. Crystallinity has been used to interpret changes in cellulose structure after
physicochemical and biological treatments. X-ray diffraction (XRD) is the most commonly used
technique in the crystal structure analysis of cellulose. The crystalline part of the material gives the
sharp diffraction peak in XRD. Meanwhile, the broad background from the diffuse scattering feature
represents the amorphous part of the material. The absolute values of crystallinity has also been
calculated from other raw spectrographic data, including solid-state 13C NMR (Park et al., 2010;
Teeäär et al., 1987), infrared (IR) spectroscopy (Nelson, 1964) and Raman spectroscopy (Jähn et al.,
2002). Other approaches to quantify the crystalline and amorphous cellulose were also reported in
the literature, including water accessibility (Horikawa and Sugiyama, 2008), cellulose-binding
modules (Ruel et al., 2012). However, even for the same type of cellulose sample, the crystallinity
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value and other parameters vary significantly depending on measurement methods, sample
preparation, etc.

Figure 1-4: Typical XRD curves of BC (A) and cotton cellulose (B). Peaks 1-5 derive from
cellulose crystals (Wada et al., 1993).
Typical XRD curves are shown in Figure 1-4. They are obtained from highly crystalline BC
and commercial cotton cellulose. There are five crystalline peaks in the 2θ range of 10-40°. The peak
3 and peak 5 are not clearly observed in some cases. Peak 1, peak 2 and peak 4 are always clearly
identified. The observed d-spacing data contains mixed information of both Iα and Iβ. As
summarized in Table 1-1, peak 1 is a composite of the (100) triclinic and the (11-0) monoclinic
diffractions. Peak 2 is the composite of (010) triclinic and the (110) monoclinic diffractions. The
difference in peak 4 is not obvious.
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Table 1-1: Nomenclature of the major reflections in terms of two crystalline-phase model (Wada et
al., 1993).
Peak No.
Bragg angle (°)
Triclinic
d-spacings
(nm)
Monoclinic
d-spacings
(nm)

1
14.5
(100)
0.621

2
16.7
(010)
0.528

3
20.4
(1-1-2)
0.438

4
22.7
(110)
0.397

5
34.4
(1-2-3)(1-1-4)
0.269 0.259

(11-0)

(110)

(200)

(023) (004)

0.607

0.535

(012)
(102)
0.436
0.434

0.397

0.263 0.259

Three different methods were used to calculate CI from XRD, as shown in Figure 1-5. First,
CI is calculated from height ratio between the intensity of the crystalline peak (I002-IAM) and total
intensity (I002) (Segal, 1959). The peak height method is the most popular method. However, this
method tends to overestimate the actual CI because the minimum position is not aligned with the
maximum height of the amorphous peak (Park et al., 2010). Second, individual peaks are extracted
by a profile-fitting process, assuming Gaussian or other functions for each peak and a broad peak at
around 21.5° assigned to the amorphous contribution. The crystallinity is calculated as the ratio of
the area of the resolved crystalline peaks to the total area of a diffraction profile for 5-40° (Teeäär et
al., 1987) . Third, the crystallinity is determined by subtracting the amorphous contribution from
diffraction spectra using an amorphous standard. Various materials have been used as an amorphous
standard such as ball-milled cellulose, regenerated cellulose and xylan or lignin powder (Nakai,
1977; Rowe et al., 1994).
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Figure 1-5: The three most common methods of calculating CI by XRD (Park et al., 2010). (a) Peak
height method, (b) peak deconvultion method and (c) amorphous subtraction method.
More sophisticated XRD methods have been developed to provide more accurate
determination of CI recently. A new solution based on the Fourier transform coefficients derived
from the Fourier transform of the amorphous cellulose XRD data has been shown to fit the
amorphous cellulose better than the second method mentioned above. Driemeier’s group proposed a
new Rietveld analysis of two-dimensional XRD patterns for plant cellulose (Oliveira and Driemeier,
2013). Some factors such as moisture, peak broadening, and crystallite orientation were considered
in this method.

1.2.3 Crystal cross-sectional dimension
The dimension of the crystallites has been another subject of extensive investigations. The
crystal size depends on the source and processing of cellulose. Some results of XRD measurements
of native cellulose have been summarized in Table 1-2. In plant cell wall, each individualized
elementary fibrils consists of 24 or 36 glucan chains (Fernandes et al., 2011; Somerville, 2006). But
recently 18 glucan chains also become acceptable values (Kennedy et al., 2007). These numbers
correspond to crystallite widths of approximately 3 nm with about half of the cellulose chains at
crystallite surfaces. The wider crystal found in cotton and microbial cellulose is not consistent with
those values. Crystal sizes larger than 7 nm have been observed in BC and even larger sizes in algae
cellulose as shown in Table 1-2. Low amounts of noncellulosic polymers is usually associated with
larger and variable crystallites (Jarvis, 2011).
Table 1-2: Crystallinity and crystal size of native cellulose.
Cellulose
source

Crystallinity
(%)

Crystal size (nm)
(100)α /

(010)α/

Reference
(110)α/
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Chapter 2

Characterization of water-soluble exopolysaccharides from
Gluconacetobacter and their impacts on bacterial cellulose crystallization and
ribbon assembly

2.1 Abstract
Gluconacetobacter has the ability to produce different types of water soluble
exopolysaccharides (EPS). Those EPS have different levels of association to bacterial cellulose
(BC). At least a portion of the EPS can be released from the BC by 0.1M to 4M NaOH solution
treatments. Hard to extract EPS (HE-EPS) released by 4M NaOH solutions have been
characterized and contain approximately 75% mannose and 25% glucose. To study the effect of
the EPS on BC synthesis, purified EPS were added to the medium at the start of cultivation and
the BC produced was characterized. Results showed that the presence of HE-EPS in the culture
medium interfered with the alignment of the BC crystals, but did not reduce crystal size. This is
in contrast to similar studies performed using xyloglucan, xylan and glucomannan. The width of
the average ribbon increased by 60% when HE-EPS levels increased in the medium, which
indicated that the HE-EPS could also modulate the bundling of cellulose ribbons. Based on the
data, a mechanism for how HE-EPS alters cellulose formation and assembly is proposed. The
addition of HE-EPS disturbs the preferential crystal orientation and increases the spacing of
cellulose microfibrils without affecting crystallization by associating with ordered cellulose prior
to physical aggregation or bundling.
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2.2 Introduction
Gluconacetobacter strains, which are characterized by its ability to synthesize highly
ordered or crystalline cellulose, has been used as a model system to study cellulose synthesis and
composite assembly. Some strains of Gluconacetobacter (e.g. NCIB 40123 (Couso et al., 1987),
ATCC 700178 (Ishida et al., 2002)) have been reported to synthesize soluble polysaccharides
under certain conditions, which apparently do not influence cellulose synthesis or crystallization.
This constitutes one of the main advantages of Gluconacetobacter as a model organism to study
cellulose synthesis. In this study, we characterize G. hansenii strain ATCC 53582 and show that
EPS are produced by this strain which impact cellulose synthesis and assembly.
One well known model for cellulose synthesis proposed by Haigler et al. (1982)
described the basic unit of ordered cellulose as a microfibril, which is secreted from the extrusion
sites located in the outer membrane of Gluconacetobacter. Microfibrils would subsequently
combine and further assemble into a ribbon type structure. The process was proposed as celldirected and hierarchical, and involves multiple stages (Benziman et al., 1980). The addition of
certain types of non-cellulosic polymers can control this hierarchical structure formation process
at different stages. For example, certain kinds of low molecular weight dyes, e.g., fluorescent
brightener can disrupt crystallization, and ribbon assembly by preventing the aggregation of
elementary fibrils. The monolayer of the dye molecule may be packed into the space between the
(1-10) planes and change the cellulose allomorph (Haigler and Chanzy, 1988; Kai and Koseki,
1985; Suzuki et al., 2012). Carboxymethylcellulose and hemicelluloses with β-1, 4 linked
backbones also affect the formation of cellulose microfibrils and their subsequent aggregation
into ribbons (Haigler et al., 1982; Whitney et al., 1998; Whitney et al., 2006). Such additives can
compete with cellulose for hydrogen-bonding sites during different stages of ribbon assembly.
Gluconacetobacter system also allows in vivo study of interactions between cellulose and other
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polymers through the addition of targeted polymers into the cultivation medium, which has been
used, for example, to mimic the assembly of plant cell walls (Whitney et al., 2006).
In addition to cellulose, certain strains of Gluconacetobacter have been reported to
produce a variety of water-soluble polymers such as anionic acetan (Couso et al., 1987; Jansson,
1993; Valla, 1981) and neutral mannan (MacCormick et al., 1993). Another study reported that
other monosaccharides such as mannose and glucuronic acid were present in the purified BC
(Kabel et al., 2007). The influence of EPS extracted from the supernatant of the cultivation
medium on BC production has been studied and results showed the production of free EPS can
stimulate BC production (Ishida et al., 2002). However, further studies on the effects of polymers
synthesized from Gluconacetobacter systems themselves on cellulose structure are limited.
Therefore, the goal of this work was to evaluate and understand the impact of different EPS
produced from Gluconacetobacter on cellulose synthesis and structure.

2.3 Methods

2.3.1 Bacterial strains and culture conditions
G. hansenii ATCC 53582 (obtained from American Type Culture Collection) was
cultured in a standard Hestrin-Schramm (HS) medium containing 2% (w/v) glucose, 0.5% (w/v)
peptone, 0.5% (w/v) yeast extract, 0.27% (w/v) Na2HPO4 and 0.12% (w/v) citric acid (Hestrin
and Schramm, 1954). The cell suspension was stored at -80ºC in a 20% glycerol solution. Cells
were grown on HS agar plates at 30°C for 3 days. A single cellulose-producing colony was
selected and inoculated into 100 mL HS medium containing 1% (vol/vol) cellulase (from
Trichoderma reesei, Sigma, Lot#C2730) for 3 days. The inoculated cells were obtained by
centrifugation (8000RPM, 30 minutes) and distilled water wash three times to remove the added
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cellulase and then resuspended in fresh medium. Main cultures were performed in 250
Erlenmeyer flasks containing 100 HS medium.The purified free EPS and HE-EPS were water
soluble and added to the medium at the beginning of a 2 day cultivation.

2.3.2 Purification of BC, free EPS and HE-EPS
Free and HE-EPS were purified using the process depicted in Figure 2-1.

G.xylinus culture medium

Centrifugation to remove
cells and cellulose

Harvest BC pellicles

1%KCl, ethanol
precipitation,
centrifugation

0.1M NaOH BC wash and DI
water rinse to remove free EPS

DI water dissolution

4M NaOH BC treatment at
25°C to release HE- EPS

Dialysis
Neutralization and dialysis

Free EPS

HE-EPS

Figure 2-1: Process for isolation of free EPS and HE-EPS from the cultivation medium
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At the end of incubation, the pellicles were collected and treated with 0.1M NaOH
aqueous solution followed by rinsing until a pH of 7 was achieved. The purified cellulose was
lyophilized.
To harvest free EPS, the supernatant of the culture broth was obtained by centrifugation
and KCl was added to a final concentration of 1% w/v to solubilize any protein present. The free
EPS were precipitated with two volumes of ethanol. The ethanol precipitate was separated by
centrifugation and then dissolved in water. This process was repeated at least three times. The
HE-EPS were extracted from the BC films. The wet BC films were treated with 4M NaOH
aqueous solutions overnight at room temperature, and the alkali solution was neutralized. Salts
were removed by dialysis (3.5K molecular cut off) against DI water for 24 hours. Protein
concentrations were less than 1% for all the EPS samples, which were determined by the
Bradford method.

2.3.3 Monosaccharide composition and molecular weight analysis of EPS
The purified EPS were hydrolyzed in an aqueous solution of 2N Trifluoroacetic acid
(TFA) for 2h at 120°C in sealed glass vials. The resulting solution was evaporated at 40°C to dry
the EPS, and then the dried product was dissolved in DI water. The analysis of monosaccharides
of the hydrolyzates was performed on a Dionex ICS-5000 Capillary Reagent-Free IC System
(Dionex, Sunnyvale, CA) and a CarboPac 20 column (Dionex). Monosaccharides were identified
by comparison to the retention times with the monosaccharide standards.
The molecular weight of free EPS and HE-EPS was estimated by size exclusion
chromatography (SEC). The size exclusion chromatography was performed on Agilent 1100
HPLC system (Agilent Technologies, Palo Alto, CA) with Superose 12 column (GE Healthcare,
Piscataway, NJ). A 2 mg/ml solution of the samples was prepared and passed through a 0.45 um
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spin filter, followed by a 100 μl injection into the HPLC. 50 mM ammonium acetate was used as
mobile phase at a flow rate of 1 mL/min.

2.3.4 X-ray diffraction (XRD)
The BC films produced with and without purified EPS added to the medium were
lyophilized. X-ray diffraction diagrams were recorded using Dmax Rapid diffractometer (Rigaku,
Janpan) with Cu Kα radiation generated at 45 kV and 40 mA. The diffractometer was used in
transmission mode with 0.8 mm collimator. The angles between the BC films and X-ray beam
were changed from parallel to perpendicular as shown in Figure 2-2. The diffraction peaks were
fitted with pseudo-Voigt peak functions, assuming a linear background. Five measurements were
performed for each freeze dried BC sample. The films were inclined at 0°, 30°, 45°, 60° and 90°
to the incident X-ray. Two-dimensional diffraction patterns were recorded for each measurement.
Diffraction profiles were obtained by integrating the intensity of the 2D diagrams over definite
angular sectors. The 2D diagrams are presented in the supporting information (Figure 2-7). A
broad peak at around 21.5° was assigned to the amorphous contribution. Crystallinity is
calculated from the ratio of the area of all crystalline peaks to the total area.
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Figure 2-2: A sketch of the experimental setup of XRD measurements.
The dimension of the crystal perpendicular to the diffracting planes with hkl Miller
indices, Bhkl, was evaluated by using Scherrer’s expression (Nieduszynski and Preston, 1970):
𝐵ℎ𝑘𝑙 =

𝐾𝜆
√(Δ2𝜃)2 −(Δ2𝜃𝑖𝑛𝑠𝑡 ) 2 𝑐𝑜𝑠𝜃

Bhkl is the average crystalline width of a specific phase; K is a constant that varies with
the method of taking the breadth (0.89 <K < 1, usually 0.9 is used); λ is the wavelength of
incident X-rays (λ = 0.15418 nm); θ is the center angle of the peak; Δ2θ is the FWHM of the
reflection peak and Δ2θinst is the instrumental broadening.

2.3.5 Field emission scanning electron microscopy (FESEM)
FESEM was conducted to observe sample morphology and microstructure. Purified BC
samples were lyophilized and sputter coated with gold (approximately 5 nm). A LEO 1530 field
emission scanning electron microscope (LEO Elektronenmikroskope, Oberkochen, Germany)
was used operating at 5 kV.
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2.3.6 Transmission electron microscopy (TEM)
BC with and without EPS added to the cultivation medium was produced for TEM
analysis by dispensing a drop of cell suspension and medium onto a carbon coated grid. Cellulose
was generated for 30 min by floating the grid with adhering cells upside down on a drop of HS
medium. The specimen on the grid was washed with DI water and then negatively stained with
2% uranyl acetate. TEM observation was performed using a JEOL JEM 1200 EXII transmission
electron microscope (JEOL Ltd, Tokyo, Japan) operated at 80 KV.

2.3.7 In vitro binding of HE-EPS to model BC substrates
The purified BC pellicles from control incubations were homogenized in a blender until a
uniform suspension was formed. The highly crystalline BC and amorphous BC (produced from
the highly crystalline BC) substrates were prepared according to the method described in the
previous study (Gu and Catchmark, 2013). Solutions of HE-EPS were heated at 40°C under
stirring to obtain a clear homogeneous medium. Binding of EPS to model BC substrates was
carried out in a pH 5 salt solution (2.7 g/L NaHPO4, 1.2 g/L citric acid 1 g/L MgSO4). After 48 h
samples were collected by centrifugation and washed thoroughly with DI water. The sugar
content in the supernatants was measured using phenol–sulfuric acid method (DuBois et al.,
1956). The amounts of absorbed material were calculated from the difference in sugar content
measured from EPS solution and supernatants. Three measurements were performed and the
average of the measurements was then calculated.
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2.4 Results

2.4.1 Monosaccharides composition and molecular weight analysis of free EPS and HE-EPS
Accurate characterization of EPS produced from Gluconacetobacter has been difficult
because of the diversity of the EPS and their dependence on cultivation conditions and bacteria
strains (Kornmann et al., 2003; Moonmangmee et al., 2002). Most of the Gluconacetobacter
soluble EPS characterization work was done on ethanol-precipitated polysaccharides from the
supernatant medium (Couso et al., 1987; Ishida et al., 2002). Several studies quantified the
monosaccharides composition and molecular weights of the EPS. One of the most studied EPS
are xanthan gum-like EPS designated as “acetan” (Couso et al., 1987; De Iannino et al., 1988;
Griffin et al., 1996). Structural studies of acetan indicated that it is composed of glucose,
mannose, rhamnose, and glucuronic acid in the relative proportions 4: 1: 1: 1, and that it contains
a β-1, 4- linked backbone. In this study, the carbohydrate composition analysis results in Table 21 showed that the free EPS also consists of rhmanose, glucose, mannose and glucuronic acid.
Such monosaccharides composition is similar to other extracellular heteropolysaccharides being
produced by G. xylinus NCIB 40123 in different molar ratios (Couso et al., 1987).
Compositional analysis of HE-EPS isolated in this work shows that only mannose and
glucose are present. Mannose is the most abundant sugar detected in the HE-EPS. The result
implies that the mannose content of the EPS may directly influence the strength of association to
cellulose. Other studies also proved that mannose rich polysaccharides demonstrated a strong
affinity to BC. For example, glucomannan family polysaccharides were found to be resistant
against removal by NaOH treatment and had the highest affinity to BC (Iwata et al., 1998).
Strong interactions between mannose-based polysaccharides and cellulose were predicted by
Whitney et al.(Whitney et al., 2006) because the mannose backbone shows similarities to
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cellulose in terms of stereochemistry, differing only in configuration of the hydroxyl group at C2
position. A study by Chanzy et al. (1982) showed that glucomannan extracted from ivory nut
adopt a two-fold screw conformation closely matching that of cellulose, which was further proved
by NMR analysis of glucomannan/cellulose composites (Whitney et al., 1998).
Table 2-1: Monosaccharides compositions of free EPS and HE-EPS.
Free EPS
HE-EPS

Rhamnose
7.4%
-

Glucose
32.6%
24.6%

Mannose
56.2%
75.4%

Glucuronic acid
3.6%
-

Figure 2-3: Molecular weight distributions of Free EPS and HE-EPS determined from size
exclusion chromatograms.
The mixture of EPS was separated into at least three major series of peaks using SEC as
shown in Figure 2-3. There is a clear difference in the molecular weight distribution profiles
between EPS extracted from supernatants and BC pellicles. Results suggest that high molecular
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weight EPS fractions are resistant to NaOH extraction. The HE-EPS profile exhibits larger
molecular weight fractions (200 kDa) as compared to the free EPS profile. The low molecular
weigh fraction also expanded in HE-EPS profile, suggesting that some low molecular weight EPS
may also be resistant to NaOH extraction. However, a portion of the low molecular weight
fraction may also be associated with EPS degradation during high concentration alkaline
treatments.
The association between cellulose and non-cellulose cross-linking polymers such as
xyloglucan (Whitney et al., 2006), mannans (Whitney et al., 1998), and cellulose derivatives
(Yamamoto et al., 1996) has been extensively studied. The backbone length appeared to be a key
factor determining interaction behavior. A minimum of 12 glucosyl residues on the backbone is
required to observe significant interactions (Lopez et al., 2010). However, the existence of an
optimal backbone length has been controversial among different polysaccharides. The extensive
cross-linking observed for xyloglucan with a molecular mass of 880 kDa exhibited a higher level
of incorporation into BC than that of 230 kDa (Whitney et al., 2006). Microscopy evidence also
suggested that cellulose networks made with lower molecular weight xyloglucan showed fewer
cross-links than those at a higher molecular weight (Whitney et al., 2000). These results indicated
that the higher the molecular mass of the xyloglucan, the higher the level of incorporation within
composites, within a certain range.
The molecular weight could affect the incorporation level of EPS into BC, but it is not
the only factor. Previous studies suggested that the level of association of the non-cellulose
polymer would be closely associated with the following factors: the similarity to the cellulose
backbone, type and amount of side chains, and the extent of hydrogen bonding between the
polymers and microfibrils (Gu and Catchmark, 2013; Hanus and Mazeau, 2006; Hayashi et al.,
1994; Yamamoto et al., 1996).
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2.4.2 EPS release at different alkali concentrations
The alkaline extraction is one of the most commonly used methods in the structural
characterization of cell wall polymers from lignocellulosic materials (Carpita, 1984). Alkali
solutions can partially disrupt the hydrogen bonding between cellulose microfibrils and other
polymers. In order to obtain information about the strength of affinity of the EPS for cellulose,
gradient NaOH extractions were performed. EPS were released from never dried BC films with
increasing concentrations of alkali solutions as shown in Table 2-2. When soaked in the alkali
solutions, the wet film of BC shrank extensively in the planar direction and increased in thickness.
The changes in crystal structure and fibril morphology are shown in Figure 2-4 and Figure 2-5,
respectively. Treatment with 1M to 3M NaOH solutions did not change the morphology of the
fibrils significantly. Treatment with 4M NaOH solutions led to a substantial change in ribbon
morphology and caused the microfibrils to assemble into large ribbons and irregular aggregates.
The surfaces of the ribbons tend to adhere to one another. However, some of the regular size
ribbons still remained after 4M NaOH treatment. The intensity of the crystalline peak of BC
decreased dramatically at 3M NaOH, and the characteristic cellulose I peaks disappeared
completely at 4M NaOH. No cellulose II peak can be observed in the XRD data for 4M treated
BC, though a conversion from cellulose I to cellulose II was reported in other literature for
different cellulose sources (Shibazaki et al., 1997). The change in diffraction pattern is most
remarkable in the range of 2M to 3M NaOH.
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Figure 2-4: X-ray diffraction data of BC samples each treated with different concentrations of
aqueous NaOH.

Figure 2-5: FESEM images of BC treated with aqueous NaOH solutions. (A) 1M NaOH; (B) 2M
NaOH; (C) 3M NaOH; (D) 4M NaOH.
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Table 2-2: The amounts of EPS released from BC samples each treated with increasing NaOH
concentrations.

NaOH concentration EPS/BC (%)
0.1M
0.12±0.02
1M
0.65±0.09
2M
1.65±0.40
3M
3.82±0.74
4M
4.22±1.20
Table 2-2 shows that high concentrations of NaOH solutions resulted in higher yields of
extraction due to a disruption of stronger EPS-BC linkages. The amount of EPS released from
BC was significantly increased at 3M NaOH. At this point, BC started to lose its ordered structure
and typically observed ribbon morphology. This phenomenon indicates the release of HE-EPS is
strongly associated with the disruption of the crystal structure of BC, suggesting that the HE-EPS
may be intimately integrated into the structure of cellulose.

2.4.3 Effect of EPS on BC crystallization
XRD is the simplest and the most widely used method to characterize crystal structure of
cellulosic materials (Park et al., 2010). The theoretical development to interpret XRD profiles was
fully based on isotropic materials with isotropic diffraction patterns. However, for cellulosic
materials, especially in our case, the BC film exhibits a preferential orientation. Several studies
have shown that the crystals in the BC are not randomly oriented (Bohn et al., 2000; Bootten et
al., 2008; Fink et al., 1997). In this study, we change the irradiation angle between the BC film
and X-ray beam to interpret the crystal orientation phenomena. The films were inclined at 0°, 30°,
45°, 60° and 90° relative to the incident X-ray. The experimental setup is sketched in Figure 2-1.
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Figure 2-6: XRD spectra of BC produced in a media without EPS added (A) and with 1g/L HEEPS added (B) at five different X-ray irradiation angles (0 to 90 degree: from top to bottom).
For all samples, five diffraction faces, namely, (100), (010), (-1-12), (110) and (-1-14)
according to the triclinic indexation could be recognized (Bohn et al., 2000; Sugiyama et al.,
1991). The parameters calculated from the XRD profiles when the X-ray beam was perpendicular
to the BC films are summarized in Table 2-3. Increasing the level of free EPS does not result in a
significant change of the cellulose crystal parameters. Our previous work also showed that the
addition of free EPS extracted from the supernatant of the cultivation medium does not
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significantly impact the crystal structure of the BC produced (Fang and Catchmark, 2011). The
presence of glucuronic acid in the free EPS as shown in Table 2-2 would prevent their adsorption
onto cellulose, which may be part of the reason why free EPS had little effect on cellulose
microfibrils. The spatial structure of BC became disordered when HE-EPS was added, however,
the crystallinity did not decrease further when the concentration of HE-EPS increased from 0.2 to
1 g/L. No significant different in crystal size was detected in all samples.
The absolute intensity increased dramatically when the angle between X-ray beam and
the BC film changed from 90° to 0° for both samples. Since the X-ray beam penetrated the BC
films at different angles, the irradiated volume was not constant among each measurement as
shown in Figure 2-1. For the control BC sample, it is clearly seen that the relative intensity of
(100) increased substantially from 0° to 90° due to uniplanar orientation of the BC crystals. This
preferential orientation presumably arises from the assembly of the ribbon-like structure where
the (100) plane is perpendicular to the sample surface. Other evidence is the disappearance of the
(-1-12) reflection when the X-ray beam is parallel to the control BC film. Smaller variations can
also be observed for the reflection (110), which may also be attributed to crystal orientation with
regard to the goniometer plane. For samples where the HE-EPS were incorporated into the BC
cultivation media, much smaller variations in intensities were observed, which suggests the
preferential orientation is disrupted by the addition of the EPS.
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Figure 2-7: Two-dimensional X-ray diffraction diagrams of BC produced in a media without EPS
added (A, C) and with 1 g/L bound EPS added (B, D). The BC films were positioned
perpendicular to X-ray beam in A and B. Intensity scale: 6-300. The BC films were positioned
parallel to X-ray beam in C and D. Intensity scale: 6-1000. Φ= azimuthal angle. Diffraction
profiles were obtained by integrating the intensity of the 2D diagrams over definite angular
sectors. The intensity at each 2θ was averaged with respect to the azimuthal angle (φ) to obtain a
one- dimensional diffraction pattern.

32

Table 2-3: D-spacing and crystal size of diffraction peaks and crystallinity calculated from XRD
data taken at 0 degrees.
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2.4.4 Effect of EPS on bundle assembly

Figure 2-8: FESEM images of BC produced in the presence of (A) no additive, (B) free EPS, (C)
HE-EPS
In our study, both FESEM and TEM were used to characterize the ribbon morphology.
Different sample preparation procedures were involved in the two techniques. FESEM focused on
the surface morphology of lyophilized cellulose produced by an active culture containing many
bacteria. TEM captured the features of freshly synthesized then thermally dried ribbons produced
by individual bacteria over a relatively short time period (30 min).
FESEM data shown in Figure 2-8 indicate 8that the surface of the BC-HE-EPS composite
was heterogeneous. The width of 30 ribbons from the three sources of BC was measured directly
from the FESEM images of lyophilized bulk samples. The control BC ribbon had a width ranging
from 30 to 60 nm as shown in Figure 2-9A. Such observations agree with the typical morphology
reported for BC (Gu and Catchmark, 2012; Whitney et al., 2006). Figure 2-9B shows the
histograms of ribbon widths when 1 g/l HE-EPS was incorporated into the culture medium. With
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HE-EPS the ribbon width ranged from 40 to 120 nm and the average width increased from 38.7
nm (control BC) to 61.8 nm.

Figure 2-9: Histograms of bacterial cellulose ribbons widths produced from (A) control and (B) 1
g/L HE-EPS medium.

Figure 2-10: TEM images of negatively stained BC ribbon assembly in the (A) control medium
and (B) 1 g/L HE-EPS medium.
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To assess the impact of purified EPS on individual ribbons, the cellulose produced by single
bacterial cells was examined by TEM. In the control medium, each active cell can produce a
twisted ribbon, which appears to be parallel to the longitudinal axis of the bacterial cell, ranging
in width from 40 to 60 nm as shown in Figure 2-10A. Such twisting would presumably remove
any preferred orientation of the crystals in the ribbon suggesting that cellulose production in a
normal static cultivation, where the cellulose may be most actively produced at the air-liquid
interface by many neighboring bacteria, may experience differing constraints resulting in more
ordered assembly. The internal striations can be observed in each cellulose ribbon. Figure 2-10B
shows a ribbon consisting of widely separate fibrils produced in the presence of 1g/L HE-EPS. In
agreement with the FESEM observations, the width of the ribbon significantly increased to the
range of 90 to 120 nm.

2.4.5 Examination of the interaction between HE-EPS and model celluloses
The adsorption of HE-EPS to three model BC substrates including purified BC,
crystalline BC and amorphous BC is shown in Table 2-4. Negligible binding capacity is observed
for all model cellulose substrates (≤0.65% w/w). However, the level of incorporation when
cellulose is synthesized in the presence of 1 g/L HE-EPS is high. Monosaccharide analysis
indicates that the HE-EPS to cellulose ratio is 22% (w/w), while the ratio is only 5% (w/w) for
the control samples calculated from Table 2-2. This result implies the incorporation of HE-EPS
occurs only during cellulose synthesis and formation.
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Table 2-4: Adsorption of HE-EPS to different model cellulose substrates.
Cellulose substrates Binding capacity (HE-EPS to cellulose w/w ratio)
Purified BC

0.039%±0.052%

Crystalline BC

0.025%±0.021%

Amorphous BC

0.065%±0.049%

2.4 Discussion
It is important to establish a nomenclature for differing mechanisms behind cellulose
assembly. In a recent international symposium Cellulose synthesis, structure, matrix interactions
and technology (The Pennsylvania State University, University Park, PA, May 16-18, 2013), a
workshop discussion resulted in the following proposed nomenclature for microfibril association,
where the term ‘microfibril’ refers to the cellulose produced by a cellulose synthase terminal
complex. Higher order microfibril assembly may occur through the process of: 1) cocrystallization where two or more microfibrils will form a larger fibril exhibiting a crystalline
component where the dimensions of the crystals have increased; 2) physical aggregation where
two or more microfibrils may associate directly through, for example, hydrogen bonding or
glucan stacking interactions, perhaps resulting in spatial ordering of the crystalline components
over some distance, but not resulting in co-crystallization as measured by increased crystal size;
and 3) bundling where two or more microfibrils, or assemblies of microfibrils, associate through
an intermediate molecule or biopolymer such as a hemicellulose. More than one of these
interactions may exist within a cellulose material and to different degrees.
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The structure of crystalline cellulose is greatly influenced by its biosynthesis. Evidence
from electron microscopy indicates that cellulose microfibrils are synthesized by protein
complexes called terminal complexes (TCs), which are embedded in the cell membrane (Brown
et al., 1976). In the case of G. xylinus, TCs are linearly arranged and each can extrude a glucan
chain aggregate consisting of approximately 10-15 glucan chains (Czaja et al., 2006; Rehm,
2009). Measured XRD data of the control BC studied here suggest a crystal whose shape is
illustrated in Figure 11. This crystal contains approximately 150 glucan chains, which is about 10
times larger than expected based on the assumption of a microfibril consisting of approximately
15 glucan chains. The size of the observed cellulose crystals suggests the following process for
cellulose formation in G. xylinus: 1) glucan chains are produced by individual cellulose synthase
enzymes contained in the TC; 2) 10-15 glucan chains produced by the TC crystalize (or are in the
process of crystallization) to form an elementary microfibril; and 3) several microfibrils cocrystalize to form the observed crystals.
Physical aggregation of the co-crystallized microfibrils results in the lateral plane (010)
of each crystallite being preferentially aligned parallel to the surface of the media, creating a
ribbon as shown in Figure 2-12A. Drying conditions (Bohn et al., 2000; Takai et al., 1975) and
crystal shape (Bootten et al., 2008) may contribute to the alignment. However, the precise
mechanism for this orientation remains unknown. It may arise in part from a combination of
hydrophobic and hydrogen bonding interactions with water at the media-air interface. The (110)
cellulose surface exhibits a hydrophobic character (Pérez and Samain, 2010) and would prefer to
be positioned at the media-air interface. In addition, at this interface, hydrogen bonding between
water molecules is increased resulting in the surface tension effect. This may result in improved
hydrogen bonding to hydroxyls on the (100) and (010) planes. These effects may help orient the
cellulose crystal structure and provide the opportunity for physical aggregation of oriented
microfibrils if this process has not already occurred. To test this hypothesis, an agitated culture of
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BC was produced (125 RPM). The BC strain studied here produces a spherical form of cellulose
under agitated cultivation where the surface of the cellulose spheres remains submerged in media
during growth. The spherical cellulose exhibits a layered structure like that observed in static
cultivation (Hu and Catchmark, 2010). Cellulose spheres were harvested, pressed under
approximately 20 lbs of pressure and the edges removed with a scalpel. 2D XRD data taken at 0°
and 90° revealed no preferential ordering of the cellulose crystallites.
To further examine the role of HE-EPS on the physical aggregation of cellulose
microfibrils, the level of HE-EPS was increased in the cellulose synthesis environment. When
one g/L of HE-EPS were added to the cultivation media, cellulose microfibrils were loosely and
randomly aggregated without significant preferential orientation, as shown in Figure 2-11B. Both
FESEM and TEM results suggested that the average ribbon width increased significantly when
HE-EPS was added to the cultivation medium. Two processes may explain this phenomenon: (1)
the embedded HE-EPS disrupt microfibril physical aggregation into well defined ribbons by
displacing direct cellulose-cellulose interactions. This is observed in the TEM images where
individual microfibrils are seen when produced in the presence of HE-EPS. This leads to obscure
striations and the appearance of rough ribbon surfaces. (2) EPS located on the surface of cocrystallized microfibrils promote bundling, as evidenced by the increase of 23 nm in average
ribbon diameter when the HE-EPS is present in the cultivation medium. It is hypothesized,
however, that the number of highly crystalline subunits of cellulose within each ribbon remains
constant, but the distance between each subunit expands due to the presence of HE-EPS.
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Figure 2-11: Cross-sections of crystalline subunits of cellulose with the dimension of 5.7 nm ×
6.7 nm deduced from the analysis of XRD proﬁles from control BC films. The short bars indicate
the projection of cellulose molecules. The large number of glucan chains is the result of
microfibril co-crystallization.

40

Figure 2-12:Schematic representation of a G. xylinus cellulose ribbon synthesized in each
medium (A) In control medium, co-crystallized microfibrils are tightly assembled to form a
ribbon. The ribbons have preferential orientation of the (100) cellulose crystal plane, which is
generally perpendicular to the media surface. (B) In 1 g/L HE-EPS medium, this orientation is
dramatically reduced.
This study showed that the presence of HE-EPS in the culture media interfered with the
physical aggregation processes, but not the co-crystallization process. This is in contrast to
similar studies performed using xyloglucan, xylan, and glucomannan (Atalla et al., 1993; Bootten
et al., 2008; Uhlin et al., 1995). In these cases, smaller cellulose crystal sizes were observed under
the influence of the hemicellulose additives, but the preferred crystal orientation was not
significantly disturbed. Unlike the hemicelluloses studied, the HE-EPS examined here exhibited
no binding affinity to purified BC, highly crystalline hydrolyzed BC or amorphous BC (Gu and
Catchmark, 2013). This suggests that a certain level of binding affinity is required to impact cocrystallization, and that such binding does not disturb the preferential crystal orientation during
physical aggregation or bundling.
We examined a variety of hemicelluloses extracted from plants including xyloglucan,
glucomannan, and xylan in terms of their effects on cellulose crystal orientation. No significant
difference in cellulose orientation effects were observed as compared to the control BC, which
suggests that HE-EPS is uniquely modifying the assembly of cellulose.
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2.5 Conclusions
More than one type of water soluble EPS could be produced from G. xylinus ATCC
53582. We classified the EPS mixtures into two groups based on their affinity to BC: free EPS
and HE-EPS. HE-EPS extracted from the BC pellicles using 4M NaOH were distinct from those
precipitated from the supernatant in terms of monosaccharide composition and molecular weight.
The HE-EPS were mannose rich and had predominantly low molecular weight fractions.
The addition of 1 g/L HE-EPS into the cultivation medium disrupted the alignment of
physically aggregated cellulose crystals and induced a morphological modiﬁcation from a ribbon
to loose bundles of cellulose microfibrils. This is in contrast to results from previous studies on
xyloglucan, xylan and glucomannan, where the presence of the HE-EPS disrupts crystal
alignment without impacting the co-crystallization process.
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Chapter 3

The impact of carbon source on the production of exopolysaccharides from
Gluconacetobacter strains

3.1 Abstract
This study investigates the influence of carbon source on the cellulosic and non-cellulosic
exopolysaccharides (EPS) produced by four Gluconacetobacter strains. The yields of bacterial
cellulose and water-soluble polysaccharides were dependent on both carbon source and
Gluconacetobacter strain. The carbon substrate also affected the composition of the free EPS.
When galactose served as the exclusive carbon source, Gluconacetobacter xylinus (G.xylinus)
ATCC 53524 and ATCC 700178 produced a distinct alkaline stable crystalline product, which
influenced the crystallization of cellulose. Gluconacetobacter hansenii (G. hansenii) ATCC
23769 and ATCC 53582, however, did not exhibit any significant change in cellulose crystal
properties when galactose was used as the carbon source. Microscopic observation further
confirmed significant incorporation of EPS into the cellulose composites. The cellulosic network
produced from galactose medium showed distinctive morphological and structural features
compared to that from glucose medium.

3.1 Introduction
Cellulose is a major component in plant cell walls, and is also produced by a variety of
organisms such as algae, fungi and bacteria. Bacterial cellulose (BC) is an exopolysaccharide
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produced by various species of bacteria, such as the genera Acetobacter (reclassified as
Gluconacetobacter), Agrobacterium, Rhizobium and Sarcina (Ross et al., 1991). The
Gluconacetobacter species are known to be one of the most effective cellulose producers. The
chemical composition of BC is the same as that of plant cellulose, but some of its properties are
quite unique such as high purity, water holding capacity, tensile strength and adaptability to the
living body (Shoda, 2005). These characteristics give BC promising applications in a wide range
of industrial fields including food additives, electronics (such as acoustic transducer diaphragms
for headphones) (Iguchi et al., 2000), medical materials for would healing and tissue regeneration
(Fontana et al., 1990; Hu and Catchmark, 2011), and selective permeation membranes
(Sokolnicki et al., 2006).
BC has a significant advantage over higher plant cellulose in that it is free of lignins,
hemicelluloses and pectins. However, cellulose is not the only product from the
Gluconacetobacter system. In addition to cellulose, certain Gluconacetobacter strains have been
reported to produce a variety of water-soluble polymers such as anionic acetan (Couso et al.,
1987; Jansson et al., 1993; Valla, 1981) and neutral mannan (MacCormick et al., 1993). Those
EPS produced have different levels of association to BC, and a small portion of them cannot be
separated from BC pellicles by the routine purification procedures. Those EPS were defined as
hard to extract EPS (HE-EPS) in our previous study (Fang and Catchmark, Submitted). Different
from the free EPS, the presence of HE-EPS in the culture medium could interfere with the
alignment of the BC crystals and modulate the bundling of cellulose ribbons.
BC synthesis in Gluconacetobacter strains also serves as a model system to study the
basic principles that govern the biogenesis of cellulose as well as cellulose interaction with other
polymers during synthesis. For example, a commonly used strategy to study plant cell wall
assembly is to add purified hemicellulose to Gluconacetobacter fermentation medium. Other than
hemicellulose, extensive work has already shown that BC fibril assembly and crystallization can
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be impacted by the adding a variety of biopolymers such as carboxymethyl cellulose,
fluorescence brightener, etc. (Haigler et al., 1980; Haigler et al., 1982; Mondal, 2013) The
addition of those polymers may modify the BC synthesis in a similar or distinct fashion through
competing cellulose-cellulose hydrogen bonding during the early stage of ribbon assembly. The
synthesis of EPS, especially those with strong association with cellulose, may impact the
interpretation of this prior research. There is a need to explore different Gluconacetobacter strains
and identify a pure cellulose production system.
Gluconacetobacter can utilize a range of carbon sources to produce cellulose. The
biosynthesis of cellulose in bacteria has traditionally been studied using glucose. Fructose,
sucrose and complex carbon sources such as molasses have also been reported to provide constant
high yields of cellulose (Bae, 2005; Mikkelsen et al., 2009). Some of those studies demonstrated
the composition of the media did not play a significant role in the structure of the cellulose
produced. Galactose is also used as a carbon source for cellulose production. The structure of
galactose is very similar to that of glucose and the only difference is the configuration of the
hydroxyl group at the C4 position. However, previous reports have concluded that galactose is
not an effective carbon substrate for BC production (Keshk and Sameshima, 2005; Mikkelsen et
al., 2009; Ramana et al., 2000). Those studies did not perform the characterization of any product
formed using galactose as a substrate.
Further utilization of BC as a model system requires an understanding of
Gluconacetobacter strains’ ability to metabolize different carbon sources and their impact on
cellulose and other related polysaccharide production. The main goal of this work is to
understand the effect of galactose when used as a carbon source in place of glucose on cellulose
structure and other EPS production. The association between BC and EPS produced on the crystal
structure of cellulose was also evaluated in this study.
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3.2 Method

3.2.1 Cell culture conditions
Four Gluconacetobacter strains (G. hansenii ATCC 23769, G. xylinus 53524, G. hansenii
53582, G. xylinus 700178) obtained from the American Type Culture Collection (Rockville, MD)
were used in this study. Cells were cultured in a standard Hestrin-Schramm (HS) medium(Hestrin
and Schramm, 1954) containing 2% (w/v) glucose, 0.5% (w/v) peptone, 0.5% (w/v) yeast extract,
0.27% (w/v) Na2HPO4 and 0.12%(w/v) citric acid or in the modified media by replacing glucose
with galactose. The final pH was adjusted to 5.0.
Primary inoculates were prepared by transferring a single colony from the HS medium
working culture plate into 100 ml of each of the six modiﬁed HS media. Cells were grown in 100
ml of HS medium with 0.1% (vol/vol) cellulase (from Trichoderma reesei, Sigma, Lot#C2730))
at 30°C with shaking at 125 rpm for three days. Cells were harvested by centrifugation, then
resuspended in the culture medium The main cultures were grown in 250 mL Erlenmeyer glass
flasks containing 100mL medium for 7 days at 30°C.

3.2.2 Purification of BC, free EPS and hard to extract (HE) EPS
At the end of incubation, the pellicles were collected and treated with 0.1M NaOH
aqueous solution followed by rinsing until a pH of 7 was achieved. The purified cellulose was
lyophilized.
To harvest free EPS, the supernatant of the culture broth was obtained by centrifugation
and KCl was added to a final concentration of 1% w/v to solubilize any protein present. The free
EPS were precipitated with two volumes of ethanol. The ethanol precipitate was separated by
centrifugation and then dissolved in water. This process was repeated at least three times. The
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HE-EPS were extracted from the BC films. The wet BC films were treated with 4M NaOH
aqueous solutions overnight at room temperature, and the alkali solution was neutralized. Salts
were removed by dialysis (3.5K molecular cut off) against DI water for 24 hours. Protein
concentrations were less than 1% for all the EPS samples, which were determined by the
Bradford method.

3.2.3 NaOH extraction
BC composites produced from glucose and galactose medium were extracted with 4M
NaOH solutions for 12 hours at 25 °C. After extraction, the residues were washed with DI water
until neutral and freeze-dried.

3.2.4 Monosaccharide composition of EPS
The purified EPS were hydrolyzed in an aqueous solution of 2N Trifluoroacetic acid
(TFA) for 2h at 120°C in sealed glass vials. The resulting solution was evaporated at 40°C to dry
the EPS, and then the dried product was dissolved in distilled water. The analysis of
monosaccharides of the hydrolyzates was performed on a Dionex ICS-5000 Capillary ReagentFree IC System (Dionex, Sunnyvale, CA) and a CarboPac 20 column (Dionex, Sunnyvale, CA).
Monosaccharides were identified by comparison to the retention times with the monosaccharide
standards.
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3.2.5 X-ray diffraction (XRD)
X-ray diffraction diagrams were recorded using PANalyticalX’Pert Pro multi-purpose
diffractometer with Cu Kα radiation generated at 45 kV and 40 mA. The diffractometer was used
in reflection mode with the automatic divergence slit. The data was collected in the 2θ range 5 –
40 ° with a step size of 0.026°. Freeze dried BC samples were mounted onto a quartz sample
holder.
Crystallinity (Cr) has been used to describe the relative amount of crystalline material in
cellulose. Two different approaches including peak height and peak deconvultion were used to
estimate crystallinity of BC. In the peak height method, Cr was calculated from the intensity ratio
between the (110) crystalline reflection and the amorphous background near 18.3° (Segal, 1959).
In the peak deconvuliton method, a pseudo Voigt function was used to profile the peak shape and
area, assuming a linear background. A broad peak at around 21.5° was assigned to the amorphous
contribution. Cr is calculated from the ratio of the area of all crystalline peaks to the total area
(Thygesen et al., 2005):
The dimension of the crystal perpendicular to the diffracting planes with hkl Miller
indices, Bhkl, was evaluated by using Scherrer’s expression (Nieduszynski and Preston, 1970):

𝐵ℎ𝑘𝑙 =

𝐾𝜆
√(Δ2𝜃)2 − (Δ2𝑖𝑛𝑠𝑡 ) 2 𝑐𝑜𝑠𝜃

Bhkl is the average crystalline width of a specific phase; K is a constant that varies with
the method of taking the breadth (0.89 <K < 1, usually 0.9 is used); λ is the wavelength of
incident X-rays (λ = 0.15418 nm); θ is the center angle of the peak; Δ2θ is the full width at half
maximum (FWHM) of the reflection peak and Δ2θinst is the instrumental broadening. The
instrumental broadening was determined from the FWHM of four reflections of a silicon standard
(NIST Si 640).
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3.2.6 Field emission scanning electron microscopy (FESEM)
FESEM was conducted to observe sample morphology and microstructure. Purified BC
samples were lyophilized and sputter coated with gold (approximately 5 nm). A LEO 1530 field
emission scanning electron microscope (LEO Elektronenmikroskope, Oberkochen, Germany)
was used operating at 5 kV.

3.3 Results

3.3.1 BC, free EPS and hard to extract EPS production
Cellulose-negative (Cel-) mutants accumulate after repeated transfer especially in shakeflask grown cultures, which became a well-known impediment to maintaining cell purity. These
non-cellulose mutants have a mucoid (wet and flat) colony morphology on agar medium in
contrast to cellulose-producing cells (MacCormick et al., 1993; Valla et al., 2009). The Celmutants of many Gluconacetobacter strains produce large quantities of another EPS, often
referred to as acetan (Griffin et al., 1996b; Valla, 1981; Valla, 1982). The mucoid nature of
colonies formed by the mutants could be influenced by the presence of those water soluble EPS
(Nguyen et al., 2010). The frequency of the mutation varies significantly depending on the strain
and cultivation conditions, and may play a role in yields of cellulose and water soluble EPS.
Therefore, cells used in the study were transferred no more than three times after culturing a
single colony to ensure the purity of the starting culture and thus accurately access the production
of cellulose and EPS.
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Cellulose and EPS productivity in both glucose and galactose media in static culture were
examined using four Gluconacetobacter strains. All the four strains were highly active producers
of cellulose in the glucose medium. Among the four strains, G. hansenii ATCC 53582 gave the
highest yield (approximately double that yielded by the other three stains) confirming other
studies (Kawano et al., 2002) (see Figure 3-1). The improved yield may have resulted from two
factors. First, the synthesis of cellulose continued even after glucose was depleted, which
suggests bacteria metabolize other substrates or byproducts for continuous BC production
(Kawano et al., 2002). In addition, this strain is unique compared to the other strains because
spontaneous mutation is absent (Brown Jr and Lin, 1990; Brown Jr et al., 1990).
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Figure 3-1: BC and EPS productivity of four Gluconacetobacter strains in (A) glucose and (B)
galactose media.

The results shown in Figure 3-1 indicate that BC production of ATCC 700178 in the
galactose medium was 20% higher than in the glucose medium. However, BC production of
ATCC 23769, ATCC 53524 and ATCC 53582 in galactose was significantly lower than that of
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ATCC 700178, which agrees with the previous reports that galactose is not an effective carbon
source for BC production in most Gluconacetobacter strains (Mikkelsen et al., 2009). The fact
that little cellulose is produced in those strains as compared to strain ATCC 700178 suggests that
those strains may not express the sufficient amount of epimerase needed to convert UDPgalactose to UDP-glucose, the substrate required for cellulose synthesis.
Table 3-1: BC and EPS productivity of four Gluconacetobacter strains in glucose and galactose
media
Gluconacetobacter
strain
ATCC 23769
ATCC 23769
ATCC 53524
ATCC 53524
ATCC 53582
ATCC 53582
ATCC 700178
ATCC 700178

Carbon source
(glucose/galactose)
Glucose
Galactose
Glucose
Galactose
Glucose
Galactose
Glucose
Galactose

BC yield
(g/L)
1.36±0.08
0.15±0.03
1.07±0.06
0.32±0.10
2.73±0.36
0.22±0.03
1.08±0.10
1.29±0.15

Free EPS yield
(g/L)
0.00±0.00
0.06±0.01
0.54±0.13
0.96±0.02
1.05±0.06
1.62±0.39
1.46±0.16
0.88±0.05

HE-EPS yield (g/L)
(Percentage of BC)
0.003 (0.2%)
Not detectable
0.01(0.9%)
0.04(7.4%)
0.11(5.1%)
0.02(8.6%)
0.03(2.8%)
0.05(3.8%)

Gluconacetobacter also produces the two types of water soluble EPS: free EPS and HEEPS. In this study, we define the water soluble EPS that are suspended in the supernatant of the
culture medium as free EPS. Controversial results were reported with regard to the relationship of
BC and free EPS production. Ishida’s work indicated that the presence of free EPS could
stimulate the BC production by preventing the cells coagulation (Ishida et al., 2002). However,
another group reported that the G.xylinus mutants that produced 83% less free EPS than the
parent strain produced 65% more BC than that the parent strain (Watanabe et al., 1998). By
comparing the cellulose and free EPS yield listed in Figure 3-1, we concluded that the production
of BC and EPS for the same strain was inversely related under different carbon sources. Since the
synthetic pathways of both cellulose and free EPS start with UDP-glucose, they may compete for
this substrate, which suggests an increase in free EPS production may reduce cellulose
production. On the other hand, the yield of HE-EPS extracted from hydrated BC films was very
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low as compared to that of free EPS and BC. HE-EPS only made up 0.2-8.6% of the total BC dry
weight, as shown in Table 3-1.
ATCC 23769 does not produce any significant amount of water soluble-EPS compared to
the other strains. We recommend it as the best model strain to study the interaction between
cellulose and other polymers. For the other EPS producing strains, utilizing galactose rather than
glucose as the carbon source can also either increase the EPS yield or the EPS association with
cellulose.

3.3.2 Monosaccharides composition of free EPS and HE-EPS
We investigated the composition of EPS using acid hydrolysis. In this study, the yields of
free EPS improved when the cultures were fed galactose, suggesting the carbon source influences
EPS production. However, regardless of the source of carbohydrate, glucose, mannose and
rhamnose were always the major monosaccharides measured after acid hydrolysis of EPS, as
shown in Table 3-2. This composition relates to acetan previously reported in the literature
(Couso et al., 1987). The synthesis of these heteropolysaccharides proceeds from different types
of nucleotide sugars such as UDP-glucose, GDP-mannose and TDP-rhamnose, which are
determined by the carbon sources availability and related enzyme activities (Ross et al., 1991;
Semino and Dankert, 1993). For examples, GDP-mannose pyrophosphorylase was found to play
an important role in acetan production (Griffin et al., 1996a).
The composition of HE-EPS was less diverse than that of the free EPS, in which no
galactose or glucuronic acid groups were present. The acidic groups on the side chains give an
anionic charge to EPS. Previous studies showed that the urionic acid in polysaccharides might
prevent their adsorption onto cellulose (Tokoh et al., 2002). There was little association between
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polysaccharides with high galactose content and cellulose (Whitney et al., 1998), which
suggested that galactosyl substitution also presented a significant barrier to polysaccharide
incorporation within the cellulose network. Mannose and glucose were the dominant
monosaccharides components of the water-soluble EPS. Cellulose and EPS interaction may occur
through the mannan or cellulosic backbone. Strong interactions between mannose-based
polysaccharides and cellulose were predicted by Whitney et al. because the mannose backbone
shows similarities to cellulose in terms of stereochemistry, differing only in the configuration of
the hydroxyl group at C2 position. A study by Chanzy et al. showed that glucomannan extracted
from ivory nut adopted a two-fold screw conformation closely matching that of cellulose, and
which was further proved by the NMR analysis of glucomannan/cellulose composites (Whitney et
al., 1998). The findings from these studies indicated a positive selection of the incorporation of
EPS into cellulose through the mannan and glucan backbones. The presence of side chain or
substitution in those polymers will further modulate the strength of association.
Table 3-2: Monosaccharides compositions of free EPS and HE-EPS.

Strain
53424
53424
53524
53524
53582
53582
53582
53582
700178
700178
700178
700178

EPS
type
Free
Free
HE
HE
Free
Free
HE
HE
Free
Free
HE
HE

Carbon
source
Glucose
Galactose
Glucose
Galactose
Glucose
Galactose
Glucose
Galactose
Glucose
Galactose
Glucose
Galactose

Glucose

Mannose

27.4%
87.6%
76.1%
80.2%
32.6%
45.3%
24.6%
16.2%
34.3%
39.4%
79.6%
74.3%

69.1%
5.3%
10.5%
12.1%
56.2%
46.7%
75.4%
63.0%
57.3%
52.6%
13.3%
25.7%

Rhamnose Galactose Glucuronic
acid
1.7%
1.8%
8.1%
13.4%
7.7%
7.4%
3.6%
4.5%
1.4%
2.1%
2.3%
3.8%
2.4%
2.3%
4.6%
2.0%
1.4%
7.1%
-
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3.3.3 Structure characterization of BC
Figure 3-2 shows the XRD patterns of BC produced from the glucose and galactose
medium. BC is a mixture of Iα and Iβ and the content of Iα is typically more than Iβ. For all BC
samples, four diffraction faces, namely, (100), (010), (110) and (-1-14) could be recognized
according to the triclinic indexation. The parameters calculated from the XRD profiles are
summarized in Table 3-3.
The crystallinity is one of the indicators of the relative ratio of crystalline component in a
variety of cellulose sources. Peak height method always gives higher values compared to peak
deconvultion method, as shown in Table 3-3. As pointed by park et al, peak height method tends
to underestimate the amorphous components, and therefore overestimates the crystallinity (Park
et al., 2010). The crystallinity values of control BC ranged from 76 to 85% in the peak height
method and from 74 to 81% in the peak deconvultion method among four strains. Considering the
reliability issue of the crystallinity measurement, these differences may not primarily come from
the structure difference. However, switching the carbon source from glucose to galactose resulted
in a decrease in crystallinity for the two strains ATCC 53524 and ATCC 700178. We believe the
decrease in the overall crystallinity may relate to the increase in the amounts of HE-EPS
incorporated into cellulose composites.
A major limitation of the crystal structure characterization is that the heavy focus on the
measurements of absolute values of “crystallinity”. Results from these measurements are highly
variable and strongly dependent on a given measurement method. Crystal size is a more reliable
source with less ambiguity. Weight average crystal width can be inferred from broadening
analysis of XRD peaks. BC produced from the ATCC 23769 strain exhibited the largest crystal
size. ATCC 23769 does not produce a significant amount of water soluble EPS compared to the
other three strains. In plant system, lower amounts of noncellulosic components is usually a
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condition found associated to larger crystal. The rule may be applied in the Gluconacetobacter
system.
The presence of galactose in the growth medium reduced the BC average lateral crystal
dimensions. Averaging the data for (100), (010) and (110) reflections, showed that BC produced
from galactose medium decreased the lateral dimensions over the control samples by 15%
(ATCC 23769), 14% (ATCC 53524), 5% (ATCC 53582), 9% (ATCC 700178). The crystal size
change on (010) is more significant than the (110) direction for all strains. Therefore, we
proposed the (010) plane of the microfibrils was more subject to water soluble EPS modification,
resulting in the significant decrease in the crystal size observed along that plane.
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Figure 3-2: XRD profiles of BC produced from (A) glucose and (B) galactose medium.
XRD results suggested that feeding galactose as an exclusive carbon source for ATCC
53524 and ATCC 700178 strains has changed crystal structure of BC. An additional peak around
18.8° is identified. The presence of this peak has been previously observed in the in vitro
synthesized cotton product (Okuda et al., 1993). This unique signal is also found in the celluloselike product produced from cyanobacteria (Nobles et al., 2001). The intensity of this unique peak
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increased dramatically when the angle between X-ray beam and the BC film changed from 90° to
0°, as shown in Figure 3-3. This result suggested that the crystalline product had a similar
uniplanar orientation probably due to its association with preferentially aligned cellulose crystals.
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Figure 3-3: X-ray diffraction data of BC produced from galactose medium at four different X-ray
irradiation angles (0 to 90 degree: from top to bottom). .

The appearance of this peak may be associated with either a highly crystalline EPS or cocrystallization between EPS and cellulose. The material used for XRD analysis was cleaned for at
least 2 hours in 0.1M NaOH solutions and then washed in DI water for a week, periodically
changing the water. After the purification treatment it is unlikely that any soluble compound
remains in the material, unless highly associated with the cellulose network.
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Figure 3-4: X-ray diffraction data of BC samples produced from glucose and galactose medium
each treated with 4M NaOH solutions.

In order to obtain information about the material associated with the 18.8° peak, high
concentration NaOH extraction was performed. Alkali solutions can partially disrupt the
hydrogen bonding between cellulose microfibrils and other polymers. The intensity of the
characteristic cellulose I peaks decreased significantly after 4M NaOH extraction. Cellulose II
peak can be observed in Figure 3-4, a conversion from cellulose I to cellulose II was often
reported in the literature for different cellulose sources during alkali treatment (Shibazaki et al.,
1997). The unique signal around 18.8° was present even after 4M NaOH extraction, which
suggested that the structure is very stable. Highly crystalline cellulose microfibrils can be used as
the substrate for co-crystallization of mannan to form “shish-kebab” structures, in which mannan
adopts a two-fold screw conformation closely matching that of cellulose (Chanzy et al., 1982).
Therefore, we hypothesized certain types of EPS could crystalize independently or co-crystallize
with cellulose to generate that unique peak around 18.8°.
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Table 3-3: Crystallinity and crystal size of BC produced from four Gluconacetobacter strains.
*represents the crystalline reflection around 18.8°.
Strain
23769
23769
53524
53524
53582
53582
700178
700178

Carbon
source
Glucose
Galactose
Glucose
Galactose
Glucose
Galactose
Glucose
Galactose

Crystal size
<100> (nm)
5.8±0.3
5.2±0.3
5.6±0.3
4.9±0.5
5.1±0.3
4.7±0.3
4.9±0.4
5.0±0.1

Crystal size
<010>(nm)
8.5±0.1
6.8±0.2
7.1±0.1
5.6±0.2
7.1±0.3
7.4±0.1
6.7±0.1
5.2±0.1

Crystal size
<*> (nm)
11.6±0.3
11.8±0.1

Crystal size
<110> (nm)
6.3±0.1
5.8±0.2
6.2±0.1
6.0±0.1
6.3±0.1
6.1±0.1
5.7±0.1
6.0±0.1

Cr
(height)%
78.3±4.4
77.4±2.9
75.7±4.3
67.2± 2.7
85.1±0.9
78.4±7.8
76.2±3.5
70.9±4.2

Cr
(deconvolution)%
76.0±4.3
76.6±6.7
74.6±3.0
65.2±2.3
81.2±5.3
82.6±5.4
74.4±1.9
68.4±3.1

3.3.4 Morphology characterization of BC
FESEM was used to examine the surface morphology of lyophilized cellulose network.
Micrographs obtained from BC produced from glucose medium (Figure 3-5A) revealed a densely
packed network of randomly oriented ribbons ranging from 30 to 60 nm in diameter. Such
observations agree with the typical morphology reported for BC (Gu and Catchmark, 2012;
Whitney et al., 2006). No morphological difference among the four strains was detected when
glucose serves as an exclusive carbon source.
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Figure 3-5: Representative FESEM images of BC (A) BC with cells produced from glucose
medium, (B) BC produced from galactose medium (ATCC 23769), (C) BC produced from
galactose medium (ATCC 53524), (D) BC produced from galactose medium (ATCC 53582), (E)
BC produced from galactose medium (ATCC 700178), (F) Zoomed in image of (E).
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FESEM images in Figure 3-5(B-E) showed that the surface of the BC composites
produced from galactose medium were heterogeneous. Unlike the control samples in Figure 3-5A,
composites produced from galactose medium displayed different morphological features as
shown in Figure 3-5(B-E), which suggested that the HE-EPS were not uniformly distributed in
the cellulose network. In Figure 3-5B, the morphological feature of the cellulosic network is very
similar to that of the control. In Figure 3-5C, cellulose network is dominant, where most HE-EPS
is apparently associated with cellulose fibers. However, the EPS self-association is dominant in
Figure 3-5D and 3- 5E. Detailed features of this structure were demonstrated in Figure 3-5F. We
believe the cluster-like structures are the large aggregates of EPS produced from galactose
medium, since no similar regions were observed in regular BC samples. A few cellulose ribbons
were also visible in that structure but became less dense compared to the regular BC in Figure 35A. These results agree with the XRD data that the regular cellulose still is produced but another
structure, possibly a distinct insoluble polysaccharide, is also present when galactose serves as an
exclusive carbon source.

3.4 Conclusion
The effect of galactose and glucose as carbon sources on BC and water-soluble EPS
production was studied. Galactose was not well metabolized into cellulose by ATCC 23769,
ATCC 53524 and ATCC 53582 strains that exhibited high cellulose production in glucose
medium, while ATCC 700178 was the best cellulose producer in galactose medium. ATCC
23769 could serve as a good model system for cellulose synthesis and interaction with other
polymers because it does not produce any significant amount of water-soluble EPS. The amount
of cellulose and water-soluble exopolysaccharides produced varied based on the strains, which
suggests different synthetic pathways or related enzyme activity among strains. This paper also
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described structural and morphological features of the cellulose composites produced from
glucose and galactose medium. The presence of HE-EPS might modify the cellulosic network
through surface coating or self-aggregating. The changes on crystallinity and crystal size were
related to the amounts of HE-EPS incorporated into cellulose composites. The (010) plane of the
cellulose microfibrils was more subject to HE- EPS modification as compared to the (100) and
(110) planes. We also observed an additional peak around 18.8° in the XRD patterns of BC
produced from galactose medium from ATCC 53524 and ATCC 700178, suggesting the
production of a second crystalline polysaccharide when galactose serves as the exclusive carbon
source.
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Chapter 4

The effect of cellulose binding polysaccharides on the formation of bacterial
cellulose and its enzymatic hydrolysis

4.1 Abstract
Hydrolysis of lignocellulosic biomass is more complicated than that of pure cellulose due
to the presence of lignin and hemicellulose. The properties of cellulose such as crystallinity,
porosity, particle size, and the content and distribution of lignin and hemicellulose could all
contribute to the substrates digestibility. The aim of this study is to use Gluconactebacter as a
model system to study how the interaction between cellulose and other polymers influence the
enzymatic hydrolysis.
Three different types of water-soluble polysaccharides produced from plants and
Gluconactebacter were incorporated into bacterial cellulose: xyloglucan, glucomannan and
mannose–rich bacterial EPS. Variations in the amounts of polysaccharides incorporated into the
growing Gluconactebacter system were observed. Glucomannan demonstrated the highest
affinity to bacterial cellulose. According to morphological observations, the networks of
hemicellulosic polysaccharides and bacterial cellulose appeared to coalesce more prominently
compared to that of the bacterial cellulose produced in the presence of bacterial polysaccharides.
Cellulase digestion studies were performed on the amorphous cellulose standard and on the
bacterial cellulose with and without the polysaccharides and. The hydrolysis rate of the native
bacterial cellulose increased significantly with the incorporation of certain types of mannose rich
polysaccharides produced from plants and Gluconactebacter. Therefore, it is seems reasonable to
conclude that altering the physical aggregation and bundling of cellulose microfibrils with certain
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types of polysaccharides could improve the enzymatic hydrolysis efficiency without disrupting
the crystal structure of cellulose significantly.

4.2 Introduction
Cellulose is the main component of the plant cell wall. The function of cellulose is
closely related to its hierarchical structure. There are alternating amorphous and crystalline
regions in the microfibrils. The crystalline regions consist of cellulose chains arranged by both
intra- and intermolecular hydrogen bonds. The structure and distribution of crystalline and
noncrystalline cellulose is essential for the understanding of the properties of cellulose-based
materials and of the chemical and enzymatic transformation of cellulosic biomass.
Despite great interest in cellulosic biomass degradation, there is still some uncertainty
about which plant cell wall features most affect enzyme digestibility. One reason for that is the
complexity of the plant cell wall system, which consists of cellulose microfibril and other matrix
polysaccharides. Many factors including cellulose crystallinity, degree of polymerization,
porosity, particle size, and the content and distribution of lignin and hemicellulose could
contribute to the digestibility. Results collected from different lignocellulose systems are
sometimes contradictory. It is difficult to study one factor at a time on the heterogeneous plant
biomass. Various model cellulose substrates including Avicel (Hall et al., 2010), filter paper
(Nidetzky et al., 1994), Valonia cellulose (Chanzy et al., 1983) and phosphoric acid swollen
cellulose (PASC) (Zhang, 2006) have been used to study the effect of substrate characteristics,
such as degree of polymerization and crystallinity, on the rate and efficiency of enzymatic
hydrolysis. In this study, Gluconacetobacter hansenii (G. hansenii, previously named
Acetobacter xylinus) is introduced as another model system to study how the interaction between
bacterial cellulose and other polymers influence the enzymatic hydrolysis of cellulose. Despite
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the high crystallinity, bacterial cellulose exhibits higher efficiency of cellulase hydrolysis as
compared to cotton and hardwood cellulose (Hayashi et al., 1997). Bacterial cellulose covalently
coupled with dye molecules has been developed as the substrate for cellulase activity
measurement (Tiboni et al., 2012).
Bacterial cellulose composites produced in media containing cell wall polysaccharides
have been used as a model system to study hemicellulose interaction with cellulose during plant
cell wall synthesis. Similarities were found between the morphological and structural features of
BC-hemicellulose composites and those of cell walls (Hackney et al., 1994; Whitney et al., 1999;
Whitney et al., 2006). Recently, the influences of bacterial exopolysaccharides (EPS) produced
from Gluconactebacter on the bacterial cellulose crystallization and ribbon assembly were also
systematically studied (Fang and Catchmark, Submitted). The free EPS extracted from the
supernatant of the culture medium does not influence the crystallization significantly. The hard to
extract EPS extracted from the hydrated cellulose films, which are highly associated with
bacterial cellulose, can disrupt crystal alignment and modulate the bundling process.
Other than acting as a model system, bacterial cellulose also has wide applications in
food, papermaking and pharmaceutical industry because it exhibits many desirable properties,
including great water holding capacity, bioabsorbability and biocompatibility. Bioabsorbability is
highlighted in many biomedical applications, such as wound healing and tissue engineering,
where the material will degrade over time into a product that can be metabolized by the human
body. A bioabsorbable bacterial cellulose material was developed through the incorporation of
cellulose degrading enzymes (Hu and Catchmark, 2011a, b). Understanding the enzymatic
hydrolysis process is critical for the development of the bacterial cellulose-based bioabsorbable
biomaterials.
In the study, we reported structure and morphology characterization of cellulose/water
soluble polysaccharide networks using the Gluconactebacter system. All water-soluble
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polysaccharides used in the study are associated with cellulose at or near the point of cellulose
synthesis. No prior work has revealed or explored the link between hemicellulosic and bacterial
polysaccharides modification and changes in digestibility.

4.3 Methods

4.3.1 Preparation of cellulose binding polysaccharides
Tamarind xyloglucan (Lot#100403) and konjac glucomannan (Lot#90602b) were
purchased from megazyme (Bray, Ireland). The monosaccharide composition of xyloglucan was
27% xylose, 52% glucose, 19% galactose, and 2% arabinose. The weight average molecular
weight was 139 KDa. The carbohydrate composition for glucomannan was 60% mannan and 40%
glucose. The weight average molecular weight of glucomannan was 600 KDa.

4.3.2 Cell culture conditions
G. hansenii strain ATCC 53582 (obtained from American Type Culture Collection) was
used in this study. Cells were cultured in a standard Hestrin-Schramm (HS) medium (Hestrin and
Schramm, 1954) containing 2% (w/v) glucose, 0.5% (w/v) peptone, 0.5% (w/v) yeast extract,
0.27% (w/v) Na2HPO4 and 0.12%(w/v) citric acid or in the modified media by simply replacing
glucose with galactose. The final pH was adjusted to 5.0.
Xyloglucan and glucomannan were added into the media at the beginning of the
inoculation. The concentration of hemicelluloses was 0.5% (w/v) in the medium. The bacterial
cellulose was formed on the air-medium interface and harvested two days after cultivation. At the
end of 2-day incubation, the pellicles were collected and treated with 0.1M NaOH aqueous
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solution at 80°C followed by rinsing until a pH of 7 was achieved to remove cells and freely
associated polysaccharides. The purified bacterial cellulose composites were lyophilized for
structure and morphology characterization.

4.3.3 Monosaccharide analysis
The monosaccharide composition of cellulose composites was determined after
hydrolysis in 72% H2SO4 at 30°C for 1 h, followed by diluting the H2SO4 solution to 4% and
autoclaving for 1h, then neutralized with 0.1 mol/L NaOH (Sluiter et al., 2008). The analysis of
monosaccharides of the hydrolyzates was performed on a Dionex ICS-5000 Capillary ReagentFree IC System (Dionex, Sunnyvale, CA) and a CarboPac 20 column (Dionex, Sunnyvale, CA).
Monosaccharides were identified by comparison to the retention times with the monosaccharide
standards.

4.3.4 X-ray diffraction (XRD)
X-ray diffraction diagrams were recorded using PANalyticalX’Pert Pro multi-purpose
diffractometer with Cu Kα radiation generated at 45 kV and 40 mA. The diffractometer was used
in reflection mode with the automatic divergence slit. The data was collected in the 2θ range 5 –
40 ° with a step size of 0.026°. Freeze dried BC samples were mounted onto a quartz sample
holder.
Crystallinity (Cr) has been used to describe the relative amount of crystalline material in
cellulose. Two different approaches peak height and peak deconvultion were used to estimate
crystallinity of BC. In the peak height method, Cr was calculated from the intensity ratio between
the (110) crystalline reflection and the amorphous background near 18.3° (Segal, 1959). In the
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peak deconvuliton method, a pseudo Voigt function was used to profile the peak shape and area,
assuming a linear background. A broad peak at around 21.5° was assigned to the amorphous
contribution. Cr is calculated from the ratio of the area of all crystalline peaks to the total area
(Thygesen et al., 2005):
The dimension of the crystal perpendicular to the diffracting planes with hkl Miller
indices, Bhkl, was evaluated by using Scherrer’s expression (Nieduszynski and Preston, 1970):

Bhkl is the average crystalline width of a specific phase; K is a constant that varies with
the method of taking the breadth (0.89 <K < 1, usually 0.9 is used); λ is the wavelength of
incident X-rays (λ = 0.15418 nm); θ is the center angle of the peak; Δ2θ is the full width at half
maximum (FWHM) of the reflection peak and Δ2θinst is the instrumental broadening. The
instrumental broadening was determined from the FWHM of four reflections of a silicon standard
(NIST Si 640).

4.3.5 Fourier transform infrared spectroscopy
The Fourier transform infrared (FTIR) spectroscopy measurements were performed using
a Nicolet 8700 spectrometer (Thermo Fisher Scientific.) equipped with a KBr beam splitter, a
deuterated triglycine sulfate (DTGS) detector and a smart iTR diamond ATR unit. The spectra
were the average of 32 scans recorded at a resolution of 4 cm−1 in the range of 500 to 4000 cm−1 .
The baseline correction and normalization of FTIR spectra was done with OMNIC software
(Thermo Electron Corporation). The relative intensities of peaks at 750 cm−1 and 710 cm−1 have a
linear relation with the relative mass ratio of cellulose Iα and Iβ (Yamamoto et al., 1996).
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Therefore, the Iα content of the cellulose was determined by using the correlation equation after
the line-shape analysis of FTIR spectra. The mass fraction of cellulose Iα is calculated as:
fα = 2.55 fα IR–0.32, where fαIR = Aα/(Aα + Aβ). Aα and Aβ are the integrated intensities of the Iα
and Iβ peak, respectively.

4.3.6 Field emission scanning electron microscopy (FESEM)
FESEM was conducted to observe sample morphology and microstructure. Purified BC
samples were lyophilized and sputter coated with gold (approximately 5 nm). A LEO 1530 field
emission scanning electron microscope (LEO Elektronenmikroskope, Oberkochen, Germany)
was used operating at 5 kV.

4.3.7 Enzymatic hydrolysis of BC composites
Samples of 5 mg BC composites were hydrated in sodium acetate buffer (50mM, pH5)
for 1h with stirring at 48°C. 0.1mL cellulase (from Trichoderma reesei, Sigma, Lot#C2730)
solution was added into the solution. The total reaction volume was kept at 1 ml. At the desired
time points, glucose concentration in the supernatant was measured YSI 2700 Biochemistry
Analyzer (Yellow Springs, OH).
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4.4 Results

4.4.1 Monosaccharides composition analysis of bacterial cellulose composites
Four types of bacterial cellulose samples were obtained: (1) bacterial cellulose (BC)
without any additional additives, (2) bacterial cellulose produced from galactose medium (BCEPS) without any additional additives, (3) bacterial cellulose with xyloglucan (BC-XG) made by
adding 0.5 g/L of tamarind xyloglucan to the medium, (4) bacterial cellulose with glucomannan
(BC-GluMan) made by adding 0.5 g/L of Konjac glucomannan to the medium. The thick BC
pellicles formed after 48 hours of cultivation could present a barrier to the incorporation of
hemicellulosic polysaccharides (Whitney et al., 1995). Therefore, 2-day cultivation was
performed in this study to make sure the polysaccharides were uniformly distributed in the
cellulose network.
The isolation of cellulose by alkaline treatment can remove most of the impurities such as
bacterial cells, proteins, media components and other soluble polysaccharides. However, the
monosaccharide composition analysis shown in Table 4-1 suggests there are still about 3% other
carbohydrates present in the purified BC samples. Based on the monosaccharides analysis results
of pure bacterial EPS, xyloglucan and glucomannan, the water-soluble EPS contents were 9.8%
(bacterial EPS), 15.6% (xyloglucan) and 23.1% (glucomannan). Previous studies reported that
when bacterial cellulose was produced from galactose medium, the hard to extract EPS
production increased significantly. The level of incorporation for hemicellulosic polysaccharides
is higher than that for bacterial polysaccharides. Glucomannan has the highest incorporation level
into bacterial cellulose, which is 32% higher over xyloglucan under the same cultivation
conditions. Other studies also suggested that glucomannan were resistant against removal by
NaOH treatment and had the highest affinity to bacterial cellulose (Iwata et al., 1998). The
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amount of polysaccharides incorporated into the actively growing system depends on the type of
polysaccharides and the cultivation conditions. For examples, Iwata et al. reported that the
amount of xyloglucan incorporated in static culture was much lower than that in agitated culture,
due to the reduced diffusion of xyloglucan from the medium to the top surface.

Table 4-1: Monosaccharide composition of bacterial cellulose grown in the presence of water
soluble polysaccharides determined by IC.

Cellulose
substrates
Arabinose (%)
Galactose (%)
Glucose (%)
Mannose (%)
Xylose (%)
Water soluble
polysaccharides
contents (%,
w/w)

BC

BC-EPS

BC-XG

BC-GluMan

97.1
2.9
3.8

92.6
7.4
9.8

0.3
3.0
91.6
0.9
4.2
15.6

85.5
14.5
23.1

4.4.2 Morphology of bacterial cellulose based composites
The native BC produced in the static cultures of G. hansenii possesses a ribbon-like
structure, which is composed of microfibrils and associated matrix polysaccharides. Figure 1
demonstrates the surface morphology of lyophilized cellulose network. The BC produced from
the glucose medium without any additives revealed a densely packed network of randomly
oriented ribbons ranging from 30 to 60 nm in diameter. Such observations agree with the typical
morphology reported for BC (Gu and Catchmark, 2012; Whitney et al., 2006).
When cellulose was synthesized in the presence of the water soluble polysaccharides, the
network became heterogeneous as shown in Figure 4-1(B-D). Some dense regions could be
observed, which might relate to the local deposition of the polysaccharides. No cross-bridge was
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observed in BC-XG, which contrasted with the work of Whitney et al., who reported significant
cross-bridges in the high molecular weight xyloglucan incorporated cellulose ribbons. This may
relate to the difference in the cultivation conditions and the molecular weight of xyloglucan.
However, a small number of possible cross- bridges did appear in the BC-GluMan samples.
The diameter of the cellulose fibrils appeared to be larger than the BC samples due to the
incorporation of the polysaccharides. The images show that some of the cellulose ribbons became
thicker due to the surface coating, but the control size ribbons were still present.

1 um

1 um

1 um

1 um

Figure 4-1: FESEM images of bacterial cellulose/water soluble polysaccharide composites. (A)
BC, (B) BC-EPS (BC in presence of bacterial EPS), (C) BC-XG (BC in presence of xyloglucan),
(D) BC-GluMan (BC in presence of glucomannan).
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4.4.3 Structure characterization of BC composites
Figure 4-2 shows the FTIR spectra of different BC composites. The relative
concentration of cellulose Iα and Iβ polymorphs could be determined from the relative intensities
of the OH stretch peaks characteristic of these polymorphs. The peaks near 3270 cm−1 and 710
cm−1 indicated the presence of cellulose Iβ while the peaks near 3240 cm−1 and 750 cm−1 are
specific to Iα (Yamamoto et al., 1996). The O-H stretching regions (3250−3500 cm-1) in all four
cellulose samples are very broad because of extensive hydrogen bonds from crystalline and
amorphous cellulose chains, non-cellulosic polysaccharides as well as the presence of water
remaining in the amorphous regions. Therefore, the Iα content was estimated from the
deconvoluted intensities of the two peaks at 750 cm−1 and 710 cm−1.

Figure 4-2: FTIR spectra of BC in presence of different polysaccharides. The peaks at 710 cm-1
and 750 cm-1 are characteristic bands of cellulose Iβ and Iα, respectively.
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BC produced under static conditions generally consists ~70% Iα and ~30% Iβ (Watanabe
et al., 1998; Whitney et al., 2006). As shown in Table 4-2, the Iα content of control BC was 0.74.
The incorporation of bacterial EPS did not change the allomorph composition of cellulose
significantly. However, the presence of xyloglucan and glucomannan caused approximately 28%
decrease in the Iα content. This change are consistent with previous studies (Gu and Catchmark,
2012; Tokoh et al., 2002). Cellulose synthesized in the presence of plant cell wall polysaccharides
contained more Iβ cellulose as found in higher plants. However, a recent study showed that it was
possible to incorporate xyloglucan into G. hansenii cellulose without modifying the cellulose
allomorph (Bootten et al., 2008) . Bootten et al. proposed that including the xyloglucan into
cellulose samples might lower the critical temperature for Iα to Iβ conversion during the heating
involved in the subsequent purification steps.

Table 4-2: Iα content of BC in presence of different polysaccharides.
Cellulose
BC
BC-EPS
BC-XG
BC-GluMan

Iα content
0.74±0.02
0.71±0.05
0.55±0.03
0.57±0.01

Although the incorporation level of glucomannan was 32% higher than that of
xyloglucan, the cellulose crystallinity and crystal size reduction effect was greater for xyloglucan
than glucomannan. At ~16% incorporation level, xyloglucan reduced the crystallinity by ~20%
and crystal size by ~10% compared to the control BC sample. Previous studies also concluded
that BC produced in the presence of xyloglucan exhibited decreases in crystallinity and
crystalline sizes (Atalla et al., 1993; Gu and Catchmark, 2012). The amorphous component may
increase due to the presence of the xyloglucan. The crystallinity and crystalline size of bacterial
cellulose were also decreased in the presence of glucomannan and bacterial EPS. However, the
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impact was not as significant as that of xyloglucan, and only less than 10% change over the
control samples was detected.

Figure 4-3: X-ray diffractograms of BC composites.

Table 4-3: Crystallinity and crystal size of BC produced from BC composites.
Cellulose

BC
BC-EPS
BC-XG
BC-GluMan

Crystal size

Crystal size
<010>(nm)

Crystal size
<110>(nm)

Cr (height)

<100> (nm)

%

Cr (fitting)

%

5.1±0.3
4.7±0.3
4.5±0.1
5.0±0.5

7.1±0.3
7.4±0.1
6.7±0.2
7.5±0.6

6.3±0.1
6.1±0.1
5.3±0.3
6.2±0.3

85.1±0.9
78.4±5.8
68.4±3.4
77.8±6.1

80.8±3.3
79.4±5.0
65.4±2.9
75.2±4.5

4.4.4 Enzymatic hydrolysis of bacterial cellulose composites
The commercial cellulase from Trichoderma reesei was used to hydrolyze cellulosic
composites grown in the presence and absence of water-soluble polysaccharide. Previous studies
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suggested this type of cellulase contained a mixture of cellulose and hemicellulose hydrolytic
enzymes. At least two cellobiohydrolase (CBH1-2), five endoglucannases (EG1-5), βglucosidases, and hemicellulases including two xylanases (XYN 1-2) and β-mannanase have been
identified (Vinzant et al., 2001). CBH1, CBH2, and EG2 are the three main components of the
Trichoderma reesei cellulase, representing 60%, 20% and 12% of total cellulase protein,
respectively (Kyriacou et al., 1987; Nidetzky and Claeyssens, 1994). Hydrolysis of cellulose to
glucose requires the synergistic action of endo- and exo-acting enzymes.
To better understand the specificity of the cellulase used in this study, pure BC,
xyloglucan and glucomannan was added to cellulase reaction solutions. Analysis of the
monosaccharides released from the reaction suggested that the enzyme system was not strictly
specific to cellulose. However, the initial hydrolysis rate of xyloglucan and glucomannan was
lower by a factor of 10 than that of pure BC. Cellulase mixtures hydrolyzed only 12% and 5% of
xyloglucan and glucomannan after 24h, most likely due to trace hemicellulase activities in the
commercial cellulase mixture used in this study. Therefore, the release of glucose from watersoluble polysaccharides (EPS, xyloglucan and glucomannan) was not considered in the study.
There are three phases involved in the enzymatic hydrolysis of cellulose samples, as
shown in Figure 4-4. The first phase starts with rapid adsorption of cellulase onto the readily
accessible regions, followed by an initial hydrolysis which proceeds at a fast rate. Studies
suggested that initial enzymatic hydrolysis would create nanocrystals with homogenous length
distribution and the surface of the new crystals would become the new cellulase accessibly region
(Chen et al., 2007). Then the reaction reaches the second phase at a relatively slow and steady
hydrolysis rate. About 50%-70% of the cellulose is hydrolyzed in the second phase. In the last
phase only a slight increase in the conversion of the remaining cellulose is observed. Various
substrate and enzyme related factors might contribute to the slowdown in the rate of hydrolysis.
The accessible surface area of the cellulose is proposed to be the most important factor
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determining the rate and extent of enzymatic hydrolysis of lignocellulosic substrates (Zhang,
2004).
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Figure 4-4:Enzymatic hydrolysis profiles of bacterial cellulose/water soluble polysaccharide
composites
The commercial cellulase from Trichoderma reesei was used to hydrolyze cellulosic
composites grown in the presence and absence of water-soluble polysaccharide. Cellulose is
hydrolyzed to glucose via the synergistic action of several enzymes including endoglucanases,
exoglucanases and β-glucosidase. PASC, one of the most common cellulose substrates for
cellulase activity determination (Wood, 1988), was introduced as an amorphous standard.
According to Table 4-3, PASC exhibited the highest rate of digestion, which was approximately
two times higher than BC and BC-XG. The value agrees with the previous study (Zhang,
2006).The dramatic difference in the hydrolysis rates of the cellulosic samples before and after
phosphoric acid treatment was due to the disruption of the crystalline structure of cellulose. This
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treatment is proved to have no impact on the degree of polymerization of the cellulose sample
(Zhang and Lynd, 2005).
PASC, one of the most common cellulose substrates for cellulase activity determination
(Wood, 1988), was introduced as an amorphous standard. According to Table 4, PASC exhibited
the highest rate of digestion, which was approximately two times higher than BC and BC-XG.
The value agrees with the previous study (Zhang, 2006).The dramatic difference in the hydrolysis
rates of the cellulosic samples before and after phosphoric acid treatment was due to the
disruption of the crystalline structure of cellulose. This treatment is proved to have no impact on
the degree of polymerization of the cellulose sample (Zhang and Lynd, 2005).
Table 4-4 Initial hydrolysis rates of BC composites.

Cellulose
substrate
BC
BC-EPS
BC-XG
BC-GluMan
PASC

Initial hydrolysis
rate (g/L/min)
0.013
0.027
0.011
0.014
0.041

Figure 4-4 shows the hydrolysis profiles with five different cellulose substrates. The
release of glucose from the highly crystalline cellulosic substrates all followed the three-phase
behaviors as mentioned above. No significant amounts of cello-oligomers accumulated during
cellulose hydrolysis. Therefore, the cellulose degradation percentage can be related to the
amounts of glucose released. The initial hydrolysis rate was calculated as the amount of glucose
released within the first 30 minutes. When xyloglucan was incorporated in the cellulose network,
no difference in the initial hydrolysis enzymatic hydrolysis rate was detected despite the
significant decrease in the crystallinity and crystal size. The presence of glucomannan did not
enhance the initial enzymatic hydrolysis within the first half hour. However, it extended the first
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hydrolysis phase to 100 min. BC-EPS exhibited a higher rate of digestion even though the level
of association was lower than that of the BC-XG and BC-GluMan. BC and BC-XG had the
lowest initial hydrolysis rate due to the availability of the accessible cellulose.

4.5 Discussion

4.5.1 Structure modification of cellulose by cellulose binding polysaccharides
The surfaces of cellulose microfibrils are in intimate contact with hemicellulose and other
small molecules during the plant cell wall synthesis, and those polysaccharides my disrupt, coat
or crosslink cellulose microfibrils. This process has significant impacts on the crystal structure
and degradability through chemical and enzymatic processes, which is the main focus of many
engineers aiming to produce biofuels and other useful chemicals from lignocellulosic biomass.
Xyloglucan is the major hemicellulose component in the primary cell wall of dicots and nongraminaceous monocots. The primary structure of xyloglucan consists of β-(1,4)-glucan
backbone, which is regularly substituted with alpha 1,6 xylosyl residues (Hayashi, 1989).
Xyloglucan is proposed to form a monolayer coating the surface of microfibrils and even to
penetrate the microfibrils in areas of high amorphous content (Hayashi et al., 1987).
Glucomannan is typically found in secondary plant cell walls of softwoods and composed of a
linear backbone of β-(1,4)-linked D-glucosyl and D- mannosyl residues. In vitro studies proved
that glucomannan demonstrates a strong affinity to cellulose. Both xyloglucan and glucomannan
backbones adopt the cellulose like conformation, which facilitates the binding to cellulose
(Chanzy et al., 1982; Whitney et al., 1995; Whitney et al., 1998). The presence of side chain or
substitution in those polymers will further modulate the strength of association. Both xyloglucan
and glucomannan have a structural role in aggregating cellulose microfibrils (Hayashi et al.,
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1987; Maeda et al., 2000). The small size of plant cell wall cellulose may relate to the binding of
those hemicellulosic polysaccharides to cellulose during synthesis, which prevents the
aggregation of small fibrils into the larger bundles (Jarvis, 2011).
The bacterial EPS produced from G. hansenii during cellulose synthesis was also
introduced in this study. Previous study found that the highly associated HE-EPS contained
approximately 75% mannose and 25% glucose (Fang and Catchmark, Submitted). That study also
demonstrated that the presence of highly associated EPS in the culture media could modify the
assembly of cellulose in a different manner as compared to xyloglucan and glucomannan. The
addition of those EPS disturbs the preferential crystal orientation and increases the spacing of
cellulose microfibrils without affecting crystallization by associating with ordered cellulose prior
to physical aggregation or bundling. In this study, the significant reduction of crystal size and Iα
allomorph composition indicates that xyloglucan affects the cellulose co-crystallization process
more strongly than bacterial EPS. Our previous studies suggested that a certain level of binding
affinity was required to impact co-crystallization (Fang and Catchmark, Submitted).

4.5.2 Relationship between crystallinity and enzymatic hydrolysis rate
The enzymatic hydrolysis rate of the amorphous regions is about 3-30 times faster than
the crystalline cellulose (Lynd, 2002), which leads to the concept that cellulose consists of two
regions, an amorphous region that is readily digested by enzymes and a crystalline region that is
difficult to digest. However, in some of the earlier studies where crystallinity was suggested to be
important, the cellulose substrates used were mechanically and chemically pretreated
lignocellulosic materials where crystallinity decrease was inevitably accompanied by changes in
other substrate characteristics such as particle size and surface area (Chang and Holtzapple, 2000;
Zhu et al., 2008). Studies have shown that, when the other substrate conditions are similar,
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crystallinity has no effect on hydrolysis of cellulosic substrates (Puri, 1984). On the other hand,
the values of crystallinity during the enzymatic hydrolysis do not show a significant increase due
to the removal of the amorphous components. For example, Chen et al. reported only a 2.6%
increase in crystallinity after 18% conversion of bacterial cellulose (Chen et al., 2007). In this
case, where xyloglucan was incorporated into the bacterial cellulose during cultivation, an
approximately 20% decrease in crystallinity did not cause any significant change the enzymatic
hydrolysis rate. On the other hand, only less than 10% structure change can be detected between
BC and BC-EPS where an approximately 108% increase on the initial hydrolysis rate was
observed. Therefore, crystallinity, originally thought to play a major role in hydrolysis cannot
correlate with enzymatic hydrolysis rate of heterogeneous cellulosic substrates associated with
matrix polymers.
The biosynthesis of cellulose results in the formation of a microfibril which consists of
highly ordered crystalline regions which may contain tens of glucan chains, each exhibiting a
high degree of polymerization. Higher order microfibril assembly may occur through the process
of co-crystallization, physical aggregation and bundling (Fang and Catchmark, Submitted). More
significant improvement on the enzymatic hydrolysis efficiency might come from altering
physical aggregation and bundling rather than disrupting the crystal structure of individual
microfibrils.

4.5.3 The role of cellulose binding polysaccharides on the enzymatic hydrolysis efficiency
Cellulose microfibrils are always associated with hemicellulose and lignin to from larger
organization in native plant cell walls. There is a strong consensus that lignin serves as a barrier
to cellulose hydrolysis by either physically impeding cellulase access to cellulose, or by non-
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specifically adsorbing cellulase (Yang and Wyman, 2004; Zeng et al., 2014). However, the role
of hemicellulose on the enzymatic conversion of pretreated biomass is still debatable. Ishizawa’s
study suggested that the biomass digestibility was significantly reduced due to the complete
removal of hemicelluloses (Ishizawa et al., 2009). One possible explanation for this effect is that
the removal of hemicellulose and lignin allows the aggregation of the adjacent hemicellulose-free
cellulose microfibrils. Cellulose microfibril aggregation are important determinants of enzymatic
digestibility (Cosgrove and Jarvis, 2012; Ding et al., 2012). The ideal lignocellulosic biomass
pretreatment should maximize lignin removal and minimize hemicellulose modification (Ding et
al., 2012). Our results also supported that conclusion that the presence of hemicellulosic
polysaccharides would not block the accessibility between cellulose and cellulase. Some types of
polysaccharides can even facilitate this process by altering the lateral association of cellulose.

4.6 Conclusion
This study sought to determine the role of water-soluble polysaccharides on the
enzymatic hydrolysis of cellulose. FESEM, XRD and FTIR were applied to investigate the
morphological and structural features of the cellulose composites. BC produced in the presence of
xyloglucan exhibited 20% reduction in crystallinity and 28% reduction in Iα content. However,
no difference between BC-XG and BC composites can be detected suggested that the structural
features of individual crystals may not have any significant impact on the overall digestibility.
On the other hand, the presence of bacterial EPS and glucomannan results in a modified
cellulose network, without significantly altering the crystal subunits structure. The cellulase acted
on bacterial EPS incorporated bacterial cellulose approximately one times faster than that on
hemicellulosic polysaccharides incorporated bacterial cellulose during the initial hydrolysis
phase. The incorporation of glucomannan could also significantly improve the enzymatic
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conversion of cellulose to glucose by extending the fast hydrolysis phase. The presence of water
soluble polysaccharides will not block the accessibility between cellulose and cellulase.
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Chapter 5

Structure characterization of native cellulose during dehydration and
rehydration

5.1 Abstract
The goal of this study is to investigate the hydration and dehydration induced structural
changes of native cellulose. Never dried cotton, and never dried bacterial cellulose with and
without added matrix polymer xyloglucan, are examined under the influence of dehydration and
rehydration. Significant crystal structure changes were observed in the later stage of drying for
both cotton and BC. The 1% lateral expansion in glucan chain spacing and 17% decrease of
calculated Scherrer dimension were detected for cotton due to the distortion of the structure
possibly caused by mechanical stresses associated with drying. No detectable changes on average
glucan chain spacings were observed for large BC crystals. However, an average width decrease
by 4.4 nm was discovered in the (010) direction, which was more significant than that observed in
the (100) and (110) directions. It is hypothesized that co-crystallized elementary fibrils
preferentially disassociate along the (010) plane resulting in a significant reduction of crystal
width. In the BC-xyloglucan model composite, the presence of xyloglucan does not interfere with
the dehydration behavior. Rehydration leads to some structural changes but to a lesser extent than
the initial drying. High temperature dehydration induced deformation and crystal size changes are
found to be non-reversible due to the removal of the last hydration layer on the cellulose surface.
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5.2 Introduction
Water plays an important role in the physicochemical and mechanical properties of
cellulosic materials. Depending on the sources, the water content in the native state of plant and
algae cell walls can vary from 75% to 90%. Higher water content has been observed in bacterial
cellulose (BC) and other sources (Davidson et al., 2004; Jarvis, 2011; Seifert et al., 2004). Water
molecules are also involved in the cellulose glucan chain assembly. The surrounding water
molecules may compete for hydrogen bonding between glucan chains in the early stage of
crystallization (Cousins and Brown Jr, 1995).
Interactions between water and model celluloses have been extensively investigated.
Molecular simulations of cellulose crystals in aqueous solution have demonstrated multiple
molecular layers of highly ordered water on the crystal surfaces (Heiner et al., 1998; Matthews et
al., 2006). Water affects the topmost surface layer of crystalline cellulose and induces the
conformational changes of the surface glucan chains from trans-gauche to gauche-gauche and/or
gauche-trans (Heiner et al., 1998; Hill et al., 2010; Newman and Davidson, 2004). However,
water molecules can only influence the hydrogen bonding network of crystal surfaces and
disordered interfaces, which has been confirmed by H/D isotope exchange experiments of
cellulose (Maréchal and Chanzy, 2000). The effect of water on cellulose structure and its physical
properties have been investigated by various techniques, including differential scanning
calorimetry (DSC) (Nakamura et al., 1981), X-ray diffraction (XRD) (Astley et al., 2001; Fink et
al., 1997), 13C nuclear magnetic resonance (NMR) spectroscopy (Carles and Scallan, 1973;
Newman and Davidson, 2004), and infrared (IR) spectroscopy (Hu and Hsieh, 2001; Liu et al.,
2010). Both simulation and experimental results suggest that the water in cellulose samples does
not just behave as a bulk water medium but also actively participates in the cellulose structure and
function.
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The change in the state of water in cellulose is important to its structural and mechanical
properties. For example, the majority of the cellulose structural characterization studies used
freeze dried and air-dried samples. Those two dehydration methods impact cellulose differently.
Cellulose which was dehydrated using freeze drying exhibited higher crystallinity than that
dehydrated using air drying (Peng et al., 2013). Several studies performed at different hydration
levels investigate the structure change at different water content from different cellulose sources
such as wood (Abe and Yamamoto, 2005; Toba et al., 2012), cotton (Hu and Hsieh, 2001), BC
(Astley et al., 2001; Fink et al., 1997) and microcrystalline cellulose. Those studies detected the
change of the spacing between hydrogen-bonded sheets of cellulose and crystal size. However,
some of the studies contained several limitations: 1) Some of the XRD studies were performed
under reflection mode. Water soaking the sample limited the depth of penetration of the beam.
Therefore, the reflected beam could come from a thin surface layer of the sample instead of the
entire sample. Using transmission mode can overcome this problem (Hill et al., 2010; Manjunath
et al., 1973). 2) The number of data points at different hydration levels was not enough to draw a
conclusion. Our results suggested that the most significant change in crystal size may occur
around moisture levels from 20 to 60%. 3) Some of the sample preparation methods such as
heating may irreversibly modify the native cellulose structure.
In this study, we performed XRD on untreated hydrated and dehydrated cotton and BC
cultivated with and without xyloglucan. BC-xyloglucan composites were investigated since it is
well known that the presence of xyloglucan during BC cultivation impacts the structure of the
cellulose produced. Experiments performed at different hydration levels investigated the cellulose
crystal structure changes during drying.
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5.3 Materials and Methods

5.3.1 Preparation of cotton and BC
G. hansenii ATCC 23769 (provided by the bioresource center of American Type Culture
Collection) was cultured in a standard Hestrin-Schramm (HS) medium containing 2% (w/v)
glucose, 0.5% (w/v) peptone, 0.5% (w/v) yeast extract, 0.27% (w/v) Na2HPO4, 0.1% (w/v)
MgSO4 and 0.12% (w/v) citric acid (Hestrin and Schramm, 1954). Xyloglucan (from tamarind
seeds, Megazyme, Lot #90102a) was included in the fermentation medium as 0.5% solutions to
produce the composites of xyloglucan and cellulose. At the end of a 2-day incubation, the
pellicles were collected, and extensively washed with DI water until a pH of 7 was achieved.
Cotton from G.hirsutum was provided by Dr. Candace Haigler from North Carolina State
University. Cotton fibers were harvested at 50 days post anthesis (dpa) and were stored in 0.02%
sodium azide solution.

5.3.2 Monosaccharide analysis
The monosaccharide composition of cellulose composites was determined after
hydrolysis in 72% H2SO4 at 30°C for 1 h, followed by diluting the H2SO4 solution to 4%,
autoclaving for 1h, and neutralization with 0.1 mol/L NaOH (Sluiter et al., 2008). The analysis of
monosaccharides of the hydrolyzates was performed on a Dionex ICS-5000 Capillary ReagentFree IC System (Dionex, Sunnyvale, CA) and a CarboPac 20 column (Dionex, Sunnyvale, CA).
Monosaccharides were identified by comparison to the retention times with monosaccharide
standards.
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5.3.3 Dehydration of cellulose sample
Hydrated cellulose samples were centrifuged at 4000 rpm for 15 min (mwet) according to
the procedure of Jayme and Rothamel (Jayme and Rothamel, 1948), and dried at 120°C until a
constant weight (mdry) was obtained. The water content of the cellulose samples was calculated as
(mwet - mdry)/mwet. The water holding value (WHV) was the mass of water removed during drying
divided by the dry weight of cellulose (mwet - mdry )/ mdry. The standard deviation of the all the
values were calculated based on four measurements.

5.3.4 X-ray diffraction (XRD)
X-ray diffraction spectra were recorded using a Dmax Rapid diffractometer (Rigaku,
Janpan) with Cu Kα radiation generated at 45 kV and 40 mA. The diffractometer was used in
transmission mode with 0.8 mm collimator. All the samples were initially water saturated and
measurements were taken under ambient conditions. The never dried cellulose was placed
perpendicular to the X-ray beam. A continuous measurement was performed with a 1 minute
exposure time and 2 minute gap interval between the scans until no water signal could be
detected. For calibration, a thin layer of silicon was applied to the surface of the cellulose film.
The position of the silicon peak was constant during the whole drying process. Two-dimensional
diffraction ring patterns were recorded for each measurement. Diffraction profiles were obtained
by integrating the intensity of the 2D diagrams over definite angular sectors. The intensity at each
2θ was averaged with respect to the azimuthal angle (φ) to obtain a one dimensional diffraction
pattern.
A pseudo voigt function was used to profile the peak shape and area, assuming a linear
background. Two broad peaks at around 21.5° and 28.5° were assigned to the amorphous matrix
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and water contribution, respectively. Values of d-spacing for each reflection were calculated from
peak maxima by curve fitting. Bragg’s equation was used to calculate all values of d.
The dimension of the crystal perpendicular to the diffracting planes with hkl Miller
indices, Bhkl, was evaluated by using Scherrer’s expression (Nieduszynski and Preston, 1970):

𝐵ℎ𝑘𝑙 =

𝐾𝜆
√(Δ2𝜃)2 −(Δ2𝑖𝑛𝑠𝑡 ) 2 𝑐𝑜𝑠𝜃

Bhkl is the average crystalline width of a specific phase; K is the shape factor (K=0.9); λ is
the wavelength of incident X-rays (λ = 0.15418 nm); θ is the center angle of the peak; Δ2θ is the
FWHM of the reflection peak and Δ2θinst is the instrumental broadening.

5.3.5 Thermogravimetric analysis
A thermogravimetric analyzer (TGA) instrument (Q500 TGA, TA instruments-Water
LLC, New Castle, DE) was used to record the weight loss during high temperature drying. 15 mg
air dried cellulose samples were placed in the TGA furnace. Experiments were run isothermally
at 120° C in a nitrogen gas purge (40 ml/min) until no weight change can be detected.

5.4 Results and discussion

5.4.1 Cellulose substrates characteristics
Two different types of native cellulose substrates were chosen in this study: cotton and
BC. Mature cotton fibers are composed of cellulose and a small percentage of proteins, waxes,
pectins and inorganics. Cotton fibers are highly elongated seed epidermal cells with about 95%
cellulose at the later stage of the development (Huwyler et al., 1979). Cotton samples are often
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ideal research specimens because they are easily isolated cellulose with distinct developmental
stages of primary cell wall and secondary cell wall synthesis (Haigler et al., 2012). The
crystallinity and crystal size increased with development and remained constant after cellulose
deposition is complete at 40 dpa (Hsieh et al., 2000). There is a natural dehydration process
which occurs after secondary wall cellulose deposition is complete at 40 dpa.
In terms of the chemical structure, BC is identical to that produced by plants. However,
BC exhibits a high degree of crystallinity (70-80%), high water holding capacity (99% water) and
high Young’s modulus (15∼30G Pa) (Watanabe, 1998). BC from G. xylinus has also been used as
a model system to study cellulose synthesis and crystallization. The G. xylinus system also allows
in vivo study of interactions between cellulose and other polymers through the addition of
targeted polymers into the cultivation medium, which has been used to mimic the assembly of
plant cell walls. Extensive work has already shown cellulose structure can be impacted by the
addition of a variety of polysaccharides such as carboxymethylcellulose (CMC); fluorescent
brighteners; and hemicellulose (Haigler et al., 1980; Haigler et al., 1982; Whitney et al., 1998;
Whitney et al., 2006). The water holding capacity of BC can be increased by incorporation of
CMC during BC synthesis (Seifert et al., 2004).
G. xylinus ATCC 23769 is the strain of choice for this study, as this strain does not
produce the water-soluble polysaccharide acetan, that is characteristic of other G.xylinus strains
(Fang and Catchmark, 2011; Ishida et al., 2002). However, the monosaccharide composition
analysis shown in Table 5-1 suggested that about 4% of the BC consisted of other carbohydrates.
The isolation of cellulose by alkaline treatment can remove most of the impurities such as
bacterial cells, proteins, media components and other soluble polysaccharides, however this
treatment may alter its native structure. In order to preserve the native structure of cellulose, only
a thorough DI water rinse is employed in this study.
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Table 5-1: Monosaccharide composition of cellulose substrates determined by IC.
Cellulose substrates Arabinose Galactose Glucose Mannose Xylose
BC

-

1.7%

95.7%

2.6%

-

BC+XG

-

8.3%

81.6%

1.1%

9.0%

Cotton

0.5%

-

97.9%

-

-

In this study, composites of BC and xyloglucan, produced by culture the G.xylinus in
media containing tamarind xyloglucan, were introduced to examine the matrix polymer’s effect
on dehydration behavior of cellulose. The monosaccharide composition of tarmarind xyloglucan
determined by acid hydrolysis is xylose 28.2%, glucose 51.4%, galactose 18.6%, and arabinose
1.8%. Xylose and galactose were detected in the cellulose samples produced in the xyloglucan
containing medium. Based on the monosaccharides analysis result of pure xyloglucan, 33%
xyloglucan was incorporated into the BC films. Similarities were found between morphological
and structural features of BC-xyloglucan composites and those of cell walls (Hackney et al.,
1994; Whitney et al., 1999; Whitney et al., 2006). BC produced in the presence of xyloglucan
samples was found to contain more Iβ cellulose as found in higher plants, and exhibited decreases
in crystallinity and crystalline sizes (Atalla et al., 1993; Gu and Catchmark, 2012). Although the
BC-xyloglucan composite system is not a perfect analog of the plant cell wall, it serves as a
useful model for study (Atalla et al., 1993; Chanliaud et al., 2002; Park and Cosgrove, 2012;
Whitney et al., 1999).

5.4.2 Water content of cellulose samples
Both BC and cotton fibers are highly hydrophilic and porous. The water holding capacity
of BC ranges from 60 to 700 times to its dry weight (White and Brown Jr, 1989). Cellulose
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present in other sources such as cotton and wood exists in a more compacted state as compared to
BC. The molecular weight, degree of crystallinity and molecular orientation has a strong
influence on water sorption properties (Klemm et al., 2001). The cultivation conditions such as
the volume and components can also determine the water holding capacity of BC (Brown Jr,
1990; Klemm et al., 2001; Seifert et al., 2004).
The WHV of BC, xyloglucan incorporated BC and cotton was determined after
centrifugation. As shown in Table 5-2, the WHV of never dried BC is 73 times its dry weight.
The WHV for BC is about 11 times higher than that of cotton. WHV was expressed as the weight
of water held per unit dried weight of cellulose (the weight of xyloglucan was excluded from the
dried weight of the sample). The xyloglucan incorporated BC showed no significant change in
water holding capacity of cellulose, which indicates that xyloglucan does not induce any pore
structure change of cellulose.
Table 5-2: Water content of cellulose samples.
Cellulose

WHV

Water content in never dried

Water content in air

substrates

(g water/g cellulose)

cellulose after centrifugation (%)

dried cellulose (%)

BC

73.2±1.0

98.6%±0.1%

3.2%±0.15%

BC+ Xyloglucan

71.6±0.3

97.9%±0.1%

3.1%±0.18%

Cotton

6.0±0.4

85.7%±0.1%

4.5%±0.23%

During the dehydration process, fully hydrated samples lose water until they reach a
constant weight. Early in this process, the cellulose surface will be kept “sufficiently wet” by the
movement of free water in the cellulose (Schlünder, 2004). Water loss appeared to slow when the
water content changed from approximately 40 % to 10%. The decrease in the drying rate at this
stage can be attributed to a change in drying mechanism. The movement of the remaining less
mobile water is not sufficient to replenish free water loss at the surface. The drying behavior at
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this stage is dependent on the smaller features of BC such as pore volume and geometry (Park et
al., 2006a).
Cellulose surfaces dried at ambient conditions still have water adsorbed onto them. At the
end of ambient isothermal drying, there is 3.2 and 4.5% water absorbed to BC and cotton,
respectively. Driemeier and Bragatto reported that the amounts of absorbed water in a variety of
highly processed plant cellulose is linearly proportional to the reciprocal of crystal size calculated
from XRD (Driemeier and Bragatto, 2012). According to our data, this rule may be also applied
to native cellulose.

5.4.3 Crystal structure change during drying process
Figure 5-1 shows a series of diffraction patterns measured at different hydration levels by
integrating the intensity over angular sections of the raw two-dimensional data. For BC and
cotton at all dehydration levels, five diffraction faces, namely, (100)/(1-10), (010)/(110), (-112)/(002), (110)/(200) and (-1-14)/(004) according to the triclinic and monoclinic indexation
(Sugiyama et al., 1991) could be recognized. All the reflections are measurable even when the
hydration level is above 90%. Therefore, we can conclude that both BC and cotton were at least
partially crystallized in the fully hydrated state.
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Figure 5-1: X-ray diffraction profiles of native BC during the drying process (A) BC (B) Cotton.
MC=Moisture content.
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XRD patterns of cellulose reflections containing water have to be carefully analyzed to
reflect the true crystalline structure of the hydrated cellulose. Each diffraction pattern presented a
superposition of the intensities of cellulose and water signals. The water signal contributed to a
broad background in the angular range from 20°-35°. The fact that water absorbs X-ray energies
indicates that water in any sample contributes not only to the background scattering but also to
the intensities under the crystalline peaks near the water signal. The fitting method applied in this
study was developed based on a linear combination of the intensities from crystalline cellulose,
water and amorphous matrix. A psedo-Voigt function was used to simulate the overlapping
cellulose reflection and diffuse water background. A psedo-Voigt function most closely matches
the line shapes observed in XRD diffractograms of cellulose (Wada et al., 1997) . Values of dspacing of each reflection were calculated from deconvoluted peak maxima. To verify the
accuracy of this method, we applied a quantitative approach to subtract the actual experimentally
obtained water diffractogram first and then fitted the crystalline cellulose and amorphous matrix
peaks with the psedo-Voigt function. The approach was also used in previous reports for never
dried cotton structure characterization (Hu and Hsieh, 2001). The two methods yield consistent
results in terms of d-spacing and crystal dimensions.

5.4.4 Lattice spacing change during drying process
The diffraction peak measured at a specific angle corresponds to a d-spacing of the planes
reflecting the incident X-rays. The d-spacing values are then related to the distance between
glucan chains in each crystal face. Figure 5- 2A presents the shifts of the d-spacing determined
from the reflections (200)/(110) in the cotton and BC samples as a function of drying time.
Significant increase in lattice spacing can be detected in (1-10), (110) and (200) reflections of
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cotton samples. The (200) reflection moved towards lower scattering angles, which indicated a
larger separation between hydrogen-bonded cellulose sheets. The d200 of hydrated cotton enlarged
1.01% upon drying as shown in Table 5-3.
The deformation of cellulose microfibrils induced by dehydration has been reported by
previous studies. Abe and Yamamoto observed that the cellulose unit cell expanded 1.51% in the
perpendicular direction in softwood samples during water desorption (Abe and Yamamoto, 2005,
2006). They proposed that the lateral expansion of the microfibrils is an elastic deformation
caused by the swollen matrix which compresses the fibrils under wet conditions and releases
them under dry condition (Abe and Yamamoto, 2006). Depending upon the degree of hydration,
capillary forces of water may also be responsible for the lateral expansion of the cellulose
microfibrils upon moisture change. Zabler et al. proposed that the evaporation of ordered
molecular layers of water on the hydrophilic surface of the microfibrils could create compressive
stresses which are sufficient to shorten the lateral spacing by ~0.6% (Zabler et al., 2010).
No significant changes in the positions of the (004)/(-1-14) upon drying were detected
within the precision of the experiment in any of the samples studied as shown in Table 3. Lateral
contraction of cotton cellulose fiber can be explained by the isotropic forces due to the release of
water, as the modulus of elasticity parallel to chain is 15 times higher than that perpendicular to
chain (Diddens et al., 2008). Therefore, the (004) plane is more resistant to the isotropic
compression than the (110), (1-10) and (200) planes.
On the other hand, the change in lattice spacing shifts in the BC samples was less
pronounced. No detectable changes of peak position were observed on deconvoluted XRD
patterns, which was consistent with the previous study (Astley et al., 2001). We believe that
crystals with larger dimensions in BC are more resistant to the water or water/amorphous matrix
distortion consistent with the data presented in Table 5-3.
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Table 5-3: Shifts of the d-spacing corresponding to the 110/200 and 004/-1-14 reflections in BC
and cotton during drying.
Cellulose

2θ200/110 shift

d200/110 shift

Δ200/110
(%)

2θ004/-1-14 shift

d004/-1-14
shift

Δ004/-1-14
(%)

Cotton

22.62 22.40

3.93 3.97

1.01%

34.36 34.18

2.61 2.62

0.38%

BC

22.64 22.57

3.93 3.94

0.25%

34.39  34.37

2.61 2.61

0%

BC+XG

22.50 22.50

3.95 3.95

0%

34.35  34.35

2.61 2.61

0%

5.4.5 Lateral dimension change during drying process
The crystal size depends on the source and processing of cellulose. In most plants, the
crystal size is about 3 nm, which is consistent with 24-36 cellulose chains synthesized within a
rosette (Somerville, 2006). Recently a microfibril model consisting of 18 glucan chains has been
examined which may also be appropriate (Kennedy et al., 2007). The larger crystals found in
cotton and microbial cellulose are not consistent with these values. Crystal sizes larger than 8 nm
have been observed in BC and even larger sizes in algae cellulose. Low amounts of noncellulosic
polymers is usually associated with larger and variable crystallites (Jarvis, 2011). These larger
crystals may from through the process of co-crystallization where multiple elementary cellulose
fibrils combine (Fang and Catchmark, Submitted). This is consistent with larger crystals being
observed in systems where minimal other matrix polymers could interfere with co-crystallization.
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Figure 5-2: d-spacing (A) and crystal size (B) change in BC and cotton as a function of drying
time.
The Scherrer equation is a routine method for crystal dimension estimation in three
transverse directions. However, there are at least two major issues associated with the crystal size
calculation: 1) The native cellulose is usually a mixture of triclinic Iα and monoclinic Iβ, so the
reflection peaks are the superposition of these lattice types, which broadens the observed line
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shapes and results in an underestimation of the crystal dimensions. For example, Fink et al.
proved that neglecting this factor for Valonia cellulose could lead to about 20% underestimation
of the real crystal size values (Fink et al., 1995). Previous studies suggested that allomorph
transition generally occurs through the addition of other polymers such as xyloglucan during
cellulose synthesis or a heat annealing treatment (Gu and Catchmark, 2012; Horikawa and
Sugiyama, 2008, 2009). Therefore, the overlapping of Iα and Iβ is not involved in the following
discussion. 2) The width of an XRD reflection is generally influenced by instrumental effects,
lattice distortions and crystallite size. Lattice distortion is another factor neglected by Scherrer
equation. The mechanical stress associated with drying can create various strains during drying,
which can also broaden the diffraction peak width, which may cause less than 10% deviation of
the fully corrected values (Fink et al., 1995). Even with these over-simplifications and
uncertainties of the Scherrer expression, the crystal size for dry cellulose samples estimated from
the XRD peak width appears to correlate reasonably with the NMR results (Bootten et al., 2008)
and the surface area determined from water adsorption isotherms (Driemeier and Bragatto, 2012).
However, the change in the surface crystal packing induced by drying stresses should be
considered when interpreting the crystal size change from the hydrated state.
In the hydrated state, the calculated Scherrer dimension was 4.7 nm (mean value) normal
to the (200) plane and 5.4 nm (mean value) normal to the (1-10) and (110) planes. In the air dried
state, those Scherrer dimensions decreased to 3.9 and 4.4 nm, respectively. The observed Scherer
dimension decreased isotropically in the three lateral directions of cotton fibers in the late stage of
dehydration. We hypothesize that the observed approximately 17% peak broadening in the dried
cotton fibers may be attributed to increased disorder of surface glucan chains resulting from
dehydration induces stresses. Such stresses may have a more significant impact on the
organization of surface glucans, which are believed to be generally less ordered than interior
glucans.
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There is no detectable change in any measured cellulose crystal size or peak position
when the moisture content changes from 95% to 75% as shown in Figure 5-2. However, in the
case of cotton, when the moisture content decreased below approximately 75%, the average
crystallite width decreased and the d-spacing increased suggesting that the removal of water
resulted in increasing disorder of the outer glucan chains. Increasing disorder in the outer glucan
chains resulted in smaller crystal sizes as observed by XRD analysis. Increasing disorder appears
to result in an increase in average d-spacing.
Table 5-4: Shifts of the d-spacing corresponding to the 110/200 and 004/-1-14 reflections in BC
and cotton during drying Crystal size (Cr) change corresponding to the 110/200 and 004/-1-14
reflections in BC and cotton during drying.
Cellulose

Cr010/110 change (nm)

Δ010/110 (%)

Cr110/200 change (nm)

Δ110/200 (%)

Cotton

4.7 3.9

17.0%

5.4 4.4

18.5%

BC

13.0 8.6

33.8%

7.9 6.8

13.9%

BC+XG

13.3 8.2

38.3%

7.2 6.4

11.1%

The change of all the three lateral dimensions in BC was presented in Table 5-4. Unlike
cotton, the average crystal dimensions of BC decreased in an anisotropic manner. A 1 nm crystal
size decrease was observed in the (100) and (110) directions. The (010) crystal width, however,
decreased from 13.0 nm to 8.6 nm which represents a width decrease of 33.8% from the never
dried to the dry state. Crystal size reduction to such an extent requires the surface disordered
cellulose to be at least one third of the total cellulose, which is not supported by the assumption
that only the outer glucan chain layer is disrupted as proposed in the case of the cotton cellulose.
We therefore speculate that the crystallite disassembly contributes to the sharp decrease in (010)
dimension.
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Figure 5-3: Schematic representation of the average cross sectional dimensions of the cotton
cellulose (A) and BC (B). Black rectangles represent crystalline cellulose chains. Transition
layers surround crystallites are represented in dark gray.

The cellulose biosynthesis process will influence the microfibril dimensions but
rearrangement may occur under the influence of other conditions such as changes in the water
content and the presence of other compounds at the time of cellulose synthesis. In the case of
G.xylinus, the elementary fibrils containing10-15 glucan chains are first synthesized from
terminal complexes (Czaja et al., 2006; Valla et al., 2009) then undergo additional association
including crystallization, co-crystallization, physical aggregation and bundling (Fang and
Catchmark, submitted). The glucan sheets formation along the (010) plane with the smaller dspacing would be more energetically favorable than the (100) plane with the longer d-spacing
according to molecular mechanics calculations, which might determine the direction of the initial
stage of crystallization in water (Cousins and Brown Jr, 1995; Nishiyama, 2009). Van der Waals
forces are dominant in the assembly of glucan sheets along the (010) and (100) planes. While
hydrogen bonding leads to the association of these sheets to form the microfibril. The hydrogen
bonding associated with the (010) plane was most significantly disrupted by drying. Based on
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these observations, we propose that co-crystallized elementary fibrils disassociate along the (010)
plane resulting in the significant decrease in the crystal size observed along that plane.
Two types of surfaces are generally involved in cellulose water interactions. The surfaces
with smaller d-spacing (monoclinic (1-10)/triclinic (100)) are denser and were found to be 25%
more hydrophilic than the surfaces (monoclinic (110)/ triclinic (010)) with larger d-spacing
(Heiner et al., 1998), which is likely to become another factor driving the anisotropic crystal
disassembly.
The crystals, especially the relatively large ones in BC, are unlikely to behave in a
completely homogenous manner because of natural variations in the cross section of the cocrystallized microfibrils and in the specific water cellulose interaction. The Scherrer dimension of
the crystal domains at different stages of drying represents only a weight average distribution of
dimensions throughout the sample. The reorganization of the crystal is a statistical phenomenon,
with crystals of different sizes. (Atalla and Isogai, 2012)

5.4.6 The effect of water accessible polysaccharides during drying
When explaining the deformation of cellulose crystallites in the native plant cell wall due
to water desorption/adsorption, several previous studies took into account the non-cellulosic
matrix, especially in the lignin and hemicellulose rich samples (Abe and Yamamoto, 2006; Toba
et al., 2012; Yamamoto et al., 2010). One popular mechanism suggested that water filled
hemicellulose matrix in softwood samples caused stresses, which were released during drying
allowing the cellulose unit cell expansion. But other groups also proposed that the
lignin/hemicellulose matrix was unlikely to generate enough pressure to deform cellulose
microfibrils (Zabler et al., 2010). In this study, two types of samples-cotton and BC both contain
more than 95% cellulose, in which the presence of matrix polysaccharide are not as significant as
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those softwood samples. But the hydration induced deformation can still be observed in those
highly crystallite cellulose polymers in a similar direction. It is not clear whether the lateral
expansion of glucan chains can be generated by the water accessible matrix components or
specific water–cellulose interactions are necessary to generate the high stresses.
To further test the effect of water accessible cellulose binding polysaccharides on crystal
deformation during dehydration, we produced composites of approximately 70 % cellulose and
30% xyloglucan by introducing xyloglucan into the culture media during cellulose synthesis. BC
produced in the presence of xyloglucan was found to contain more Iβ cellulose and exhibited
decreases in crystallinity and crystalline sizes (Atalla et al., 1993; Gu and Catchmark, 2012;
Uhlin et al., 1995; Whitney et al., 2006). An atomistic simulation study suggested that the
presence of xyloglucan increased the disordered cellulose content and therefore increased the
overall accessibility of water (Hanus and Mazeau, 2006). However, that association between
xyloglucan and cellulose in the matrix did not cause any significant differences in the change of
crystal size, as shown in Table 4. Furthermore, there was almost no difference in average glucan
chain spacing because the d-spacing shifts in both control BC and xyloglucan-BC were both
negligible, as shown in Table 3. Therefore, the theory concerning the reversible swelling and
shrinkage of the cell wall matrix due to moisture changes is considered less plausible in this
study. Instead, we proposed that the condensation and evaporation of ordered molecular layers of
water impacts the structure of cellulose in two ways: 1) the removal of the ordered molecular
layers of water impact the structure of the outer most glucan layer on cellulose surface; 2)
macroscale shrinkage and deformation impose micro and nanoscale stresses on the cellulose
fibrils which impact both surface and interior glucans.
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5.4.7 The effect of rehydration on crystal packing
Water associated with cellulose exhibits different properties than that of the bulk free
water. Water experiences a reduction in mobility when interacting with various cellulose surfaces.
This water is referred to as “bound water” or “non-freezable water” (Nakamura et al., 1981; Park
et al., 2006b). Molecular mechanics simulations of native cellulose crystals have shown multiple
molecular layers of highly ordered compact water forming on the surface of cellulose microfibrils
(Heiner and Teleman, 1997; Matthews et al., 2006). Likewise, experiments on the heat released
when moisture interacts with cellulose indicated that initially absorbed water molecules were
more strongly attracted to the cellulose than the subsequently absorbed water (Rowland, 1977).
NMR studies also demonstrated that water exhibits different levels of binding with cellulose
(Carles and Scallan, 1973). This is also supported by the fact that it is very difficult to remove all
water from the cellulose surfaces, and air dried samples generally contain 3-10% of residual
water (Driemeier and Bragatto, 2012; Larsson et al., 1997). Previous studies suggested that the
water content of air dried cellulose samples is dominated by monolayer hydration at ambient
conditions (Driemeier and Bragatto, 2012; Kocherbitov et al., 2008). For example, in cotton
cellulose a monolayer of water forms at the moisture content of 3.27%. The formation of a perfect
monolayer would lead to a dramatic decrease in entropy (Kocherbitov et al., 2008). Water vapor
absorption isotherm indicated that multilayer adsorption occurs at higher moisture levels. The
overall bound water content in cotton ranged from 0.10 g/g to 0.15 g/g determined by different
techniques (Carles and Scallan, 1973; Ogiwara et al., 1970).
As shown in Table 5-5, the water absorption ability of both the BC and cotton examined
was partially lost through the drying process. After air-drying the BC films and immersing them
in water overnight, the water holding capacity drastically decreased. When air dried samples were
rehydrated, the crystal size and d-spacing changed again. As a result of water adsorption onto the
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crystalline cellulose surface, the changes in cellulose packing were partly reversible. The
mechanical stresses caused by water-cellulose interactions deform cotton and BC. The
rehydration leads to some changes but to a lesser extent than the initial drying because the
cellulose swells to a much lower extent after being dried and rehydrated.
As mentioned in the previous section, some elementary co-crystalized fibrils dissociate
from larger crystals due to hydration stresses. The initial drying also causes an irreversible
physical contraction of the cellulose fibers. Unlike the initial drying cycle, the rehydrationinduced crystal size change for BC microfibrils became less anisotropic. The disassociated cocrystallized elemental fibrils then physically aggregate and therefore become more resistant to the
subsequent rehydration process. Only the surface glucan chains in both BC and cotton were
subject to the rehydration induced stress. We can conclude that the initial air dehydration had a
greater impact on the BC crystals than the subsequent rehydration process.
However, no changes were observed for the rehydration of the 120°C oven dried
samples, which indicates the high temperature dehydration induced deformation and crystal size
change is non-reversible. To better understand the high temperature drying process, 15 mg air
dried BC was placed in a TGA furnace and isothermally dried at 120 °C until the weight change
was negligible. 0.5 mg weight loss was observed and attributed to the release of the strongly
bound water. The 3% weight loss may relate to the removal of the monomolecular hydration layer
in cellulose as discussed above. Therefore, we can conclude that 120°C oven dry can remove the
majority of the last hydration layer remaining in the air dried samples.
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Table 5-5: Crystal size (Cs) change during rehydration
Cellulose

Cs010/110 change

Δ010/110 (%)

Cs110/200 change (nm)

Δ110/200 (%)

(nm)
Air dried cotton

3.9 4.5

13.3%

4.4 5.2

15.4%

Oven dried cotton

4.3 4.4

0.2%

4.4 4.5

0.2%

Air dried BC

8.7 10.6

17.9%

6.9 8.0

13.8%

Oven dried BC

9.3 10.0

0.7%

7.3 7.9

0.8%

The lack of change in crystal size for oven dried samples as shown in Table 5-5 suggests
that the disordering of glucan chains is generally irreversible when the majority of bound water is
removed. This may suggest that cellulose glucan chain hydrogen bonding which occurs when the
last hydration layer is removed cannot be disrupted when water is reintroduced into the system.
However, when a monolayer of water is present on the surface of the glucan chains, additional
water can further hydrate the chain providing sufficient mobility for the chain to at least partially
reintegrate into the cellulose crystal resulting in an increase in crystal size.

5.5 Conclusions
In this study, significant changes in the nanostructure of native cellulose were observed
during dehydration and rehydration. Cotton cellulose crystals demonstrated a lateral expansion
during dehydration, but hardly any dimensional changes in the longitudinal direction. Mechanical
stresses associated with dehydration may contribute to this change. BC crystals are found to be
resistant to such changes possibly because of their larger size. The large BC crystals assembled
from co-crystallized elementary fibrils may disassociate along the (010) plane during the initial
drying process. The matrix polymer xyloglucan did not play a significant role in the drying
behavior of the samples. The changes in molecular packing were partly reversed in the air dried
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samples. However, the oven-dried samples demonstrated no change following rehydration. This
difference implies that the strongly bound water absorbed onto cellulose critically impacts the
crystal structure of cellulose during dehydration and rehydration.
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Chapter 6

Conclusion and Future work

6.1 Conclusions
The principle objective of this research is to understand the role of non-cellulosic
polysaccharides and water on the structure and formation of cellulose. In this work,
Gluconactebacter was used as a model system to study the effect of different water soluble
polysaccharides on the high order assembly of cellulose at different stages.
More than one type of water soluble EPS could be produced from G. hansenii ATCC
53582. We classified the EPS mixtures into two groups based on their affinity to BC: free EPS
and HE-EPS. HE-EPS extracted from the BC pellicles using 4M NaOH were distinct from those
precipitated from the supernatant in terms of monosaccharide composition and molecular weight.
The addition of 1 g/L HE-EPS into the cultivation medium disrupted the alignment of physically
aggregated cellulose crystals and induced a morphological modiﬁcation from a ribbon to loose
bundles of cellulose microfibrils. This is in contrast to results from previous studies on
xyloglucan, xylan and glucomannan, where the presence of the HE-EPS disrupts crystal
alignment without impacting the co-crystallization process.
The effect of galactose and glucose as carbon sources on BC and water-soluble EPS
production was studied in Chapter 2. Galactose was not well metabolized into cellulose by ATCC
23769, ATCC 53524 and ATCC 53582 strains that exhibited high cellulose production in glucose
medium, while ATCC 700178 was the best cellulose producer in galactose medium. ATCC
23769 could serve as a good model system for cellulose synthesis and interaction with other
polymers because it does not produce any significant amount of water-soluble EPS. The amount
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of cellulose and water-soluble exopolysaccharides produced varied based on the strains, which
suggests different synthetic pathways or related enzyme activity among strains. This chapter also
described structural and morphological features of the cellulose composites produced from
glucose and galactose medium in four Gluconacetobacter strains. The presence of HE-EPS might
modify the cellulosic network through surface coating or self-aggregating. The changes on
crystallinity and crystal size were related to the amounts of HE-EPS incorporated into cellulose
composites. The (010) plane of the cellulose microfibrils was more subject to HE- EPS
modification as compared to the (100) and (110) planes. An additional peak around 18.8° in the
XRD patterns of BC produced from galactose medium from ATCC 53524 and ATCC 700178
suggested the synthesis of a cellulose-like crystalline product when galactose serves as the
exclusive carbon source.
The surfaces of cellulose microfibrils are in intimate contact with hemicellulose and other
small molecules during the plant cell wall synthesis, and those polysaccharides my disrupt, coat
or crosslink cellulose microfibrils. This process has significant impacts on the crystal structure
and degradability through chemical and enzymatic processes, which is the main focus of many
engineers aiming to produce biofuels and other useful chemicals from lignocellulosic biomass.
The presence of cellulose binding polysaccharides results in a modified cellulose network, where
added polysaccharides interacted with cellulose via local deposition, surface coating and cross
linkages between cellulose ribbons, without significantly altering the crystal subunits structure.
We discovered that the cellulase acted on bacterial EPS incorporated bacterial cellulose
approximately one times faster than that on plant EPS incorporated bacterial cellulose during the
initial hydrolysis phase. The incorporation of glucomannan could significantly improve the
enzymatic conversion of cellulose to glucose by extending the fast hydrolysis phase. No
difference between BC-XG and BC composites can be detected suggested that the structural
features of the cellulose may have less impact on overall digestibility than expected. Cellulose
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microfibril aggregation and bundling are important determinants of mechanic performance and
enzymatic digestibility.
Water in cellulose samples does not just behave as a bulk water medium but also actively
participates in the cellulose structure and function. Significant changes in the nanostructure of
native cellulose were observed during dehydration and rehydration. Cotton cellulose crystals
demonstrated a lateral expansion during dehydration, but hardly any dimensional changes in the
longitudinal direction. Mechanical stresses associated with dehydration may contribute to this
change. BC crystals are found to be resistant to such changes possibly because of their larger size.
The large BC crystals assembled from co-crystallized elementary fibrils may disassociate along
the (010) plane during the initial drying process. The matrix polymer xyloglucan did not play a
significant role in the drying behavior of the samples. The changes in molecular packing were
partly reversed in the air dried samples. However, the oven-dried samples demonstrated no
change following rehydration. This difference implies that the strongly bound water absorbed
onto cellulose critically impacts the crystal structure of cellulose during dehydration and
rehydration.
Overall, it is found that the morphological and structural hierarchy of BC is defined by
sub-elementary fibrils, elementary fibrils, microfibrils and ribbons through the process of
crystallization, co-crystallization, physical aggregation and bundling. A model can be
summarized in Figure 6-1 to illustrate this cell directed and multiple stages involved process
based on this work and previous literature (Cousins and Brown Jr, 1995; Haigler and Benziman,
1982). As shown in Figure 6-1, there are 50-80 extrusion sites located in a regular row along the
long axis of the cell (Brown et al., 1976). Extruded from these sites are the 1.5 nm sub-elemental
fibrils composed of 10-16 glucan chains. The sub-elemental fibrils are too small to crystalize into
cellulose I (Zaar, 1979). It is proposed that the 3.5 nm elemental microfibril aggregates from three
adjacent sub-elemental microfibrils. The extrusion sites are sometimes grouped together, and
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such proximity and organization may facilitate the crystallization process. Several elemental
fibrils come together to co-crystallize into a 6-7 nm microfibril and physically aggregate into a
cellulose ribbon with a width of 40-60 nm, finally accumulating into a pellicle which floats on top
of the culture medium and entraps G. xylinus.

Figure 6-1: A model of hierarchical assembly of cellulose ribbon in Gluconactebacter.

The addition of certain types of non-cellulosic polymers can modify this process at
different stages. For example, certain kinds of low molecular weight dyes, e.g., fluorescent
brightener can disrupt the initial crystallization by preventing the aggregation of elementary
fibrils. Hemicellulose such as xyloglucan, xylan, and glucomannan can influence the cocrystallization by coating the microfibril surfaces. A certain level of binding affinity is required to
impact crystallization and co-crystallization, and that such binding does not disturb the
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preferential crystal orientation during physical aggregation or bundling. However, the presence
of HE-EPS can interfere with the physical aggregation processes.

6.2 Suggested future work and preliminary results
The above studies have significantly increased our knowledge of native cellulose
synthesis and crystallization. A lot more work is required to further understand the interaction of
hemicellulosic/bacterial exopolysaccharides with cellulose. The following topics are proposed:

6.2.1 Compare different cellulose purification procedures and develop the least invasive
purification protocol
Over recent years an understanding has developed of cellulose synthesized by cellulose
synthase complexes that use glucose sugars to linear chains and then assemble those chains into
crystalline ﬁbrils with well-deﬁned shapes, sizes and crystal phases under the influence of other
non-cellulosic polymers. The physical and chemical properties of cellulose are very complicated
and vary depending on cellulose sources, isolation and purification process, and aggregation
states (Atalla and Isogai, 2012). Our knowledge on the native cellulose remains incomplete
partly because most of the experimental methods require purification and drying processes.
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Figure 6-2: X-ray diffraction curves of bacterial cellulose treated with DI water and 1% NaOH.

Chapter 5 demonstrated significant change on the cotton and bacterial cellulose during
the air-drying process. We developed a simple protocol to study the never dried cellulose samples
by XRD. However, this protocol only works for the samples with high cellulose contents.
Cellulose microfibrils are always associated with hemicellulose and lignin and bundle to from
larger organization in native plant cell walls. Hard to extract exopolysaccharides (HE-EPS) are
found incorporated into the bacterial cellulose produced from Gluconacetobacter model system.
The process of preparing “pure” cellulose material involves the extraction of non-cellulosic
polymers that co-exist with cellulose through the use of harsh chemicals and sometimes elevated
temperature and dehydration. There is no doubt that these purification processes can substantially
alter the native structure of cellulose. The removal of non-cellulosic components from native
cellulose would be an important subject for future work.

124
Table 6-1: Crystallinity and crystal size of bacterial cellulose treated with DI water and 1%
NaOH.
Crystal size
<100> (nm)

Crystal size
<010> (nm)

Crystal size
<110>(nm)

Cr (peak
height) %

Cr (peak fitting)
%

NaOH wash

5.1±0.1

6.7±0.2

6.3±0.1

84.8

77.95±1.79

DI water only

5.2±0.2

7.0±0.3

6.6±0.1

60.8

50.26±0.98

Preliminary results in Figure 6-2 demonstrated the structure change of bacterial cellulose
under alkaline treatments. The bacterial cellulose was washed twice with 1% aqueous NaOH to
remove culture liquid and bacterial protein, and then were extensively washed with distilled
water. Specific concentration (~ wt 10%) NaOH solution treatment can cause the transformation
of cellulose I into cellulose II (Dinand et al., 2002; Jähn et al., 2002; Peter, 2001). As shown in
Table 6-1, the overall intensity and crystallinity of NaOH washed cellulose is significantly higher.
However, the change on crystal size of three faces is not obvious. The relative intensity of (100)
and (010) changed dramatically under different purification procedures, suggesting the
modification on the crystal alignment.

6.2.2 Linkage analysis of EPS from G. hansenii ATCC 53582
G. hansenii has the ability to produce different types of water soluble EPS. Those EPS
have different levels of affinity to bacterial cellulose. Accurate characterization of EPS produced
from G. hansenii was difficult because of the diversity of the EPS and their dependence on
cultivation conditions and bacteria strains (Kornmann et al., 2003; Moonmangmee et al., 2002).
Both free EPS and HE-EPS has a wide molecular weight distribution. The mixture of EPS was
separated into at least three major series of peaks using size exclusion chromatograph as shown in
Figure 3-2, which suggesting more than one type of EPS were present in HE-EPS.
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Linkage analysis is important since the types of glycosidic linkages are critical
parameters of the polysaccharide conformation and of their association with cellulose.
Compositional analysis of HE-EPS isolated in this work shows that only mannose and glucose
are present. Mannose is the most abundant sugar detected in the HE-EPS. The result implies that
the mannose content of the EPS may directly influence the strength of association to cellulose
Strong interactions between mannose-based polysaccharides and cellulose were predicted by
Whitney et al. because the mannose backbone shows similarities to cellulose in terms of
stereochemistry, differing only in configuration of the hydroxyl group at C2 position (Whitney et
al., 2006) . A study by Chanzy et al. showed that glucomannan extracted from ivory nut adopt a
two-fold screw conformation closely matching that of cellulose, which was further proved by
NMR analysis of glucomannan/cellulose composites (Chanzy et al., 1982; Whitney et al., 1998).
Glycosyl Linkage

Percentage

Terminally linked Glucopyranosyl residue (t-Glc)

0.7

4 linked Mannopyranosyl residue (4-Man)

0.7

4 linked Glucopyranosyl residue (4-Glc)

94.4

3,4 linked Glucopyranosyl residue (3,4-Glc)

2.1

2,4 linked Glucopyranosyl residue (2,4-Glc)

2.1

Table 6-2: Glycosyl linkage analysis of 4M NaOH treated BC produced from glucose medium of
G. hansenii ATCC 53582.

Recent binding isotherms studies showed that mixed linked glucans can adsorption onto
microcrystalline cellulose irreversibly as well (Kiemle et al., 2014). To verify whether mannose
content of EPS is directly related to the strength of association with bacterial cellulose, detailed
linkage analysis of HE-EPS on each fraction needs to be performed by methylation and nuclear
magnetic resonance. Our preliminary linkage analysis results are summarized in Table 6-2 and
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Table 6-3. The linkage analysis was performed on 4M NaOH treated bacterial cellulose instead of
purified EPS. The data in Table 6-2 suggested that the proportion of mannose residues absorbed
on bacterial cellulose (0.7%) was lower than the mixed linked glucans (4.9% estimated from the
amount of terminal glucose residues, 3,4 glucose residues and 2,4 glucose residues). It is possible
that the HE-EPS interacting with bacterial cellulose through both the mixed linked glucans and
mannans. When switching the carbon source from glucose to galactose, the percentage of mixed
linked glucans in 4M treated bacterial cellulose increased from 4.9% to 7.7%.

Glycosyl Linkage

Percentage

Terminally linked Glucopyranosyl residue (t-Glc)

0.9

4 linked Mannopyranosyl residue (4-Man)

0.6

4 linked Glucopyranosyl residue (4-Glc)

91.8

3,4 linked Glucopyranosyl residue (3,4-Glc)

1.3

2,4 linked Glucopyranosyl residue (2,4-Glc)

1.5

4,6 linked Glucopyranosyl residue (4,6-Glc)

4.0

Table 6-3: Glycosyl linkage analysis of 4M NaOH treated BC produced from galactose medium
of G. hansenii ATCC 53582
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