The Pennsylvania State University
The Graduate School
Eberly College of Science

STRUCTURAL AND FUNCTIONAL ROLES OF RNA STRUCTURE
IN REGULATORY PROCESSESS IN PLANTS

A Dissertation in
Chemistry
by
Chun Kit Kwok

©2014 Chun Kit Kwok

Submitted in Partial Fulfillment
of the Requirements
for the Degree of

Doctor of Philosophy
May 2014

The dissertation of Chun Kit Kwok was reviewed and approved* by the following:

Philip C. Bevilacqua
Professor of Chemistry
Dissertation Co-Advisor
Co-Chair of Committee

Sarah M. Assmann
Waller Professor of Biology
Dissertation Co-Advisor
Co-Chair of Committee

Tae-Hee Lee
Associate Professor of Chemistry and the Huck Institute of the Life Sciences

Scott A. Showalter
Assistant Professor of Chemistry

Song Tan
Professor of Biochemistry and Molecular Biology

Barbara J. Garrison
Shapiro Professor of Chemistry
Head of the Department of Chemistry

*Signatures are on file in the Graduate School.

ABSTRACT
The single-stranded nature of ribonucleic acid (RNA) provides plasticity for this
ancient biomolecule to fold into diverse secondary and tertiary structures, allowing it to
perform diverse biological functions. RNA structure plays critical roles in regulation of
gene expression and cellular processes. Knowledge of RNA structure therefore provides
important molecular insights regarding its function in biological systems. While much is
known about how RNA folds in the test tube under non-biological conditions, our current
understanding on in vivo RNA structure is very limited. This can be mainly attributed to
three obstacles: (1) Inability to detect minute amount of transcripts and their structures in
cells; (2) Inability to determine in vivo structure of thousands of different transcripts at
once; (3) Insufficient data to support the hypothesis that RNA structure regulates cellular
processes in eukaryotes, particularly in plants. The broad objective of my thesis research
is to enable and carry out studies on RNA structure determination in vivo by establishing
novel, sensitive, and high-throughput methods at the interface of chemistry and biology
to allow probing of in vivo RNA structures in myriad low-abundance transcripts, and to
investigate their regulatory roles in cellular processes. In addition, the chemical
properties and biological significance of G-quadruplex structures (GQSs) are investigated.
I am conducting my experiments in the model plant species Arabdopsis thaliana, which
was chosen because (i) plants are sessile and are likely to have evolved (RNA-based)
regulatory mechanisms to cope with stresses; (ii) its life cycle is short (4-6 weeks) and
intact plants can be used for in vivo experiments; (iii) it is the first plant genome being
fully sequenced and has a small genome (~125 Mb in A.thaliana versus ~3,000 Mb in
human), yet it provides similar complexity as human (~30,000 genes).
iii

Regarding obstacle 1, I have developed a sensitive method to query the in vivo
RNA structure of low-abundance transcripts by integrating chemicals that covalently
modify RNA in vivo (dimethyl sulfate (DMS) or an acylation SHAPE reagent) with a
general amplification technique (ligation-mediated PCR), i.e. “DMS/SHAPE-LMPCR”.
This novel method probes RNA structure with attomole sensitivity, an improvement of
five orders of magnitude over conventional methods. I benchmarked and demonstrated
the utility of this method by chemically probing and analyzing the structures of high- and
low-abundance coding and non-coding RNAs in living A. thaliana seedlings. Importantly,
I revealed that in vitro and in vivo DMS/SHAPE chemical modifications patterns can be
radically different from each other, emphasizing the critical importance of probing RNA
structure in vivo. I also constructed the secondary structure of the low-abundance U12
small nuclear RNA (snRNA) in A. thaliana from comparative sequence analysis among
11 plant species, verified the phylogenetic structural model with DMS/SHAPE-LMPCR,
and provided strong evidence that the single-stranded Sm-protein binding site in U12
snRNA is indeed bound by Sm-proteins in vivo. This universally applicable method
opens the door to identify and explore the specific structure-function relationships of the
multitude of low-abundance RNAs that prevail in living cells.
Regarding obstacle 2, I have helped to establish a high-throughput, genome-wide
in vivo RNA structure probing method, “Structure-Seq”, in which in vivo DMS
methylation of unprotected As and Cs is identified by next generation DNA sequencing.
Our innovative method promises to vastly expand our understanding of how RNA
structure regulates cellular processes in living cells. This method was applied to A.
thaliana seedlings and yielded the first in vivo genome-wide RNA structurome at
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nucleotide resolution for any organism, with structural information across more than
10,000 transcripts in a single experiment. I performed extensive experiments to
demonstrate that DMS chemical probing was in vivo, confirmed that results from
Structure-Seq and conventional gel-based DMS probing were strongly correlated, and
verified that the in vivo Structure-Seq structure predictions for rRNAs were in good
agreement with evolutionarily-derived phylogenetic rRNA structures. Using StructureSeq, characteristic global RNA structural patterns were revealed and novel regulatory
features were uncovered in RNA processing steps of translation, alternative
polyadenylation and alternative splicing. Moreover, the structural properties of stressrelated mRNAs in vivo were identified. Overall, our study suggests that differential
folding of RNA structures can regulate a number of cellular processes in cells. The
development of Structure-Seq allows the RNA structurome and its biological roles to be
interrogated on a genome-wide scale and should be applicable to any organism.
I also developed a new technology for single-stranded DNA (ssDNA) ligation for
improved yield of ligation products with low nucleotide bias. This technique may be
applicable to the DMS/SHAPE-LMPCR and Structure-Seq studies described above. A
provisional patent is pending on this work. Existing ssDNA ligation methods were shown
to suffer from slow kinetics, poor yield, and severe nucleotide preference. To resolve
these issues, I introduced a hybridization-based strategy to allow efficient and low-bias
ligation of ssDNAs. With this strategy, DNAs with different ends were found to complete
the ligation in less than 2 h, with low nucleotide bias and ~95% yield. Furthermore, it
was successfully applied to LMPCR. This technique potentially can be applied in
protocols that require ligation of ssDNAs, including cDNA library construction.

v

Regarding obstacle 3, I have performed three detailed studies to better understand
the structure and function of GQSs. A GQS is composed of a guanine-rich sequence that
contains the pattern GxLaGxLbGxLcGx, where x ≥ 2, and loops (L) a, b, and c are ≥ 1. (A)
A systematic circular dichroism (CD) and fluorescence study was performed on RNA
GQSs with varying G-stretch lengths and loop sequences. CD titration results suggested
that when the length of the G-stretch increases (i.e. G2 GQS to G6 GQS), a general
decrease in Hill coefficient/folding cooperativity (n) occurs. I demonstrated that the
decrease in folding cooperativity was due to the population of intermediates in the GQS
folding by showing a clear three-state transition in G3 and G4 GQS. Fluorescence
titration results revealed for the first time that RNA GQSs exhibit intrinsic fluorescence.
(B) The intrinsic fluorescence of GQSs was further explored using DNA GQSs, with
varying loop sequences, loop lengths, and G-stretch lengths. Label-free fluorescence
enhancements of up to 16-fold and a shift in fluorescence emission maximum to the
visible light portion of the spectrum were reported upon GQSs formation. The studies of
A and B serve to provide a deeper understanding of folding and intrinsic fluorescence of
GQSs. The molecular switch (high n) or rheostat (low n) mode and intrinsic fluorescence
of GQS potentially can be engineered to develop label-free detection methods and
biosensors. (C) I have investigated the regulatory role of a GQS in planta. A thermostable
GQS was identified within the 5’UTR of Ataxia Telangiestasia-mutated and Rad3related (ATR) mRNA in A. thaliana. I found that ATR GQS was more thermostable than
its competitive structure at physiological K+ and Mg2+ concentrations. In-line probing
further confirmed the formation of ATR GQS in vitro in the context of the complete
5’UTR. Reporter gene assay results suggested that ATR GQS acts as a translational
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repressor in living cells. This is the first GQS being reported to regulate translation in any
plant organisms, and the results provide the possibility to manipulate gene expression by
modulating GQS formation.
To summarize, my thesis work consists of cross-disciplinary research between
chemistry and biology into the investigation of in vivo RNA structures. My work serves
to improve current RNA structural probing methods and advance our understanding of
the role of RNA structures in the regulation of cellular processes. In addition, some of
these results may be engineered and applied for bio-applications, such as nucleic acid
ligation and amplification, biosensing, and gene expression manipulation.
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Chapter 1 Introduction

The classical view of the flow of genetic information within a biological system is
that it is unidirectional, whereby DNA makes RNA makes protein. This model, also
known as the central dogma of molecular biology1, positions RNA at the intermediary
role (Fig. 1.1a) . Early views on RNA deemed it to be passive, i.e. merely responsible as
a template in the translation of the genetic information from DNA to protein. More recent
evidence, however, confirms that RNA can carry out enzymatic functions. Some
landmark discoveries that highlight the catalytic roles of RNA include the self-splicing
introns2,3, RNase P4, and other classes of ribozymes5,6. More recent breakthroughs reveal
that RNA and its structure can regulate gene expression7. Key examples include
riboswitches8,9,

microRNAs

editing/modification14-17,

and

(miRNAs)10,11,
RNA

RNA

G-quadruplexes18-20.

thermometers12,13,
The

RNA

accumulation

of

experimental evidence have led to revision of the model (Fig. 1.1b) and stimulated the
postulation of an “RNA world hypothesis”21, in which RNA is proposed to be an ancient
biomolecule that existed before DNA and protein. This chapter will highlight RNA
structure and folding and how they may relate to their regulatory roles in plants.

Figure 1.1 Central dogma of molecular biology. (a) The classical view (grey). (b) The
modern view. The additional active roles performed by RNA are indicated in black.
1

1.1 Hierarchy of RNA structure and folding
RNA is a biopolymer made from RNA monomers (or RNA nucleotides) that are
connected by phosphodiester bond linkages. Each nucleotide (nt) is composed of three
common moieties: i) a triphosphate, ii) a pentose sugar (ribose), and iii) a heterocyclic
nitrogenous base (Fig. 1.2a). There are four types of heterocyclic nitrogenous bases
(nucleobases) in RNA, namely adenine (A), guanine (G), cytosine (C), and uracil (U)
(Fig. 1.2b). RNA is different than DNA in two ways: uracil is replaced by thymine (T),
and the 2’ hydroxyl group (2’ OH) is replaced with a 2’ hydrogen group (2’ H) in DNA
(Fig. 1.2). The linear combination of RNA nucleotides forms the primary (1o) structure of
RNA, more often referred as the RNA sequence.

Figure 1.2 Nomenclatures of RNA and DNA. (a) Three moieties of an RNA/DNA
nucleotide. Note that the nucleotide = heterocyclic nitrogenous base + ribose +
triphosphate; nucleoside = heterocyclic nitrogenous base + ribose; and nucleobase =
heterocyclic nitrogenous base only. (b) Nucleobases in RNA and DNA. Uracil exists only
in RNA, and thymine exists only in DNA.
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The linear sequence of RNA can participate in RNA base pairing by forming
hydrogen-bonds (H-bonds). Watson-Crick / canonical base pairing forms between A and
U (two H-bonds), or G and C (three H-bonds). Non-Watson-Crick / non-canonical base
pairings are also possible in RNA and are commonly observed; notable examples are G∙U
wobble and sheared G∙A base pairing22 (Fig. 1.3a). The base pairings of RNA nucleotides,
together with the stacking energy between base pairs, allow and favor single-stranded (ss)
RNA to fold back on itself to form the secondary (2o) structure of RNA and provide
stability to the RNA molecule. Common secondary structural motifs include the RNA
hairpin and three-way junction (Fig. 1.3b).

Figure 1.3 RNA base pairs and secondary structure motifs. (a) WatsonCrick/canonical RNA base pairs (top) and non-Watson-Crick/non-canonical RNA base
pairs (bottom). (b) Common RNA secondary structure motifs.
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RNA secondary structures can interact with each other through tertiary (3o)
interactions. Key examples are i) triplex, ii) pseudoknot, and iii) G-quadruplex (Fig. 1.4).
RNA secondary (or together with tertiary) interactions compact the RNA structure and
are important for the formation of the functional active site, such as in riboswitches, RNA
thermometers, and RNA G-quadruplexes (see Section 1.2).

Figure 1.4 RNA tertiary structure motifs. Common RNA tertiary structure motifs are
shown. From left to right: triplex, pseudoknot, G-quadruplex. The P1 and P2 stand for
stem regions 1 and 2, whereas L1 and L2 represent loop regions 1 and 2. The arrow in Gstretch indicates the strand directionality of the G-quadruplex. In an RNA quadruplex, all
strands are pointing in the same direction (parallel topology).

1.2 RNA structure and function
RNA (1o, 2o, and 3o) structure defines its function in biological systems. This
RNA structure-function relationship is ubiquitously found in living organisms, and
exemplifies the importance of RNA and its structure in the regulatory processes in cells.
Key examples include the riboswitches, RNA thermometers, and RNA G-quadruplexes.
The discovery of these functionalities provides additional support to the RNA world
hypothesis. This RNA-centric view of life (Fig. 1.1b) strongly motivates us to explore the
wonders of RNA and how its structure regulates important cellular processes in
biological systems, especially in plants as they have to constantly cope with drastic
changes in their environment (see Section 1.3 below).
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1.2.1

Riboswitch
The riboswitch is a regulatory RNA structural element that is usually found at the

5’ untranslated region (5’UTR) of mRNA. 5’ (or 3’) UTR refers to mRNA sequences that
does not translate to amino acids, and is upstream (or downstream) to the coding
sequences (CDS) that encodes amino acids. Most classes of riboswitches known as of
today were identified in prokaryotes, however, one class of riboswitches, thiamine
pyrophosphate (TPP) riboswitch, was also discovered in plants and fungi23,24. The
riboswitch contains two domains: the aptameric domain and the expression domain. The
aptameric domain interacts with its cognate ligand (e.g. guanine) which causes an RNA
structural conformational change in the expression domain, and results in modulation of
gene expression8,25,26 (Fig. 1.5a). In riboswitch-mediated transcriptional regulation, the
structural rearrangement usually precludes the formation of an anti-terminator, and favors
the formation of terminator. The stable terminator is typically followed by a long stretch
of Us, which forms weak UA base pairs with DNA template (an RNA-DNA hybrid), and
causes the nascent transcript to dissociate and eventually halts transcription, analogous to
the Rho-independent termination in prokaryotes27,28. In riboswitch-mediated translational
regulation, the structural rearrangement usually sequesters the Shine-Dalgarno (SD)
sequence and the AUG translation start site. The sequestration of SD sequence prohibits
its base pairing interaction with the 3’end sequence of 16S rRNA, and thereby the AUG
translational start site cannot be properly located for translation initiation, which
downregulates translation29-31. In plants, the TPP riboswitch is identified at the 3’UTR of
a thiamine biosynthetic gene, and control mRNA accumulation and protein production
through regulation of alternative 3’UTR processing in a TPP-dependent manner32.
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Figure 1.5 Riboswitch and RNA thermometer mechanism. (a) The ligand (guanine in
this example) binds to the binding pocket in the guanine riboswitch, induces a
conformational change in the RNA structure, and either leads to the formation of a
terminator stem that halts transcription (top) or sequestration of the SD sequence and
AUG translation start site that downregulates translation (bottom). (b) In heat response,
the increase in temperature causes the melting of the hairpin stem and exposes the SD
sequence and AUG translation start site, which activates translation.

1.2.2

RNA thermometer
The RNA thermometer is a regulatory RNA structural domain that is usually

found at the 5’UTR of mRNA and refolds in a temperature-dependent manner that
modulates translation12 (Fig. 1.5b). Most classes of RNA thermometers were identified in
prokaryotes, however, one exception (HSR1) was found in mammals33. In general, the
RNA thermometer is a hairpin structure that includes the SD sequence and AUG
translational start site. At normal temperature, the SD and AUG sequences participate in
base pairing with other nucleotides in the hairpin, prohibiting its base pairing with the
3’end sequence of 16S rRNA. During a heat shock response, the elevation in temperature
alters the secondary structure of the hairpin and exposes the SD and AUG site, allowing it
to interact with the 3’end sequence of 16S rRNA, which activates translation12,13,34-37.
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1.2.3

RNA G-quadruplex
The RNA G-quadruplex is a regulatory RNA structural motif that can be found in

either UTRs or the open reading frames (ORFs) of mRNAs38,39. ORFs refer to the RNA
sequences that begin with the AUG start codon and end with one of the three stop codons
(UAA, UAG, or UGA). The consensus sequence for a G-quadruplex structure (GQS) is
GxL1GxL2GxL3Gx, where x is ≥ 2 nt and loops (L) 1, 2, and 3 are ≥ 1 nt. Four guanines
interact with each other through H-bonds to form a G-quartet. Two or more G-quartets
stacked on top of each other to form a GQS. Potassium (K+) or sodium (Na+) ions are
required for the stabilization of this structure40,41, in which GQS stability follows the
trend K+ > Na+ > Li+42. The first biological GQS was identified in the telomere, which
has G-rich single-stranded overhangs at the end of the chromosome. Other DNA GQSs
were also identified in proto-oncogene promoters. DNA GQSs have been reported to
regulate replication, telomere length, and transcription43-45.
RNA has a stronger potential to form GQS than DNA because RNA is singlestranded and DNA, with the exception of telomeres, is double-stranded. Also, RNA
GQSs are more thermostable than their DNA counterparts46,47, due to the presence of
2’OH group in RNA. In addition, RNA GQS in UTRs or ORFs have been reported to
control

transcription,

translation,

frameshifting

events,

splicing,

alternative

polyadenylation, and localization in mammals18,19,39,48-54(Fig. 1.6). Recently, DNA and
RNA GQSs were both conclusively found in human cells using a GQS-specific singlechain antibody BG420,45, supporting the prevalence and formation of GQS in the human
genome and transcriptome55,56.
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Figure 1.6 RNA G-quadruplex mechanism. In this example, the GQS is located at the
5’UTR of the mRNA. The increase in K+ concentration induces the formation of the Gquadruplex. The thermostable G-quadruplex structure is thought to act as a physical
roadblock for the ribosome scanning process, and eventually downregulates translation.

1.3 Plant stress physiology and its relationship with RNA structure
Plants are sessile and are likely to have evolved novel regulatory mechanisms to
cope with different environmental stresses such as drought and temperature stress. Given
that K+ concentration and osmolyte concentration increase during drought stress57-60, and
that temperature increases during heat stress, one logical hypothesis is that gene
regulation occurs in part through the action of RNA structure and refolding. These
environmental factors (i.e. ionic condition, molecular crowding and temperature) have
been linked with RNA structure and folding in numerous studies35-37,61-65 and because
RNA structure and refolding has been linked to regulation of gene function albeit
primarily in prokaryotes or mammals (see Section 1.2 above), we hypothesize that RNA
can be a mediator to cope with stress response in plants. The discovery of the first plant
riboswitch (the TPP riboswitch)32,66 suggests that riboswitches and possibly other RNAmediated gene regulation mechanisms (e.g. RNA thermometers and RNA Gquadruplexes) likely exist in plants. Our recent bioinformatics study also reveals that
sequences capable of forming GQS are prevalent in Arabidopsis thaliana67, supporting
the hypothesis that RNA structure and refolding may play a significant role in regulating
cellular processes to cope with environmental stresses in plants.
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1.4 RNA secondary structure determination
Numerous classes of RNA fold into diverse structures to perform critical
biological functions. A detailed understanding of RNA structure therefore provides
important knowledge regarding its evolution, interaction with biomolecules (ligands
and/or macromolecules), and function in biological systems.
There are three major approaches to determine RNA secondary structure: i)
phylogenetic analysis; ii) enzymatic and chemical probing; and iii) RNA structure
prediction based on thermodynamic rules.

1.4.1

Phylogenetic analysis
One method to derive RNA secondary structure relies on the comparison of large

numbers of homologous RNA sequences in different organisms, also known as
comparative sequence analysis or phylogenetic analysis68. This analysis is based on the
hypothesis that under the driving force of evolution, structural domains of RNA should
be highly conserved in order to carry out the same specific function in different biological
systems. Methodologically, sequence of interest is used as query to search for homologs
in other organisms, e.g. BLAST69. Then, the identified homologous sequences are aligned
by inputting into computer softwares, such as ClustalW70 and Vista71. The aligned RNA
sequences are then inspected to identify potential base pair co-variation (i.e. from one
WC base pair to another WC base pair). The existence of base pair co-variations is a
strong indicator of a structurally conserved RNA region (Fig. 1.7). Phylogenetic analysis
was first demonstrated in 5S rRNA72, and later in different classes of RNA including
RNase P73, rRNAs74-79, and group I and II introns80,81. A detail comparative analysis was
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performed on the phylogenetically-derived structural model and X-ray crystal structure of
rRNAs, and they was found to be consistent with each other82, illustrating the accuracy of
this approach. In general, the larger the number of homologous RNA sequences used for
the phylogenetic analysis, the more accurate the derived structural model will be. This
requirement, however, is also the major bottleneck of this approach, as the identification
of the homologous RNA sequences is time-consuming, and sometimes these sequences
are not currently present due to the lack of or incomplete genome sequencing of some
organisms. This limits the throughput and accuracy of RNA structure determination,
although with the genome of more organisms being sequenced by the state-of-the-art
high-throughput sequencing technology83 it is becoming less of a problem in the near
future.

Figure 1.7 Summary of phylogenetic analysis. On the left, phylogenetic analysis is
performed on homologous RNA sequences from different organisms. On the right,
phylogenetic structure is derived based on the phylogenetic analysis.
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1.4.2

Enzymatic and chemical probing
Enzymatic and chemical probing is another method that was developed to guide

the construction of RNA secondary structure models by providing experimental
constraints to reduce the number of possible RNA conformations that can be adopted by
any one RNA sequence84. These constraints can be used in combination with
phylogenetic analysis to provide useful guidelines to refine the structure model85. There
are two general approaches for probing RNA structure: enzymatic probing and chemical
probing.
Ribonucleases (RNases) recognize specific features of RNAs and cleave RNAs
into smaller fragments. For example, RNase T1 cleaves at single-stranded Gs, RNase V1
cleaves at double-stranded regions, and RNase S1 cleaves at single-stranded nucleotides
(Fig. 1.8, top). The RNA structural information provided by these enzymatic cleavages
can be retrieved either directly by cleaving a 5’-end radio- or fluorescently-labelled RNA,
or indirectly by conducting reverse transcription with a 5’-end radio- or fluorescentlylabelled DNA84.
Base-specific chemical probing was initially used for DNA sequencing86, and has
been extended to apply to RNA sequencing87 and RNA structural probing84,88. Compared
with RNases, the use of base-specific chemicals allows the interrogation of RNA
structure at higher resolution due to the smaller size of chemicals versus enzymes89.
Several chemicals have been commonly used separately and in combination to obtain
RNA structural information, such as 1-cyclohexyl-(2-morpholinoethyl)carbodiimide
metho-p-toluene sulfonate (CMCT), 1,1-dihydroxy-3-ethoxy-2-butanone (kethoxal), and
dimethyl sulfate (DMS) (Fig. 1.8, middle)88. CMCT specifically modifies single-stranded
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U nucleotides, kethoxal specifically modifies single-stranded G nucleotides, and DMS
modifies single-stranded A and C nucleotides. The resultant chemically-induced covalent
RNA modifications can be read out by reverse transcription90,91, and the readout can be
used to infer RNA secondary structure. Among all base-specific probes, DMS has
received the most use for RNA structural probing. DMS, when used individually, can
target the Watson-Crick face of both A and C, yielding two times more structural
information than CMCT or kethoxal alone. In addition, DMS also methylates the nonWatson-Crick face of G92, and so provides structural insight on the major groove face of
the RNA, i.e. tertiary contacts and non-WC base pairing85,88,91. To detect this type of
modification, sodium borohydride and aniline treatment has to be performed to cleave the
RNA, followed by reverse transcription with a 5’-end radio- or fluorescently-labeled
DNA primer to obtain structural information of Gs in RNA93,94.
The base pair probability of a certain nucleotide can also be inferred by the local
flexibility and conformation of its 2’OH group95,96. Since all four RNA bases contain a
2’OH group at the ribose sugar, the development and application of 2’OH-specific
SHAPE (selective 2’hydroxyl acylation analysed by primer extension) reagents, such as
1-methyl-7-nitroisatoic anhydride (1M7)97 and 2-methylnicotinic acid imidazolide (NAI)
98

(Fig. 1.8, bottom), allow RNA structural information to be obtained at single

nucleotide resolution in a single experiment99,100. The SHAPE chemistry utilize an
electrophile that acylates the 2’OH of RNA, and such 2’O adducts can stall the reverse
transcriptase99,100, analogous to modifications caused by other base-specific chemical
probes. Due to the fact that the SHAPE reagent also interacts readily with water, and
water (55.6 M) is in huge excess to RNA (< 1 µM) in a reaction, a SHAPE reaction is

12

self-quenching given sufficient time. A family of SHAPE reagents with different reaction
half-lives has been designed, synthesized, and applied to investigate different RNA topics
in vitro88,101, such as RNA structure and folding102,103, RNA dynamics104,105 and RNA
tertiary contacts106.
Early application of enzymatic and chemical probing focused on rRNAs, due to
the availability of phylogenetic structure74, as well as their high abundance in cells. The
probing results agreed very well with the rRNA phylogenetic structure, supporting the
reliability of using enzymatic and chemical probing to reveal RNA structural
information75,76,107. A useful feature of chemical probes such as DMS, 1M7, and NAI is
that they can readily penetrate into cells and allow in vivo rRNA structure to be
probed93,98,108-115. This property permits the comparison of in vitro and in vivo probing
results, which allows the identification of protection or deprotection (i.e. by ribosomal
proteins) that are uniquely present in living cells107. This enzymatic and chemical probing
approach has been successfully applied to decipher different RNAs of interest and
improve our understanding of RNA structures89,116.
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Figure 1.8 Enzymatic and chemical probing of RNA. Enzymatic probing cleaves the
RNA backbone (see RNase S1 example on top). Shown is a 5’-phosphate terminus
although most RNases leave a 5’-hydroxyl. Base-specific chemical probing covalently
modifies the nucleobase (see DMS example in the middle). 2’OH-specific chemical
probing covalently modifisd the ribose sugar (see NAI example at the bottom).
14

1.4.3

RNA structure prediction
RNA structure prediction based solely on thermodynamic parameters is a very

practical approach to allow us to have a glimpse of the probable RNA structure117-120.
This method has been reported to correctly predict roughly 70% of the base pairs in RNA
structure (< 700 nt) from thermodynamics alone121,122. Improved alogrithms allow this
method to be combined with phylogenetic analysis to yield a consensus secondary
structure with lowest thermodynamics energy conformation123,124. Recent breakthroughs
offer the ability to incorporate experimental constraints as a pseudo energy term into the
RNA secondary structure prediction software (e.g. RNAstructure)119,125-127. This pseudo
energy term can reward or penalize individual nucleotides, based on experimental
probing data such as DMS and SHAPE, and ultimately provides a constrained RNA
structure that agrees with both experimental data and thermodynamic rules125,127,128.
Benchmarking tests were performed using diverse classes of RNAs, and the results
indicated that in combination with the experimental constraints, the structure prediction
accuracy improves significantly over thermodynamics alone, and the constrained
structure agrees very well with available X-ray crystal and nuclear magnetic resonance
(NMR) solution structures125,127,128, demonstrating the merit and importance of using
experimental constraints in RNA structure prediction.

1.4.4

Other approaches
The structure of RNA can also be interrogated using NMR and X-ray

crystallography, which offer the highest resolution among all techniques available.
Nevertheless, these techniques are time-consuming and low throughput due to the
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requirement for large amounts of RNA, difficulty in RNA crystallization129 and labor
intensive NMR resonance assignment process130. In addition, it is generally difficult to
implement these techniques to perform RNA structure determination in vivo. Initial
progress has been made such as in-cell NMR131-134 and in vivo crystallization135,136 on
proteins. Applying these techniques in a high-throughput manner to determine RNA
structures in vivo will be the next significant barrier to overcome.

1.5 Transcriptome-wide RNA structural studies
A comprehensive understanding of RNA structural genomics137 or structurome138
requires high-throughput RNA structural probing to be performed at the transcriptomic
level. Several in vitro transcriptome-wide RNA structural studies have been reported,
which couple the above-mentioned in vitro enzymatic probing with next-generation
sequencing (-Seq) technology; these methods include PARS-Seq139, Frag-Seq140, and
dsRNA-Seq141. These high-throughput approaches have accelerated the RNA structure
determination process by allowing the probing and detection of thousands of in vitro
RNA structures at one time. In addition, PARS-Seq has been modified and further
applied to understand RNA folding upon temperature elevation in vitro, namely PARTESeq142, and has revealed that RNA structure and folding are temperature-dependent at a
transcriptomic scale. More recently, SHAPE chemistry has been combined with nextgeneration sequencing to allow multiplexed probing of RNA structure in vitro, SHAPESeq143,144, and shown to agree well with the standard SHAPE method that probe at a per
transcript basis. These examples demonstrate the feasibility of coupling enzymatic and
chemical probing with next-generation sequencing.
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Although progress has been made to identify the importance of RNA in the
regulation of cellular processes89,145, as well as to allow in vitro structural analysis of
thousands of RNA at a time, RNA structural study in living organisms is still at its
infancy because of the technical challenge of interrogating RNA structure of lowabundance transcripts in cells. This problem is further emphasized by the fact that there
are at least hundreds or thousands of low abundance transcripts in most living organisms.
The lack of in vivo transcriptome-wide structural studies has limited the understanding of
how RNA folds in cells, and the establishment of RNA structure-function relationships in
biological systems89. This lack of RNA structural information is further exacerbated in
plants, where only a handful of high-abundance RNA structures have been studied in vivo
109,111

. All these barriers have confounded our understanding of structure and function of

RNA in plants and other organisms.

1.6 Thesis objectives
The goal of my thesis research is to enable and carry out studies to determine the
in vivo structures of RNAs in the model plant species Arabidopsis thaliana, and to reveal
novel regulatory features of RNA structure by developing new in vivo RNA structure
probing assays. In addition, I also investigate the folding and intrinsic fluorescence of the
GQS, as well as its regulatory role in cells. Chapter 2 focuses on the development of a
robust and sensitive in vivo RNA structural probing assay, which combines chemical
probing such as DMS and SHAPE with ligation-mediated polymerase chain reaction
(LMPCR), “DMS/SHAPE-LMPCR”, to allow in vivo RNA structural probing of lowabundance transcripts. DMS/SHAPE-LMPCR was successfully applied to different
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classes of RNA with wide-range abundance in Arabidopsis thaliana, and revealed
interesting RNA structures and important biological insights in vivo. Chapter 3 describes
the establishment and application of an in vivo genome-wide RNA structural profiling
method, Structure-Seq, to probe many RNAs simultaneously, and reveals novel
regulatory features of mRNAs in translation, alternative polyadenylation, and alternative
splicing, as well as structural properties of stress-related mRNAs in vivo. Chapter 4
focuses on the development of a new technology to perform efficient and unbiased
single-stranded DNA ligation. The hybridization-based single-stranded DNA ligation was
shown to allow efficient and unbiased ligation, and was applied to LMPCR. Chapter 5
investigates the folding properties of RNA GQSs, i.e. cooperativity, under different Gstretch length. The changes in GQS folding cooperativity as a function of G-stretch
length allow digital and broad range responses to be achieved. Also the intrinsic
fluorescence of RNA GQS was discovered. Chapter 6 explores the intrinsic fluorescence
of GQS in DNA, under different loop sequence, loop length, and G-stretch length. In
general, a shorter loop or longer G-stretch length increases fluorescent emission, and the
identity of the loop base affects the emission wavelength. Chapter 7 investigates the
biological role of a GQS at the 5’UTR of the Ataxia Telangiestasia-mutated and Rad3related (ATR) mRNA. ATR encodes an important protein kinase that is activated in
responses to DNA damage and repair, leading to cell-cycle regulation and telomere
maintenance. A thermodynamically stable GQS within the 5’UTR of the ATR mRNA is
shown to downregulate translation. The GQS is more thermostable than the competing
hairpin structure under physiological K+ and Mg2+ conditions. This is the first example of
RNA GQS in any plant species.

18

1.7 References
1

Crick, F. H. On protein synthesis. Symp Soc Exp Biol 12, 138-163 (1958).

2

Cech, T. R., Zaug, A. J. & Grabowski, P. J. In vitro splicing of the ribosomal
RNA precursor of tetrahymena: Involvement of a guanosine nucleotide in the
excision of the intervening sequence. Cell 27, 487-496 (1981).

3

Kruger, K. et al. Self-splicing RNA: Autoexcision and autocyclization of the
ribosomal RNA intervening sequence of tetrahymena. Cell 31, 147-157 (1982).

4

Guerrier-Takada, C., Gardiner, K., Marsh, T., Pace, N. & Altman, S. The RNA
moiety of ribonuclease P is the catalytic subunit of the enzyme. Cell 35, 849-857
(1983).

5

Cech, T. Ribozymes, the first 20 years. Biochem. Soc. Trans. 30, 1162-1166
(2002).

6

Serganov, A. & Patel, D. J. Ribozymes, riboswitches and beyond: regulation of
gene expression without proteins. Nat. Rev. Genet. 8, 776-790 (2007).

7

Nilsen, T. W. RNA 1997-2007: A remarkable decade of discovery. Mol. Cell 28,
715-720 (2007).

8

Breaker, R. R. Riboswitches and the RNA world. Cold Spring Harb Perspect Biol.
4 (2012).

9

Serganov, A. & Nudler, E. A decade of riboswitches. Cell 152, 17-24 (2013).

10

Bartel, D. P. MicroRNAs: Genomics, biogenesis, mechanism, and function. Cell
116, 281-297 (2004).

11

Bartel, D. P. MicroRNAs: Target recognition and regulatory functions. Cell 136,
215-233 (2009).

12

Narberhaus, F., Waldminghaus, T. & Chowdhury, S. RNA thermometers. FEMS
Microbiol. Rev, 30, 3-16 (2006).

13

Kortmann, J. & Narberhaus, F. Bacterial RNA thermometers: molecular zippers
and switches. Nat. Rev. Microbiol. 10, 255-265 (2012).

14

Li, J. B. et al. Genome-wide identification of human RNA editing sites by parallel
DNA capturing and sequencing. Science 324, 1210-1213 (2009).

19

15

Meyer, Kate D. et al. Comprehensive analysis of mRNA methylation reveals
enrichment in 32 UTRs and near stop codons. Cell 149, 1635-1646 (2012).

16

Wang, X. et al. N6-methyladenosine-dependent regulation of messenger RNA
stability. Nature 505, 117-120 (2014).

17

Wang, Isabel X. et al. ADAR regulates RNA editing, transcript stability, and gene
expression. Cell Rep. 5, 849-860 (2013).

18

Kumari, S., Bugaut, A., Huppert, J. L. & Balasubramanian, S. An RNA Gquadruplex in the 5' UTR of the NRAS proto-oncogene modulates translation. Nat.
Chem. Biol. 3, 218-221 (2007).

19

Bugaut, A. & Balasubramanian, S. 5'-UTR RNA G-quadruplexes: translation
regulation and targeting. Nucleic Acids Res. 40, 4727-4741 (2012).

20

Biffi, G., Di Antonio, M., Tannahill, D. & Balasubramanian, S. Visualization and
selective chemical targeting of RNA G-quadruplex structures in the cytoplasm of
human cells. Nat. Chem. 6, 75-80 (2014).

21

Gilbert, W. Origin of life: The RNA world. Nature 319, 618-618 (1986).

22

Xin, Y. & Olson, W. K. BPS: a database of RNA base-pair structures. Nucleic
Acids Res. 37, D83-D88 (2009).

23

Barrick, J. & Breaker, R. The distributions, mechanisms, and structures of
metabolite-binding riboswitches. Genome Biol. 8, R239 (2007).

24

Cheah, M. T., Wachter, A., Sudarsan, N. & Breaker, R. R. Control of alternative
RNA splicing and gene expression by eukaryotic riboswitches. Nature 447, 497500 (2007).

25

Winkler, W. & Breaker, R. Regulation of bacterial gene expression by
riboswitches. Annu Rev Microbiol 59, 487 - 517 (2005).

26

Roth, A. & Breaker, R. R. The structural and functional diversity of metabolitebnding rboswitches. Annu. Rev. Biochem. 78, 305-334 (2009).

27

Farnham, P. J. & Platt, T. Rho-independent termination: dyad symmetry in DNA
causes RNA polymerase to pause during transcription in vitro. Nucleic Acids Res.
9, 563-577 (1981).

20

28

Wilson, K. S. & von Hippel, P. H. Transcription termination at intrinsic
terminators: the role of the RNA hairpin. Proc. Natl. Acad. Sci. U S A 92, 87938797 (1995).

29

Dalgarno, L. & Shine, J. Conserved terminal sequence in 18S rRNA may
represent terminator anticodons. Nature 245, 261-262 (1973).

30

Shine, J. & Dalgarno, L. The 3'-terminal sequence of Escherichia coli 16S
ribosomal RNA: complementarity to nonsense triplets and ribosome binding sites.
Proc. Natl. Acad. Sci. U S A 71, 1342-1346 (1974).

31

Steitz, J. A. & Jakes, K. How ribosomes select initiator regions in mRNA: base
pair formation between the 3' terminus of 16S rRNA and the mRNA during
initiation of protein synthesis in Escherichia coli. Proc. Natl. Acad. Sci. U S A 72,
4734-4738 (1975).

32

Wachter, A. et al. Riboswitch control of gene expression in plants by splicing and
alternative 3' end processing of mRNAs. Plant Cell 19, 3437-3450 (2007).

33

Shamovsky, I., Ivannikov, M., Kandel, E. S., Gershon, D. & Nudler, E. RNAmediated response to heat shock in mammalian cells. Nature 440, 556-560 (2006).

34

Chowdhury, S., Maris, C., Allain, F. H. T. & Narberhaus, F. Molecular basis for
temperature sensing by an RNA thermometer. EMBO J. 25, 2487-2497 (2006).

35

Giuliodori, A. M. et al. The cspA mRNA is a thermosensor that modulates
translation of the cold-shock protein CspA. Mol. Cell 37, 21-33 (2010).

36

Rinnenthal, J., Klinkert, B., Narberhaus, F. & Schwalbe, H. Direct observation of
the temperature-induced melting process of the Salmonella fourU RNA
thermometer at base-pair resolution. Nucleic Acids Res. 38, 3834-3847 (2010).

37

Rinnenthal, J. r., Klinkert, B., Narberhaus, F. & Schwalbe, H. Modulation of the
stability of the Salmonella fourU-type RNA thermometer. Nucleic Acids Res. 39,
8258-8270 (2011).

38

Halder, K. & Hartig, J. S. RNA quadruplexes. Met. Ions Life Sci. 9, 125-139
(2011).

39

Millevoi, S., Moine, H. & Vagner, S. G-quadruplexes in RNA biology. WIREs
RNA 3, 495-507 (2012).

21

40

Hud, N. V., Smith, F. W., Anet, F. A. L. & Feigon, J. The selectivity for K+
versus Na+ in DNA quadruplexes is dominated by relative free energies of
hydration: a thermodynamic analysis by 1H NMR Biochemistry 35, 15383-15390
(1996).

41

Pandey, S., Agarwala, P. & Maiti, S. Effect of loops and G-quartets on the
stability of RNA G-quadruplexes. J. Phys. Chem. B 117, 6896-6905 (2013).

42

Neidle, S. & Balasubramanian, S. Quadruplex nucleic acids. Vol. 7 (Royal
Society of Chemistry, 2006).

43

Sannohe, Y. & Sugiyama, H. Overview of formation of G-quadruplex structures.
Curr. Protoc. Nucleic Acid Chem. Chapter 17, Unit 17 12 11-17 (2010).

44

Bochman, M. L., Paeschke, K. & Zakian, V. A. DNA secondary structures:
stability and function of G-quadruplex structures. Nat. Rev. Genet. 13, 770-780
(2012).

45

Biffi, G., Tannahill, D., McCafferty, J. & Balasubramanian, S. Quantitative
visualization of DNA G-quadruplex structures in human cells. Nat. Chem. 5, 182186 (2013).

46

Bugaut, A. & Balasubramanian, S. A sequence-independent study of the influence
of short loop lengths on the stability and topology of intramolecular DNA Gquadruplexes. Biochemistry 47, 689-697 (2008).

47

Zhang, A. Y. Q., Bugaut, A. & Balasubramanian, S. A sequence-independent
analysis of the loop length dependence of intramolecular RNA G-quadruplex
stability and topology. Biochemistry 50, 7251-7258 (2011).

48

Melko, M. & Bardoni, B. The role of G-quadruplex in RNA metabolism:
Involvement of FMRP and FMR2P. Biochimie 92, 919-926 (2010).

49

Wanrooij, P. H., Uhler, J. P., Simonsson, T., Falkenberg, M. & Gustafsson, C. M.
G-quadruplex

structures

in

RNA

stimulate

mitochondrial

transcription

termination and primer formation. Proc. Natl. Acad. Sci. U S A 107, 16072-16077
(2010).
50

Subramanian, M. et al. G-quadruplex RNA structure as a signal for neurite
mRNA targeting. EMBO Rep. 12, 697-704 (2011).

22

51

Marcel, V. et al. G-quadruplex structures in TP53 intron 3: role in alternative
splicing and in production of p53 mRNA isoforms. Carcinogenesis 32, 271-278
(2011).

52

Endoh, T., Kawasaki, Y. & Sugimoto, N. Suppression of gene expression by Gquadruplexes in open reading frames depends on G-quadruplex stability. Angew.
Chem. Int. Ed. 52, 5522-5526 (2013).

53

Yu, C.-H., Teulade-Fichou, M.-P. & Olsthoorn, R. C. L. Stimulation of ribosomal
frameshifting

by

RNA

G-quadruplex

structures.

Nucleic

Acids

Res.,

doi:10.1093/nar/gkt1022 (2013).
54

Beaudoin, J.-D. & Perreault, J.-P. Exploring mRNA 3′-UTR G-quadruplexes:
evidence of roles in both alternative polyadenylation and mRNA shortening.
Nucleic Acids Res. 41, 5898-5911 (2013).

55

Huppert, J. L. & Balasubramanian, S. Prevalence of quadruplexes in the human
genome. Nucleic Acids Res. 33, 2908-2916 (2005).

56

Huppert, J. L., Bugaut, A., Kumari, S. & Balasubramanian, S. G-quadruplexes:
the beginning and end of UTRs. Nucleic Acids Res. 36, 6260-6268 (2008).

57

Greenway, H. & Munns, R. Mechanisms of salt tolerance in nonhalophytes. Annu.
Rev. Plant Physio. 31, 149-190 (1980).

58

Yoshiba, Y., Kiyosue, T., Nakashima, K., Yamaguchi-Shinozaki, K. & Shinozaki,
K. Regulation of levels of proline as an osmolyte in plants under water stress.
Plant Cell Physiol. 38, 1095-1102 (1997).

59

Zhang, H.-X. & Blumwald, E. Transgenic salt-tolerant tomato plants accumulate
salt in foliage but not in fruit. Nat. Biotechnol. 19, 765-768 (2001).

60

Tuteja, N., Dieter, H. & Helmut, S. Mechanisms of high salinity tolerance in
plants. Methods Enzymol. 428, 419-438 (2007).

61

Shiman, R. & Draper, D. E. Stabilization of RNA tertiary structure by monovalent
cations. J. Mol. Biol. 302, 79-91 (2000).

62

Lambert, D. & Draper, D. E. Effects of osmolytes on RNA secondary and tertiary
structure stabilities and RNA-Mg2+ interactions. J. Mol. Biol. 370, 993-1005
(2007).

23

63

Lambert, D., Leipply, D., Shiman, R. & Draper, D. E. The influence of
monovalent cation size on the stability of RNA tertiary structures. J. Mol. Biol.
390, 791-804 (2009).

64

Denesyuk, N. A. & Thirumalai, D. Crowding promotes the switch from hairpin to
pseudoknot conformation in human telomerase RNA. J. Am. Chem. Soc. 133,
11858-11861 (2011).

65

Mullen, M. A., Assmann, S. M. & Bevilacqua, P. C. Toward a digital gene
response: RNA G-quadruplexes with fewer quartets fold with higher cooperativity.
J. Am. Chem. Soc. 134, 812-815 (2012).

66

Bocobza, S. et al. Riboswitch-dependent gene regulation and its evolution in the
plant kingdom. Genes Dev. 21, 2874-2879 (2007).

67

Mullen, M. A. et al. RNA G-quadruplexes in the model plant species Arabidopsis
thaliana: prevalence and possible functional roles. Nucleic Acids Res. 38, 81498163 (2010).

68

Gutell, R. R., Larsen, N. & Woese, C. R. Lessons from an evolving rRNA: 16S
and 23S rRNA structures from a comparative perspective. Microbiol Rev 58, 1026 (1994).

69

Altschul, S. F., Gish, W., Miller, W., Myers, E. W. & Lipman, D. J. Basic local
alignment search tool. J. Mol. Biol. 215, 403-410 (1990).

70

Larkin, M. A. et al. Clustal W and Clustal X version 2.0. Bioinformatics 23,
2947-2948 (2007).

71

Frazer, K. A., Pachter, L., Poliakov, A., Rubin, E. M. & Dubchak, I. VISTA:
computational tools for comparative genomics. Nucleic Acids Res. 32, W273W279 (2004).

72

Fox, G. E. & Woese, C. R. 5S RNA secondary structure. Nature 256, 505-507
(1975).

73

James, B. D., Olsen, G. J., Liu, J. S. & Pace, N. R. The secondary structure of
ribonuclease P RNA, the catalytic element of a ribonucleoprotein enzyme. Cell 52,
19-26 (1988).

24

74

Woese, C. R. et al. Secondary structure model for bacterial 16S ribosomal RNA:
phylogenetic, enzymatic and chemical evidence. Nucleic Acids Res. 8, 2275-2293
(1980).

75

Noller, H. F. & Woese, C. R. Secondary structure of 16S ribosomal RNA. Science
212, 403-411 (1981).

76

Noller, H. F. et al. Secondary structure model for 23S ribosomal RNA. Nucleic
Acids Res. 9, 6167-6189 (1981).

77

Woese, C. R. & Gutell, R. R. Evidence for several higher order structural
elements in ribosomal RNA. Proc. Natl. Acad. Sci. U S A 86, 3119-3122 (1989).

78

Gutell, R. R. & Woese, C. R. Higher order structural elements in ribosomal RNAs:
pseudo-knots and the use of noncanonical pairs. Proc. Natl. Acad. Sci. U S A 87,
663-667 (1990).

79

Cannone, J. et al. The Comparative RNA Web (CRW) Site: an online database of
comparative sequence and structure information for ribosomal, intron, and other
RNAs. BMC Bioinformatics 3, 2 (2002).

80

Michel, F., Kazuhiko, U. & Haruo, O. Comparative and functional anatomy of
group II catalytic introns — a review. Gene 82, 5-30 (1989).

81

Michel, F. & Westhof, E. Modelling of the three-dimensional architecture of
group I catalytic introns based on comparative sequence analysis. J. Mol. Biol.
216, 585-610 (1990).

82

Gutell, R. R., Lee, J. C. & Cannone, J. J. The accuracy of ribosomal RNA
comparative structure models. Curr. Opin. Struct. Biol. 12, 301-310 (2002).

83

Shendure, J. & Ji, H. Next-generation DNA sequencing. Nat. Biotechnol. 26,
1135-1145 (2008).

84

Ehresmann, C. et al. Probing the structure of RNAs in solution. Nucleic Acids Res.
15, 9109-9128 (1987).

85

Brunel, C., Romby, P., Westhof, E., Ehresmann, C. & Ehresmann, B. Threedimensional model of Escherichia coli ribosomal 5 S RNA as deduced from
structure probing in solution and computer modeling. J. Mol. Biol. 221, 293-308
(1991).

25

86

Maxam, A. M. & Gilbert, W. A new method for sequencing DNA. Proc. Natl.
Acad. Sci. U S A 74, 560-564 (1977).

87

Peattie, D. A. Direct chemical method for sequencing RNA. Proc. Natl. Acad. Sci.
U S A 76, 1760-1764 (1979).

88

Weeks, K. M. Advances in RNA structure analysis by chemical probing. Curr.
Opin. Struct. Biol. 20, 295-304 (2010).

89

Wan, Y., Kertesz, M., Spitale, R. C., Segal, E. & Chang, H. Y. Understanding the
transcriptome through RNA structure. Nat. Rev. Genet. 12, 641-655 (2011).

90

Inoue, T. & Cech, T. R. Secondary structure of the circular form of the
Tetrahymena rRNA intervening sequence: a technique for RNA structure analysis
using chemical probes and reverse transcriptase. Proc. Natl. Acad. Sci. U S A 82,
648-652 (1985).

91

Tijerina, P., Mohr, S. & Russell, R. DMS footprinting of structured RNAs and
RNA-protein complexes. Nat. Protoc. 2, 2608-2623 (2007).

92

Lawley, P. & Brookes, P. Further studies on the alkylation of nucleic acids and
their constituent nucleotides. Biochem. J. 89, 127 (1963).

93

Wells, S. E., Hughes, J. M. X., Igel, A. H. & Manuel Ares, J. Use of dimethyl
sulfate to probe RNA structure in vivo. Methods Enzymol. 318, 479-493 (2000).

94

Brunel, C. & Romby, P. Probing RNA structure and RNA-ligand complexes with
chemical probes. Methods Enzymol. 318, 3-21 (2000).

95

Gherghe, C. M., Shajani, Z., Wilkinson, K. A., Varani, G. & Weeks, K. M. Strong
correlation between SHAPE chemistry and the generalized NMR order parameter
(S2) in RNA. J. Am. Chem. Soc. 130, 12244-12245 (2008).

96

McGinnis, J. L., Dunkle, J. A., Cate, J. H. & Weeks, K. M. The mechanisms of
RNA SHAPE chemistry. J. Am. Chem. Soc. 134, 6617-6624 (2012).

97

Mortimer, S. A. & Weeks, K. M. A fast-acting reagent for accurate analysis of
RNA secondary and tertiary structure by SHAPE chemistry. J. Am. Chem. Soc.
129, 4144-4145 (2007).

98

Spitale, R. C. et al. RNA SHAPE analysis in living cells. Nat. Chem. Biol. 9, 1820 (2013).

26

99

Wilkinson, K. A., Merino, E. J. & Weeks, K. M. Selective 2'-hydroxyl acylation
analyzed by primer extension (SHAPE): quantitative RNA structure analysis at
single nucleotide resolution. Nat. Protoc. 1, 1610-1616 (2006).

100

Merino, E. J., Wilkinson, K. A., Coughlan, J. L. & Weeks, K. M. RNA structure
analysis at single nucleotide resolution by selective 2'-hydroxyl acylation and
primer extension (SHAPE). J. Am. Chem. Soc. 127, 4223-4231 (2005).

101

Weeks, K. M. & Mauger, D. M. Exploring RNA structural codes with SHAPE
chemistry. Acc Chem Res 44, 1280-1291 (2011).

102

Watts, J. M. et al. Architecture and secondary structure of an entire HIV-1 RNA
genome. Nature 460, 711-716 (2009).

103

Grohman, J. K. et al. A guanosine-centric mechanism for RNA chaperone
function. Science 340, 190-195 (2013).

104

Mortimer, S. A. & Weeks, K. M. Time-resolved RNA SHAPE chemistry. J. Am.
Chem. Soc. 130, 16178-16180 (2008).

105

Mortimer, S. A. & Weeks, K. M. Time-resolved RNA SHAPE chemistry:
quantitative RNA structure analysis in one-second snapshots and at singlenucleotide resolution. Nat. Protoc. 4, 1413-1421 (2009).

106

Steen, K. A., Rice, G. M. & Weeks, K. M. Fingerprinting noncanonical and
tertiary RNA structures by differential SHAPE reactivity. J. Am. Chem. Soc. 134,
13160-13163 (2012).

107

Stern, S., Powers, T., Changchien, L. & Noller, H. RNA-protein interactions in
30S ribosomal subunits: folding and function of 16S rRNA. Science 244, 783-790
(1989).

108

Moazed, D., Robertson, J. M. & Noller, H. F. Interaction of elongation factors
EF-G and EF-Tu with a conserved loop in 23S RNA. Nature 334, 362-364 (1988).

109

Senecoff, J. F. & Meagher, R. B. In vivo analysis of plant RNA structure: soybean
18S ribosomal and ribulose-1,5-bisphosphate carboxylase small subunit RNAs.
Plant Mol. Biol. 18, 219-234 (1992).

110

Zaug, A. J. & Cech, T. R. Analysis of the structure of Tetrahymena nuclear RNAs
in vivo: telomerase RNA, the self-splicing rRNA intron, and U2 snRNA. RNA 1,
363-374 (1995).
27

111

Higgs, D. C., Shapiro, R. S., Kindle, K. L. & Stern, D. B. Small cis-acting
sequences that specify secondary structures in a chloroplast mRNA are essential
for RNA stability and translation. Mol. Cell. Biol. 19, 8479-8491 (1999).

112

Iseni, F., Baudin, F., Blondel, D. & Ruigrok, R. W. Structure of the RNA inside
the vesicular stomatitis virus nucleocapsid. RNA 6, 270-281 (2000).

113

Antal, M., Boros, É., Solymosy, F. & Kiss, T. Analysis of the structure of human
telomerase RNA in vivo. Nucleic Acids Res. 30, 912-920 (2002).

114

Zemora, G. & Waldsich, C. RNA folding in living cells. RNA Biol. 7, 634-641
(2010).

115

Tyrrell, J., McGinnis, J. L., Weeks, K. M. & Pielak, G. J. The cellular
environment stabilizes adenine riboswitch RNA structure. Biochemistry 52, 87778785 (2013).

116

Liebeg, A., Waldsich, C. & Daniel, H. Probing RNA structure within living cells.
Methods Enzymol. 468, 219-238 (2009).

117

Zuker, M. Mfold web server for nucleic acid folding and hybridization prediction.
Nucleic Acids Res. 31, 3406 - 3415 (2003).

118

Hofacker, I. L. Vienna RNA secondary structure server. Nucleic Acids Res. 31,
3429-3431 (2003).

119

Reuter, J. & Mathews, D. RNAstructure: software for RNA secondary structure
prediction and analysis. BMC Bioinformatics 11, 129 (2010).

120

Bellaousov, S., Reuter, J. S., Seetin, M. G. & Mathews, D. H. RNAstructure: web
servers for RNA secondary structure prediction and analysis. Nucleic Acids Res.
41, W471-W474 (2013).

121

Mathews, D. H. et al. Incorporating chemical modification constraints into a
dynamic programming algorithm for prediction of RNA secondary structure. Proc.
Natl. Acad. Sci. U S A 101, 7287-7292 (2004).

122

Mathews, D. H., Moss, W. N. & Turner, D. H. Folding and finding RNA
secondary structure. Cold Spring Harb Perspect Biol. 2 (2010).

123

Xu, Z. & Mathews, D. H. Multilign: an algorithm to predict secondary structures
conserved in multiple RNA sequences. Bioinformatics 27, 626-632 (2011).

28

124

Harmanci, A., Sharma , G. & Mathews, D. TurboFold: Iterative probabilistic
estimation of secondary structures for multiple RNA sequences. BMC
Bioinformatics 12, 108 (2011).

125

Deigan, K. E., Li, T. W., Mathews, D. H. & Weeks, K. M. Accurate SHAPEdirected RNA structure determination. Proc. Natl. Acad. Sci. U S A 106, 97-102
(2009).

126

Low, J. T. & Weeks, K. M. SHAPE-directed RNA secondary structure prediction.
Methods 52, 150-158 (2010).

127

Cordero, P., Kladwang, W., VanLang, C. C. & Das, R. Quantitative dimethyl
sulfate mapping for automated RNA secondary structure inference. Biochemistry
51, 7037-7039 (2012).

128

Hajdin, C. E. et al. Accurate SHAPE-directed RNA secondary structure modeling,
including pseudoknots. Proc. Natl. Acad. Sci. U S A 110, 5498-5503 (2013).

129

Ke, A. & Doudna, J. A. Crystallization of RNA and RNA–protein complexes.
Methods 34, 408-414 (2004).

130

Aeschbacher, T. et al. Automated and assisted RNA resonance assignment using
NMR chemical shift statistics. Nucleic Acids Res. 41, e172 (2013).

131

Serber, Z. & Dötsch, V. In-Cell NMR Spectroscopy. Biochemistry 40, 1431714323 (2001).

132

Serber, Z. et al. Investigating macromolecules inside cultured and injected cells
by in-cell NMR spectroscopy. Nat. Protoc. 1, 2701-2709 (2007).

133

Selenko, P. & Wagner, G. Looking into live cells with in-cell NMR spectroscopy.
J. Struct. Biol. 158, 244-253 (2007).

134

Sakakibara, D. et al. Protein structure determination in living cells by in-cell
NMR spectroscopy. Nature 458, 102-105 (2009).

135

Koopmann, R. et al. In vivo protein crystallization opens new routes in structural
biology. Nat. Meth. 9, 259-262 (2012).

136

Redecke, L. et al. Natively inhibited Trypanosoma brucei Cathepsin B structure
determined by using an X-ray laser. Science 339, 227-230 (2013).

137

Doudna, J. A. Structural genomics of RNA. Nat. Struct. Biol. 7, 954-956 (2000).

29

138

Westhof, E. & Romby, P. The RNA structurome: high-throughput probing. Nat.
Meth. 7, 965-967 (2010).

139

Kertesz, M. et al. Genome-wide measurement of RNA secondary structure in
yeast. Nature 467, 103-107 (2010).

140

Underwood, J. G. et al. FragSeq: transcriptome-wide RNA structure probing
using high-throughput sequencing. Nat. Meth. 7, 995-1001 (2010).

141

Zheng, Q. et al. Genome-wide double-stranded RNA sequencing reveals the
functional significance of base-paired RNAs in Arabidopsis. PLoS Genet. 6,
e1001141 (2010).

142

Wan, Y. et al. Genome-wide measurement of RNA folding energies. Mol. Cell 48,
169-181 (2012).

143

Lucks, J. B. et al. Multiplexed RNA structure characterization with selective 2'hydroxyl acylation analyzed by primer extension sequencing (SHAPE-Seq). Proc.
Natl. Acad. Sci. U S A 108, 11063-11068 (2011).

144

Aviran, S. et al. Modeling and automation of sequencing-based characterization
of RNA structure. Proc. Natl. Acad. Sci. U S A 108, 11069-11074 (2011).

145

Sharp, P. A. The centrality of RNA. Cell 136, 577-580 (2009).

30

Chapter 2
Determination of in vivo RNA Structure in Low-Abundance Transcripts

[Published as a paper entitled “Determination of in vivo RNA Structure in LowAbundance Transcripts” by Chun Kit Kwok, Yiliang Ding, Yin Tang, Sarah M. Assmann,
and Philip C. Bevilacqua in Nature Communications 4:2971 (2013). This paper was
highlighted in Nat. Meth. 11, 11-11 (2014).] Author contributions are listed in Section 2.6.

2.1 Abstract
RNA structure plays important roles in diverse biological processes. However, the
structures of all but the few most abundant RNAs are presently unknown in vivo. Here,
we introduce DMS/SHAPE-LMPCR to query the in vivo structures of low-abundance
transcripts. DMS/SHAPE-LMPCR achieves attomole sensitivity, a 100,000-fold
improvement over conventional methods. We probe the structure of low-abundance U12
small nuclear RNA (snRNA) in Arabidopsis thaliana and provide in vivo evidence
supporting our derived phylogenetic structure. Interestingly, in contrast to mammalian
U12 snRNAs, the loop of the SLIIb in U12 snRNA is variable among plant species, and
DMS/SHAPE-LMPCR determines it to be unstructured. We reveal the effects of proteins
on 25S rRNA, 5.8S rRNA, and U12 snRNA structure, illustrating the critical importance
of mapping RNA structure in vivo. Our universally applicable method opens the door to
identifying and exploring the specific structure-function relationships of the multitude of
low-abundance RNAs that prevail in living cells.
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2.2 Introduction
RNA is of central importance in gene regulation, catalysis, and the origin of life1.
Numerous classes of RNA perform key biological functions via folding into diverse
structures. Knowledge of RNA structure in vivo therefore provides important insights
regarding the evolution and function of biological systems. For decades, chemical and
enzymatic probing have been among the most common and powerful assays available to
obtain structural information on RNA at nucleotide resolution2-5. This information can
dramatically improve secondary structure prediction6-8. Structures generated provide
insights regarding the control of RNA transcription, processing, translation, and ligandbinding.
Among RNA structural probing reagents, dimethyl sulfate (DMS) is highly
versatile and useful for in vivo probing9, owing to its ability to penetrate cells and modify
RNA in numerous organisms10-16. Recently, in vivo SHAPE reagents were developed and
have been used to probe the highly abundant 5S rRNA in bacteria, yeast, fly, and
mammalian cells17. DMS methylates the N1 of adenine and the N3 of cytosine on the
Watson-Crick base-pairing face of unstructured regions such as loops, bulges, and
mismatches12,14, whereas SHAPE reagents acylate the 2′-hydroxyl group on the ribose
sugar of unstructured regions of all four nucleotides17,18. Methylation or acylation
chemistry is detected by reverse transcription (RT) stops one nucleotide before the
modified nucleotide12,14,17-19.
In cellular systems, structures of high-abundance RNAs such as rRNA can be
assessed in vivo by a DMS/SHAPE-RT approach11,12,14,17. However, the vast majority of
RNAs is of low abundance in vivo and cannot be explored by an RT-based approach. As

32

such, very little is known about the in vivo structures of myriad RNAs, including most
mRNAs and non-coding (nc) RNAs, despite their essential roles in protein synthesis and
other cellular processes. Moreover, the effects of RNA-binding proteins on in vivo RNA
structures are also largely unexplored. This lack of in vivo RNA structural information
becomes even more evident in plants, where only a few in vivo RNA probing studies
have been conducted, and these have been on high-abundance rRNA and photosynthesisrelated RNAs 11,13.
In order to probe the structures of low-abundance RNAs in living cells, we
developed a sensitive method that is able to detect rare RT products. This method
increases the sensitivity of detection 100,000-fold over the conventional RT-based
method. We demonstrate that both DMS and SHAPE chemistries permit in vivo probing
in Arabidopsis thaliana, an important model plant species and eukaryote. Notably, we
employ the in vivo SHAPE reagent, 2-methylnicotinic acid imidazolide (NAI)17, and
present the first examples of in vivo SHAPE probing in plants. We use the RT-based
method (Fig. 2.1, first three steps) to successfully query the structures of rRNA (25S
rRNA and 5.8S rRNA) and chloroplast mRNA (PSBA) in A. thaliana. We then develop a
selective amplification strategy to establish a highly sensitive and robust method,
“DMS/SHAPE-LMPCR”, that achieves a 5-log enhancement in sensitivity. Using this
LMPCR-based approach (Fig. 2.1, all five steps), we uncover DMS/SHAPE modification
signals from low abundance RNAs and reveal their RNA structures for the first time in
vivo. We demonstrate the immediate applicability of DMS/SHAPE-LMPCR by probing
the structures of a key low-abundance mRNA (GRP3S) and an ncRNA (U12 snRNA) in
A. thaliana. Comparative sequence and structural analysis uncover a secondary structure
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for U12 snRNA in plants. Importantly, we also reveal the effects of proteins on the RNA
structures within biologically important ribonucleoparticles, including a low-abundance
one, by performing comparative in vitro and in vivo DMS/SHAPE analysis on 25S
rRNA, 5.8S rRNA, and U12 snRNA. These studies illustrate the critical importance of
mapping RNA structure in living cells.

Figure 2.1 Flowchart for targeted determination of RNA structure for high- and
low-abundance RNAs. Either DMS/SHAPE-RT (Steps 1-3) or DMS/SHAPE-LMPCR
can be used (all steps). In the first step, total RNA (green strand) is treated with DMS or
SHAPE reagent, either in vitro or in vivo. In DMS/SHAPE-RT, a radiolabeled 5′-32P
gene-specific primer is used for the RT step, whereas in DMS/SHAPE-LMPCR, an
unlabelled 5′-OH gene-specific primer is used for the RT step. Next, the RNA is
degraded by base hydrolysis. For DMS/SHAPE-LMPCR, the unlabelled cDNA (black
strand) generated from RT is ligated to a DNA adaptor (orange) by single-stranded (ss)
DNA ligation. Subsequently, a 5′-OH DNA adaptor-specific forward primer (blue) and a
radioactive 5′-32P (for PAGE) or a 5′-FAM (for CE) gene-specific nested reverse primer
(red) are used for PCR amplification of the ligated cDNA fragments. For the
(−)DMS/SHAPE control reaction, all steps are the same except that DMS/SHAPE
treatment is omitted. Detailed procedures for each step can be found in the Methods.
2.3 Results
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2.3.1 rRNA and chloroplast mRNA structure analysis by DMS/SHAPE-RT.
We initially investigated rRNAs since phylogenetic structures are available for
rRNA, which allows verification of the RNA structures obtained. Phylogenetic structures
are derived from evolutionary relationships and provide accurate models of the in vivo,
protein-associated structures of the RNA20,21. The H16-H20 region of 25S rRNA was
selected for this portion of the study because its phylogenetic structure is comprised of
diverse structural features including base pairs, mismatches, bulges, internal and hairpin
loops and a three-helix junction (Fig. 2.2)22. Our focus was to use this structurally
diverse region to determine whether DMS and SHAPE allow probing in planta and to
determine whether in vitro and in vivo modification patterns differ.
First, we determined DMS and SHAPE modification patterns of the H16-H20
region of 25S rRNA in vitro. The in vitro DMS and SHAPE modifications occurred
primarily on or near nucleotides that are single-stranded in the phylogenetic secondary
structure (Fig. 2.2a-c, blue). Next, we examined DMS and SHAPE modification patterns
of the H16-H20 region of 25S rRNA in vivo. We first carried out a set of experiments to
assure that RNA probing occurs in vivo and not during the subsequent isolation of the
RNA. We began by treating intact A. thaliana seedlings with DMS or SHAPE reagent
(NAI) and reading out the resultant RNA modifications using RT. For DMS, treatment
for 15 min with 0.75 % (~75 mM) DMS led to obvious in vivo DMS modification of 5.8S
rRNA (Fig. A.1). For SHAPE, NAI treatment of 15 min at 100 mM yielded ideal
modification results (Fig. A.2). Importantly, we found that all RNA modification occurs
in vivo and not during the subsequent isolation of the RNA. This was ascertained using an
exogenous RNA synthesized by in vitro T7 RNA transcription that was doped into the
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biological sample at the first step of total RNA extraction and then assessed for the extent
of its DMS/SHAPE modification (Fig. A.3). Together, these experiments confirmed that
all DMS or SHAPE modification of the RNAs occurred in planta.
Results of in vivo probing of the H16-H20 region of 25S rRNA are provided in
Fig. 2.2a,b and d (red), and comparison with in vitro probing (Fig. 2.2a-c) is given as a
line plot in Fig. A.4. We found that most of the nucleotides near helices H16, H17, and
H18 that were reactive in vitro were also modified in vivo (Fig. 2.2 and Fig. A.4).
Conversely, many nucleotides near H19 and H20 that were strongly modified in vitro
were either not modified or modified much less strongly in vivo (Fig. 2.2 and Fig. A.4).
Low Pearson correlation coefficients (PCC) between in vitro and in vivo normalized
reactivities for both DMS (PCC = 0.32) and SHAPE (PCC = 0.24) data indicate that
RNAs have different accessibility to structural probing reagents in living cells as
compared to test tube conditions (Fig. 2.2 and Fig. A.4).
We further examined the crystal structure of the ribosome, using the yeast
ribosome23 as no A. thaliana ribosome crystal structure is presently available. (Yeast
ribosomal proteins are evolutionarily conserved with A. thaliana and other eukaryotes24.)
We identified several ribosomal proteins near H18-H20 (Fig. 2.2d, green shading). This
observation suggests that the in vivo modification pattern observed near H19 and H20 is
likely due to protein-induced protections (Fig. 2.2 and Fig. A.4, green boxes). While
extensive protections were observed in this region, we also noted slightly enhanced
reactivity (deprotection) on several residues—A157-A158 and C166-A167—in in vivo
DMS, supporting a protein-induced RNA structural rearrangement in vivo. In summary,
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the primary differences between the in vitro and in vivo reactivities of H16-H20 region of
25S rRNA stem from ribosomal proteins-induced protections in vivo.

Figure 2.2 DMS and SHAPE (NAI) probing of helices 16-20 of 25S rRNA reveals
different modification patterns in vitro and in vivo. (a) In lanes 1-4, in vitro and in vivo,
(–) or (+) DMS-RT were performed on 25S rRNA as indicated, with readout of H16-H20.
Lanes 5-6 provide dideoxy sequencing. RNA input for each lane was 2 µg total RNA. (b)
In lanes 1-4, in vitro and in vivo, (–) or (+) SHAPE-RT were performed on 25S rRNA as
indicated, with readout of H16-H20. Lanes 5-8 provide dideoxy sequencing. RNA input
for each lane was 2 µg total RNA. The green outline indicates the region of in vivo
protein protection. (c-d) Normalized in vitro and in vivo DMS and SHAPE reactivity
mapped onto the phylogenetic structure of the H16-H20 region of 25S rRNA22. The
green-shaded box in d indicates the region of in vivo protein protection. Nucleotides
replaced by black dots represent regions where confident assignment of reactivity cannot
be obtained due to proximity to the primer binding site (PBS).
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We also compared 5.8S rRNA structure in vitro and in vivo, using DMS-RT in the
background of total RNA (Fig. 2.3a). Extensive protections and deprotections were
found in vivo as compared to in vitro. These features are readily apparent by comparing
the in vitro and in vivo DMS modified lanes in the raw data (Fig. 2.3a, blue and red dots).
This comparison yielded a PCC of just 0.26 (Fig. 2.3b) indicating that the structure of the
RNA in vivo is very different from in vitro. Much of the weak correlation, in this
instance, is likely due to the presence of intermolecular RNA-RNA interactions in the
cellular environment, as part of 5.8S rRNA is known to base pair with 25S rRNA24 (see
the phylogenetic structure in Fig. 2.3c). Indeed, the 5′-portion of 5.8S rRNA (H1 and H2
5′ in Fig. 2.3a) was modified only in vitro, suggesting that, despite being in a background
of total RNA, 5.8S rRNA is unable to base pair with 25S rRNA in vitro. To further
investigate 5.8S rRNA folding in vitro, we performed DMS probing of 5.8S rRNA
prepared by in vitro T7 transcription instead of by extraction from plants. The PCC
between normalized DMS reactivities of in vitro 5.8S rRNA from T7 transcription versus
in vitro 5.8S rRNA from total RNA was very strong (PCC = 0.87), while the correlation
between in vitro 5.8S rRNA from the T7 transcription and in vivo 5.8S rRNA was
exceptionally weak (PCC = 0.14) (Fig. 2.3b). These results further support the conclusion
that 5.8S rRNA folds very differently in vitro and in vivo and that ribosomal proteins are
important cellular factors required for the stabilization of 25 rRNA-5.8S rRNA
interactions25.
Our in vivo DMS-RT data on 5.8S rRNA are consistent with the phylogenetic
structure. We also observed that some single-stranded regions in the 5.8S rRNA
phylogenetic structure had low DMS reactivity, suggesting that these regions are
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protected by cellular factors in vivo (Fig. 2.3c). To investigate this possibility, we further
performed in vivo modification on 5.8S rRNA with SHAPE and found that these singlestranded regions have low SHAPE reactivities, consistent with our DMS findings (Fig.
A.2). Next, we examined the crystal structure of the yeast ribosome23 and identified
several ribosomal proteins adjacent to 5.8S rRNA, suggesting that the low DMS and
SHAPE reactivities in those regions in A. thaliana are caused by protein-induced
protections. Two such single-stranded regions, “i” and “ii” in Figure 2.3c, have been
reported as protected from DMS modification in yeast, but deprotected in the absence of
yeast ribosomal protein L2626, supporting the hypothesis that those single-stranded
regions in 5.8S rRNA with low DMS/SHAPE reactivities are protected by ribosomal
proteins. In sum, our results illustrate that DMS and SHAPE can target and report native
5.8S rRNA secondary structure in living cells and that this structure is markedly different
from in vitro structures.
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Figure 2.3 DMS probing of 5.8S rRNA yields different RNA structures in vitro and
in vivo. (a) In lanes 1-6, DMS-RT was performed on in vitro 5.8S rRNA from T7
transcription (T7 RNA), in vitro total RNA, or in vivo total RNA, in each case using a
5.8S rRNA-gene specific primer. Lanes 7-10 provide dideoxy sequencing. Blue and red
dots denote key nucleotides of in vitro-only (i.e. protected in vivo) and in vivo-only (i.e.
deprotected in vivo) DMS modifications. (b) Correlation plots of 5.8S rRNA from in vivo
total RNA versus in vitro total RNA, 5.8S rRNA from in vitro total RNA versus in vitro
T7 transcription, and 5.8S rRNA from in vivo total RNA versus in vitro T7 transcription.
Pearson correlation coefficients (PCC) are provided on each plot. (c) Normalized in vivo
DMS and SHAPE probing results mapped onto the phylogenetic structure of 5.8S
rRNA22. Two proposed regions (i and ii) of ribosomal protein protection (Fig. 2.3a and
2.3c, purple) are supported by both in vivo DMS and in vivo SHAPE probing results (See
Fig. 2.3a and Fig. A.2). Nucleotides replaced by black dots represent regions where
confident assignment of reactivity could not be obtained due to proximity to the PBS or
5′ end of the 5.8s rRNA. Certain nucleotides in 25S rRNA that do not interact with 5.8S
rRNA are represented by a black curve.
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We next sought to test whether in vivo SHAPE can target important chloroplast
mRNA of unknown structure. We chose the 5′UTR of PSBA (Atcg00020.1), a vital
chloroplast mRNA that encodes the D1 protein of the photosystem II reaction center. We
first performed DMS-RT (Fig. 2.4a), as DMS has previously been shown to target
chloroplast mRNA in a green alga13. We constructed the secondary structure of the
5′UTR of PSBA from A. thaliana using normalized DMS reactivities as constraints (Fig.
2.4b and see Methods). It has been reported that the highly conserved AU box in the
5′UTR of PSBA is crucial in translation, as mutation or deletion of this region leads to a
drastic decrease in translation yield27. We found that the A nucleotides in this box are
highly reactive to DMS in vivo, indicating that the nucleotides in this loop are
unstructured (Fig. 2.4). We then performed in vivo SHAPE-RT and obtained
modifications that support the DMS-constrained structure (Fig. 2.4), demonstrating that
NAI can target chloroplast mRNAs. Combining our in vivo finding on the unstructured
AU box with the mutational study27, it appears that the AU box in the 5′UTR of PSBA
may be a regulatory site in vivo, e.g., for protein-binding in a redox-dependent fashion as
is known to occur at the 5′ UTR of PSBA
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. In sum, we demonstrated that SHAPE can

modify chloroplast mRNA in vivo and identified important structural features that agree
with in vivo DMS probing.
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Figure 2.4 DMS/SHAPE-RT probing and 5′UTR secondary structure of PSBA. (a)
In vivo DMS (lanes 1-2) and SHAPE (lanes 7-8) probing of the complete 5′UTR of PSBA
via DMS/SHAPE-RT. Lanes 3-6 show dideoxy sequencing. Due to its lower abundance
in cells in comparison to 5.8S rRNA (Fig. 2.5b), a minimum of 15 µg of total RNA was
needed for each lane to allow detection of DMS/SHAPE modifications of PSBA 5′UTR
via the DMS/SHAPE-RT assay. (b) Normalized in vivo DMS-constrained secondary
structures of 5′UTR of PSBA (see Methods). The AU box is enclosed with a black outline.
The SHAPE reactivity was overlaid onto the secondary structure and is highly consistent
with the structure, indicating that in vivo SHAPE reagent (NAI) can target chloroplast
mRNAs in plant systems. Nucleotides replaced with black dots represent regions where
confident assignment of reactivity cannot be obtained due to proximity to the 5′end of the
RNA.

2.3.2 Development of attomole sensitivity LMPCR-based assay.
The RNA structures described above were assayed via an RT-based approach.
However, this approach suffers from being insensitive. It can detect only the relatively
few high abundance transcripts, such as rRNAs and PSBA (Figs. 2.2-4), which make up
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only a very small fraction of all the distinct transcripts in cells. As such, it is important to
develop a more sensitive method to determine RNA structure of low-abundance
transcripts in vivo.
We first determined the sensitivity limits of the standard in vivo RT-based assay,
using DMS probing reagent as an example. The total input RNA was serially diluted
until the observable DMS modification pattern for 5.8S rRNA was lost. We found that a
relatively large amount of 5.8S rRNA (~1 pmol) is necessary for conventional DMS-RT
(Fig. 2.5a). This is approximately the amount of 5.8S rRNA found in 2 µg of a “total
RNA” extraction, which immediately presents a problem if one wants to assay the many
much lower abundance RNAs. Without a new approach an RNA at 100,000-fold lower
abundance than 5.8S rRNA would require ~0.2 g of total RNA input for the DMS-RT
assay, which is clearly impractical. To improve sensitivity, we explored and developed an
amplification-based method, which we refer to as “DMS/SHAPE-LMPCR” (Fig. 2.1, all
steps). In this approach, a DNA adaptor is ligated to the 3′-end of the complementary
DNA (cDNA), and the ligated cDNA is PCR amplified using a gene-specific and an
adaptor-specific primer. With this approach, we found that the DMS modification pattern
of 5.8S rRNA is observable even at a 10-attomole (10-17) level of 5.8S rRNA input (Fig.
2.3a), which represents a remarkable 100,000-fold enhancement in sensitivity. Notably,
the modification pattern derived from DMS-LMPCR was consistent with the pattern
derived from the standard DMS-RT data (Fig. 2.5a, compare lane 3 to lanes 5 and 7),
with strong PCC between the normalized DMS reactivities for different regions of 5.8S
rRNA ranging from 0.72-0.82.
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Figure 2.5 Development and application of attomole sensitivity LMPCR-based assay.
(a) Enhanced sensitivity of DMS-LMPCR allows detection of DMS modification of
attomole quantities of RNA. Two µg total RNA (equal to ~1 pmol of 5.8S rRNA, lane 3)
of in vivo DMS-treated total RNA was serially diluted to amounts containing an
estimated 1 fmol (lane 2) or 10 amol (lane 1) of 5.8S rRNA, and used for reverse
transcription. The sensitivity of DMS-RT was determined to be ~1 pmol of the target
RNA. A similar test was performed to determine DMS-LMPCR sensitivity. Two µg total
RNA of in vivo (-)DMS- or (+)DMS -treated total RNA was serially diluted to amounts
containing an estimated 1 pmol (lanes 8-9), 1 fmol (lanes 6-7) or 10 amol (lanes 4-5) of
5.8S rRNA, and then DMS-LMPCR was performed on 5.8S rRNA. The sensitivity of
DMS-LMPCR was determined to be ~10 amol. Lanes 10-13 provide dideoxy sequencing.
The asterisks were used for tracking of the bands from different lanes. (b) qRT-PCR
analysis of relative abundance of selected RNA candidates. 5.8S rRNA was used as a
reference. Error bars represent the standard deviation of three biological replicates.
Ranges of sensitivity of the DMS/SHAPE-RT and DMS/SHAPE-LMPCR approaches are
shown beneath the graph. Low-abundance RNA was defined as inability to detect by
DMS/SHAPE-RT. (c) DMS-LMPCR reveals structural aspects of a low abundance RNA
transcript. Lanes 2-5 show in vitro and in vivo DMS probing of the complete GRP3S
5′UTR via DMS-LMPCR. A 10 nt marker (M) was size fractionated (lane 1) to allow
nucleotide assignment based on spacing. RNA input for DMS-LMPCR was 1 µg of total
RNA. In vitro and in vivo DMS modifications were similar (compare lanes 3 and 5),with
a Pearson correlation coefficient of 0.84 between in vitro and in vivo DMS reactivities. In
vivo DMS-constrained secondary structure of GRP3S 5′UTR is shown at right. (In vitro
DMS-constrained structure was identical.) Nucleotides replaced by black dots represent
regions where confident assignment of reactivity cannot be obtained due to proximity to
the 5′ end of the RNA.
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2.3.3 mRNA and ncRNA structural analysis by DMS/SHAPE-LMPCR
We sought to determine whether DMS-LMPCR can reveal DMS modifications of
low-abundance transcripts that cannot be detected and analyzed by conventional DMSRT. We interrogated a low-abundance RNA, GRP3S (At2g05380.1), which encodes the
short isoform of glycine-rich protein 3. GRP3S interacts with a plant cell wall-associated
kinase, suggesting a role in signal transduction; other glycine-rich proteins have been
implicated in plant defense and response to abiotic stress29. The level of GRP3S is
~1,900-fold lower than that of 5.8S rRNA according to quantitative reverse transcription
PCR (qRT-PCR) (Fig. 2.5b). We used 1 µg of total RNA for each reaction and performed
in vitro and in vivo DMS-LMPCR probing on the complete 35 nt 5′UTR of GRP3S. As
shown in Fig. 2.5c, DMS modifications on this low-abundance RNA transcript were
obtained. The in vitro and in vivo DMS modification patterns were similar (Fig. 2.5c,
compare lanes 3 and 5), with a strong PCC = 0.84 between normalized DMS reactivity
under the two conditions. Despite the similarities, minor differences occur. These are
found at nucleotides C20 and A24, with C20 being more reactive in vivo, and A24 being
somewhat less reactive in vivo. Both in vitro and in vivo DMS-constrained structure
determination yielded the same secondary structure, consisting of a hairpin with 6 bp in
the stem and 10 nt in the loop (Fig. 2.5c). Inspecting the structure suggests that the minor
differences in modification patterns may arise from loop dynamics and breathing of the
closing base pair in vitro.
Finally, we studied an RNA whose abundance approaches our benchmark
sensitivity (Fig. 2.5b), using both DMS and SHAPE probing reagents. We interrogated
U12 snRNA (At1g61275.1), which is a non-coding snRNA of the minor spliceosomal

45

complex30, responsible for the splicing of a divergent class of pre-mRNA introns. The
level of U12 snRNA in Arabidopsis thaliana is ~45,000-fold lower than that of 5.8S
rRNA according to qRT-PCR (Fig. 2.5b). We also conducted a comparative sequence
analysis of U12 snRNAs across vascular plant and moss genomes, which revealed that
U12 snRNA sequences are highly conserved (Fig. 2.6a, top). We found that covariation
in multiple base pairs exists across these species (Fig. 2.6a, top), providing evidence for
conserved structural domains in U12 snRNA. On the basis of these sequences, we
derived a phylogenetic structure of plant U12 snRNA (Fig. 2.6b). The resultant plant U12
snRNA structures are similar to mammalian U12 snRNA structures31 (Fig. 2.6a, bottom
and Fig. 2.6c), providing evolutionary support for our proposed U12 phylogenetic
structure in plants (Fig. 2.6b). Our plant U12 snRNA phylogenetic structure shows that
SLIII elements form a single and long hairpin at the 3′end, consistent with human U12
snRNA31 (Fig. 2.6b-c).
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Figure 2.6 Comparative sequence analysis of plant and mammalian U12 snRNA
reveals conserved secondary structure. (a) Comparative sequences analysis on 11 U12
snRNAs from plant species with well-sequenced genomes (top) yields conserved
secondary structural domains. (Ath: Arabidopsis thaliana; Aly: Arabidopsis lyrata; Bra:
Brassica rapa; Cpa: Carica papaya; Ccl: Citrus clementina; Mtr: Medicago truncatula;
Ptr: Populus trichocarpa; Vvi: Vitis vinifera; Zma: Zea mays; Osa: Oryza sativa; Ppa:
Physcomitrella patens) Three mammalian U12 snRNAs (bottom) are shown for
comparison. (Hsa: Homo sapiens; Mmu: Mus musculus; Mmul: Macaca mulatta). (b-c)
Similar RNA phylogenetic structures of Arabidopsis thaliana and Homo sapiens U12
snRNA. (b) Phylogenetic structure of plant U12 snRNA in Arabidopsis thaliana,
constructed based on the sequences of the 11 plant U12 snRNAs shown in Fig. 2.6a (top).
(c) Phylogenetic structure of mammalian U12 snRNA, as reported previously31. The
stems are colored according to Fig. 2.6a to allow easier comparison between Arabidopsis
thaliana and Homo sapiens U12 snRNA. This structure is also supported by comparison
of the three mammalian U12 snRNAs (Fig. 2.6a, bottom). (See Table A.1 for gene
information).
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Both DMS and SHAPE target the predicted single-stranded regions of A. thaliana
U12 snRNA (Fig. 2.7a-b and Fig. A.5), supporting our derived structural model (Fig.
2.7c-d). U12 snRNA interacts with Sm proteins to form the small nuclear
ribonucleoparticle (snRNP). A striking protection pattern occurs at the Sm protein
binding site uniquely in vivo, which is most visible in the SHAPE probing (Fig. 2.7b,d
and Fig. A.5b, green box). The Sm site has a conserved sequence of RAU4-6GR32,33 and
2′-hydroxyl groups and uridine bases have been reported to be especially important for
stable snRNP formation32. Uridine is probed uniquely by SHAPE as are the 2′-hydroxyl
groups, showing that DMS and SHAPE are complementary reagents in vivo. These
results reveal specific protein binding sites on a low abundance non-coding RNA in vivo.
Finally, to demonstrate the capability of our method for higher throughput, we
coupled it with capillary electrophoresis (CE) by performing DMS-LMPCR on U12
snRNA using a fluorescence primer (Fig. A.6). The CE data strongly correlate with the
PAGE data, with a PCC of 0.76 between these two methods. This opens the door to
higher throughput of the method, as established for in vitro SHAPE experiments34,35. In
sum, our establishment of the ultrasensitive DMS/SHAPE-LMPCR method allows
interrogation of the structures of rare biological transcripts, which is not possible by prior
RT-based methods.
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Figure 2.7 DMS/SHAPE-LMPCR uncovers in vivo structural aspects of minor
spliceosomal U12 snRNA. (a-b) DMS and SHAPE reactivity plots of U12 snRNA using
data from Fig. A.5. Different regions of the U12 snRNA are annotated above the plot in
(a). (c-d) In vitro and in vivo DMS/SHAPE reactivity mapped onto the phylogenetic
structure of plant U12 snRNA. The proposed Sm protein binding site is indicated by a
green outline. RNA regions that are used for the two primer-binding sites and that are
close to the 5′- and 3′ end cannot be assessed; these regions are shaded with a light-grey
box.
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2.4 Discussion
There are three key technical advantages of DMS/SHAPE-LMPCR. First, it
requires only simple RNA sample handling and preparation; thus, costly and timeconsuming steps of selective enrichment of the RNA of interest or, conversely, depletion
of high-abundance RNAs (i.e. rRNAs) are not needed. Second, coupling between in vivo
DMS/SHAPE probing and LMPCR permits critical gains in sensitivity and selectivity. In
comparison to grams of total RNA required for conventional methods, 1 µg of total RNA
is sufficient for this assay to probe structure of low-abundance RNA, which is readily
obtained from 20 mg (fresh weight) of seedlings in our study, and a comparable amount
of RNA could be obtained from routine preparation of cells or tissues of other organisms.
This makes structural probing of low-abundance transcripts practical. This reduced
quantitative requirement also makes it feasible to harvest the requisite amount of RNA
for in vivo structure profiling on RNAs of interest in rare cell or tissue types. Third,
comparison of in vivo probing results with in vitro structures, made feasible by
DMS/SHAPE-LMPCR, allows the identification of nucleotides that are critical in
modulating RNA structure in living cells as inferred from both differential protections
and deprotections.
We have explored the structures of a number of plant RNAs with differential
abundance in living cells. In particular, the evolutionary and structural aspects of U12
snRNA have been elucidated, expanding our current understanding of structure of the
minor spliceosomal complex in plants. Recently, a detailed RNA mutagenesis study on
human U12 snRNA was performed to identify the importance of several structural
elements31. In that study, the loop sequence of SLIIb was reported to be evolutionarily

50

conserved, yet mutation and deletion analysis showed it to be dispensable for splicing.
While we also find strong sequence conservation in this region for three mammalian U12
snRNAs (Fig. 2.6a, bottom), the loop sequence and loop length of SLIIb are highly
variable in plants (Fig. 2.6a, top), supporting its dispensable nature in splicing31. Indeed,
our DMS/SHAPE-LMPCR probing result showed that this loop is highly unstructured in
A. thaliana U12 snRNA (Fig. 2.7). Overall, our DMS/SHAPE-LMPCR probing on this
rare ncRNA supports our proposed phylogenetic structure of U12 snRNA in plants.
Another important observation on U12 snRNA is the strong protection observed in our in
vivo SHAPE-LMPCR analysis, suggesting Sm-protein binding to a single-stranded Smsite in vivo. This result highlights the value of our method’s capability to probe RNA
structure of rare transcripts both in vitro and in vivo, and detect important features that are
uniquely present in vivo.
Undoubtedly, in vitro RNA structural probing experiments using T7 transcripts or
extracted total RNA are important in understanding RNA structure, and some RNAs, e.g.
those lacking intermolecular interactions with proteins or other RNAs, or harboring
insensitivity to cellular ionic and crowding conditions, may exhibit the same structures in
vivo and in vitro. Caution is needed, however, when in vitro and in vivo modifications
patterns differ. The modification patterns of 25S rRNA, 5.8S rRNAs, and U12 snRNA, as
demonstrated here, exemplify this phenomenon. In the case of 25S rRNA, major
differences were likely due to protein-induced protection in vivo (Fig. 2.2), while for 5.8S
rRNA, folding in vitro occurred in the absence of the known base pairing with 25S
rRNA22 (Fig. 2.3). In the case of U12 snRNA, the Sm site element was protected in vivo
(Fig. 2.7). Since in vivo and in vitro probing are complementary methods and both can
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identify structural features and impacts of various cellular factors on the RNA of interest,
it is thus useful to perform both in vivo and in vitro probing.
In this study, we have presented the first in vivo structures of several plant RNAs,
having probed rRNA, chloroplast mRNA, cytosolic mRNA and nuclear non-coding RNA
in living cells. Our sensitive and robust method allows the structural exploration of many
vital categories of RNAs that have not previously been amenable to study in living cells
due to limitations in sensitivity and/or RNA availability. Moreover, in vitro and in vivo
comparative analysis of RNA, as facilitated by our method, reveals the effects of proteins
on the RNA structures within biologically important ribonucleoparticles and offers
significant biological insights into RNA structure in living cells. In summary, application
of DMS/SHAPE-LMPCR has advanced current understanding of RNA structure in plants,
and provides a general platform for the study of the structures of low abundance
transcripts in any organism.

2.5 Materials and methods
2.5.1 Preparation of in vitro T7 RNA transcripts.
Two in vitro T7 RNA transcripts were prepared for DMS and SHAPE control
tests: 5.8S rRNA (166 nt) and a dope-in RNA (168 nt). The dope-in RNA’s primer
binding site has no significant complementarity to any RNA in A. thaliana and therefore
can act as an exogeneous RNA for the DMS/SHAPE control reaction. Transcripts were
produced from double-stranded DNA templates using T7 RNA polymerase. The doublestranded DNA templates were prepared from single-stranded synthetic DNA
oligonucleotides (IDT, Coralville, IA) that were PCR-amplified using gene-specific
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primers. Two Gs were appended after the T7 promoter sequence of the DNA template (at
the 5′ ends of these RNAs) to improve in vitro T7 RNA transcription yields36. The
resulting dsDNA products were fractionated on a 1.5 % agarose gel for 1 h at 100 W,
visualized under brief UV shadowing, and purified using an E.Z.N.A. gel extraction kit
(Omega Bio-Tek) following the manufacturer’s protocol. T7 RNA transcription was
performed using the MEGAscript T7 Kit (Ambion) following the manufacturer’s
protocol. The resulting RNA product was size fractionated on an 8.3 M urea-10 %
polyacrylamide gel and visualized under brief UV shadowing. The gel slice was crushed
and soaked overnight at 4 oC in 10 mM Tris (pH 7.5), 1 mM EDTA, and 250 mM NaCl
(1X TEN250) with constant rotary shaking. The gel mixture was filtered through a 0.25
µm filter and ethanol precipitated. The pellet was washed with ice-cold 70 % ethanol,
dissolved in RNase-free water, and quantified with UV-spectroscopy. RNA was stored at
−20 oC.

2.5.2 In vitro total RNA preparation.
A. thaliana seeds were obtained from the Arabidopsis Biological Resource Center
(ABRC, http://www.arabidopsis.org/abrc/) for the Columbia (Col-0) accession.
Sterilization of the seeds was performed by treating with 70 % (v/v) ethanol. Seeds were
then plated on half-strength Murashige and Skoog (MS) medium. The seeds were
stratified by storing for at 4 °C for 3-4 days. Subsequently, the plates were covered with
Aluminum foil to keep out light and kept for 5 days in a growth chamber maintained at
22-24 °C. The resulting 5-day-old A. thaliana etiolated (grown in darkness) seedlings
were frozen with liquid N2 and ground into powder using a chilled mortar and pestle pre-
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cleaned with RNase Zap (Ambion). The powder was then subjected to total RNA
extraction, following the protocol described in the RNeasy Plant Mini Kit (Qiagen). The
extracted total RNA was then treated with TURBO DNase (Ambion) following the
manufacturer’s protocol, followed by phenol chloroform extraction, and ethanol
precipitation. The RNA was resuspended in RNase-free water, and quantified with UVspectroscopy. In addition, the quality of the RNA was confirmed by gel electrophoresis to
ensure that rRNA bands were intact. RNA was stored at −20 oC.

2.5.3 In vitro DMS chemical probing on targeted RNA candidates.
All manipulations involving DMS were conducted in a chemical fume hood. In
vitro T7 transcript or total extracted (in vitro) seedling RNA was renatured at 95 oC for
1.5 min then cooled to 4 oC for 1.5 min. An equal volume of 2X DMS reaction buffer
was added to 2 pmol of T7 transcript or 1-15 µg (depending on the abundance of the
RNA candidate being targeted) of total (in vitro) seedling RNA, resulting in final 1X
DMS reaction buffer concentrations of 100 mM KCl, 40 mM HEPES (pH 7.5), and
0.5 mM MgCl2, approximately mimicking cellular ionic conditions. The final total
volume was 20 L. The reaction was mixed thoroughly and kept at room temperature for
15 min to allow system equilibration. DMS (99.8% purity) stock (Sigma-Aldrich) was
diluted (1:10 v/v) in 95% ethanol, immediately added to the reaction mixture to a final
concentration of 1% (~100 mM DMS), and allowed to react with the RNA for 3 min at
room temperature. RNA under this condition achieves single-hit kinetics conditions (Fig.
2.3). To quench the reaction, freshly-prepared dithiothreitol (DTT) was added to a final
concentration of 0.5 M and mixed thoroughly. The reaction was immediately applied to a
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Micro Bio-SpinTM P-6 gel column (Biorad) following the manufacturer’s protocol to
remove small molecules, and the filtrate was subjected to ethanol precipitation. Minus
DMS treatment was performed by adding 95% ethanol instead of DMS. For a quench
control, DTT at a final concentration of 0.5 M was added before DMS, while the other
procedures remained the same as described above.

2.5.4 In vivo DMS chemical probing on targeted RNA candidates.
A. thaliana etiolated seedlings were grown for 5 days in the dark (see above).
Seedlings were harvested with forceps and then put into 20 mL 1x DMS reaction buffer
(100 mM KCl, 40 mM HEPES (pH 7.5), and 0.5 mM MgCl2 in a 50 mL Falcon tube.
Next, DMS (Sigma-Aldrich, 99.8% purity) was added to give a final concentration of
0.75% (~75 mM). The reaction proceeded for 15 min at room temperature and the
seedlings were swirled periodically. Freshly-prepared DTT was added to a final
concentration of 0.5 M to quench the reaction. After swirling for 2 min the liquid was
decanted and ~100 mL of deionized water was used to wash the seedlings. The seedlings
were then frozen with liquid N2 and ground to a powder using a mortar and pestle that
had been treated with RNase Zap (Ambion). Total RNA was extracted with the RNeasy
Plant Mini Kit (Qiagen). Minus DMS treatment was performed by adding deionized
water instead of DMS. Two quench controls were conducted. For the first quench control,
DTT at a final concentration of 0.5 M was added before DMS; the other procedures
remained the same as described above. A second quench control was performed to ensure
that the DTT quenching of DMS was efficient and no “in vitro” DMS modification
occurred during the RNA extraction process in in vivo experiments. In this control, 2
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pmol of a doped-in RNA (168 nt) was added when the lysis buffer was added to the
ground powder (first step of total RNA extraction); this allowed monitoring as to whether
the doped-in RNA was methylated by DMS during the extraction process — a result
which, had it occurred, would have led to spurious conclusions regarding the in vivo
nature of the RNA structure. All extracted RNA samples were then treated with TURBO
DNase (Ambion) following the manufacturer’s protocol, followed by phenol chloroform
extraction and ethanol precipitation .

2.5.5 Synthesis of 2-methylnicotinic acid imidazolide (NAI).
The synthesis of the SHAPE reagent (NAI) was performed according to the
literature17. All manipulations involving synthesis and use of NAI were conducted in a
chemical fume hood and with reagents from Sigma-Aldrich. To prepare NAI, 137 mg (1
mmol) of 2-methylnicotinic acid, alternative name 2-methylpyridine-3-carboxylic acid,
was first dissolved in 500 µL anhydrous DMSO in a 1.7 mL Eppendorf tube with brief
vortexing at room temperature. In another 1.7 mL Eppendorf tube, 162 mg (1 mmol) 1,1′carbonyldiimidazole was dissolved in 500 µL anhydrous DMSO, and this solution was
added slowly to the 2-methylnicotinic acid solution over 5 min with brief vortexing. The
resulting solution was vortexed briefly at room temperature with occasional opening of
the cap until gas evolution was complete. The resulting solution was used as a 1.0 M
stock solution containing a 1:1 mixture of SHAPE reagent NAI, and imidazole as a
byproduct, without further purification according to earlier study17. The solution was
aliquoted and was kept frozen at −80 °C when not in use. The stock solution was thawed
to room temperature before opening and use.
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2.5.6 In vitro SHAPE chemical probing on targeted RNA candidates.
All manipulations involving NAI were conducted in a chemical fume hood. All
the procedures for in vitro SHAPE chemical probing were identical to those for in vitro
DMS chemical probing described above, except that the final concentration of NAI was
50 mM and the reaction was allowed to occur for 15 min. Minus SHAPE treatment was
performed by adding anhydrous DMSO instead of NAI.

2.5.7 In vivo SHAPE chemical probing on targeted RNA candidates.
All the procedures for in vivo SHAPE chemical probing were identical to those
for in vivo DMS chemical probing described above, except that the final concentration of
NAI was 100 mM. Minus SHAPE treatment was performed by adding anhydrous DMSO
instead of NAI.

2.5.8 Gene-specific reverse transcription.
One pmol of in vitro T7 transcribed RNA, 1-15 µg of in vitro total RNA (the
actual amount depended on the abundance of the RNA candidate being targeted), or 1-15
µg of in vivo total RNA (the actual amount depended on the abundance of the RNA
candidate being targeted) was resuspended in 5.5 µl RNase-free water and mixed with
either 1 µL of 2.5 µM (unlabelled) or ~200,000 counts per minute (cpm)/ µL of
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P-

radiolabelled DNA gene-specific primer. The solution was heated at 75 oC for 3 min, then
3 µL of reverse transcription reaction buffer was added to the mixture to a final
concentration of 20 mM Tris (pH 8.3), 1 mM DTT, 8 mM MgCl2, and 1 mM dNTPs, and
the reaction was incubated at 35 oC for annealing. The reaction was then heated to 55 oC
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for 1 min, 0.5 µL of Superscript III reverse transcriptase (100 U total) was added, and
reverse transcription was allowed to proceed for 15 min at 55 oC. Next, 1 µL of 2 M
NaOH was added to the 10 L mixture, which was heated at 95 oC for 10 min to
hydrolyze all RNAs and denature reverse transcriptase.
For DMS/SHAPE-RT experiments, the reverse transcription reaction mixture was mixed
with an equal volume of 2X stop solution, which contained 100 % deionized formamide,
20 mM Tris, pH 7.5, 40 mM EDTA, as well as xylene cyanol and bromophenol blue dye
for tracking.
For DMS/SHAPE-LMPCR experiments, the reverse transcription reaction
mixture was phenol chloroform extracted and applied to an illustra MicroSpin S-200 HR
Columns (GE Healthcare Life Sciences) following the manufacturer’s protocol, and the
cDNA in the filtrate was subjected to ethanol precipitation.

2.5.9 Single-stranded (ss) DNA ligation.
The ssDNA ligation condition was modified from literature37 and manufacturer’s
(Epicentre) protocols. The cDNA pellet for DMS/SHAPE-LMPCR was redissolved in
RNase-free water, and additions were made resulting in final concentrations of 70 µM of
DNA linker with a 5′-phosphate and a 3′-3-Carbon spacer group (5′p, 3′C3), 50 mM
MOPS (pH 7.5), 10 mM KCl, 5 mM MgCl2, 1 mM DTT, 0.05 mM ATP, 2.5 mM MnCl2,
and 200 U total Circligase I in a 20 µl reaction. The ligation was performed at 65 oC for
12 h, followed by heating at 85 oC for 15 min to deactivate the Circligase I. The solution
was then phenol chloroform extracted, applied to an illustra MicroSpin S-200 HR
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Columns (GE Healthcare Life Sciences) following the manufacturer’s protocol, and then
the cDNA in the filtrate was subjected to ethanol precipitation.

2.5.10 Selective PCR amplification.
The ligated cDNA samples were dissolved in 10 µL of water, and 1 µL of the
reaction was used for the PCR reaction. The PCR reaction contained final concentrations
of 0.5 µM forward primer, 0.5 µM of gene-specific reverse primer, 1 µL of ~500,000
cpm/µl
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P-labeled gene-specific reverse primer (omitted for capillary electrophoresis

(CE) detection), 200 µM dNTPs, 1X ThermoPol reaction buffer and 1.25U of NEB Taq
DNA polymerase in 25 µL. For CE, 0.5 µM of FAM-labeled gene-specific reverse primer
was used instead. The PCR protocol consisted of 1 cycle of 95 oC for 3 min; 25-35 cycles
of 95 oC for 1 min, 60 oC for 45 sec, and 72 oC for 1 min; followed by 72 oC for 10 min
and then cooling to 4 oC. For PAGE, the reaction mixture was mixed with an equal
volume of 2X stop solution, which contained 100% deionized formamide, 20 mM Tris
(pH 7.5), 40 mM EDTA, and xylene cyanol and bromophenol blue dye for tracking,
while for CE, 1 µL of the products was mixed with 0.5 µL of LIZ-500 size standard (ABI
Cat. 602912) and 10 µL of deionized formamide (Applied Biosystems).

2.5.11 Data collection.
For PAGE-based DMS/SHAPE-RT and DMS/SHAPE-LMPCR, products were
size fractionated on 8.3 M urea-8% polyacrylamide gels for DNA size separation. To
help denature the DNA, the temperature of the glass plates was maintained at ~55-60 oC,
which was achieved by a power of 90-100 W. Gels were dried under vacuum and heat.
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Gel images were collected with a Typhoon PhosphorImager 9410, and bands were
quantified using SAFA38 or ImageQuant 5.2.
For CE-based SHAPE-LMPCR, products were size fractionated on a 50 cm
capillary array with POP7 matrix using a 3730XL DNA Analyzer (Applied Biosystems,
Foster City, CA). The run module was set to the following parameters: voltage 15 kV, T
= 66°C, injection time = 10 s. Product sizes were assessed using Peak Scanner v1.0
software (Applied Biosystems, Foster City, CA).

2.5.12 Data processing and analysis.
The DMS or SHAPE data were processed according to the literature7,8. In
summary, the differences in band intensity between (+)DMS and (−)DMS or (+)SHAPE
and (−)SHAPE reactions were calculated. The nucleotide identity of each band was
identified from dideoxy sequencing lanes or the DNA size marker lane. Since DMS
specifically targets the Watson-Crick position of A and C nucleotides, the G and U
nucleotides were not included during signal processing. Normalized DMS or SHAPE
reactivity was generated based on the 2%/8% rule7,8. Using DMS as an example, the top
2% of the most reactive A and C nucleotide intensities were designated as outliers and
removed from the pool for averaging. The next 8% of most reactive A and C nucleotide
intensities were averaged, and all A and C nucleotide intensities, including the outliers,
were divided by this average value to obtain normalized DMS reactivity. The same
procedure was followed for SHAPE, except that all four nucleotides were used for the
normalization. The normalized DMS/SHAPE reactivities were then plotted for further
analysis. (See Figs. 2.3, 2.7 and Fig. A.4).
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2.5.13 Statistical analyses.
For comparison of in vitro and in vivo DMS/SHAPE reactivites, Pearson
correlation tests were performed. Pearson's correlation coefficient is a statistical measure
of the linear correlation between two variables, which yields a value ranging from -1
(perfect negative correlation) to 1 (perfect positive correlation), where zero indicates no
correlation.

2.5.14 RNA structure determination.
In vitro and in vivo DMS/SHAPE-constrained RNA structure determination was
performed at the RNA Mapping Data Bank (RMDB) structure server website39
(http://rmdb.stanford.edu/structureserver/). Briefly, the normalized and quantified
DMS/SHAPE reactivities were formatted and input into the website as pseudo-energy
constraints along with the RNA sequence. Subsequently, the RNA was folded at 25oC
using default slope and intercept parameters. This server uses RNAstructure40,41
(http://rna.urmc.rochester.edu/index.html) as the backend.

2.5.15 Multiple sequences alignment and RNA structure prediction.
U12

snRNA

sequences

(http://www.phytozome.net/)

were
or

obtained

from
NCBI

Phytozome

v9.142

GenBank43

(http://www.ncbi.nlm.nih.gov/genbank/). The plant U12 snRNA sequences were aligned
using Clustal W244 (http://www.ebi.ac.uk/Tools/msa/clustalw2/). The sequences were
submitted

to

TurboFold45

(http://rna.urmc.rochester.edu/RNAstructureWeb/Servers/TurboFold/TurboFold.html) to
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derive a secondary structure of U12 snRNA for Arabidopsis thaliana, based on consensus
among the designated sequences.

2.5.16 Expression analysis by quantitative PCR (qRT-PCR).
Total RNA was extracted from 5-day-old Arabidopsis thaliana etiolated seedlings
using the RNeasy Plant Mini Kit (Qiagen) according to the manufacturer’s protocol.
RNA was quantified spectrophotometrically (Nanodrop-2000; NanoDrop Technologies),
and RNA quality was checked by gel electrophoresis to confirm that rRNA bands were
intact. The total RNA was treated with TURBO DNase (Ambion) according to the
manufacturer’s instructions and subsequently phenol chloroform extracted and ethanol
precipitated. The total RNA was dissolved in RNase-free water and stored at -20 oC
before use. Total cDNA was prepared from 500 ng of total RNA with the SuperScript III
first-strand synthesis system for RT-PCR (Life Technologies, Invitrogen) using random
hexamers and following the manufacturer’s instructions. Next, qRT-PCR was performed
using a premix containing SYBR-Green intercalating dye (Bio-Rad) and selected genespecific primer sets. The positions of the oligonucleotide primers for each RNA of
interest used for qRT-PCR were chosen such that the size of all PCR products was
between 100 and 150 bp. The suitability of the oligonucleotide sequences in terms of
efficiency of annealing was evaluated in advance using the mFold46 and Primer 3
program47. Primer efficiency tests were performed on each of the four qRT-PCR primer
sets. The efficiency of all primer sets was found to be highly similar to each other and
within the acceptable range. Primers for each gene are provided in Table A.2. Threshold
cycle (Ct) values in qRT-PCR experiments were averaged across three technical
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replicates. Three independent biological replicates were performed. The averaged Ct
value of the three biological replicates was used for the calculation of relative expression,
and the standard deviation was generated from the three biological replicates. The data
obtained were analyzed with IQ5 software (Bio-Rad).
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Appendix A
Supplementary Information for Chapter 2

[Published as Supplementary Online Material for a paper entitled “Determination of in
vivo RNA Structure in Low-Abundance Transcripts” by Chun Kit Kwok, Yiliang Ding,
Yin Tang, Sarah M. Assmann, and Philip C. Bevilacqua in Nature Communications
4:2971 (2013). This paper was highlighted in Nat. Meth. 11, 11-11 (2014).]
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Figure A.1 In vivo DMS reaction time determination. The RNA targeted in this figure
was 5.8S rRNA. The DMS concentration was 0.75 % (~75 mM) and the quench was 0.5
M dithiothreitol (DTT). In lane 1, no DMS was added to the reaction, which was
incubated for 15 min, followed by addition of DTT. In lane 2, DMS was added to the
reaction and reacted for 15 min, followed by DTT addition (i.e. a normal probing reaction).
In lanes 3 and 4, DTT was added to the reaction together with DMS, and the reaction was
allowed to proceed for 7 or 15 min, respectively. Flowcharts to left of gels summarize
treatments in lanes 1-2 and 3-4. Total RNA in the samples was subsequently extracted,
and reverse transcription was performed to analyze the DMS modification of 5.8S rRNA
using DMS-RT.
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Figure A.2 In vivo SHAPE reaction time determination and SHAPE-RT on 5.8S
rRNA. The RNA targeted for both parts of this experiment was 5.8S rRNA. The final
SHAPE reagent (NAI) concentration was 100 mM and the quench was 0.5 M DTT.
Flowchart to left of gels summarize treatments in lanes 1-5. In lane 1, anhydrous
dimethyl sulphoxide (DMSO) was used as the solvent control for the SHAPE reaction,
followed by addition of DTT. In lanes 2-5, NAI was added to the reaction and reacted for
1-30 min, followed by addition of DTT. The optimal SHAPE reaction time was
determined to be 15 min. Total RNA in the samples was subsequently extracted, and
SHAPE-RT was performed to analyze the SHAPE modification of 5.8S rRNA. We found
that this NAI concentration (100 mM) and reaction time (15 min) allows single-hit
kinetics on the basis of the large amount of unmodified full length RNA remaining, with
reasonable modifications along the remainder of the RNA (see also Fig. 2.4). The in vivo
SHAPE result on 5.8S rRNA is in agreement with the in vivo DMS probing result, as well
as with the proposed ribosomal protein binding site (i.e. region i and ii for ribosomal
protein L26) on 5.8S rRNA (Fig. 2.3).
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Figure A.3 In vivo DMS and SHAPE controls. (a) DMS control data in lanes 1-4 were
all obtained from the same total RNA sample. A dope-in T7 RNA transcript (168 nt) was
doped into the sample before total RNA extraction (i.e. at “Step 2”), after 15 min of (-) or
(+) in vivo DMS treatment (see flowcharts to left of gels). This dope-in RNA was used to
test whether “in vitro” DMS modification occurs during the total RNA extraction; its
primer binding site is not complementary to any RNAs in Arabidopsis thaliana. In lanes
1-2, in vivo DMS-RT was performed using 5.8S rRNA gene-specific primer to give a 164
nt product; this showed that in vivo DMS modification occurred normally (compare with
Fig. A.1). In lanes 3-4, in vivo DMS-RT was performed using dope-in RNA gene-specific
primer. A full length band of 168 nt was observed. No DMS modification was observed,
indicating that the dope-in RNA was not modified during RNA extraction and thus
confirming that the DTT quench worked efficiently. In lanes 5-6, in vivo DMS-RT was
performed using dope-in RNA gene-specific primer on another (-) or (+) DMS treated
total RNA sample without dope-in RNA doped in; no full length band was observed,
confirming that the gene-specific primer for dope-in RNA does not target any plant RNA
extracted, and was specific and responsible for the full length bands observed in lanes 3-4.
Lanes 7-10 show dideoxy sequencing of the dope-in RNA. In lane 11, a DNA marker
was size fractionated to confirm the size of the full length band. In lanes 12-13, in vitro
DMS-RT was performed on dope-in RNA using dope-in RNA gene-specific primer; this
showed that DMS modifications can and does occur on this dope-in RNA under in vitro
conditions. (b) For SHAPE control data in lane 1, the same dope-in T7 RNA transcript
(168 nt) was doped into the sample before total RNA extraction (i.e. at “Step 2”), after 15
min of (+) in vivo SHAPE treatment (see flowchart to left of gels). This dope-in RNA
was used to test whether “in vitro” SHAPE modification occurs during the total RNA
extraction. No SHAPE modification was observed, indicating that the dope-in RNA was
not modified during RNA extraction and thus confirming that the DTT quench worked
efficiently. Lanes 2-5 show the dideoxy sequencing of the dope-in RNA. In lane 6, a
DNA marker was size fractionated to confirm the size of the full length band. In lanes 7-8,
in vitro SHAPE-RT was performed on dope-in RNA using dope-in RNA gene-specific
primer; this showed that SHAPE modifications can and does occur on this dope-in RNA
under in vitro conditions.
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Figure A.4 DMS and SHAPE reactivity plots of the H16-H20 region of 25S rRNA. (a)
The normalized in vitro and in vivo DMS reactivities are shown as line plots. (b) The
same analysis was performed on in vitro and in vivo SHAPE reactivities. The low
Pearson correlation coefficient (PCC) between in vitro and in vivo data, seen for both
reagents, indicates differences in DMS and SHAPE modification patterns between in
vitro and in vivo probing. In both (a) and (b), the proposed ribosomal protein protection
region is highlighted with a green bar above the data.
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Figure A.5 DMS/SHAPE-LMPCR probing on Arabidopsis thaliana U12 snRNA. (a)
Lanes 1-4 show in vitro and in vivo DMS probing of U12 snRNA via DMS-LMPCR. A
10 nt marker (M) was size fractionated (lane 5) to allow nucleotide assignment based on
spacing. RNA input for DMS-LMPCR was 1 µg of total RNA. (b) Identical lane
orientation for SHAPE-LMPCR experiment. The proposed Sm protein binding site is
marked with a green box.
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Figure A.6 Strong correlation between DMS-LMPCR results from gel-based
readout (PAGE) and capillary electrophoresis-based readout (CE). The normalized
in vitro DMS reactivities are shown as line plots (blue for PAGE, purple for CE). The
Pearson correlation coefficient (PCC) was 0.76 between these 2 experiments.

Table A.1 U12 snRNA in various plant and mammalian species*.
Species

Phytozome (v9.1) landmark/region or NCBI GenBank ID

Arabidopsis thaliana

At1g61275.1

Arabidopsis lyrata

scaffold_2:2,556,122..2,556,295

Brassica rapa

A05:3,110,241..3,110,403

Carica papaya

supercontig_1:4,438,283..4,438,436

Citrus clementina

scaffold_4:3,160,980..3,161,135

Medicago truncatula

chr7:5,807,095..5,807,257

Populus trichocarpa

chr08:2,912,275..2,912,428

Vitis vinifera

chr7:14,050,499..14,050,651

Zea mays

chr4:128,604,527..128,604,684

Oryza sativa

chr2:22,888,408..22,888,566

Physcomitrella patens

scaffold_6:1,923,740..1,923,898

Homo sapiens

NR_029422.1

Mus musculus

NR_004432.2

Macaca mulatta

FJ916036.1

*Plant U12 snRNAs were queried in Phytozome v9.11 (http://www.phytozome.net/);
mammalian U12 snRNAs were queried in NCBI GenBank2
(http://www.ncbi.nlm.nih.gov/genbank/).
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Table A.2 DNA oligonucleotide sequences used.
Name
Dope-in RNA RP1

DNA oligonucleotide sequence (5′-3′)
GAA CCG GAC CGA AGC CCG

25S rRNA RP1

CCA AAC AAC CCG ACT CGT AGA C

5.8S rRNA RP1

TTG TGA CAC CCA GGC AGA C

5.8S rRNA RP2

CCA GAA GGC TTG GGG CGC AAC

PSBA RP1

CAG AAG CGA CCC CAT AGG C

GRP3S RP1

GTT CAG GTT TCA CAG TTT CCT CAC T

GRP3S RP2

GCC ATT TCT GAG ACG ATG AAA AG

U12 snRNA RP1

CAA AAG TAA GCA GCG TCA ACA CAT

U12 snRNA RP2

CCC GCA CGA GGT GAG TTC TG

FAM U12 snRNA RP2
ssDNA adaptor

/FAM/CCC GCA CGA GGT GAG TTC TG
/5Phos/NNN CTG CTG ATC ACC GAC TGC CCA TAG AG/3SpC3/

LMPCR FP

CTC TAT GGG CAG TCG GTG AT

5.8SrRNA qFP

CAA CGG ATA TCT CGG CTC TC

5.8SrRNA qRP

CAA CTT GCG TTC AAA GAC TCG

PSBA qFP

CCA AGG ATT TTA CCA TGA CTG C

PSBA qRP

AGT GCT AGT TAT CCA GTT ACA GAA G

GRP3S qFP

GCA GTA TTT GTA AGA AAA TGG CTT C

GRP3S qRP

GTT CAG GTT TCA CAG TTT CCT CAC T

U12 snRNA qFP

CGC TAA TCG TAA AAC ACA AAA TTG G

U12 snRNA qRP

CCC GCA CGA GGT GAG TTC TG

Table footnote: For DMS/SHAPE-RT and DMS/SHAPE-LMPCR, gene specific RP1
was used for reverse transcription. Gene specific RP2 and adaptor-specific LMPCR FP
were used for the PCR amplification step of DMS/SHAPE-LMPCR. Gene specific qFP
and qRP were used for qRT-PCR reactions to determine relative abundances of specific
RNAs. Primer efficiency tests were performed on each of the four qRT-PCR primer sets.
The efficiency of all primer sets was found to be highly similar to each other and within
the acceptable range.
References
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Chapter 3
In vivo Genome-Wide Profiling of RNA Secondary Structure Reveals Novel
Regulatory Features
[Published as a paper entitled “ In vivo Genome-Wide Profiling of RNA Secondary
Structure Reveals Novel Regulatory Features” by Yiliang Ding, Yin Tang, Chun Kit
Kwok, Yu Zhang, Philip C. Bevilacqua, and Sarah M. Assmann in Nature 505, 696-700
(2014).
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http://f1000.com/prime/718185620 and highlighted in Nature 505, 621-622 (2014), Nat.
Meth. 11, 11-11 (2014) and Nat. Chem. Biol. 10, 87-87 (2014).] Author contributions are
listed in Section 3.5.

3.1 Abstract
RNA structure has critical roles in processes ranging from ligand sensing to the
regulation of translation, polyadenylation, and splicing1-4. However, a lack of genomewide in vivo RNA structural data has limited our understanding of how RNA structure
regulates gene expression in living cells. Here we present a high-throughput, genomewide in vivo RNA structure probing method, “Structure-Seq”, in which dimethyl sulfate
(DMS) methylation of unprotected adenines and cytosines is identified by next
generation sequencing. Application of this method to Arabidopsis thaliana seedlings
yielded the first in vivo genome-wide RNA structure map at nucleotide resolution for any
organism, with quantitative structural information across more than 10,000 transcripts.
Our analysis reveals a three-nucleotide periodic repeat pattern in the structure of coding
regions, as well as a less-structured region immediately upstream of the start codon, and
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shows that these features are strongly correlated with translation efficiency. We also
found patterns of strong and weak secondary structure at sites of alternative
polyadenylation, as well as strong secondary structure at 5′ splice sites that correlates
with unspliced events. Notably, in vivo structures of mRNAs annotated for stress
responses are poorly predicted in silico, while mRNA structures of genes related to cell
function maintenance are well predicted. Global comparison of several structural features
between these two categories shows that the mRNAs associated with stress responses
tend to have more single-strandedness, longer maximal loop length, and higher free
energy per nucleotide, features that may allow these RNAs to undergo conformational
changes in response to environmental conditions. Structure-Seq allows the RNA
structurome and its biological roles to be interrogated on a genome-wide scale and should
be applicable to any organism.

3.2 Introduction
Most existing RNA structure mapping has been performed in vitro5-8. Among
RNA structure probing reagents, DMS can penetrate cells and has been used to map
structures of high-abundance RNAs in vivo in various organisms9-12. DMS methylates
the base-pairing faces of A and C of RNA in loops, bulges, mismatches and joining
regions. The base-pairing status of U and G nucleotides can be inferred from structural
mapping of As and Cs, because constraining even some nucleotides substantially
improves predictions of other regions13. However, a method for genome-wide study of
RNA structure in vivo has been lacking. Here we combine DMS methylation with nextgeneration sequencing to establish “Structure-Seq”, an in vivo quantitative measurement
of genome-wide RNA secondary structure at nucleotide resolution.
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3.3 Result and discussion
We optimized DMS treatment conditions for Arabidopsis etiolated seedlings (Fig.
B.1a), and then generated two independent biological replicates of (+)DMS and (−)DMS
libraries (Fig. 3.1). DMS-induced methylation sites were highly reproducible (Pearson
correlation coefficient (PCC) of 0.91 for the two (+)DMS libraries; (Table B.1a)).
Nucleotide modification in the (+)DMS library was specific to As and Cs (Fig. B.1b).
Notably, 98% of the combined 206 million sequence reads were mappable to the
Arabidopsis genome; these reads include diverse classes of RNAs, with a predominance
of mRNAs and rRNAs (Fig. B.1c and Table B.1b, c).

The RT stops are evenly

distributed along the transcripts, with no 3′ bias (Fig. B.1d). In particular, 10,781
transcripts had sufficient coverage at nucleotide resolution to obtain secondary structure
constraints (Fig. B.2a). Abundance of individual mRNAs in Structure-Seq correlated well
with mRNA abundance from RNA-Seq analyses14 (Fig. B.2b, c).
To validate in vivo Structure-Seq, we mapped DMS reactivities of 18S rRNA (Fig.
3.2a, and Fig. B.3). Overall, the reactivities are consistent (Fig. B.3) with structure
mapping of 30S subunit-bound 16S rRNA15 and with the phylogenetically derived
structures16, which are the evolutionarily conserved structures and are the closest models
of in vivo, protein-associated structure17. Further, comparison of DMS modifications
from Structure-Seq with those from conventional gel-based in vivo structure probing
yielded strong agreement for all regions of 18S rRNA tested (PCCs of 0.78 (Fig. 3.2b, c),
0.71 (Fig. B.4a, b), and 0.68 (Fig. B.4c, d)), as well as for a randomly chosen mRNA,
CAB1 (At1g29930) (Fig. B.4e, f, g). We thus conclude that Structure-Seq accurately
probes RNA structures in vivo on a genome-wide basis. Importantly, complete coverage
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can be provided in a single experiment even for long transcripts, which is not the case for
conventional gel-based methods.

Figure 3.1 Overview of Structure-Seq. Arabidopsis seedlings are treated with DMS.
Reverse transcription is performed using random hexamers (N6) with adaptors (thicker
black lines). Reverse transcriptase stalls one nucleotide before DMS-modified As and
Cs11 (black crosses). Single-stranded (ss) DNA ligation attaches a single-stranded DNA
linker (thicker black line) to the 3’ end. Double-stranded DNA is generated by PCR
(purple line, forward primer; green–red line, unique index (green) and universal portion
(red) of reverse primer). A (−)DMS library is prepared in parallel. Deep sequencing is
performed with different indices for (+)DMS and (−)DMS libraries. Counts of the reverse
transcriptase (RT) stops are normalized and subtracted. Pie charts depict percentages of
RNA types for the (+)DMS (left) and (–)DMS (right) libraries. Green portions represent
other RNA types plus unmappable reads (see Table B.1b, c).
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Figure 3.2 Structure-Seq accurately maps 18S rRNA and agrees with gel-based in
vivo structure probing. a, Nucleotides 1–610 of the phylogenetic 18S rRNA structure16,
colour-coded according to Structure-Seq DMS reactivity. b, Nucleotides 17–86 of 18S
rRNA structure-mapped by gel-based probing. Lanes 1–2, (−)DMS and (+)DMS
treatments; lanes 3–4, C/A sequencing. c, Comparison of structure-seq (blue bars) and
gel-based probing (black line, normalized to 0–100%) yields a PCC of 0.78. StructureSeq reactivity for nucleotides 1−610 is shown on the right. The red asterisks indicate
nucleotides that have significant DMS modifications from both methods, and are also
shown in panel b. Additional gel to Structure-Seq comparisons and 18S rRNA structural
data are provided in Fig. B.4a-d and Table B.2.
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We accordingly investigated global features and discovered several notable
genome-wide in vivo RNA structural properties of Arabidopsis mRNAs (Fig. 3.3). We
found that average DMS reactivity of UTR regions is significantly higher than that of
coding sequences (CDS) (Fig. B.5a). The ~5 nt immediately upstream of the start codon
show particularly high DMS reactivity, which indicates less structure (Fig. B.5a). These
findings agree with previous findings in yeast and Arabidopsis UTRs in vitro5,6 and with
in silico predictions in mouse and human18. Unstructured regions near start codons may
facilitate ribosome binding and translation initiation. To evaluate this hypothesis, we
ranked our mRNAs according to their polyribosome association on the basis of previous
in vivo polyribosome profiling in Arabidopsis thaliana seedlings19. The unstructured
region upstream of the start codon was enriched in high translation efficiency mRNAs
and was absent in low translation efficiency mRNAs (Fig. 3.3a). While a related
observation was made in vitro for yeast5, our data demonstrate that this is a genuine in
vivo phenomenon, and extend these results to the plant kingdom.
When DMS reactivity along the CDS was averaged across mRNAs in our data set
(see Methods for details), a periodic trend was revealed. A discrete Fourier transform
applied to the CDS gave a period of 3, while periodicity was absent in UTR regions (Fig.
3.3a insets and Fig. B.5b, c). This represents the first in vivo demonstration of triplet
periodicity in structure of the CDS in a multicellular organism. Observation of an in vivo
triplet periodicity in CDS structure in plants, as well as its presence in both in vivo (from
ribosome profiling)20 and in vitro (ribosome-free)5 yeast data sets, and its proposed
presence in mammals18, suggests that periodic structure may have evolved as a universal
regulatory feature of translated portions of mRNAs.

83

Our genome-wide in vivo structurome allowed us to evaluate the hypothesis that
robustness of the periodic structure signal might influence translation. Notably, the
periodic signal was intensified in high translation efficiency transcripts and absent from
low translation efficiency transcripts5 (Fig. 3.3a insets and Fig. B.5d). Further analysis
revealed that differential presence of periodic structure between these two mRNA
populations did not arise from differential codon usage or differential nucleotide bias in
any of the three codon positions (Fig. B.5e). Our results thus reveal a hidden code in in
vivo RNA structure that influences polyribosome association and, by inference,
translation21.
Alternative polyadenylation has been observed for ~60% of Arabidopsis
mRNAs22. We assessed DMS modification 50 nt upstream and downstream of the
known22 alternative polyadenylation cleavage sites for the corresponding 5,959 mRNAs
in our RNA structurome. For alternative polyadenylation, RNA secondary structure
upstream of the cleavage site from nt −15 to −2 showed significantly lower DMS
reactivity than the average reactivity throughout the 100 nt region, indicating more
structure in vivo in the U- and A-rich upstream region (Fig. 3.3b and Fig. B.6a). This
finding provides genome-wide support for a regulatory role of RNA structure in this
region, in line with an early mutagenesis study of polyadenylation efficiency on one
selected RNA assayed in vitro23. We also found that nucleotides −1 to 5 had significantly
higher DMS reactivity than average (Fig. 3.3b). This leads to a structured-unstructured
pattern (Fig. 3.3b) that is not simply due to nucleotide composition (Fig. B.6b, c). These
results, newly revealed by Structure-Seq, suggest that structural elements near the
cleavage site may help regulate alternative polyadenylation.
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Figure 3.3 Structure-Seq reveals new features of mRNA secondary structures that
prevail in vivo. a, RNA structure associated with translation. DMS reactivities of
selected regions (5 UTR, 40 nt upstream of the start codon; CDS, 100 nt downstream of
the start codon and 100 nt upstream of the stop codon; 3 UTR, 40 nt downstream of the
stop codon) across high (red) or low (blue) translation efficiency mRNAs were averaged.
mRNAs were aligned by their start/stop codons (vertical black lines). Discrete Fourier
transforms (insets) of average DMS reactivity of selected regions across high (red) or low
(blue) translation efficiency mRNAs shows structural periodicity only in high translation
efficiency CDS. b, RNA structures associated with alternative polyadenylation. DMS
reactivities 50 nt upstream and downstream of alternative polyadenylation sites (indicated
by “0”) were averaged (violet). One region with significantly lower DMS reactivity (−15
to −2 nt, P = 109, Student’s t-test) and one region with significantly higher DMS
reactivity (−1 to 5 nt, P = 104, Student’s t-test) are highlighted. c, RNA structure
associated with alternative splicing. DMS reactivities along 100 nt of the 3 end of the 5
exon were averaged from each of unspliced (green) and spliced (yellow) events. For
unspliced events, the significance of the difference in average DMS reactivity between
the 40 nt upstream of the 5 splice site and the remaining 60 nt upstream region was
P = ~1025 (Student’s t-test). For spliced events, the P value was > 0.05. Absence of
structure in a nucleotide composition control is in grey.

Alternative splicing (AS) has been proposed to be regulated by RNA secondary
structure24,25. We considered a previous compilation of AS events in Arabidopsis
seedlings26 and identified, for each mRNA in our dataset, whether introns were spliced
out or whether AS (including exon skipping and intron retention) occurred. Notably, we
found significantly lower DMS reactivity in the region ~40 nt upstream of the 5′ splice
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site for the unspliced events (Fig. 3.3c). This structural pattern was not found in the
spliced events or in a nucleotide composition control (Fig. 3.3c), nor was it apparent at
the 3′ splice site (Fig. B.6d). Secondary structure at the 5′ splice site appears to disfavor
the first step of splicing, providing a regulatory mechanism for alternative splicing.
Current in silico structure prediction based on thermodynamics estimates a set of
probable RNA structures, but constraints from experimental data significantly improve
predictions13,27. Individual nucleotide DMS reactivities for each of the 10,623 mRNAs
with > 1 RT stop/nucleotide provided a rich data set (Fig. 3.4a) to compare RNA
structure predictions with and without inclusion of in vivo DMS-guided structural
constraints. First, we compared in silico-predicted structures and our in vivo structures
with available in vitro structures6. We find that in vitro and in vivo structures differ, and
that in vitro structures are more similar to in silico structures than are in vivo structures
(Fig. B.7a). Next, using RNAstructure27, we calculated for each of the 10,623 mRNAs
the Positive Predictive Value (PPV)28, which indicates the proportion of base pairs in the
in vivo DMS-constrained RNA structure that also appear in the in silico predicted RNA
structure. Most mRNAs did not fold in vivo according to in silico-predicted structures, as
is evident from the broad PPV distribution (Fig. 3.4b). Such poor correlation could, in
theory, be explained by mRNA association with proteins that block DMS reactivity in
vivo. This hypothesis was not supported, however, as low reactivity did not correlate with
low PPV, nor was PPV correlated with mRNA length (Fig. B.7b, c). The results of Fig.
3.4b and Fig. B.7a demonstrate the critical contribution of in vivo constraints in
prediction of the RNA secondary structures that prevail in living cells. This is also
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illustrated by an improvement in predicting the phylogenetic structure of 18S rRNA when
in vivo constraints are used (Table B.2).
We next asked whether genome-wide relationships exist between in vivo mRNA
structures and biological functions of the encoded proteins. Intriguingly, the Gene
Ontology (GO) annotations of those transcripts in the lowest 5% of the PPV distribution
are enriched in annotations of biological functions related to stress and stimulus
responses29 (Fig. 3.4c and Fig. B.8a, b). For example, mRNAs of cold and metal ion
stress response genes folded significantly differently in vivo from their unconstrained in
silico predictions (Fig. 3.4c, d, and Fig. B.8a, b). Interestingly, these stresses are known
to affect RNA structure and thermostability

27,30

. By contrast, genes involved in basic

biological functions such as gene expression, protein maturation and processing, and
peptide metabolic processes show little difference in their in vivo-constrained and in
silico- predicted RNA secondary structures, as indicated by their enrichment in the
highest 5% of the PPV distribution (Fig 3.4c, d, and Fig. B.8a, b). Speculatively, mRNAs
related to cell maintenance and showing high PPV may have evolved to resist large
conformational changes in order to maintain homeostasis.
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Figure 3.4 Structure-seq provides in vivo RNA structure information at nucleotide
resolution across 10,623 mRNAs and reveals correlations between RNA structure
and biological function. a, DMS reactivity of each of 10,623 mRNAs. b, PPV
distribution for in vivo versus in silico structures of 10,623 mRNAs; a higher PPV value
indicates less difference. c, mRNAs with low PPV are enriched in functional annotations
related to stress and stimulus responses; mRNAs with high PPV are enriched in basic
biological functions. Gene Ontology categories over-represented in the 5% of 10,623
mRNAs with lowest and highest PPV are shown at the top and bottom, respectively. d, In
silico and in vivo structures of one illustrative low PPV mRNA (top), RCI2A
(At3g05880), are highly dissimilar, whereas such structures for one illustrative high PPV
mRNA (bottom), S24 peptidase (At1g52600), are highly similar. Additional examples are
given in Fig. B.8a, b.
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We next compared several structural features between low and high PPV mRNAs.
We found that the fraction of a mRNA’s nucleotides with DMS reactivity greater than a
0.6 threshold is significantly higher in the low than in the high PPV mRNAs (p value ~2
x 10-42; two sample t-test), which provides experimental support independent of
computational structure prediction that the low PPV mRNAs exist in multiple
conformations and/or are less structured. The low PPV mRNAs, enriched in functions
related to stress, also tend to have more single stranded regions (consistent with higher
average reactivity per nucleotide; p ~10-85; Student’s t-test), longer maximum loop length,
and higher free energy per nucleotide when assessed in vivo (Table 3.1 and Fig. B.8b).
These features might favor change in RNA structure in response to, for example, cold or
heavy metal ions, stress conditions with which these mRNAs are associated (Fig. 3.4c).
In other words, stress response RNAs may be more plastic, changing their structure in
response to changing cellular conditions. As sessile organisms, plants face extreme
environmental stresses; it will be of interest to ascertain whether the RNA structurefunction relationships revealed in Fig. 3.4c,d prevail in other kingdoms.
In summary, we have established a high throughput, genome-wide method that
profiles RNA secondary structure with high accuracy and nucleotide resolution in vivo.
Our comprehensive study reveals new insights into how global native RNA structural
characteristics regulate RNA processing and translation, and associates mRNA structural
characteristics with functions of the encoded proteins. These trends are not discernible by
studies on just one or a few RNAs, nor are they necessarily found in in vitro genomewide studies. Structure-Seq provides a broadly applicable method for the investigation of
RNA structure-function relationships in living systems.
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Table 3.1 RNA structural features differ between high and low PPV mRNAs.
Single-strand

Maximum loop length

Free energy

percentage

of structure

per nucleotide

In silico

0.99

3.7x10-2

7.73 x10-3

In vivo

5.80x10-19

4.7x10-7

3.07x10-34

The significance of difference between several RNA structural features was assessed
between high PPV mRNAs and low PPV mRNAs. Each entry is the p-value of a
Student’s t-test between the 5% of mRNAs with highest PPV and the 5% of mRNAs with
lowest PPV. The comparisons were performed on in silico-predicted (without in vivo
constraints) and in vivo (in silico prediction with constraints from our in vivo StructureSeq data) structures. Small p-values confirm that there are significant differences in RNA
structural features between high and low PPV mRNAs.
(Pseudoknots are uncommon (~1 pseudoknot/1000 nt) in both high and low PPV mRNA
datasets (calculated from the 1% mRNAs with highest PPV and the 1% mRNAs with
lowest PPV). The p-values for comparison of pseudoknot prevalence between these two
groups are 0.48 and 0.31 for in silico-predicted and in vivo structures, respectively.)

3.4 Materials and methods
3.4.1 Plant materials and growth conditions.
Arabidopsis thaliana seeds of the Columbia (Col-0) accession were sterilized with
70% (v/v) ethanol and plated on half-strength Murashige and Skoog medium. The plates
were wrapped in foil and stratified at 4°C for 3-4 days and then grown in a 22-24°C
growth chamber for 5 days

3.4.2 In vivo dimethyl sulfate (DMS) chemical probing.
All manipulations involving DMS were conducted in a chemical fume hood. Five
day-old Arabidopsis thaliana etiolated seedlings grown as described above were
suspended intact and completely covered in 20 mL 1X DMS reaction buffer in a 50 mL
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Falcon tube that contained 100 mM KCl, 40 mM HEPES (pH 7.5), and 0.5 mM MgCl2.
DMS was added to a final concentration of 0.75% (~75 mM) and allowed to react for 15
min at room temperature (~22oC) with periodic swirling. This DMS concentration and
reaction time allowed DMS to penetrate plant cells and modify the RNA in vivo with
single-hit kinetics conditions. Single hit kinetics conditions can be directly observed in
the (+)DMS lanes of Fig. 3.2b and Fig. B.1a and 4e, in which an intense full length peak
is observed for both rRNA and mRNA, and single hit kinetics is confirmed in StructureSeq data by the presence of transcripts with no internal reverse transcriptase (RT) stops.
To quench the reaction, freshly-prepared dithiothreitol (DTT) was added to a final
concentration of 0.5 M, and after swirling for 2 min the reaction mixture was decanted
and the seedlings were washed with ~2 x 50 mL of deionized water. The seedlings were
immediately frozen with liquid N2 and ground into powder using a mortar and pestle precleaned with RNase Zap (Ambion). Lysis buffer was added to the powder, and then the
sample was subjected to total RNA extraction, following the protocol described in the
RNeasy Plant Mini Kit (Qiagen).

3.4.3 Illumina library construction
In vivo total RNA isolation was followed by one round of poly(A) selection using
the Poly(A) purist Kit (Ambion). The poly(A)-selected RNA (2 µg) was then treated with
TURBO DNase (Ambion) following the manufacturer’s protocol, followed by phenol
chloroform extraction and ethanol precipitation. Then the RNA was resuspended in
RNase-free water and subjected to reverse transcription using the SuperScript™ III First
Strand Kit (Invitrogen) and random hexamers fused with an Illumina TruSeq Adapter (5′-
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CAGACGTGTGCTCTTCCGATCNNNNNN-3′). The resultant first strand cDNAs were
then

ligated

at

their

3′-ends

to

a

single-stranded

(ss)

DNA

linker

(5′pNNNAGATCGGAAGAGCGTCGTGTAG-3′-Spacer, where “5′ p” is a 5′ phosphate
and “3′-Spacer” is a 3-carbon linker) using CircLigase ssDNA Ligase (Epicentre), with
slight modifications to the manufacturer’s and literature procedures31, as follows. Briefly,
the cDNA was redissolved in RNase-free water and reagents were added to yield the
following final concentrations in a total volume of 20 µL: 70 µM ssDNA linker, 50 mM
MOPS (pH 7.5), 10 mM KCl, 5 mM MgCl2, 1 mM DTT, 0.05 mM ATP, 2.5 mM MnCl2,
and 200 U total Circligase. The ligation was performed at 65oC for 12 h and then the
sample was heated at 85 oC for 15 min to deactivate the Circligase. PCR amplification
was performed on the ligated cDNA using Illumina TruSeq forward primer: 5′AATGATACGGCGACCACCGAGATCTACACTCTTTCCCTACACGACGCTCTTCC
GATCT-3′;

Illumina

TruSeq

reverse

primer

index

1:

5′-

CAAGCAGAAGACGGCATACGAGATTGGTCAGTGACTGGAGTTCAGACGTGTG
CTCTTCCGATC-3′;

Illumina

TruSeq

reverse

primer

index

2:

5′-

CAAGCAGAAGACGGCATACGAGATGATCTGGTGACTGGAGTTCAGACGTGTG
CTCTTCCGATC-3′. Three rounds of gel purification were performed to remove
adapters and achieve a uniform size distribution of PCR products between 150 bp and
650 bp using both a 50 bp DNA Ladder and a 1 Kb Plus DNA Ladder (Invitrogen) as
references. This, together with carefully measured loading DNA concentration, allowed
an optimized cluster density to reduce unmappable reads (c.f. the manufacturer’s protocol
(Illumina)). Different barcode indices were used for the (+)DMS library and (−)DMS
library. The double-stranded (ds) DNA libraries were subjected to next generation
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sequencing on an Illumina HiSeq 2000. An independent biological replicate was prepared
in the same way and separately subjected to next generation sequencing.

3.4.4 Illumina sequence mapping
Illumina sequencing read lengths of 37 nucleotides were obtained and mapped to
the Arabidopsis thaliana transcriptome and genome (TAIR v10 release 2010). Twentyone nucleotides was determined to be the threshold length required for unique mapping
of a sequencing read after the reads were linker trimmed at their 3′ ends. Up to 3
mismatches without any insertions or deletions were allowed to account for PCR and
sequencing errors. Reads that could not be mapped or uniquely mapped to the genome
were designated as “not mappable”. Mapping of the reads was performed using Bowtie32
(v0.12.8) (http://bowtie-bio.sourceforge.net/index.shtml).
As shown in Table B.1a, there is high correlation between the two (+)DMS libraries and
between the two (-)DMS libraries from the biological replicates. Therefore, biological
replicates were combined for further analysis.

3.4.5 Determination and normalization of DMS reactivity
To compare the (+)DMS and (-)DMS datasets and derive the final DMS reactivity
for each nucleotide, the following three step procedure was used.
Step 1
For a transcript, suppose Pr(i) and Mr(i) are the raw numbers of RT stops for
nucleotide i (including all 4 bases) on the transcript in the (+) and (-)DMS libraries (Plus
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and Minus), l is the length of the transcript, and Pr(0) and Mr(0) are the raw numbers of
full length RT reads on the transcript in the (+)DMS and (-)DMS libraries, respectively.
For each nucleotide on each transcript, take the natural log (ln) of the number of RT stops
mapped to that nucleotide position (ln[Pr(i)] or ln[Mr(i)]) and divide the number by the
average of the ln of RT stops per position, yielding Equations (1) and (2). The average of
the ln of RT stops per position is calculated as the sum of the ln of RT stops at each
position (including all 4 bases (since random RT stalling can occur at any base) and full
length RT reads) of the entire transcript, divided by the length of the transcript, as
provided in the denominators of Equations (1) and (2).

P(i ) 

ln[ Pr (i)]
l

( ln[ Pr (i)]) / l

(1)

i 0

Equation (1) is the normalized number of RT stops for nucleotide i in (+)DMS library.
M (i ) 

ln[ M r (i)]
l

( ln[ M r (i)]) / l

(2)

i 0

Equation (2) is the normalized number of RT stops for nucleotide i in (-)DMS library.
Step 2
For each nucleotide, the raw DMS reactivity is calculated by subtracting the
normalized number of RT stops for the nucleotide between (+) and (-)DMS libraries. All
negative values are taken as 0 for the raw DMS reactivity.

 (i)  max(( P(i)  M (i)),0)

(3)

Equation (3) gives the raw DMS reactivity for nucleotide i.
Step 3
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Normalization (2%-8% normalization28) is then performed on the raw DMS
reactivity θ(i) of all the nucleotides on all the transcripts to obtain the final DMS
reactivity of each nucleotide. The reactivity is capped at seven5.
In all of the figures where average DMS reactivity of a region is given, it is the average
of the DMS reactivity of all A and C nucleotides in that region, for all of the transcripts
under consideration. Those transcripts that have no RT stops for any of the nucleotides
are not used in further structure analysis, as they provide no structure information.

3.4.6 In vivo RNA structure analysis of the genome-wide transcriptome using DMS
reactivity
Global in vivo mRNA structure trends:
We determined global transcriptome trends in mRNA structure by averaging
DMS reactivity from selected regions of mRNAs: 5′UTR region (the first 40 nucleotides
upstream of the start codon); CDS beginning region (the first 100 nt downstream of the
start codon); CDS ending region (the 100 nt upstream of the stop codon); and 3′UTR
region (the first 40 nt downstream of the stop codon). There were 22,721 unique mRNAs
(including splice variants) that had at least 40 nt in both the 5′UTR region and the 3′UTR
region and 200 nt in CDS; these mRNAs were analyzed for global trends (Fig. B.5a).
We analyzed the global mRNA structure of polyribosome-associated mRNAs defined in
a previous study21, ranking the transcripts according to their polyribosome-associated
mRNA abundance relative to their mRNA abundance. We selected the top 5% (1,136
mRNAs) and the bottom 5% of mRNAs (1,136 mRNAs) from the ranking. We defined
the top 5% as the “high translation efficiency mRNAs” and the bottom 5% as the “low
95

translation efficiency mRNAs”. We analyzed the global transcriptome trends of DMS
reactivity of the 5′ UTR, CDS, and 3′ UTR for both the high translation efficiency
mRNAs and the low translation efficiency mRNAs (Fig. 3.3a).
Codon periodicity and codon position signature:
We assessed the codon periodicity by applying a Discrete Fourier Transform. We
collected the DMS reactivity data from the Fourier transformed patterns of the 40 nt 5′
UTR, the first 100 nt of the CDS, the last 100 nt of the CDS and the 40 nt 3′UTR regions
(Fig. 3.3a and Fig. B.5b). We also computed the average DMS reactivity for each codon
position, collected from the entire CDS across 22,721 unique mRNAs (see above for
explanation of mRNAs chosen). We applied the Student’s t-test to assess the significance
of the difference between the average DMS reactivity for different codon positions (P <
0.01 as significant) (Fig. B.5c). The same methodology was applied to the high and low
translation efficiency mRNA subsets (Fig. 3.3a and Fig. B.5d).
Alternative polyadenylation structural patterns:
Alternative polyadenlyation sites were defined based on a previous genome-wide
study of alternative polyadenylation in Arabidopsis thaliana22. First we computed and
plotted the nucleotide occurrence 50 nt upstream and 50 nt downstream of the alternative
polyadenylation cleavage site for all alternatively polyadenlyated mRNAs represented in
our RNA structurome (Fig. B.6a). There were 5,959 mRNAs in our dataset with
alternative polyadenylation cleavage sites. Then we mapped the average DMS reactivity
of these upstream and downstream regions. We applied the Student’s t-test to analyze the
significance of the difference in the average DMS reactivity between the structured
region (-15 nt to -2 nt U- and A- rich region upstream of the alternative polyadenylation
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cleavage sites) and the average DMS reactivity of the whole 100 nt (Fig. 3.3b). We also
did the same analysis for the significance of the difference in the average DMS reactivity
between the unstructured region (-1 nt to 5 nt A-rich region of the alternative
polyadenylation cleavage sites) and the average DMS reactivity of the whole 100 nt (Fig.
3.3b).
Structure across alternative splice sites:
Based on a previous study of genome-wide alternative splicing (AS) in
Arabidopsis seedlings26, we identified, for each mRNA in our dataset, whether all introns
were spliced out or whether AS (including exon skipping and intron retention) occurred.
This yielded a dataset of 15,441 mRNAs with AS events. We then examined average
DMS reactivity of the 100 nucleotides at the 3′ end of the 5′ exon and compared this
parameter in unspliced vs. spliced events (Fig. 3.3c). For the unspliced events, we applied
the Student’s t-test to analyze the significance of the difference in the average DMS
reactivity between the 40 nt upstream of the 5′ splice site and the remaining 60 nt of the
100 nt region upstream of the 5′ splice site. The same analysis was performed for the
spliced events. As a nucleotide composition control for the unspliced events, the identical
nucleotide composition of the 40 nt upstream of the 5′ splice site in the unspliced events
was shuffled and remapped to find regions on the mRNAs in the TAIR Arabidopsis
cDNA library that were not located at 5 ′splice site junctions. For all of the resulting
regions that were also present in our dataset, the average DMS reactivity for each
nucleotide along the 40 nt regions plus the additional 60 nt upstream of these regions was
collected as a total 100 nt control, and the resulting average DMS reactivity was
compared to that of the unspliced events (Fig. 3.3c). The above set of analyses was also
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applied to the 100 nt regions of the 3′ splice site except that the nucleotide composition
control was performed with a 100 nt shuffle (Fig. B.6d).
All global structure trends in mRNA regions and periodicity, alternative
polyadenylation, and alternative splicing that we describe (Fig. 3.3, and Figs. B.5 and B.6)
remained significant when global analyses were redone on the smaller, 10,623 mRNA
subset with > 1 average RT stop per (A+C) nucleotide.

3.4.7 Comparison between in vivo constrained RNA structures and in silico predicted
RNA structures
In vivo DMS-constrained RNA structuromes were graphed with nucleotide
resolution. 10,623 mRNAs with > 1 average RT stop per (A+C) nucleotide were analyzed
(see below). We utilized the criterion of > 1 average RT stop per (A+C) nucleotide
because PPV and GO analyses rely on nucleotide resolution throughout the entire mRNA.
All 10,623 mRNAs (including all splice variants) were aligned by their start codon. Color
scales were applied to indicate the DMS reactivity. Each row in Fig. 3.4a represents the
DMS-guided RNA structurome information of one mRNA. mRNAs were organized by
transcript length. The figure was constructed using Python matplotlib module
(http://matplotlib.org/).
To obtain predicted RNA structures, we folded each of the 10,623 Arabidopsis
thaliana mRNAs with > 1 average RT stop per (A+C) nucleotide using the program
RNAstructure27 (http://rna.urmc.rochester.edu/RNAstructure.html) with slope (1.8) and
intercept (−0.6) for the pseudo-free energy function and either with or without our in vivo
DMS constraints. (After testing on several protein-free regions of 18S rRNA, we
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concluded that for the pseudo-free energy function employed by RNAstructure27 the
intercept and slope as defined by Weeks, Mathews, and colleagues33 were adequate.) We
compared in vivo DMS-constrained RNA structure with in silico predicted RNA structure
(i.e. without constraints) for each mRNA by examining the positive predictive value
(PPV) and sensitivity of base pairs28. Simply, when comparing two structures, PPV
implies the proportion of base pairs in the in vivo DMS-constrained RNA structure that
also appear in the in silico predicted RNA structure28. The sensitivity indicates the
proportion of base pair coverage in silico that also appears in vivo28. These criteria
indicate the extent of divergence of in vivo constrained and in silico structures28. In our
data, the PPV and sensitivity for the mRNA population are highly correlated (PCC =
0.99), thus we use PPV to represent the difference between the in vivo and in silico
structures (Fig. 3.4b). Negative predictive value (NPV)34 implies the proportion of single
stranded nucleotides common to both structures. The PPV and NPV are also highly
correlated in our dataset (PCC = 0.90), and so PPV was used for subsequent analyses.
We plotted the PPV values for each transcript across the 10,623 mRNAs (Fig. 3.4b). We
then took the mRNAs with PPV values in the top 5% and those with PPV values in the
bottom 5% and performed Gene Ontology (GO) annotation analysis29 for these two
groups using the hypergeometric test (p < 0.01 as significant) (Fig. 3.4c). For GO
analysis of mRNAs with splice variants, we defined the PPV value as the average of the
PPV values of all the splice variants of that mRNA present in our dataset. Structure
prediction with inclusion of pseudoknot prediction was performed for the top 1% and
bottom 1% of mRNAs in the PPV distribution using RNAstructure (ShapeKnots
command)33,35 .
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3.4.8 Comparison of high and low PPV mRNAs
To better understand the underlying mechanisms causing the variation of PPV
among mRNAs, we selected the mRNAs in the top 5% and bottom 5% of the PPV
distribution and performed two sample t-tests to assess whether there was significant
difference between the two groups for several RNA structural features for both in silico
structures and in vivo structures: single strand percentage, maximum loop length, and free
energy per nucleotide within an mRNA, and DMS reactivity per nucleotide. We similarly
compared the prevalence of pseudoknots (pseudoknots/100 nt of structure) in the top and
bottom 1% of the PPV distribution.

3.4.9 Gel-based method data collection and quantification
The gel-based method of structure probing utilized the same in vivo total RNA
pools from the same (+)DMS and (-)DMS plant material as for high-throughput RNA
Structure-Seq. To accomplish gel-based structure probing, reverse transcription was
performed using gene-specific

32

P-radiolabeled DNA primers (18S reverse primer for

region 1 for gel based method: 5′- AACTGATTTAATGAGCCATTCGCAG-3′; 18S
reverse

primer

for

region

2

for

gel

based

method:

5′-

GAGCCCGCGTCGACCTTTTATC-3′; 18S reverse primer for region 3 for gel based
method: 5′-GGTAATTTGCGCGCCTGCT-3′; CAB1 mRNA (At1g29930) reverse outer
primer for gel based method: 5′-TTCCAAGGACTTCAGATGCC-3′; CAB1 mRNA
(At1g29930)

reverse

inner

primer

for

gel

based

method:

5′-

GGAAAGCTTGACGGCCTTAC-3′; ssDNA adaptor for gel based method: 5′pNNNCTGCTGATCACCGACTGCCCATAGAG-3′-Spacer; adaptor forward primer for
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gel based method: 5′-CTCTATGGGCAGTCGGTGAT-3′). The cDNA samples were
then size fractionated on 8.3 M urea 8% polyacrylamide gels for DNA size separation.
The power was maintained at 90-100 W throughout the 1.5-2 h run, and the surface
temperature was ~55-65 oC, which helps to ensure denaturation of the DNA. Each gel
was dried and exposed using a PhosphorImager (Molecular Dynamics) cassette.
Gel images were collected with a Typhoon PhosphorImager 9410, and bands were
quantified using ImageQuant 5.2. The differences in band intensity between (+)DMS and
(-)DMS samples were calculated. The most intense peak was normalized as 100%
intensity5. Since DMS specifically targets the Watson-Crick position of A and C
nucleotides, the G and U nucleotides were not included during signal processing.
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Appendix B
Supplementary Information for Chapter 3

[Published as Supplementary Online Material for a paper entitled “ In vivo genome-wide
profiling of RNA secondary structure reveals novel regulatory features” by Yiliang Ding,
Yin Tang, Chun Kit Kwok, Yu Zhang, Philip C. Bevilacqua, and Sarah M. Assmann in
Nature 505, 696-700 (2014). This paper was recommended by F1000 Faculty.
http://f1000.com/prime/718185620 and highlighted in Nature 505, 621-622 (2014), Nat.
Meth. 11, 11-11 (2014) and Nat. Chem. Biol. 10, 87-87 (2014).]
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Figure B.1 Time course of DMS modification and overview of Structure-Seq
libraries. a, Time course of in vivo DMS modification of 18S rRNA in Arabidopsis
etiolated seedlings. Five-day-old Arabidopsis etiolated seedlings were DMS treated for
different durations (1 min, 5 min, 15 min and 30 min; lanes 2-5). In all cases the final
DMS concentration was 0.75% (~75 mM). The 18S rRNA DMS modification read-out
was assessed by gel-based probing, which was done here near the 5′-end to afford a view
of the full-length RNA band. The 15 min time point is the optimal duration for DMS
modification, as it is the longest time point for which single hit kinetics still occur as
revealed by the intense full-length band. The 30 min time point is too long, as revealed
by significant loss of the full-length band and increase of shorter length bands. Lanes 6-9
show the dideoxy sequencing of 18S rRNA. Lane 1 is the (-)DMS control. Lane 10 is a
DNA marker that was size fractionated to confirm the size of the full length band (112
nucleotides). b, DMS-modification is RNA nucleotide specific. Nucleotide occurrence of
RNA bases one nucleotide upstream of the position of reverse transcriptase stalling on the
(+)DMS library and (-)DMS library, respectively. The (+)DMS library shows higher
occurrence of A and C than of U and G (A is more than 1 standard deviation higher
compared to C, G and U, and C is more than 1 standard deviation higher compared to G
and U if leaving out A), consistent with the properties of DMS modification of
nucleobases1. The percentages of each RNA base in the (-)DMS library are also indicated
and are found to be similar (within 1 standard deviation). This figure combines results
from both biological replicates. c, The total number of reads was classified into different
classes of RNAs on a percentage basis from a total number of 121,258,873 reads for the
(+)DMS library and 85,371,519 reads for the (-)DMS library. This figure combines
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results from both biological replicates. d, Structure-Seq reads coverage. RNA structure
information from Structure-Seq is distributed evenly across transcripts, with no 3′ bias.
Each of the 37,558 transcripts (all transcripts with > 1 internal RT stop and length ≥ 100
nt) was divided into 100 bins to normalize the transcript length. The RT stops per each A
and C nucleotide (upper), and the RT stops per each A and C nucleotide with ≥ 1 RT stop
(lower) from both the (+)DMS library (black diamonds) and the (-)DMS library (grey
triangles) were averaged within each bin and plotted. The RT stops are well-distributed
over the entire transcript length.
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Figure B.2 Structure-Seq reveals in vivo RNA secondary structures for over 10,000
transcripts and correlates with mRNA abundance. a, Structure-Seq reveals in vivo
RNA secondary structures for over 10,000 transcripts. The histogram shows the number
of transcripts as a function of the average reverse transcriptase (RT) stops associated with
A + C nucleotides of a transcript, divided by the total number of the A + C nucleotides of
that transcript, calculated for all individual transcripts in our dataset. (Note that it is
expected that not all As and Cs of a transcript will be DMS-modified and associated with
an RT stop, because some As and Cs will be protected. e.g. by base-pairing, tertiary
structure, or protein binding.) There are 10,781 transcripts with > 1 average read per A +
C nucleotides (dark shading and to the right of the right-most dashed red line). With a
threshold of 0.5 average reads per A + C nucleotides, there are 15,565 transcripts (to the
right of the left-most dashed red line). It is of interest to compare Structure-Seq, which
provides the first high-throughput in vivo RNA structurome, with previous highthroughput studies of RNA structures conducted in vitro2-5. We have coverage with > 1
average RT stop per nucleotide across 10,623 mRNAs, which compares favorably with
~3,000 mRNAs with load (number of reads per nucleotide) > 1 from an in vitro study of
yeast2. In comparison with 3.9 x105 reads (0.0078 RNase One cleavages per nucleotide
on average) on mRNAs in the single stranded RNA-Seq library of an in vitro study of
RNA structure in Arabidopsis3, we have much improved coverage with 7.1 x107 reads
(1.4 RT stops per nucleotide on average) on mRNAs in our (+)DMS in vivo library. b, c
Structure-Seq queries in vivo RNA structures in proportion to their abundance in the
transcriptome. mRNA abundance within our Structure-Seq dataset is highly correlated
with mRNA abundance from: b, RNA-Seq analysis in this study, and from: c, RNA-Seq
analysis from a previous study6. Correlation of mRNA abundance is based on average
sequencing reads per mRNA between Structure-Seq and RNA-Seq. The RNA-Seq
dataset in our study was generated in parallel with the Structure-Seq dataset from
seedlings under the identical growth conditions but without DMS, i.e. the RNA-Seq data
are extracted from the (-)DMS library. The RNA-Seq dataset from Oh et. al. (2012)6 was
generated from five-day old etiolated seedlings. The Pearson correlation coefficients
(PCC) of 0.89 and 0.78 respectively, indicate that more abundant mRNAs are more likely
to have sufficient coverage available for Structure-Seq analysis.
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Figure B.3 Structure-Seq provides the complete map of the 18S rRNA in vivo
structure at nucleotide resolution. a, Structure-Seq provides the complete map of the
18S rRNA in vivo structure at nucleotide resolution. The complete 18S rRNA
phylogenetic structure7 is color-coded according to the DMS reactivity generated from
Structure-Seq (DMS reactivity ≥ 0.6 marked in red; DMS reactivity 0.3-0.6 marked in
yellow; DMS reactivity 0-0.3 marked in green; and U/G bases marked in grey). b, High
correlation between Structure-Seq and 18S rRNA phylogenetic structure. In the entire
18S rRNA (length = 1,808 nt), 86.7% (true positive) of the As and Cs that show high in
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vivo DMS reactivity (defined as ≥ 0.6) in our dataset correspond to single stranded
regions in the phylogenetic structure7, while 52.0% (true negative) of the As and Cs that
show low in vivo DMS reactivity (defined as ≤ 0.3) in our dataset correspond to basepaired regions in the phylogenetic structure. The 48.0% (false negative) of the As and Cs
that show low in vivo DMS reactivity in our dataset but correspond to single-stranded
regions in the phylogenetic structure presumably are protected by either ribosomal
proteins or non-base pairing tertiary RNA structure. Of the 13.3% (false positive) reactive
nucleotides (defined as ≥ 0.6 from Structure-Seq) that are annotated as base-paired in the
phylogenetic structure, 75% of these nucleotides are positioned either at the end of a
helix or adjacent to a helical defect such as a bulge or loop, locations that are known to
lead to flexibility8. Values in parentheses, corrected for this positioning, show higher true
positive and lower false positive percentages.
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Figure B.4 Structure-Seq results are strongly correlated with results from the
conventional gel-based RNA structure probing method. a, Nucleotides (nt) 87-207 of
18S rRNA were probed by the conventional gel-based method. Lanes 1-2 show the ()DMS and (+)DMS results on the region of interest. Lanes 3-4 show C and A dideoxy
sequencing. For both this panel and Structure-Seq, the starting material was the same
total population of in vivo DMS-modified RNA. b, The results from Structure-Seq (blue
bars) are compared to results from the conventional gel-based method, presented as
normalized band intensity (black lines), with the highest intensity normalized to 100%2.
The red asterisks indicate nucleotides that have significant DMS modifications from both
methods, and are also shown in panel a. Structure-Seq results are strongly correlated with
results from the conventional gel-based RNA structure probing method: the Pearson
correlation coefficient (PCC) between the two methods is 0.71. c, and d, show
nucleotides (nt) 298-428 of 18S rRNA as probed by Structure-Seq and also analyzed by
the conventional gel-based method. The PCC is 0.68. e-g, Structure-Seq results are also
strongly correlated with results from the conventional gel-based RNA structure probing
method for an individual mRNA, CAB1 (At1g29930). The 5′UTR of CAB1 was probed
by Structure-Seq and analyzed by the gel-based method; in both cases, the starting
material was the same total population of in vivo DMS-modified RNA. e, Lanes 1-2 show
the (-)DMS and (+)DMS results on the region of interest as analyzed by the conventional
gel-based method. A 10 nt marker (M) was size fractionated (lane 3) to allow nucleotide
assignment based on spacing. f, DMS reactivity from Structure-Seq is plotted with
nucleotide resolution (blue bars). Results from the gel-based RNA structure probing
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method are presented as normalized quantified band intensity (black lines), with the
highest intensity normalized to 100%2. For the gel-based method, the nucleotides near the
5′ end cannot be confidently quantified and assigned due to band compression at the top
of the gel and proximity to the full-length band. The Pearson correlation coefficient (PCC)
between the two methods is 0.66. g, The secondary structure of the 5′ UTR of CAB1
mRNA (At1g29930) was determined using the in vivo DMS constraints obtained from
Structure-Seq. (DMS reactivity ≥ 0.6 marked in red; DMS reactivity 0.3-0.6 marked in
yellow; DMS reactivity 0-0.3 marked in green; and U/G bases marked in grey).
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Figure B.5 Structure-Seq reveals global trends in mRNA secondary structure in vivo
that correlate with translation efficiency. a, Average DMS reactivity on an A + C
nucleotide basis in selected regions of 22,721 mRNAs (including all splice variants) that
have 5′ and 3′ UTR regions longer than 40 nt: 5′ UTR region (40 nucleotides upstream of
the start codon); CDS initial region (100 nt downstream of the start codon); CDS final
region (100 nt upstream of the stop codon); and 3′ UTR region (40 nt downstream of the
stop codon) are depicted. The transcripts were aligned by their start codon and stop
codon (vertical lines). (Us and Gs in the start codon and the stop codon were not counted,
marked by a break in the red line). The 40 nt 5 ′UTR and 3′ UTR regions show
significantly higher average DMS reactivity than the flanking 100 nt of the CDS region,
with p values of 10-4 and 10-18 respectively, based on Student’s t-tests. The first 5 nt
immediately upstream of the start codon show significantly higher reactivity than the
average DMS reactivity across the first 100 nt of the CDS with p-value of 10-112, based
on Student’s t-tests. b, Discrete Fourier Transform of average DMS reactivity on a
nucleotide basis was performed on the 40 nt 5′ UTR (green line), the first 100 nt of the
CDS (purple line) and the 40 nt 3′ UTR (blue line) regions. Only the CDS shows the
periodic signal. For the analysis, the 40 nt 5′ UTRs and 3′ UTRs were compared to the
first 100 nt of the CDS regions. c, The average DMS reactivity of the three positions in
each codon was computed from the entire CDS regions of all 22,721 mRNAs. The first
position of each codon shows significantly higher average DMS reactivity compared with
the second position of each codon (p-value ~10-27). The third position of each codon
shows significantly higher average DMS reactivity compared with the second position (pvalue ~10-5) but significantly lower average DMS reactivity compared with the first
position of each codon (p-value ~10-17) based on Student’s t-tests. d, Structure-Seq
reveals significantly stronger periodic signal in the coding regions of high translation
efficiency mRNAs (1,136 mRNAs) as compared to low translation efficiency mRNAs
(1,136 mRNAs). We analyzed the polyribosome-associated mRNA populations defined
in a previous study9, ranking the mRNAs according to their polyribosome-associated
mRNA abundance9. We defined the top 5% (n = 1,136 mRNAs) as the “high translation
efficiency mRNAs” and the bottom 5% (n = 1,136 mRNAs) as the “low translation
efficiency mRNAs”. The average DMS reactivity of the three positions of each codon
was computed along the entire CDS for the high translation efficiency mRNAs and the
low translation efficiency mRNAs. The difference in average DMS reactivity between the
three nucleotides is significantly greater in the high translation efficiency transcripts (nt 1
to 2: p-value ~ 10-23; nt 2 to 3: p-value = 0.02; nt 1 to 3: p-value ~ 10-15) than in the low
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translation efficiency transcripts (nt 1 to 2: p-value = 0.29; nt 2 to 3: p-value = 0.99; nt 1
to 3: p-value = 0.34) based on Student’s t-tests. e, No nucleotide or codon bias in high vs.
low translation efficiency mRNAs occurs in any of the three positions of the codon.
There is no difference between high translation efficiency mRNAs (1,136 mRNAs) and
low translation efficiency mRNAs (1,136 mRNAs) in the frequency of nucleotide
occurrence at each codon position. The correlation between the codon usage of the high
translation efficiency mRNAs and low translation efficiency mRNAs is very high
(Pearson correlation coefficient = 0.90).
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Figure B.6 Control analyses for alternative polyadenylation and alternative splicing.
a, The percentages of nucleotide occurrence around the site of alternative
polyadenylation show a U/A rich region from -15 nt to -2 nt, and the region from 1 nt
upstream to 5 nt downstream (nt -1 to 5) of the cleavage site is A-rich (p-value ~10-5
Student’s t-test). This pattern is not unlike that reported for a combined dataset of all
polyadenylation sites10. The percentages of nucleotide occurrence are plotted relative to
the alternative polyadenylation site position collected from a previous study11, indicated
by “0”: (A (orange diamonds); U (dark red squares); C (blue circles); and G (green
triangles)). b-c, Nucleotide composition and sequence alone cannot account for the RNA
structural pattern of the alternative polyadenylation site. b, We identified 20 nt regions in
our Structure-Seq mRNA dataset that are not alternative polyadenylation cleavage sites
but contain the same exact nucleotide sequence as the region 15 nt upstream and 5 nt
downstream of each alternative polyadenylation cleavage site that we analyzed. The
percentages of nucleotide occurrence are plotted relative to the position corresponding to
where the alternative polyadenylation site (designated as position zero) would be situated:
(A (orange diamonds); U (dark red squares); C (blue circles); and G (green triangles)). c,
For these selected control regions from panel b, DMS reactivity of these selected 20 nt
control regions as well as the regions upstream (35 nt) and downstream (45 nt) was
averaged on a nucleotide basis and plotted, revealing absence of any structural features
(purple line). d, Extensive RNA secondary structure was not apparent at the 3′ splice site.
A previous genome-wide study of alternative splicing (AS) in Arabidopsis seedlings12
was utilized to identify for each mRNA in our dataset, whether all introns were spliced
out or whether AS (including exon skipping and intron retention) occurred. DMS
reactivity along 100 nt in the exons upstream of the 3′ splice site was averaged on a
nucleotide basis from the unspliced events, including both exon skipping and intron
retention (green lines), and the spliced events (yellow lines). The same nucleotide
composition of the 100 nt in the unspliced AS events was shuffled and remapped to
regions in our Structure-Seq mRNA dataset that were not located at the junction of a 3′
splice site. The averaged DMS reactivity collected from the control regions with the same
nucleotide composition served as the control (grey lines).
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Figure B.7 In vitro structures differ from in vivo structure; PPV does not correlate
with average DMS reactivity or with mRNA length. a, In vitro structures differ from
in vivo structures, and in vitro structures are more similar to in silico structures than are in
vivo structures. Sixty-one Arabidopsis mRNAs with coverage > 0.5 cleavages per
nucleotide from Li et al.’s in vitro data were compared among the in silico structure
(from RNAstructure), the in vitro structure (in silico structures from RNAstructure
constrained by Li et al.’s in vitro data)3, and the in vivo structure (in silico structures from
RNAstructure constrained by our in vivo data). PPV (the base pairs in one structure that
are also present in another structure, as a proportion) was averaged across these 61
mRNAs. The PPV between in vitro structures and in silico structures is 0.77, which is
significantly higher than the PPV between in vivo structures and in silico structures and is
also significantly higher than the PPV between in vivo and in vitro structures, according
to two sample t-tests with p values as shown in the figure. In vivo structures are different
from both in vitro structures (PPV = 0.51) and in silico structures (PPV = 0.55). b, PPV
does not correlate with average DMS reactivity per nucleotide. For each of 10,623
mRNAs in our Structure-Seq dataset, the corresponding PPV of each mRNA was plotted,
revealing an absence of correlation between PPV and average DMS reactivity per
nucleotide (Pearson correlation coefficient (PCC) = -0.33). c, PPV does not correlate with
mRNA length. For each of 10,623 mRNAs, the corresponding PPV of each mRNA was
plotted as a function of mRNA length, revealing an absence of correlation between these
two variables (Pearson correlation coefficient (PCC) = -0.10).
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Figure B.8 Examples for in vivo and in silico structural feature comparison of high
and low PPV mRNAs. a, Ten examples for in vivo and in silico structural comparison of
high and low PPV mRNAs. Five examples (top) from the high PPV mRNA group and 5
examples (bottom) from the low PPV mRNA group. At1g52600 and At3g05880 mRNA
structures were given in Fig. 3.4d. Base pair predictions are indicated with colored lines:
red, uniquely in vivo base pair; black, uniquely in silico base pair; and green, base pair
present in both the in vivo and the in silico structure. Plots were generated using the
CircleCompare program in the RNAstructure package13. Low PPV mRNAs show more
extensive differences between in vivo and in silico structures than do high PPV mRNAs.
b, Characteristics of in vivo and in silico structural features in the ten high and low PPV
mRNAs. The same five examples from both high PPV and low PPV mRNAs as in a,
were assessed for RNA structural features in both in silico-predicted (without in vivo
constraints) and in vivo (in silico prediction with constraints from our in vivo StructureSeq data) structures. In vivo structures of low PPV mRNAs show more single stranded
regions, longer maximum loop length, and higher (i.e. less favorable) free energy per
nucleotide as compared to high PPV mRNAs. By contrast, in silico predicted structures
do not show such major differences between low and high PPV mRNAs.
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Table B.1 Statistical analysis of Structure-Seq libraries. a, High correlation (Pearson
correlation coefficient) between biological replicates for (+) and (-)DMS libraries, and
low correlation between the (+)DMS and (-)DMS libraries for each biological replicate. b,
High read number and mappability of our (+)DMS and (-)DMS libraries. c, mRNAs and
rRNAs predominate among different classes of RNAs in (+)DMS and (-)DMS libraries
(combined data from two biological replicates).
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Table B.2 In vivo constraints improve the prediction of structure in 18S rRNA. We
calculated the PPV/Sensitivity between in silico and phylogenetic structure, in vivo and
phylogenetic structure, and in vivo and in silico structures in 18S rRNA. (Sensitivity is
defined as the proportion of base pairs occurring in silico that also appear in vivo.) We
also compared the in vivo structure with the phylogenetic structure upon omission of false
negatives (we did not apply a pseudo free energy constraint to the false negative data),
because false negatives presumably result from protection by either ribosomal proteins or
non-base pairing tertiary RNA structure rather than base pairing. In addition, we folded
the RNAs with the constraints generated from ideal A/C or ideal A/C/U/G base pairing
information (the predicted structure with the A/C or A/C/U/G constraints as generated
directly from the phylogenetic structure), and compared the resultant structure predictions
with actual phylogenetic structures.
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Chapter 4
A Hybridization-Based Approach for Quantitative and Low-Bias
Single-Stranded DNA Ligation

[Published as a paper entitled “A Hybridization-Based Approach for Quantitative and
Low-Bias Single-Stranded DNA Ligation” by Chun Kit Kwok, Yiliang Ding, Madeline
E. Sherlock, Sarah M. Assmann, and Philip C. Bevilacqua in Analytical Biochemistry
435, 181-186 (2013). This paper was featured on the issue cover. The technique
described in this paper has been filed for U.S. nonprovisional application no. 14/151,491
and PCT application no. PCT/US14/10894, filed January 9, 2014. Based on 61/750,469
"Low Sequence Bias Single-Stranded DNA Ligation.".] Author contributions are listed in
Section 4.6.

4.1 Abstract
Single-stranded DNA (ssDNA) ligation is a crucial step in many biochemical
assays. Efficient ways of carrying out this reaction, however, are lacking. We show here
that existing ssDNA ligation methods suffer from slow kinetics, poor yield, and severe
nucleotide preference. To resolve these issues, we introduce a hybridization-based
strategy that provides efficient and low-bias ligation of ssDNA. Our method uses a
hairpin DNA to hybridize to any incoming acceptor ssDNA with low bias, with ligation
of these strands mediated by T4 DNA ligase. This technique potentially can be applied in
protocols that require ligation of ssDNA, including ligation-mediated PCR (LMPCR),
and complementary DNA (cDNA) library construction.
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4.2 Introduction
Intermolecular single-stranded DNA (ssDNA) ligation is important for various
biotechnical applications, such as ligation-mediated polymerase chain reaction
(LMPCR)1-3 and complementary DNA (cDNA) library construction4,5, each of which
requires a fixed sequence DNA oligonucleotide to ligate to an unknown 3′ end of a
cDNA. Currently, only a few protocols are available to perform such intermolecular
ssDNA ligations, which use Circligase I5-7 or T4 RNA ligase I1,8. In addition, Circligase
II recently became commercially available; however Circligase II is identical to
Circligase I, differing only in the level of protein adenylation. The nucleotide
preferences9 of these ligation methods on intermolecular ssDNA ligations, however, are
not available.
Identification and remediation of nucleotide bias in ssDNA ligation is crucial
because such bias can fail to quantitatively capture the original information stored in the
DNA sample. Indeed, nucleotide preference in nucleic acid ligations can potentially lead
to misinterpretation of gene expression levels10-12. To resolve this nucleotide bias, one
can pursue rational experimental design to remove the inherent bias. Alternatively, one
can use statistical tools based on the trend observed to apply a correction factor to
compensate for such bias10,13. Here, we identify nucleotide bias and inefficiencies of
ssDNA ligation methods currently in use; hence, we propose that a statistical correction
should be applied if these methods are to be used. We then provide an alternative
approach, based on hybridization of an incoming acceptor DNA oligonucleotide to a
hairpin DNA using T4 DNA ligase, which is fast, efficient, low bias and also integrates
seamlessly with downstream protocols.
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4.3 Results and discussion
4.3.1 ssDNA ligation using Circligase I and T4 RNA ligase I.
To assay for ligation, we designed two ssDNA oligonucleotides, referred to as
“acceptor” and “donor” (Figure 4.1A). The acceptor oligonucleotide contains a Cy5
fluorophore at its 5′ terminus and a hydroxyl group at its 3′ terminus, whereas the donor
oligonucleotide has a phosphate at its 5′ end and a C3-spacer group at its 3′ end that
prevents donor self-oligomerization. For convenience of this ligation assay, these
acceptor and donor oligonucleotides are relatively small at 24 and 33 nt, respectively,
although any size is possible, as shown later. The Mfold-predicted secondary structures14
and the sequences of the initial acceptor and donor oligonucleotides are provided in
Figure 4.1A, and their importance for ssDNA ligation is tested below.
We first tested the efficiency of Circligase I (Figure 4.1B). Ligation of ssDNA
with each of the four DNA bases at the 3′ end of the acceptor was assessed after 12 h of
incubation under the vendor’s recommended condition (See Materials and methods). The
yield varied widely, from 18% to 73%, with a strong acceptor 3′ end bias of dT > dA >>
dG >> dC (Figure 4.1B). This trend matched that of the DNA circularization reaction
using Circligase I (personal communication with Epicentre). Similar or slightly improved
yields and nucleotide bias were observed when another donor oligonucleotide with
minimal secondary structure was used (ranging from 32% to 86%), or when the first 3
nucleotides of the donor sequence were randomized (ranging from 48% to 88%) (Figure
C.1). These observations suggest that the pooled donor approach used elsewhere10 or that
using a donor with minimal secondary structure cannot appreciably alleviate the inherent
nucleotide bias. In fact, the acceptor Mfold predicted structure (Figure 4.1A) did not
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reveal strong secondary structure at its 3′ end, and ligation reaction for Circligase I was
performed at 65oC, which likely denatures secondary structure. These findings suggest
that such nucleotide bias at the 3′-end of the acceptor is a common feature for Circligase
and not due to secondary structure. It was previously reported that Circligase I is a RNA
ligase that shows homology to T4 RNA ligase I7, and it is well known that T4 RNA
ligase I has strong preference to ligate to certain end nucleotide over others15-18,
consistent with these observations.
To test the properties of Circligase further, we repeated the tests in Figure 4.1B in
the presence of 20% PEG 8000 and at 68oC6. We found that nucleotide bias was still
obvious and the bias spanned from 25% to 64% after 12 h (Figure C.2). These results all
suggested that the nucleotide bias in Circligase ssDNA ligation cannot be remediated by
rational experimental design. This may not pose a problem for certain applications, such
as if quantitative analysis is not required, as in 5′ rapid amplification of cDNA ends3,
where only the 5′ most nucleotide of the RNA is of major concern. If Circligase I is to be
used for ssDNA ligation with acceptors of unknown 3′ end, one possible way to correct
for this bias may be by a statistical correction based on experimental trials (Figure C.3).
Next, we turned to T4 RNA ligase-mediated ligation of ssDNA. Here the yield
was very poor; the ligated product was only approximately 1% under our conditions
(Figure 4.1C). As such we cannot assess the nucleotide preference. Consistent with our
observations, T4 RNA ligase I was previously shown to be less efficient than Circligase I
for ssDNA ligation7 and required PCR amplification to obtain observable products1. We
note that both Circligase- and T4 RNA ligase-mediated ligation of ssDNA occur in a
template-independent fashion, as depicted in Figure 4.1, bottom.
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4.3.2 Initial tests of ssDNA ligation using T4 DNA ligase.
Next, we attempted to perform ssDNA ligation using T4 DNA ligase. To obtain
the optimal condition for ligation, we tested factors that could contribute to ligation
efficiency. We found that 20% PEG 8000, 0.5 M betaine, and 100:1 donor/acceptor ratio
resulted in high (>80%) ligation yield of the acceptor at 16 oC and 3 h (Figure C.4-C.10).
Initially, the nucleotide preference test described above for Circligase I showed that T4
DNA ligation was efficient only when the acceptor 3′ end was a G residue (Figure 4.1D).
It is well-known that T4 DNA ligase mostly acts on a dsDNA junction19-21, although
template-independent T4 DNA ligation of ssDNA has also been reported, albeit at a very
low efficiency22. Sequence-specific ligation (Figure 4.1D, top) suggested that intra- and
intermolecular DNA secondary structure could be influencing the ligation. This
suggested a model in which a dsDNA junction was formed between the donor and
acceptor for ligation to occur (Figure 4.1D, bottom).
To better understand the ligation result, we used Mfold to predict the secondary
structure of the ligated DNA product. This revealed intermolecular base pairing of the
acceptor and donor, similar to a primer-template model. A possible mode of reaction was
shown in Figure 4.2. From this model, we reasoned that the low ligation efficiency with
the other bases at the 3′-end of the acceptor (Figure 4.1D, top) might be due to the
presence of a mismatch between the acceptor and donor at the ligation junction, which
we refer to as 24′:18 hereafter 23.
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Figure 4.1 ssDNA ligation by different ligases and proposed modes of action. (A)
Design of the ssDNA ligation assay. Mfold predicted secondary structure of the acceptor
and donor is shown. (B-D) Nucleotide preference of ligations performed using Circligase
I (B), T4 RNA ligase I (C), and initial tests of T4 DNA ligase (D), respectively. The %
yield was calculated using Equation 4.1. Panels B and C represent prior methods of
ssDNA ligation, whereas panel D is the initial version of the method developed here.
Lanes labeled A, G, C, and T refer to the identity of the 3′ end nucleotide of the acceptor,
which differs in each lane as indicated. Samples were fractionated on 10% ureapolyacrylamide gels and subjected to PhosphorImager scanning. See material and
methods for ligation reaction condition details. Below each gel, the proposed mode of
reaction of the corresponding ligase is provided; note that only method D is templatemediated.

4.3.3 Hairpin donor design and mutational studies.
To test the hypothesis that acceptor-donor mismatch was impairing ligation of
non-G terminated acceptors, a series of mutational studies were performed. First, we
attempted to rescue ligation efficiency of acceptor 3′ ends T, C, and A by restoring the
24′:18 base pairing (Figure 4.2, red pairing; see mutants M1, M2, and M3, respectively).
M1 and M3 showed marked improvements in yield, from just 1% and 2% to 81% and
67%, respectively (Figure 4.2 and C.11). M2, however, still had a low yield of 2%.
Secondary structure prediction revealed that this was likely due to an alternative structure
of the donor, which hindered base pairing of the acceptor (not shown). In an effort to
limit this alternative structure, we strengthened the native hairpin structure of the donor
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by introducing Watson-Crick (WC) base pairing at position 4:14, far from the site of
ligation (Figure 4.2, green) (see M13-M15). We first showed that these changes were
compatible with efficient ligation in the presence of a 3′ end G acceptor, where they
actually increased the kinetics of ligation somewhat (cf. 1-min lanes in Figures C.11 and
C.15). Importantly, WC base pairing at 4:14 rescued M2, (see M16 = M15+M2) with a
ligation efficiency of 89% (Figures 4.2 and C.11). Thus, native donor hairpin structure is
crucial to achieving efficient ligation. After confirming that all WC base pairs at 24′:18
are efficiently incorporated, we tested the 4 homonucleobase mismatches at the 24′:18
base pair (see M4-M7). None of these mutants gave appreciable ligated product, even
after 12 h (just 1-3% yield) indicating that the T4 DNA ligation of ssDNA has fidelity of
base pair recognition with the 3′-end of the acceptor (Figures 4.2 and C.12).
Using the same rationale, we tested the importance of the 5′-end of the donor for
ligation efficiency via the terminal base pair 1:17 (Figure 4.2, blue). Efficient ligation
was observed with all three other WC base pairs at 1:17, M8, M9, and M10 (Figure 4.2
and C.13). Changing the 1:17 base pair to an AA or TT mismatch, however, reduced the
ligation yield to 9 and 36%, respectively (Figure 4.2 and C.14). The intermediate yield
observed for the TT mismatch at the 1:17 base pair is likely due to formation of a two
hydrogen bond wobble base pair owing to intramolecular folding of the donor. Such an
intramolecular wobble TT mismatch formation has been observed previously by NMR
spectroscopy24. Overall, the T4 DNA ligation of ssDNA has fidelity of base pairing for
both base pairs flanking the ligation junction.
Lastly, we tested the importance of the 3′ end and the loop of the donor (Figure
4.2, purple and orange, respectively). The ligation yield of a 3′ end deletion mutant, M17,
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was 81% after 12 h, although the kinetics was somewhat slower (Figure C.15 and C.16).
One possible reason for a slower rate is that the 3′ overhang present in the full length
donor but absent in the mutant forms a mini-hairpin (Figure 4.1) that may reduce
alternative structure. A loop mutant, M18, that changed the apical T to the larger nonWC base paired hexaloop of CTAGTC was made and had a slightly increased yield of
86%, which could be due to formation of the 8:10 CG base pair, previously precluded by
the smaller loop (Figure 4.2 and C.16)25. There are two potential advantages to having a
larger hairpin loop in the donor: (i) it can help avoid donor-donor dimerization, which
could hinder ligation, and; (ii) it can increase the melting temperature of the primer used
in PCR for downstream applications.

Figure 4.2 Ligation model for ssDNA ligation using T4 DNA ligase and positions
and identities of DNA mutations. These reactions were in 20% PEG 8000, 0.5 M
betaine, 100:1 donor: acceptor ratio, and 15 U of T4 DNA ligase for 12 h at 16oC. The
mini-hairpin (purple box/nucleotides 22-33) of the donor sequence is shown in Figure
4.1A. Although base pairs 6:12 and 7:11 shown in the current figure (dotted) were not
predicted by Mfold using the wild-type (WT) donor (Figure 4.1A), they were predicted to
form when base pair 4:14 was changed to WC base pair (M13-M15). In addition, we
reasoned that under conditions where 20% PEG was added, these base pairs may form.
For gels showing ligation results, see Figures C.11-C.16.
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4.3.4 Optimized ssDNA ligation using T4 DNA ligase.
For application to a LMPCR type experiment, the 3′ end of the acceptor is likely
to have different sequences from the cDNA generated from reverse transcription. We
therefore designed a general donor oligonucleotide (40mer) by introducing a random
hexamer region that can hybridize with different incoming acceptors and tested whether
this could ligate efficiently and in an unbiased manner to various acceptors (Figure 4.3A)
26

. The rationale for constructing a random hexamer region to widely target acceptor

sequences in single-stranded DNA ligation is similar to the idea for random hexamer
priming in reverse transcription, wherein use of random hexamer enables targeting of
diverse RNA sequences. To evaluate this donor, we performed the nucleotide preference
ligation test on four 24mer acceptors each with a different base at its 3′ end. The ligation
efficiencies for the individual acceptors were very similar to one another, with average
yields of 93 ± 1%, 90 ± 1%, 96 ± 1%, 95 ± 1% for A, G, C and T, respectively (Figure
4.3B). This outcome contrasts sharply with the data in Figure 4.1D, where only one of
the four acceptors ligated efficiently. Moreover, this result provides much less bias as
compared to Circligase I (Figure 4.1A, Figures C.1-2).

Figure 4.3 ssDNA ligation and kinetics. (A) Design of nucleotide preference ligation
using the optimized donor (40mer) that contains a random hexamer templating region
(N6) and an acceptor. The 7 nt SapI/ BspQI site is in bold. (B) ssDNA ligation result
using the optimized donor from panel A. Lane labels A, G, C, and T refer to the DNA
base of the 3′ end nucleotide of the acceptor. The percentage yields reported are the
average of three trials, with standard deviation indicated. (C) Kinetics of nucleotide
preference for ssDNA ligation. Data points are the average of three trials, with error bars
are standard deviations. The fraction ligated was calculated using Equation 4.2.
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Next the kinetics of the T4 DNA ligase-mediated ssDNA ligation reaction was
tested using the optimized donor with a hexaloop and a random hexamer template region.
We found a first-order rate constant of more than 2 h-1, or more than 50% reaction in less
than 30 min (Figures 4.3C and C.17). To evaluate whether this optimized donor can
ligate to other acceptors, we tested with three additional acceptors with varying sequence
and found that the yield were just as efficient as mentioned above (Figure 4.4). Given the
quantitative and low-bias nature of our template-mediated approach, as illustrated in
Figures 4.3, Figure 4.4, and Figure C.17, this approach differs from the Circligase
method mentioned above, in not requiring a statistical correction factor.

Figure 4.4 ssDNA ligation of optimized donor (40 mer) and three additional FAM
labeled acceptors (16-, 19-, 21mer) using T4 DNA ligase. Reactions were in 20% PEG
8000, 0.5 M betaine, 100:1 donor/acceptor ratio, and 15 U of T4 DNA ligase for 12 h at
16oC. Samples were fractionated on 10% urea-polyacrylamide gel and subjected to
PhosphorImager scanning.

4.3.5 Potential applications of optimized hairpin donor.
To test the general applicability of our ssDNA ligation method, we sought to
mimic ligation of the longer cDNAs that would be generated during reverse transcription.
We designed a 91-nt DNA acceptor that contains hydroxyl groups at both termini. This
acceptor was subjected to ssDNA ligation with the 40mer donor from Figure 4.3, and
product formation was followed by PCR. A 131-bp PCR product formed in a T4 DNA
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ligase-dependent fashion (Figure 4.5). This result indicated that the hairpin donor can be
used for LMPCR. It should be noted that although our approach requires a hairpin stem
and a random templating region, the hairpin stem can be varied to other WC base pair
combination (see Figure 4.2) to avoid any sequence complementary to the gene of
interest and mis-priming during PCR reaction. Also, it should be noted that any strong
secondary structure at the 3′ end of the DNA acceptor may interfere with the
hybridization and thus the ligation efficiency. A locked nucleic acid (LNA) base at the
randomized templating region may be designed and introduced to allow more efficient
hybridization27. In addition, low amounts of dimethyl sulfoxide (DMSO, 5-10%) often
help to improve reactivity of protein enzymes, such as transfer RNA (tRNA) ligase and
polynucleotide kinase (PNK), at the ends of structured RNAs.28,29

Figure 4.5 Ligation-mediated PCR using the optimized hairpin donor construct and
a 91-nt acceptor, followed by SapI/BspQI restriction digestion. (A) The ssDNA
ligation was performed as described in Figure 4.4, except that 1 pmol of 91mer acceptor
was used and the reaction was conducted for 0.5 h. The control lanes did not have T4
DNA ligase added. 30 rounds of PCR were carried out using New England Biolabs Taq
DNA polymerase with varying annealing temperatures as indicated. The PCR primers
were complementary to the 5′ end of the acceptor and the fixed region of the donor. SapI
or BspQI digestion was performed on the 131 bp PCR product using NEB buffer 4 under
the vendor’s recommended condition. The digestion was completed and a product of
87/91 bp was observed after 1 h reaction for both enzymes. Shown is an ethidium
bromide-stained agarose gel. (B) General scheme for LMPCR and restriction digest.
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We note that for next generation sequencing, the platform-specific adaptor
(donor) has to be ligated in an early step of cDNA library construction, such as in the
SHAPE-Seq application5. Various sequencing platforms for next-generation sequencing
are available, and the choice of a specific platform will likely be influenced by
sequencing cost, instrument availability, and user application. Therefore, during
development of our hairpin donor we incorporated a 7 nt Type IIS restriction site
(SapI/BspQI), which provides the user an option to remove the donor after PCR
amplification, if needed (Figures 4.3 and 4.5). On the one hand, the advantage of
retaining the donor sequence, including the restriction enzyme site, is that it can provide
an internal check of the 3′ end of the acceptor DNA, as the sequencing result should have
donor sequence immediately followed by acceptor sequence. On the other hand, if the
donor is removed by SapI/BspQI restriction digest, the digested dsDNA pool can also be
subjected to routine processing as required for the production of next-generation
sequencing libraries, including the steps of end-repair, dA tailing and platform sequencespecific double-stranded adaptor ligation. This general approach allows the decision for
next generation sequencing platform to be made at the last step, and allows crossplatform validation

12,30

on the same or different cDNA library sample, as the digested

dsDNA pool can be re-used for different platforms. This is in contrast to some cDNA
library preparation methods, such as SHAPE-Seq, in which a platform-specific adaptor
sequences has to be ligated in an early step and such adaptor sequences usually only work
in a single platform. Lastly, the high throughput data obtained will have greatly reduced
sequence bias.
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4.4 Conclusions
In summary, we have developed a fast, efficient, and low-bias method for ligating
two ssDNAs. A hairpin donor DNA hybridizes with different acceptor 3′-end to yield the
desired ligation product (Figure 4.3B). The reaction uses the common enzyme T4 DNA
ligase and is completed in 2 h. The method provides an alternative approach for ssDNA
ligations that can be applied to LMPCR, and allows platform-free cDNA library
construction, including for cross-platform validation. It can also be used as a tool to
develop new biochemical and molecular biology methods. Lastly, this ssDNA ligation
method can also be used in a sequence-specific mode to allow only certain acceptor 3′ends to give a ligation product (e.g. Figure 4.1D), which provides an approach for
selecting specific sequences from a 3′-end pool.

4.5 Materials and methods
4.5.1 DNA oligonucleotides and purification
All polyacrylamide gel electrophoresis (PAGE)-purified 24-nt Cy5-labeled
acceptor DNAs were purchased from Sigma-Aldrich. All remaining DNAs were
purchased from Integrated DNA Technologies (IDT). All donor oligonucleotides were
purified by 10% urea-polyacrylamide gels, and the bands were excised individually under
ultraviolet (UV) shadowing, which was brief in order to prevent formation of
photolesions31. Each band was crushed and soaked in 1X TEN250 (10 mM Tris, pH 7.5, 1
mM EDTA, 250 mM NaCl) overnight at room temperature with constant rotary shaking.
The gel mixture was filtered against a 0.25-µm filter, subjected to ethanol precipitation
by addition of 3X volume of 100% ethanol, and frozen in dry ice for 1 h. The frozen
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slurry was subsequently centrifuged at 13,000 rpm for 20 min, and the pellet was washed
with cold 70% ethanol to remove residual salts. Residual ethanol was removed by
SpeedVac for 5-10 min, and the pellet was dissolved in water and quantified with UVspectroscopy to determine the DNA concentration. DNAs were stored at –20oC both
before and after experiments, and the vials containing the Cy5- and FAM-labeled
acceptor DNAs were wrapped with aluminum foil to prevent photobleaching, and stored
at –20oC both before and after use. The DNA sequences of all DNA oligonucleotides
used were shown in Table C.1.

4.5.2 Ligation reaction and data collection
Circligase I: The reaction contained 100 pmol of 5′p donor, 1 pmol of Cy5labelled acceptor, 50 mM MOPS (pH 7.5), 10 mM KCl, 5 mM MgCl2, 1 mM
dithiothreitol (DTT), 0.05 mM adenosine triphosphate (ATP), 2.5 mM MnCl2 and 200 U
of Circligase I. The reaction was performed at 65 oC for 12 h, and then 85 oC for 15 min
to deactivate the enzyme. In Fig. C.2 of the supplementary material, 68oC was used
instead and 20% PEG (polyethylene glycol) 8000 was included.
T4 RNA ligase I: The reaction contained 100 pmol of 5′p donor, 1 pmol of Cy5labelled acceptor, 50 mM Tris-HCl (pH 7.5), 10 mM MgCl2, 1mM ATP, 1mM DTT, and
20 U of T4 RNA ligase I. The reaction was performed at 37o C for 12 h, and then 65 oC
for 15 min to deactivate the enzyme.
T4 DNA ligase: The ligation reaction contained 100 pmol of 5′p donor, 1 pmol of
Cy5/FAM-labelled acceptor, 50 mM Tris-HCl (pH 7.5), 10 mM MgCl2, 10 mM DTT, 1
mM ATP, and 15 U of T4 DNA ligase. Ligation factors such as PEG 8000, betaine,

135

temperature, and time were tested as described in the legends of Figs. C.4-C.10. The
reaction was performed at 16 oC for 12 h, and then 65 oC for 15 min to deactivate the
enzyme. Unless otherwise indicated, a laboratory preparation of T4 DNA ligase was
used.
All ligation reactions were quenched by 2X formamide dye with 20 mM EDTA.
Samples were heated at 95 oC for 1.5 min, and 3 µl was loaded to an 8.3-M urea 10 %
polyacrylamide gel. The pre-heated gel (surface temperature at ~50-60oC) was subjected
to electrophoresis at 900-1000 V (constant) for 10 to 15 min, and then was directly
scanned using the red laser (633 nm) of a Typhoon PhosphorImager 9410 and a 670 nm
emission filter (BP 30 nm). The plate focus was set at 3 mm.

4.5.3 Data processing and analysis
The background-corrected unligated (U) and ligated (L) bands were quantified
using ImageQuant 5.2, and the ligation efficiency was calculated based on band
intensities using the following equation:
(Equation 4.1).
The plots of fraction ligated versus time were fit to a single exponential equation
in KaleidaGraph 3.5. The equation is as follows:
(Equation 4.2),
where kobs is the observed first-order rate constant for ligation for the non-burst
phase, t is time, A is the fraction of ligated product at completion, – B is the amplitude
of the observable phase, 1 – A is the unreactive fraction, and A+ B is the burst fraction32.
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Appendix C
Supplementary Information for Chapter 4

[Published as Supplementary Online Material for a paper entitled “A HybridizationBased Approach for Quantitative and Low-Bias Single-Stranded DNA Ligation” by Chun
Kit Kwok, Yiliang Ding, Madeline E. Sherlock, Sarah M. Assmann, and Philip C.
Bevilacqua in Analytical Biochemistry 435, 181-186 (2013). This paper was featured on
the issue cover. The technique described in this paper has been filed U.S. nonprovisional
application no. 14/151,491 and PCT application no. PCT/US14/10894, filed January 9,
2014. Based on 61/750,469 "Low Sequence Bias Single-Stranded DNA Ligation.".]
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Table C.1 DNA sequence information
Length

5′

“A” Acceptor

24

Cy5

GAA CCG GAC CGA AGC CCG ATT TGA

OH

“G” Acceptor

24

Cy5

GAA CCG GAC CGA AGC CCG ATT TGG

OH

“C” Acceptor

24

Cy5

GAA CCG GAC CGA AGC CCG ATT TGC

OH

“T” Acceptor

24

Cy5

GAA CCG GAC CGA AGC CCG ATT TGT

OH

Donor oligo 2

26

p

CTG CTG ATC ACC GAC TGC CCA TAG AG

C3

Donor oligo 3

29

p

NNN CTG CTG ATC ACC GAC TGC CCA TAG AG

C3

WT and M6

33

p

TGA AGA GCT GCT GAT CAC CGA CTG CCC ATA GAG

C3

M1 and M4 donor

33

p

TGA AGA GCT GCT GAT CAA CGA CTG CCC ATA GAG

C3

M2 and M7 donor

33

p

TGA AGA GCT GCT GAT CAG CGA CTG CCC ATA GAG

C3

M3 and M5 donor

33

p

TGA AGA GCT GCT GAT CAT CGA CTG CCC ATA GAG

C3

M8 donor

33

p

AGA AGA GCT GCT GAT CTC CGA CTG CCC ATA GAG

C3

M9 donor

33

p

GGA AGA GCT GCT GAT CCC CGA CTG CCC ATA GAG

C3

M10 donor

33

p

CGA AGA GCT GCT GAT CGC CGA CTG CCC ATA GAG

C3

M11 donor

33

p

AGA AGA GCT GCT GAT CAC CGA CTG CCC ATA GAG

C3

M12 donor

33

p

TGA AGA GCT GCT GAT CTC CGA CTG CCC ATA GAG

C3

M13 donor

33

p

TGA TGA GCT GCT GAT CAC CGA CTG CCC ATA GAG

C3

M14 donor

33

p

TGA CGA GCT GCT GGT CAC CGA CTG CCC ATA GAG

C3

M15 donor

33

p

TGA AGA GCT GCT GTT CAC CGA CTG CCC ATA GAG

C3

M16 donor

33

p

TGA AGA GCT GCT GTT CAG CGA CTG CCC ATA GAG

C3

M17 donor

21

p

TGA AGA GCT GCT GTT CAC CGA

C3

M18 donor

26

p

TGA AGA GCC TAG TCG CTG TTC ACC GA

C3

Optimized hairpin

40

p

TGA AGA GCC TAG TCG CTG TTC ANN NNN NCT GCC

C3

Name

Sequence (5′-3′)

3′

donor

donor

CAT AGA G

FAM 1 acceptor

16

FAM

CGG CGA ACC GGA TCG A

OH

FAM 2 acceptor

19

FAM

TTG TGA CAC CCA GGC AGA C

OH

FAM 3 acceptor

21

FAM

CCA GAA GGC TTG GGG CGC AAC

OH

91mer Acceptor

91

OH

TTC ACA ATC GCA GAA GCT CTC TCG CTC CAG TCC

OH

CCT TCC CCT TCC CTC CCA ATT TTT AAA AGA AAA
TAA AAT CCT ATA GTG AGT CGT ATT A
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Figure C.1 Nucleotide preference test of donor oligonucleotides 2 and 3 using
Circligase I. Donor sequences are provided in Table C.1. Donor 2 has minimal
secondary structure, and Donor 3 has 3 randomized nucleotides at its 5′-end. The reaction
contained 100 pmol of 5′p donor, 1 pmol of Cy5-labelled acceptor, 50 mM MOPS (pH
7.5), 10 mM KCl, 5 mM MgCl2, 1 mM DTT, 0.05 mM ATP, 2.5 mM MnCl2 and 200 U
Circligase I. Reaction was performed at 65 oC for 12 h, and then 85 oC for 15 min to
deactivate the enzyme.

Figure C.2 ssDNA ligation kinetics and nucleotide preference test of Wildtype (WT)
donor under 20% PEG 8000 using Circligase I. The reaction contained 100 pmol of
5′p donor, 1 pmol of Cy5-labelled acceptor, 20% PEG 8000, 50 mM MOPS (pH 7.5), 10
mM KCl, 5 mM MgCl2, 1 mM DTT, 0.05 mM ATP, 2.5 mM MnCl2 and 200 U
Circligase I. Reaction was performed at 68 oC and time points were taken at indicated
time intervals.
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Figure C.3 Nucleotide preference test of donor oligonucleotide 3 under different
donor:acceptor ratios using Circligase I. The reaction contained 100 or 300 pmol of
5′p donor, 1 pmol of Cy5-labelled acceptor, 50 mM MOPS (pH 7.5), 10 mM KCl, 5 mM
MgCl2, 1 mM DTT, 0.05 mM ATP, 2.5 mM MnCl2 and 200 U Circligase I. Reaction
was performed at 65 oC for 12 h, and then 85 oC for 15 min to deactivate the enzyme. The
fraction ligated shown is the average value of 3 trials and the error bar is standard
deviation. Note that increasing 3X in donor:acceptor ratio did not alter the fraction ligated
significantly, indicating that the donor:acceptor ratio is saturating at 100:1 ratio.
Statistical correction factor for Circligase I on each DNA base can be generated from data
normalization to account for inherent bias of Circligase I.

Figure C.4 ssDNA ligation of WT donor and “G” acceptor using either New
England Biolabs (NEB) or a laboratory preparation of T4 DNA ligase. 12 U of NEB
T4 DNA ligase and 15 U of laboratory preparation T4 DNA ligase were used, and the
ligation reaction contained 100 pmol of 5′p donor, 1 pmol of Cy5-labelled acceptor, 50
mM Tris-HCl (pH 7.5), 10 mM MgCl2, 10 mM DTT, and 1 mM ATP. Reaction was
performed at 16 oC for 12 h. Results are quantified in “% yield/unit” to allow comparison
between these two ligases.
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Figure C.5 ssDNA ligation control experiments of WT donor and “G” acceptor
using T4 DNA ligase. Individual components were omitted from the standard ligation
reaction as indicated. The reaction was performed at 16 oC for 12 h. ‘NA′ = not
applicable as no fluorophore was present.

Figure C.6 ssDNA ligation of WT donor and “G” acceptor under different
temperatures using T4 DNA ligase. The standard ligation reaction containing 100 pmol
of 5′p donor, 1 pmol of Cy5-labelled acceptor, 50 mM Tris-HCl (pH 7.5), 10 mM MgCl2,
10 mM DTT, 1 mM ATP, 15U laboratory preparation of T4 DNA ligase was incubated
for 12 h at different temperatures as indicated.

Figure C.7 ssDNA ligation of WT donor and “G” acceptor under different PEG
8000 concentrations using T4 DNA ligase. The standard ligation reaction containing
100 pmol of 5′p donor, 1 pmol of Cy5-labelled acceptor, 50 mM Tris-HCl (pH 7.5), 10
mM MgCl2, 10 mM DTT, 1 mM ATP, 15U laboratory preparation of T4 DNA ligase was
incubated for 12 h at 16oC. PEG 8000 concentration was varied as indicated.
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Figure C.8 ssDNA ligation of WT donor and “G” acceptor under different betaine
concentrations using T4 DNA ligase. The standard ligation reaction containing 100
pmol of 5′p donor, 1 pmol of Cy5-labelled acceptor, 50 mM Tris-HCl (pH 7.5), 10 mM
MgCl2, 10 mM DTT, 1 mM ATP, 15U laboratory preparation of T4 DNA ligase was
incubated for 12 h at 16oC. Betaine concentration was varied as indicated. The choice of
0.5 M betaine for optimized reaction described in the main text was based on the bellshape response observed here.

Figure C.9 ssDNA ligation kinetics of WT donor and “G” acceptor under different
donor:acceptor ratios using T4 DNA ligase. The standard ligation reaction containing
different ratios of 5′p donor and Cy5-labelled acceptor as indicated, 50 mM Tris-HCl
(pH 7.5), 10 mM MgCl2, 10 mM DTT, 1 mM ATP, 15U laboratory preparation of T4
DNA ligase was incubated for 12 h at 16oC.
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Figure C.10 ssDNA ligation kinetics of WT donor and “G” acceptor under standard
and optimized conditions using T4 DNA ligase. (A) Ligation time course for standard
condition. (B) Ligation time course for optimized condition. (C) ssDNA ligation kinetics
plot. Standard ligation conditions contained 100 pmol of 5′p donor, 1 pmol of Cy5labelled acceptor, 50 mM Tris-HCl (pH 7.5), 10 mM MgCl2, 10 mM DTT, 1 mM ATP,
and 15U laboratory preparation of T4 DNA ligase at16 oC. Optimized ligation conditions
added 20% PEG 8000 and 0.5 M betaine.

Figure C.11 ssDNA ligation of M1-M3, M16 and WT using T4 DNA ligase. The
ligation reaction contained 100 pmol of 5′p donor, 1 pmol of Cy5-labelled acceptor, 50
mM Tris-HCl (pH 7.5), 10 mM MgCl2, 10 mM DTT, 1 mM ATP, 20% PEG 8000 and
0.5M betaine. The reaction was performed at 16oC for 12 h, and then 65oC for 15 min to
deactivate the enzyme.
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Figure C.12 ssDNA ligation of M4-M7 using T4 DNA ligase. The ligation reaction
contained 100 pmol of 5′p donor, 1 pmol of Cy5-labelled acceptor, 50 mM Tris-HCl (pH
7.5), 10 mM MgCl2, 10 mM DTT, 1 mM ATP, 20% PEG 8000 and 0.5M betaine. The
reaction was performed at 16oC for 12 h, and then 65oC for 15 min to deactivate the
enzyme.

Figure C.13 ssDNA ligation of M8-M10 and WT using T4 DNA ligase. The ligation
reaction contained 100 pmol of 5′p donor, 1 pmol of Cy5-labelled acceptor, 50 mM TrisHCl (pH 7.5), 10 mM MgCl2, 10 mM DTT, 1 mM ATP, 20% PEG 8000 and 0.5M
betaine. The reaction was performed at 16 oC for 12 h, and then 65 oC for 15 min to
deactivate the enzyme. The 1 min samples were loaded and ran slightly before the 12 h
samples.

Figure C.14 ssDNA ligation of M11-M12 using T4 DNA ligase. The ligation reaction
contained 100 pmol of 5′p donor, 1 pmol of Cy5-labelled acceptor, 50 mM Tris-HCl (pH
7.5), 10 mM MgCl2, 10 mM DTT, 1 mM ATP, 20% PEG 8000 and 0.5 M betaine. The
reaction was performed at 16oC for 12 h, and then 65oC for 15 min to deactivate the
enzyme.
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Figure C.15 ssDNA ligation of M13-15 using T4 DNA ligase. The ligation reaction
contained 100 pmol of 5′p donor, 1 pmol of Cy5-labelled acceptor, 50 mM Tris-HCl (pH
7.5), 10 mM MgCl2, 10 mM DTT, 1 mM ATP, 20% PEG 8000 and 0.5 M betaine. The
reaction was performed at 16 oC for 12 h, and then 65 oC for 15 min to deactivate the
enzyme.

Figure C.16 ssDNA ligation of M17 and M18 using T4 DNA ligase. The ligation
reaction contained 100 pmol of 5′p donor, 1 pmol of Cy5-labelled acceptor, 50 mM TrisHCl (pH 7.5), 10 mM MgCl2, 10 mM DTT, 1 mM ATP, 20% PEG 8000 and 0.5 M
betaine. The reaction was performed at 16 oC for 12 h, and then 65 oC for 15 min to
deactivate the enzyme.

Figure C.17 ssDNA ligation kinetics and nucleotide preference test of optimized
construct using T4 DNA ligase. The ligation reaction contained 400 pmol of 5′p donor,
1 pmol of Cy5-labelled acceptor, 50 mM Tris-HCl (pH 7.5), 10 mM MgCl2, 10 mM
DTT, 1 mM ATP, 20% PEG 8000 and 0.5 M betaine. The reaction was performed at 16
o
C. 400 p mol of 5′p donor was used since only ¼ of the donor molecules had the
complementary nucleotide that matched the 3′ end nucleotide of the acceptor.
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Chapter 5
Decrease of RNA Folding Cooperativity by Deliberate Population of
Intermediates in RNA G-Quadruplexes

[Published as a paper entitled “Decrease of RNA Folding Cooperativity by Deliberate
Population of Intermediates in RNA G-Quadruplexes” by Chun Kit Kwok, Madeline
E. Sherlock, and Philip C. Bevilacqua in Angewandte Chemie International Edition
52,

683-686

(2013).

This

paper

was

recommended

by F1000

Faculty.

http://f1000.com/prime/717970147] Author contributions are listed in Section 5.5.

5.1 Abstract
Conventional biochemical detection systems only have a 100-fold linear
response range. In this study, we broaden the range of potassium concentrations
detected by an RNA G-quadruplex-containing sequence by intentionally populating
multiple binding and folding intermediate states. The broadened RNA response can be
monitored by both circular dichroism and intrinsic fluorescence spectroscopy.
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5.2 Introduction
RNA folding is central to diverse biological and chemical processes, including
gene regulation and biosensing. Cooperativity is a key feature of RNA folding, and
critical to the folding of small and large RNAs1-4 alike and to the response of naturally
occurring riboswitches5. Some biological RNAs fold with little or no cooperativity,
whereas others exhibit high cooperativity5-8. Concerning biosensing, conventional or
“classical” biosensors without cooperative behavior bind an analyte with a responsive
range of ~100-fold in analyte concentration, using 10-90% of maximal signal. When
the analyte concentration is above or below this range, however, “dead zones” are
found wherein the sensor will not work9,10; as such, biosensors with extended
dynamic ranges are needed. Tuning negative (or “anti-”) cooperativity into RNA
folding provides one potential means of achieving these desirable outcomes. The
goals of our study are to gain new fundamental insights into the folding of biological
RNAs and to aid the development of biosensors with diverse response ranges through
the development of a series of RNA scaffolds with tunable cooperativity.
Several types of broad ligand response biopolymers have been reported
previously. Broad-response detection of pH and ionic strength were attained by
coupling signal output to a one-state downhill folding protein scaffold.11 Broadresponse sensing was also achieved by mixing together three (or more) biosensors that
differ in analyte Kd by ~1-2 logs12-14. Using such an approach, broad-response sensors
were prepared that detect changes in pH13 and in DNA12 and protein14 concentration.
In the present study, we develop another, simpler approach to broad-range
folding and sensing, which we link to anticooperative RNA folding. We use just a
single, rationally designed RNA sequence as a scaffold for ligand detection. Our
strategy exploits deliberate population of intermediates along both the RNA folding

151

and analyte binding pathways (Figure 5.1). We make use of a G-quadruplex sequence
(GQS) to explore the relationship between RNA sequence and anticooperative RNA
folding. Proof-of-principle of analyte sensing and riboswitching are demonstrated by
monitoring the concentration of K+, with fraction RNA folded read out using either
circular dichroism (CD) or fluorescence spectroscopy to monitor GQS folding.
A GQS is a nucleic acid motif formed by guanine-rich RNA or DNA
sequences of the pattern GxLaGxLbGxLcGx, where x is the length of G-stretch that is
involved in G-quartet interaction, and La, Lb, and Lc are the three loops between the
four G-strands that can be of the same or different length and sequence15; such a
sequence is referred to herein as a “GX” GQS. A GQS generally consists of two or
more stacked quartet planes, with a dehydrated K+ between planes, which stabilizes
the quadruplex16,17. Extensive studies on DNA and RNA GQS in different sequence
contexts have revealed that GQS bind K+ selectively over other types of metal ions1821

. In addition, GQS has been used as a biosensor to determine K+ concentration, in

cells22 and other samples.
RNA GQS predominately form a parallel topology upon K+ titration23-25. This
topology leads to an increase in ellipticity at ~260 nm. Circular Dichroism (CD)
spectroscopy has been used extensively to study folding of other G-quadruplexes19,2628

. More recently, it has been reported that DNA G-quadruplexes are intrinsically

fluorescent29,30. To assay for GQS formation herein, we used both CD and
fluorescence spectroscopy to monitor this change upon K+ addition. In addition, we
show for the first time that RNA GQS are intrinsically fluorescent and that
fluorescence signal responds to K+ concentration in a fashion similar to CD signal.
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Figure 5.1. Two approaches to achieve broad-response sensing. (A) Mixing of
different sensors, as previously reported.12 Mixing together three different G2 GQS
sequences with ∆Kd of ~200 fold (G2w2, G2m1, and G2s2). The K+ binding affinity
towards individual GQS is represented by the color-coded bars above the plot, in
which red, blue, and green represent the 10-90% response range of the strong,
medium, and weak binders respectively. Mixing the three binders should in principle
allow broad-response sensing, as depicted by the black curve, which simulates a 1:1:1
mixture of the three G2 GQS. (B) Extending the G-stretch length of a GQS developed
herein. The color-coded bar above the graph depicts the 10-90% response range.
Longer G-stretch lengths allow more G-quartet planes to form, and thus more
intermediate states in the RNA folding and potassium binding pathway to populate,
which results in a broadened response to K+. Shown here is the G6 GQS.

5.3 Results and discussion
First, we investigate the folding of three G2 GQS sequences termed G2w1,
G2m1, and G2s1, where w, m, and s represent weak, medium, and strong binding of
K+ using CD signal31. These sequences have positive or neutral cooperativity and are
related to those from our recent report27. Binding strength was controlled by the
sequence and length of the loops. K+1/2 values were determined as 410 ± 70, 14 ± 1,
and 2.2 ± 0.5mM respectively (Table 5.1). We then identified a second set of G2
GQS—G2w2, G2m2, and G2s2—having more A-content in the loops, which led to
similar K+ binding profiles, and somewhat higher Hill coefficients (Table 5.1)27.
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Folding transitions for all six G2 GQS are provided in Figure 5.2. The G2 GQS were
then classified as either classical response (~2 logs) or digital response (<2 logs)
depending on whether their n values were ~1 or ~2 respectively32.

Table 5.1. GQS folding parameters.
GQS motif[d]

Fitting [a] n[a,c]

K+1/2 (mM)[a,c]

Reference

G2w1

2-state

2.2 ± 0.3

410 ± 70

This study

G2m1

2-state

1.2 ± 0.1

14 ± 1

This study

G2s1

2-state

1.2 ± 0.1

2.2 ± 0.5

This study

G2w2

2-state

2.7 ± 0.1

117 ± 28

27

G2m2

2-state

2.5 ± 0.4

14 ± 1

27

G2s2

2-state

1.7 ± 0.4

0.8 ± 0.2

27

G3m1

2-state

0.5 ± 0.1

0.7 ± 0.2

This study

G3m1 (tr1)[b]

3-state

1.5 ± 0.1

0.06 ± 0.01

This study

G3m1 (tr2)[b]

3-state

1.3 ± 0.2

6.4 ± 2.8

This study

G4m1

2-state

0.5 ± 0.1

2.7 ± 2.2

This study

G4m1 (tr1)[b]

3-state

1.2 ± 0.2

0.06 ± 0.06

This study

G4m1 (tr2)[b]

3-state

1.2 ± 0.1

12 ± 1

This study

G5m1

2-state

0.7 ± 0.1

3.7 ± 0.7

This study

G6m1

2-state

0.5 ± 0.1

12 ± 2

This study

Table Footnote: [a] GQS folding parameters were obtained from fitting CD titration
experiments using a two-state model (Eq. 5.1). [b] In several cases (“tr1” and “tr2” for
transitions 1 and 2), two distinct transitions were observed, and three-state fitting was
performed (Eq. 5.2). [c] Values reported in the table are average ± standard deviation,
obtained from three separate experiments. [d] Full sequences are provided in Table
D.1.

154

To determine the effective dynamic range of response possible by using the
previously published approach of mixing probes,12-14 we selected G2w2, G2m1 and
G2s2 GQS, which vary by ~2 logs in K+1/2. We simulated a linear broad-response
signal (Eq. 5.4) and fit the resulting response with Eq. 5.1 (Figure 5.1A, black line).
This yielded an apparent K+ 1/2 value of 12 mM and an apparent Hill coefficient of 0.6.
The mixing approach was thus expected to widen the 10%-90% response range to ~3
logs in K+ concentration, as represented by the black bar above Figure 5.1A.
We next sought to attain broad-response sensing of K+ by our proposed
method of deliberately populating intermediates. To do so, we took advantage of our
previously reported observation that a G2 GQS sequence generally has a higher Hill
coefficient and thus a steeper (i.e. more “digital”) response to K+ concentration than
an otherwise similar G3 GQS27. We previously attributed this trend to G2 sequences
having poorly populated folding and binding intermediates—a phenomenon that
generally enhances folding cooperativity33,34. Fewer populated intermediates in G2
sequences was attributed to fewer ways to assemble the quartets incorrectly, and to
the presence of just one ion binding site, which precludes ion-ion interactions27. We
then reasoned that the inverse may hold: i.e. increasing the length of the G-stretches
in a single sequence might enhance the number and population of folding and binding
intermediates, thereby lessening folding and binding cooperativity and broadening
response to analyte concentration (Figure 5.1B).
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Figure 5.2 Fraction folded plots for all of the G2 GQS, displaying different K+
binding strengths. Data at 262nm were well fit by a two-state Hill equation (Eq. 5.1).
Red, blue, and green colors represent strong, medium, and weak binders, respectively.
n and K+1/2 values are provided in Table 5.1. See figures D.1-D.6 for full CD spectra
and individual fits.
To

test

this

idea,

we

selected

G2m1—which

has

the

sequence

G2UAG2UAG2CG2 and a conventional 2-log response—as our model GQS and
systematically extended the length of the G-stretch, affording G3m1–G6m1, where
G6m1 has the sequence G6UAG6UAG6CG6 (all sequences in Table D.1). Fitting of
CD-detected K+ titrations for G3m1 and G4m1 revealed distinctly three-state folding
behavior (Figure 5.3, green and magenta lines)—a conclusion that was further
supported by plots of the residuals (Figures D.8 and D.10). Notably, each of the two
transitions for G3m1 and G4m1 has a Hill coefficient of ~1 (Table 5.1), supporting
well-separated transitions and a well-populated folding intermediate and usage of the
three-state model (Eq. 5.2). This intermediate may represent slipped quartets (i.e.
with X-1 or X-2 quartets), and/or weakened binding of the “second” or “third” ion in
G3m1 and G4m1, respectively, owing to ion-ion repulsion.

On the one hand,

population of the folding intermediate broadened the response, as anticipated; but, on
the other hand, the response was no longer linear and instead had a prominent dead
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zone in the center of the graph (Figure 5.3, green and magenta lines)35. Nonetheless,
intermediates clearly populate as the number of quartets increases, which motivated
us to examine even longer GQS.
Potassium ion titrations of G5m1 and G6m1 sequences are provided in Figure
5.3 (gold and purple lines, respectively) and are largely linear in the 10-90% transition
region (i.e. no significant dead zone like in G3m1 and G4m1) and broad in their
response. Given such behavior, these traces could be fit to Eq. 5.1 for apparent twostate transition (Figures D.11 and D.12), which gave apparent Hill coefficients of just
0.7 ± 0.1 and 0.5 ± 0.1, respectively (Table 5.1). Reversion to apparent two-state
behavior for G5m1 and G6m1 is due to the presence and population of many folding
and binding intermediates, so many so that the multiple transitions blur into one very
broad transition. This is supported by the above trends and the fractional Hill
coefficients. Such intermediates may represent an ensemble of states containing
slipped quartet registers, and/or weakened binding of the “fourth” and “fifth” K+ ions
owing to repulsion from the other bound K+ ions. Overall, G5m1 and G6m1 have
astonishingly wide linear responses to K+ concentration, spanning ~3 to 4.5 logs as
compared to just 2 logs for G2m1 (Figure 5.3). Indeed, these response ranges are
similar to, or exceed, those extrapolated from the above G2 sequence mixtures (Figure
5.1A).

157

Figure 5.3 Fraction folded plot of G2m1 and its longer G-stretch counterparts at
262nm by CD spectroscopy. G3m1 and G4m1 were fit to the three-state equation
(Eq. 5.2), while G2m1, G5m1, and G6m1 were fit to the two-state equation (Eq. 5.1).
The conventional G2m1 has a response range of <2 logs, whereas G5m1 and G6m1
have 3- and >4-log responsive ranges. The response range for each GQS is defined
from 10 to 90% folded and is depicted with bars of matching color above the panel.
The K+1/2 and n values are provided in Table 5.1. See Figures D.2 and D.7-D.12 for
full CD spectra and individual fits.
Next, we explored fluorescence as an alternative method of monitoring GQS
folding. As mentioned above, it was recently shown that the intrinsic fluorescence of
DNA

G-quadruplexes

increases

upon

quadruplex

formation29,30;

moreover,

fluorescence is often used in developing biosensors. The same potassium titrations
described above for CD detection were performed on unlabeled G2m1 and G6m1
using fluorescence detection. We found that these RNA G-quadruplexes, like their
DNA counterparts, exhibit an increase in fluorescence intensity upon folding when
excited at 270 nm (Figures D.13 and D.14). The emission intensity increased upon
potassium ion addition, with an emission maximum of ~360 nm. The fraction folded
titration curves produced using the data at 360 nm are provided in Figure 5.4, along
with a comparison to the data produced by CD-monitored experiments. The G6m1
data were again fit to the apparent 2-state model, owing to the presence of multiple
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intermediate states. The K+1/2 values and Hill coefficients between the two methods
are within standard deviation of each other (Figure 5.4), making both methods equally
useful in GQS detection. The intrinsic fluorescence of the quadruplexes is valuable
not only because fluorescence is a convenient way to monitor folding and binding, but
also because it can be used on unmodified oligonucleotides and so avoids potentially
perturbing the interaction.
In order to ensure the signal changes were due to intramolecular and not
intermolecular GQS folding, concentration-dependent UV-detected (295nm) thermal
denaturations were conducted, focusing on the limiting cases of G2m1 and G6m1.
The melting temperature (Tm) was found to be independent of RNA concentration
over the RNA concentration range used in CD and fluorescence spectroscopy (Figure
D.15), supporting that intramolecular GQS folding was being monitored during the
K+ titrations.

Figure 5.4 Comparison of CD- and fluorescence-monitored GQS potassium
titrations. CD data points were taken at 262nm and fluorescence emission data points
were taken at 360 nm. The K+1/2 and Hill coefficient (n) are provided in the figure for
each method. (A) Fraction-folded plots of G2m1, detected by both fluorescence and
CD spectroscopy and fit to a two-state equation (Eq. 5.1). (B) Fraction-folded plots of
G6m1, detected by both fluorescence and CD spectroscopy and fit to the apparent
two-state equation (Eq. 5.1). See Figure D.13-D.14 for full fluorescence spectra and
individual fits.
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In this study we controlled RNA folding cooperativity by deliberately
populating intermediates. Broad-range response was achieved with G5 and G6 GQS
RNAs, which populate folding and binding intermediates, whereas narrow-range
sensing was accomplished with G2 GQS RNAs, which do not populate such
intermediates, as described earlier27. The binding event was read out by both CD and
fluorescence spectroscopy, using the fluorescence intrinsic to the GQS. Although
potassium sensing has been achieved previously, the steepness of the response has not
been controlled and fluorophores had to be attached. Moreover, this is the first time
that broad response has been achieved by a single sequence rather than a mixture of
sequences. The previously established biosensor mixing approach would provide a
broadened response range, of ~3-4 logs12-14. This approach, however, has severe
limitations: multiple biosensors with well-controlled Kd's must be designed and
prepared, and accurate concentration determination and mixing of each probe is
needed to ensure consistency in the response profile. Moreover, such sensors could
interfere by base pairing with each other or by ion-induced aggregation.
As an alternative, we introduced the concept of intentionally populating
folding and binding intermediates in a single RNA sequence as a means to broadening
the linear response range. The G-stretch extension approach is one such simple and
robust strategy and should be applicable in DNA. It requires no mixing of multiple
probes and achieves a similar or even better dynamic range of response to K+
concentration. Moreover, it is much simpler to introduce single nucleic acid probes in
vivo than multiple probes. We clearly detected population of a folding intermediate
for G3 and G4 GQS herein. Such an intermediate could include “slipped” GQS
registers—absent in the simpler and steeper folding G2-sequences—and/or throughspace electrostatic repulsion of the adjacent K+ ions located between quartets. Similar
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phenomena of weak association of “later-binding ions” has been reported for K+
binding in membrane ion channels36. The longer G-stretches reported in the G5 and
G6 sequences allow even more G-quartet planes to form, and therefore more folding
and binding intermediates to populate. Evidently, the transition region of G5 and G6
GQS has enough overlapping states that they revert back to apparent two-state
behavior, as compared to G3 and G4 GQS which displayed distinctly three-state
folding behavior. Broadening of response with number of quartets is most evident in a
graph of apparent Hill coefficient versus number of quartets (Figure D.16).
One unique feature of this study is the intrinsic fluorescence of an RNA GQS.
Although the fluorescence is somewhat weak, we find that it can be enhanced by
altering loop size, loop sequence, RNA topology, and ionic conditions (manuscript in
preparation). In addition, tandem GQS could be introduced to multiply the
fluorescence signal, as shown for related systems37. Coupling of GQS folding with
ligand detection would then allow a unique readout of ligand binding, which
circumvents the need for introduction of synthetic fluorophores, such as FRET pairs
and fluorophore-quencher pairs.
In summary, we have shown that the cooperativity of RNA folding can be
tuned by adjusting the number of G-quartets present. Although the particular GQS
biosensor developed in this study senses only K+, our approach to broad-response
sensing is potentially applicable to other RNA or DNA aptamer systems38,39 in which
folding intermediates can be engineered into the system, for example through
alternative folds or overlapping binding sites.
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5.4 Materials and methods
5.4.1 RNA preparation
RNA oligonucleotides were purchased from Dharmacon, Inc. Sequences and
abbreviations are provided in Table D.1. All RNAs were dialyzed in an eight-well
microdialysis apparatus (Gibco-BRL Life Technologies) at a flow rate of 25 mL/min.
The RNA samples were first dialyzed against 100 mM LiCl for 6 hours to replace
RNA backbone cation, then ddH2O for 6 hrs to remove excess LiCl, and finally 10
mM LiCacodylate (pH 7.0) for >12 hours. The concentration of the dialyzed RNAs
was then determined by UV-spectroscopy and stored in -20oC before and after use.

5.4.2 Spectroscopic titration experiments
Circular Dichroism (CD): CD spectroscopy was performed using a Jasco CD
J810 Spectropolarimeter, and data were analyzed with KaleidaGraph v.3.5 (Synergy
software). RNA oligonucleotides were prepared to a concentration of 2.5-5 µM in 10
mM LiCacodylate (pH 7.0) buffer. RNA was renatured at 95C for 2 minutes and
allowed to cool at room temperature for 15 minutes. Spectra were acquired at each
wavelength from 230-300 nm at 25oC. For replicate experiments, spectra were
acquired at each wavelength from 252-272 nm. Each reported spectrum is an average
of 2 scans with a response time of 2s/nm. Data were buffer subtracted, normalized to
provide molar residue ellipticity values, and smoothed over 5 nm40.
Fluorescence: Fluorescence spectroscopy experiments were performed using a
Horiba Scientific Fluorolog Model FL3-1/IHR320 IR spectrofluorimeter, and data
were analyzed with Kaleidagraph v.3.5 (Synergy software). RNA oligonucleotides
were prepared to a concentration of 5 µM in 10 mM LiCacodylate (pH 7.0) buffer.
RNA was renatured at 95C for 2 minutes and allowed to cool at room temperature
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for 15 minutes. Emission spectra were acquired in triplicate from separate experiment
using excitation at 270nm and scanning from 280-450 nm at 25oC. The entrance and
exit slid widths were both 5 nm and a 0.5 second integration time was used. Data were
buffer subtracted, normalized and smoothed over 5 nm.

5.4.3 Data fitting
Titrations were performed with KCl to determine the amount of potassium ion
(K+) required to drive G-quadruplex formation. Both CD and fluorescence data were
processed similarly. Using CD as an example here, to determine K+1/2 values,
ellipticity data at λmax (262nm) for each sequence were fit with KaleidaGraph v. 3.5
(Synergy software) according to the apparent two-state Hill equation (Eq. 5.1) or
three-state Hill equation (Eq. 5.2):

  F 

U  F

(Eq. 5.1)

+
1  [K + ]/[K1/2
]

n

where  is the molar ellipticity, F is the normalized CD signal corresponding

to the fully folded GQS; U is signal for the unfolded GQS; [K+] is the potassium ion

concentration, [K+1/2] is the potassium ion concentration needed to fold 50% of the
RNA, and n is the Hill coefficient. Choice of Eq. 5.1 or Eq. 5.2 to fit the data was
made on the basis of acceptable residuals (see Figures D.8 and D.10).
n

n

n2

 [K  ]  1
 [K  ]  1  [K  ] 
U  I    F      
[K 1/2]1 
[K 1/2]1  [K 1/2]2 

n1

 [K ]   [K  ] n1  [K  ] n 2
1         

[K 1/2 ]1  [K 1/2 ]1  [K 1/2]2 

(Eq. 5.2)

where  is the molar ellipticity, U is the normalized CD signal for fully


unfolded RNA, I is the normalized CD signal for the intermediate RNA, and F is the
normalized CD signal for the fully folded RNA GQS. [K+1/2]1 and n1 are the K+1/2 and
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Hill coefficient values for the U-to-I transition, and [K+1/2]2 and n2 are the values for
the I-to-F transition.
Data shown in Table 5.1 were fit using Eq. S1 or Eq. S2, and K+1/2 and n
values reported are the averages of 3 separate experiments; the errors listed are the
standard deviations. In addition, data were plotted as fraction folded plots in main
text and were fit using the following equation:

[K ]/[K ]

[K ]/[K ]  1
+

fF

+

n

+
1/2

+
1/2

n

(Eq. 5.3)

 thermal denaturation
5.4.4 UV-detected
RNA was prepared to a concentration of 1-25 µM in 10 mM LiCacodylate (pH
7.0). Samples were renatured at 95C for 1.5 min then allowed to cool to room
temperature for 15mins. KCl was added for a final concentration of 5mM or 100 mM
(See fig. legend for detail) and samples were incubated at room temperature for 45
min to allow quartets to form. Thermal denaturation was performed on a Gilford
Response II spectrophotometer. Data were collected every 0.5C while heating over
the temperature range of 5-95 C. The unfolding transitions were monitored at 295
nm. Data were fit with KaleidaGraph v. 3.5 (Synergy Software) using a Marquadt
algorithm for non-linear curve fitting.41

5.4.5 G2 GQS mixing simulation
Broad response signal from mixing G2s2, G2m1, and G2w2 was generated
from the equation previously described.12 The equation used was as follow
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[K + ]i
 +
[K ]  [K +1/ 2 ]i
i1
3

(Eq. 5.4)

where εi is the CD ellipticity amplitude for probe i, and K+1/2,i is the
dissociation constant for probe i.

5.5 Author contributions
C.K.K and M.E.S performed the CD experiments. C.K.K performed the UV
experiments. M.E.S performed the fluorescence experiments. C.K.K and M.E.S
performed the data analysis. C.K.K and M.E.S contributed equally to this work. All
authors contributed ideas, discussed the data, and wrote the paper.

5.6 Acknowledgements
This study was supported by Human Frontier Science Program (HFSP) Grant
RGP0002/2009-C to P.C.B and Penn State Summer Discovery Grant to M.E.S. We
would like to thank Prof. Sarah Assmann, Prof. Bratoljub Milosavljevic and Dr.
Melissa Mullen for helpful discussion.

5.7 References
1

2

3

Moody, E. M. & Bevilacqua, P. C. Folding of a stable DNA motif involves a
highly cooperative network of interactions. J. Am. Chem. Soc. 125, 1628516293 (2003).
Moody, E. M., Feerrar, J. C. & Bevilacqua, P. C. Evidence that folding of an
RNA tetraloop hairpin is less cooperative than its DNA counterpart.
Biochemistry 43, 7992-7998 (2004).
Sattin, B. D., Zhao, W., Travers, K., Chu, S. & Herschlag, D. Direct
measurement of tertiary contact cooperativity in RNA folding. J. Am. Chem.
Soc. 130, 6085-6087 (2008).

165

4

5
6

7

8

9
10

11

12

13
14

15
16

17

Solomatin, S. V., Greenfeld, M. & Herschlag, D. Implications of molecular
heterogeneity for the cooperativity of biological macromolecules. Nat. Struct.
Mol. Biol. 18, 732-734 (2011).
Mandal, M. et al. A glycine-dependent riboswitch that uses cooperative
binding to control gene expression. Science 306, 275-279 (2004).
Erion, T. V. & Strobel, S. A. Identification of a tertiary interaction important
for cooperative ligand binding by the glycine riboswitch. RNA 17, 74-84
(2011).
Butler, Ethan B., Xiong, Y., Wang, J. & Strobel, Scott A. Structural basis of
cooperative ligand binding by the glycine riboswitch. Chemistry &amp;
Biology 18, 293-298 (2011).
Lipfert, J., Sim, A. Y. L., Herschlag, D. & Doniach, S. Dissecting electrostatic
screening, specific ion binding, and ligand binding in an energetic model for
glycine riboswitch folding. RNA 16, 708-719 (2010).
Koshland, D., Goldbeter, A. & Stock, J. Amplification and adaptation in
regulatory and sensory systems. Science 217, 220-225 (1982).
Vallee-Belisle, A., Ricci, F. & Plaxco, K. W. Thermodynamic basis for the
optimization of binding-induced biomolecular switches and structureswitching biosensors. Proc. Natl. Acad. Sci. U S A 106, 13802-13807 (2009).
Cerminara, M., Desai, T. M., Sadqi, M. & Munoz, V. Downhill protein
folding modules as scaffolds for broad-range ultrafast biosensors. J. Am. Chem.
Soc. 134, 8010-8013 (2012).
Vallee-Belisle, A., Ricci, F. & Plaxco, K. W. Engineering biosensors with
extended, narrowed, or arbitrarily edited dynamic range. J. Am. Chem. Soc.
134, 2876-2879 (2012).
Lin, J. & Liu, D. An optical pH sensor with a linear response over a broad
range. Analytica Chimica Acta 408, 49-55 (2000).
Drabovich, A. P., Okhonin, V., Berezovski, M. & Krylov, S. N. Smart
aptamers facilitate multi-probe affinity analysis of proteins with ultra-wide
dynamic range of measured concentrations. J. Am. Chem. Soc. 129, 7260-7261
(2007).
Huppert, J. L. Hunting G-quadruplexes. Biochimie 90, 1140-1148 (2008).
Sannohe, Y. & Sugiyama, H. Overview of formation of G-quadruplex
structures. Curr. Protoc. in Nucleic Acid Chem. Chapter 17, Unit 17.2, pp117, Wiley, New York (2010).
Halder, K. & Hartig, J. S. RNA quadruplexes. Met. Ions Life Sci. 9, 125-139
(2011).

166

18

19

20

21

22
23

24
25
26

27

28

29
30

Hud, N. V., Smith, F. W., Anet, F. A. L. & Feigon, J. The selectivity for K+
versus Na+ in DNA quadruplexes is dominated by relative free energies of
hydration: a thermodynamic analysis by 1H NMR Biochemistry 35, 1538315390 (1996).
Mullen, M. A. et al. RNA G-quadruplexes in the model plant species
Arabidopsis thaliana: prevalence and possible functional roles. Nucleic Acids
Res. 38, 8149-8163 (2010).
Zhang, A. Y. Q., Bugaut, A. & Balasubramanian, S. A sequence-independent
analysis of the loop length dependence of intramolecular RNA G-quadruplex
stability and topology. Biochemistry 50, 7251-7258 (2011).
Bugaut, A. & Balasubramanian, S. A sequence-independent study of the
influence of short loop lengths on the stability and topology of intramolecular
DNA G-quadruplexes. Biochemistry 47, 689-697 (2008).
Takenaka, S. & Juskowiak, B. Fluorescence detection of potassium ion using
the G-quadruplex structure. Anal Sci 27, 1167-1167 (2011).
Halder, K., Wieland, M. & Hartig, J. S. Predictable suppression of gene
expression by 5'-UTR-based RNA quadruplexes. Nucleic Acids Res. 37, 68116817 (2009).
Phan, A. T. Human telomeric G-quadruplex: structures of DNA and RNA
sequences. FEBS J. 277, 1107-1117 (2009).
Lane, A. N., Chaires, J. B., Gray, R. D. & Trent, J. O. Stability and kinetics of
G-quadruplex structures. Nucleic Acids Res. 36, 5482-5515 (2008).
Viglasky, V., Tluckova, K. & Bauer, L. The first derivative of a function of
circular dichroism spectra: biophysical study of human telomeric Gquadruplex. Eur Biophys J 40, 29-37 (2011).
Mullen, M. A., Assmann, S. M. & Bevilacqua, P. C. Toward a digital gene
response: RNA G-quadruplexes with fewer quartets fold with higher
cooperativity. J. Am. Chem. Soc. 134, 812-815 (2012).
Serganov, A., Polonskaia, A., Phan, A. T. n., Breaker, R. R. & Patel, D. J.
Structural basis for gene regulation by a thiamine pyrophosphate-sensing
riboswitch. Nature 441, 1167-1171 (2006).
Mendez, M. A. & Szalai, V. A. Fluorescence of unmodified oligonucleotides:
A tool to probe G-quadruplex DNA structure. Biopolymers 91, 841-850 (2009).
Dao, N. T., Haselsberger, R., Michel-Beyerle, M.-E. & Phan, A. T. Following
G-quadruplex formation by its intrinsic fluorescence. FEBS Lett. 585, 39693977 (2011).

167

31

32

33
34
35

36
37
38
39
40

41

(The sequences chosen here are either directly from a known gene, such as in
the case of G2w2, G2m2, G2s2, and G4m1, or are closely related to these and
representative of classes known to exist in genes).
(UA-rich loops led to Hill constants approaching unity, which may be
because of the formation of intermediates involving base pairing of the G’s
with the loops.).
Woodson, S. A. Compact intermediates in RNA folding. Annu Rev Biophys 39,
61-77 (2010).
Weikl, T. R., Palassini, M. & Dill, K. A. Cooperativity in two-state protein
folding kinetics. Protein Sci 13, 822-829 (2004).
(Notably, we previously reported folding intermediates in related G3
sequences, observed through three-state CD-detected titrations, presence of
intermediates on native gels, and RNase T1 protection.).
Doyle, D. A. et al. The structure of the potassium channel: molecular basis of
K+ conduction and selectivity. Science 280, 69-77 (1998).
Vargas, Diana Y. et al. Single-molecule imaging of transcriptionally coupled
and uncoupled splicing. Cell 147, 1054-1065 (2011).
Liu, J., Cao, Z. & Lu, Y. Functional nucleic acid sensors. Chem. Rev. 109,
1948-1998 (2009).
Mok, W. & Li, Y. Recent progress in nucleic acid aptamer-based biosensors
and bioassays. Sensors 8, 7050-7084 (2008).
Sosnick, T. R. Characterization of tertiary folding of RNA by circular
dichroism and urea. Curr. Protoc. in Nucleic Acid Chem., 11.15. 11-11.15. 10
(2001).
Siegfried, N. A. & Bevilacqua, P. C. Thinking inside the box: designing,
implementing, and interpreting thermodynamic cycles to dissect cooperativity
in RNA and DNA folding. Methods Enzymol. 455, 365-393 (2009).

168

Appendix D
Supplementary Information for Chapter 5

[Published as Supplementary Online Material for a paper entitled “Decrease of RNA
Folding Cooperativity by Deliberate Population of Intermediates in RNA GQuadruplexes” by Chun Kit Kwok, Madeline E. Sherlock, and Philip C. Bevilacqua in
Angewandte Chemie International Edition 52, 683-686 (2013). This paper was
recommended by F1000 Faculty. http://f1000.com/prime/717970147]
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Table D.1 RNA oligonucleotide sequences
GQS name

Sequence

G2w1

GG UAUA GG UAUA GG ACA GG

G2m1

GG UA GG UA GG C GG

G2s1

GG UA GGU UAGGUAGG

G2w2

GG AUA GG AUA GG AUA GG

G2m2

GG AA GG AA GG AA GG

G2s2

GG A GG A GG A GG

G3m1

GGG UA GGG UA GGG C GGG

G4m1

GGGG UA GGGG UA GGGG C GGGG

G5m1

GGGGG UA GGGGG UA GGGGG C GGGGG

G6m1

GGGGGG UA GGGGGG UA GGGGGG C GGGGGG

This table provides RNA nucleotide sequences corresponding to all GQS used in these
experiments. The names of all of the GQS were given based on the length of the Gstretches and whether the sequence is a “strong”, “medium” or “weak” potassium binder.
The last number is used to distinguish the two sets of G2’s; one set was designed for this
study and the second set was from Mullen et al.1
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Figure D.1 G2w1 GQS CD K+ titration and fraction folded plot. CD titrations of the
G2w1 sequence at a RNA concentration of 5μM. The left-hand plot is normalized
ellipticity versus wavelength, where each trace represents a different K+ concentration.
From this data, the λmax was determined to be 262nm and the data points at that
wavelength were extracted and converted to fraction folded values using the maximum
and minimum ellipticity values. The right-hand plot is fraction folded vs. K+
concentration, which appears as a two-state titration curve that was fit with Eq. 5.1. The
shaded gray region highlights the response range (RR), which is defined from 10%-90%
folded. (Note that the range of the x-axis is 7 logs in all Supporting Figures to facilitate
comparison.) The K+1/2 and n values also appear on the right-hand plot, which are the
average of three trials ± standard deviation. The color of the curve in the right-hand panel
matches the color in the main text.
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Figure D.2 G2m1 GQS CD K+ titration and fraction folded plot. CD titrations of the
G2m1 sequence at a RNA concentration of 5μM. The left-hand plot is normalized
ellipticity versus wavelength, where each trace represents a different K+ concentration.
From this data, the λmax was determined to be 262nm and the data points at that
wavelength were extracted and converted to fraction folded values using the maximum
and minimum ellipticity values. The right-hand plot is fraction folded vs. K+
concentration, which appears as a two-state titration curve that was fit with Eq. 5.1. The
shaded gray region highlights the response range (RR), which is defined from 10%-90%
folded. The K+1/2 and n values also appear on the right-hand plot, which are the average
of three trials ± standard deviation. The color of the curve in the right-hand panel matches
the color in the main text.
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Figure D.3 G2s1 GQS CD K+ titration and fraction folded plot. CD titrations of the
G2s1 sequence at a RNA concentration of 5μM. The left-hand plot is normalized
ellipticity versus wavelength, where each trace represents a different K+ concentration.
From this data, the λmax was determined to be 262nm and the data points at that
wavelength were extracted and converted to fraction folded values using the maximum
and minimum ellipticity values. The right-hand plot is fraction folded vs. K+
concentration, which appears as a two-state titration curve that was fit with Eq. 5.1. The
shaded gray region highlights the response range (RR), which is defined from 10%-90%
folded. The K+1/2 and n values also appear on the right-hand plot, which are the average
of three trials ± standard deviation. The color of the curve in the right-hand panel matches
the color in the main text.
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Figure D.4 G2w2 GQS CD K+ titration and fraction folded plot. CD titrations of the
G2w2 sequence at a RNA concentration of 5μM. The left-hand plot is normalized
ellipticity versus wavelength, where each trace represents a different K+ concentration.
From this data, the λmax was determined to be 262nm and the data points at that
wavelength were extracted and converted to fraction folded values using the maximum
and minimum ellipticity values. The right-hand plot is fraction folded vs. K+
concentration, which appears as a two-state titration curve that was fit with Eq. 5.1. The
shaded gray region highlights the response range (RR), which is defined from 10%-90%
folded. The K+1/2 and n values also appear on the right-hand plot, which are the average
of three trials ± standard deviation. The color of the curve in the right-hand panel matches
the color in the main text.
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Figure D.5 G2m2 GQS CD K+ titration and fraction folded plot. CD titrations of the
G2m2 sequence at a RNA concentration of 5μM. The left-hand plot is normalized
ellipticity versus wavelength, where each trace represents a different K+ concentration.
From this data, the λmax was determined to be 262nm and the data points at that
wavelength were extracted and converted to fraction folded values using the maximum
and minimum ellipticity values. The right-hand plot is fraction folded vs. K+
concentration, which appears as a two-state titration curve that was fit with Eq. 5.1. The
shaded gray region highlights the response range (RR), which is defined from 10%-90%
folded. The K+1/2 and n values also appear on the right-hand plot, which are the average
of three trials ± standard deviation. The color of the curve in the right-hand panel matches
the color in the main text.
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Figure D.6 G2s2 GQS CD K+ titration and fraction folded plot. CD titrations of the
G2s2 sequence at a RNA concentration of 5μM. The left-hand plot is normalized
ellipticity versus wavelength, where each trace represents a different K+ concentration.
From this data, the λmax was determined to be 262nm and the data points at that
wavelength were extracted and converted to fraction folded values using the maximum
and minimum ellipticity values. The right-hand plot is fraction folded vs. K+
concentration, which appears as a two-state titration curve that was fit with Eq. 5.1. The
shaded gray region highlights the response range (RR), which is defined from 10%-90%
folded. The K+1/2 and n values also appear on the right-hand plot, which are the average
of three trials ± standard deviation. The color of the curve in the right-hand panel matches
the color in the main text.
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Figure D.7 G3m1 GQS CD K+ titration and fraction folded plot. CD titrations of the
G3m1 sequence at a RNA concentration of 5μM. The left-hand plot is normalized
ellipticity vs. wavelength, where each trace represents a different K+ concentration. From
this data, the λmax was determined to be 262nm and the data points at that wavelength
were converted to fraction folded values using the maximum and minimum ellipticity
values. The right-hand plot is fraction folded vs. K+ concentration, which appears as a
three-state titration curve that was fit with Eq. 5.2. The shaded gray region highlights the
response range (RR), which is defined from 10%-90% folded. The K+1/2 and n values for
both transitions also appear on the right-hand plot, which are the average of three trials ±
standard deviation.
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Figure D.8 G3m1 GQS CD 2 and 3 state fraction folded plot with residuals. CD
titration curves at 262nm of the G3m1 sequence. The left-hand plot is fit to a 2-state
model with Eq. S1, and the right-hand plot is fit to a 3-state model with Eq. 5.2. Above
both plots are the residuals, which were calculated by taking the difference between the
value calculated by the curve fit equation and the experimentally determined ellipticity
value at each K+ concentration. The sinusoidal pattern in the residuals of the left-hand
plot and the linear pattern in the residuals of the right-hand plot confirm that the 3-state
model is more appropriate for this sequence.
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Figure D.9 G4m1 GQS CD K+ titration and fraction folded plot. CD titrations of the
G3m1 sequence at a RNA concentration of 5μM. The left-hand plot is normalized
ellipticity vs. wavelength, where each trace represents a different K+ concentration. From
this data, the λmax was determined to be 262nm and the data points at that wavelength
were converted to fraction folded values using the maximum and minimum ellipticity
values. The right-hand plot is fraction folded vs. K+ concentration, which appears as a
three-state titration curve that was fit with Eq. 5.2. The shaded gray region highlights the
response range (RR), which is defined from 10%-90% folded. The K+1/2 and n values for
both transitions also appear on the right-hand plot, which are the average of three trials ±
standard deviation.

179

Figure D.10 G4m1 GQS CD 2 and 3 state fraction folded plot with residuals. CD
titration curves at 262nm of the G4m1 sequence. The left-hand plot is fit to a 2-state
model with Eq. 5.1, and the right-hand plot is fit to a 3-state model with Eq. 5.2. Above
both plots are the residuals, which were calculated by taking the difference between the
value calculated by the curve fit equation and the experimentally determined ellipticity
value at each K+ concentration. The sinusoidal pattern in the residuals of the left-hand
plot and the linear pattern in the residuals of the right-hand plot confirm that the 3-state
model is more appropriate for this sequence.
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Figure D.11 G5m1 GQS CD K+ titration and fraction folded plot. CD titrations of the
G5m1 sequence at a RNA concentration of 3.5μM. The left-hand plot is normalized
ellipticity versus wavelength, where each trace represents a different K+ concentration.
From this data, the λmax was determined to be 262nm and the data points at that
wavelength were extracted and converted to fraction folded values using the maximum
and minimum ellipticity values. The right-hand plot is fraction folded vs. K+
concentration, which appears as a two-state titration curve that was fit with Eq. 5.1. The
shaded gray region highlights the response range (RR), which is defined from 10%-90%
folded. The K+1/2 and n values also appear on the right-hand plot, which are the average
of three trials ± standard deviation.
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Figure D.12 G6m1 GQS CD K+ titration and fraction folded plot. CD titrations of the
G6m1 sequence at a RNA concentration of 2.5μM. The left-hand plot is normalized
ellipticity versus wavelength, where each trace represents a different K+ concentration.
From this data, the λmax was determined to be 262nm and the data points at that
wavelength were extracted and converted to fraction folded values using the maximum
and minimum ellipticity values. The right-hand plot is fraction folded vs. K+
concentration, which appears as a two-state titration curve that was fit with Eq. 5.1. The
shaded gray region highlights the response range (RR), which is defined from 10%-90%
folded. The K+1/2 and n values also appear on the right-hand plot, which are the average
of three trials ± standard deviation.
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Figure D.13 G2m1 GQS Fluorescence K+ titration and fraction folded plot.
Fluorescence titrations of the G2m1 sequence at a RNA concentration of 5μM. The lefthand plot is normalized intensity in counts per second versus wavelength, where each
trace represents a different K+ concentration. From this data, the λmax was determined to
be 360nm and the data points at that wavelength were extracted and converted to fraction
folded values using the maximum and minimum intensity values. The right-hand plot is
fraction folded vs. K+ concentration, which appears as a two-state titration curve that was
fit with Eq. 5.1. The K+1/2 and n values also appear on the right-hand plot, which are the
average of three trials ± standard deviation.
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Figure D.14 G6m1 GQS Fluorescence K+ titration and fraction folded plot.
Fluorescence titrations of the G6m1 sequence at a RNA concentration of 5μM. The lefthand plot is normalized intensity in counts per second versus wavelength, where each
trace represents a different K+ concentration. From this data, the λmax was determined to
be 360nm and the data points at that wavelength were extracted and converted to fraction
folded values using the maximum and minimum intensity values. The right-hand plot is
fraction folded vs. K+ concentration, which appears as a two-state titration curve that was
fit with Eq. 5.1. The K+1/2 and n values also appear on the right-hand plot, which are the
average of three trials ± standard deviation.
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Figure D.15 Dependence of melting temperature (Tm) on RNA concentrations for
G2m1 and G6m1 GQS. Upper Row: UV melting experiments were conducted, and Tm
was monitored at 295nm, a characteristic feature for GQS. The Tm values at increasing
RNA concentration are plotted to show the concentration independence for both
sequences. The Tm values were extracted from the first derivative graph below with
error bars of ±1 oC, as reported previously.2 Lower Row: The first derivative plots are
shown to aid in visual inspection of the melting temperature (Tm) at four different RNA
concentrations. The vertical, gray-shaded bars show the narrow variation in the Tm
values between the four concentrations. The notation ‘L10K100’ represents buffer and
salt conditions of 10 mM LiCacodylate (pH 7.0) and 100 mM KCl; the notation ‘L10K5’
represents 10 mM LiCacodylate (pH 7.0) and 5 mM KCl. For G2m1, the KCl
concentration was chosen such that ~90% of the population of G-quartets were folded
according to Eq. 5.1. For G6m1, the transition temperature was above observable
temperature range using 100mM KCl, so 5mM KCl was used instead, as per
Balasubramanian and colleagues.3
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Figure D.16 Hill coefficients (n) of GQS sequences studied, all fit using the apparent
two-state model (Eq. 5.1). Results were binned into three classes: digital, normal, and
broad. n values are apparent, provided in Table 5.1. Error bars are the standard deviation
of three trials. For this figure, G3m1 and G4m1 were ‘forced’ to fit with Eq. 5.1.
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Chapter 6
The Effect of Loop Sequence and Loop Length on the Intrinsic Fluorescence
of G-Quadruplexes

[Published as a paper entitled “The Effect of Loop Sequence and Loop Length on the
Intrinsic Fluorescence of G-Quadruplexes” by Chun Kit Kwok, Madeline E. Sherlock,
and Philip C. Bevilacqua in Biochemistry 52, 3019-3021 (2013).] Author contributions
are listed in Section 6.5.

6.1 Abstract
Guanine quadruplex structures (GQS) exhibit unique spectroscopic features,
including an inverse melting profile at 295 nm, distinctive circular dichroism features,
and intrinsic fluorescence. Herein, we investigate effects of loop sequence and loop
length on the intrinsic fluorescence of 13 DNA GQSs. We report label-free fluorescence
enhancements upon intramolecular GQS formation of up to 16-fold and a shift in
fluorescence emission maximum to the visible light portion of the spectrum. Effects can
be understood in the context of available NMR GQS structures. Intrinsic fluorescence of
GQS may be useful for nucleic acid studies and for the development of label-free
detection methods.
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6.2 Introduction
Guanine quadruplex structures (GQS) have been of great interest for decades.
They are found in DNA telomere repeats and the promoter region of certain oncogenes,
such as c-myc, c-kit, and bcl-21-3. Guanine-rich sequences in DNA or RNA can
potentially form a GQS if they contain the pattern GxLaGxLbGxLcGx, where x ≥2, and
loops a, b, and c are ≥1 and can be of the same or different length and sequence. The four
stretches of G’s interact with one another to form 2 or more quartets that stack upon each
other, with the backbone in a parallel or antiparallel geometry. Formation of the GQS
requires dehydrated K+ or Na+ to be present between or within the stacked quartet planes,
which stabilizes charge accumulation from having four adjacent strands4. Detailed ion
binding studies have been performed on diverse GQS contexts under various ionic
conditions, and the general consensus is that they prefer K+ over other ions5-7.
The unique structure and folding of GQS lead to distinctive spectroscopic features
as compared to other nucleic acid motifs. For example, GQS has a characteristic
“inverse” or hypochromic melting profile when monitored at 295nm, in which
absorbance decreases as the structure unfolds8. Shifting of the wavelength from the
standard 260 nm to 295 nm is due to the extended conjugation from four bases
interacting, while absorbance decrease is likely due to loss of partial additivity of the
guanine dipoles within a quartet. The GQS also has characteristic patterns in circular
dichroism (CD) experiments: for a parallel topology there is a positive peak near 260-265
nm with a minimum near 245 nm, whereas for an antiparallel topology there are positive
peaks at 245 and 295 nm with a minimum near 260-265 nm9. The intrinsic fluorescence
of DNA GQS was recently reported10 and is also likely due to the extended conjugation
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of the four-base quartet. Fluorescence studies of DNA GQS to date have been conducted
primarily on the telomeric GQS sequence11-13. Our lab recently reported that
intramolecular RNA GQS exhibit intrinsic fluorescence as well. We demonstrated that the
folding cooperativity of a GQS, which can be tuned by adjusting the loop sequence or
number of guanines in each stretch14,15, can be assessed by monitoring GQS fluorescence
as a function of K+ concentration15.
There is, however, little knowledge of what parameters influence the intrinsic
fluorescence of GQS, including the effects of the DNA loop sequence and length. It
seemed likely that loop sequence and length would play important roles for fluorescence
given the key roles that these structural features play in GQS folding and stability6,16,17. In
this study, we conduct fluorescence measurements to investigate the effect of loop
sequence and length on the intrinsic fluorescence of dG2 and dG3 GQS upon K+ titration.
We then characterize the molecularity and folding cooperativity of a highly fluorescent
sequence, dG3T, compare it to its A-loop counterpart and available structures, and discuss
advantages and potential applications of intrinsic GQS fluorescence.

6.3 Result and discussion
To systematically investigate the effects of loop sequence and length on GQS
fluorescence, we designed 13 DNA GQSs with various single-base loops (A, C, or T)18,
loop lengths (1-3 nt), and G-stretch lengths (2-3). To simplify the study, the loops within
each GQS were chosen to comprise a single base but be of variable length, following the
pattern “dGxLy”, where x and y represent the number of quartets and loop nucleotides,
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respectively. The sequence of the DNA GQS motifs used in this study and their
abbreviations are provided in Table 6.119.
The GQS topology was determined by monitoring the ellipticity at 5 µM DNA
and 10 mM Li-Cacodylate (pH 7.0) at 1M K+. The CD and fluorescence spectra for all 13
sequences are provided in Figures E.1-E.13, and the GQS topologies are summarized in
Table 6.1. The CD results reveal that GQS with loops of 1 nucleotide (i.e. “dG2L” and
“dG3L”) have parallel topologies as expected

6,20

. GQS with longer loops were found by

comparison to CD to be parallel, antiparallel, or a combination of the two topologies
(Table 6.1).
In order to compare fluorescence intensity at unfolded, physiological K+, and
saturated K+ states, we collected fluorescence data on each sequence under 0, 100 and
1000 mM K+ conditions (Figure 6.1A). We found that the wavelength of maximum
emission varies by ~80 nm among the GQS, ranging from 340-420 nm (Table 6.1 and
Figures E.1-E.13).

In general, dG3Ly GQSs are more fluorescent than their dG2Ly

counterpart (Figure 6.1B). In addition, GQSs with loops of 1 nucleotide have
significantly higher fluorescence emission at saturating K+ condition than loops of 2 or 3
nucleotides. Indeed, for T loops, fluorescence decreases markedly with increasing loop
size, for both dG2 and dG3 sequences, to the point where there is almost no fluorescence
for the T3-loop sequences (Figure E.15). Out of the dG2Ly GQSs tested, dG2T is the most
fluorescent, being ~2 to 6 times more fluorescence than the other GQS-forming dG2Ly
sequences. Among all DNA GQSs tested, dG3T and dG3C achieve the highest overall
fluorescence in 1M K+, as well as the largest enhancement in fluorescence, ~12- and ~16fold respectively, upon GQS formation (Figure 6.1B).
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Table 6.1 DNA GQS sequence, topology, and emission wavelength maximum.
dGxLy

Sequence

Topology[a]

λem(nm)[b]

dG2A

GGAGGAGGAGG

Parallel

400

dG2A2

GGAAGGAAGGAAGG

Parallel

410

dG2A3

GGAAAGGAAAGGAAAGG

Parallel

420

dG2T

GGTGGTGGTGG

Parallel

385

dG2T2

GGTTGGTTGGTTGG

Antiparallel

385

dG2T3

GGTTTGGTTTGGTTTGG

Antiparallel

NA[c]

dG3A

GGGAGGGAGGGAGGG

Parallel

385

dG3A2

GGGAAGGGAAGGGAAGGG

Antiparallel

340,420

dG3A3

GGGAAAGGGAAAGGGAAAGGG

Antiparallel

390

dG3T

GGGTGGGTGGGTGGG

Parallel

390

dG3T2

GGGTTGGGTTGGGTTGGG

Parallel

380

dG3T3

GGGTTTGGGTTTGGGTTTGGG

Mix[d]

340

dG3C

GGGCGGGCGGGCGGG

Parallel

390

[a] Topology judged by CD spectroscopy at 1 M K+. [b] Values determined by peak
maximum in emission spectrum at 1 M K+ with excitation at 260 nm. [c] Fluorescence
was weak and peak wavelength was not available (NA). [d] Assigned as “mix” because
CD has positive ellipticity at both 260 and 295 nm.
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Figure 6.1 Experimental design and fluorescence titration results. (A) GQS folding
model for dG2Ly GQS (top) and dG3Ly GQS (bottom). The guanine-stretches (Gx) are
depicted in blue, and the loops (Ly) are in red. dG2Ly and dG3Ly GQS with parallel
topologies are depicted in panel A, although antiparallel quartets are found too (Table
6.1). (B) Relative fluorescence intensity of individual GQS upon K+ titration. Fluoresence
intensity for each GQS was obtained at λem shown in Table 6.1; for dG2T3, we chose the
fluorescence intensity at 340 nm (see Fig. E.6B). For direct comparison, experiments
were performed at 5 µM GQS concentration for all candidates, with identical instrument
settings, and the highest fluorescence intensity was normalized as 100%.
We selected dG3T for further spectroscopic and thermodynamic evaluation
because NMR structural information is available for it21. Full K+ titrations were
performed, which led to a K+1/2 value of 1.2±0.4 mM and a Hill coefficient (n) of
0.57±0.02 (Figures 6.2A and 6.2B). The lower than unity value of n indicates that GQS
folding is anticooperative, which is also reflected in the wide, ~1000-fold analyte
response range. Such anticooperativity is consistent with our recent GQS folding studies
on long RNA GQS14,15. In addition, UV-melting was monitored at 295nm at dG3T
concentrations ranging from 2.5-25 µM, and the melting temperature (Tm) was found to
be independent of concentration (Figure 6.2C), indicating that the fluorescence signal
observed at 5 µM dG3T K+ titration is due to intramolecular GQS folding.
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Figure 6.2 Biophysical characterization of dG3T. (A)-(B) Emission spectra and K+
titration plot monitored at 390 nm for dG3T. K+1/2 and the Hill coefficient (n) are 1.2 ± 0.4
mM and 0.57 ± 0.02 using Eq. 6.1. The average was obtained from three separate
experiments, and the error is standard deviation. Response range (10 % - 90 % signal) of
dG3T is shaded in gray in (B). (C) UV-melting of dG3T monitored at 295 nm at various
concentrations. The vertical bar shows the position of the Tm, which is invariant with
DNA concentration. (D) NMR structure of d(GGGT)4 (PDB ID 2LE6)21. The 3′ terminal
T (T16) is not shown. The loops (T4, T8, T12) and G-quartets are colored in red and blue,
respectively.
Our above results indicate that the increase in fluorescence observed upon K+
titration was due to formation of GQS, as GQS-specific signals were observed in the CD
under these conditions (Figure E.1-E.13). Likewise, non GQS-forming sequences did not
exhibit an increase in fluorescence upon K+ titration

10Error! Bookmark not defined.

. We also

tested different anions (fluoride and acetate) and found that fluorescence intensity
changes were similar to those with chloride, associating the observed signal change with
K+-induced GQS formation. In addition, comparison of fluorescence intensity among
GQS candidates at 1M K+ is justified, as plateaus were observed at higher K+
concentration, indicating that the GQS is at its fully folded states (Figure E.14). The
origin of GQS intrinsic fluorescence is proposed to be contributed by 1G*G excimer 10. It
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is likely that the loop sequence and length alter the GQS structure, thereby affecting the
excited states and energy transfer properties of GQS.
It is therefore of interest to correlate the spectroscopic observations herein with
GQS structures. An NMR structure is available for 5′-d(GGGT)4

21

which has the same

CD profile and Tm within 2 oC of dG3T 22. In the structure, the T-loops are extruded and
do not interact with the G-quartets (Figure 6.2D). The flipped-out nature of the loop
bases is likely responsible for the stronger fluorescence of this GQS, as T’s are known to
quench fluorescence 23. As mentioned, dG3T and dG3C achieved a maximum of ~12 and
16-fold increase in fluorescence upon GQS folding. Since dG3C had similar relative
fluorescence intensity and emission wavelength maximum as dG3T, and the same
topology as dG3T (both parallel) (Table 6.1), it is likely that the one-pyrimidine loops of
both dG3C and dG3T are extruded. Moreover, the strong decrease in fluorescence with Tloop length (Figure E.15) likely arises because lengthening the extruded loops leads to
enhanced collisional quenching by the thymines.
As compared to dG3C and dG3T, dG3A has significantly weaker fluorescence.
Moreover, among the dG2L sequences, dG2A has significantly lower fluorescence than
dG2T. Interestingly, an NMR structure of 5′-d(GGA)4, similar in sequence to dG2A,
reveals that the A’s interact with G-quartet to form a heptad structure (Figure E.16) 24. It
is likely that such direct GQS-interactions quench fluorescence in dG2A and dG3A.
Moreover, the greater dependence of fluorescence emission intensity loss on loop length
for T-loops than A-loops likely reflects the greater flexibility of the extra-helical T’s
(Figure E.15); indeed whereas dG3T is ~2x more fluorescent than dG3A, dG3A3 is ~2x
more fluorescent than dG3T3.
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The dependence of maximum emission wavelength on loop sequence can also be
correlated with GQS structures. In particular, dG2A1-3 emit at the longest wavelengths
with emission maxima of 400-420 nm, whereas dG2T1-2 have emission maxima of ~385
nm (Table 6.1 and Figure E.15). Apparently, the heptads present in the A-loop GQS
extend the conjugation of the G-quartet leading to the fluorescence shift into the visible
light portion of the spectrum. Notably, two peaks were observed in the fluorescence
emission of dG3A2, one at 340 nm and the other at 420 nm (Figure E.8), which suggests
that the quartets in dG3A2 may experience different environments—one with a heptad and
one without.
The high fluorescence signal enhancement and wide dynamic range of K+
detection of dG3T upon GQS folding demonstrates its merit for sensor development and
broad response range K+ detection. The intrinsic fluorescence of GQS can be used in
fluorescence melting, kinetics or quadruplex primer amplification (QPA) readouts

22

without the incorporation of unnatural bases such as 2-aminopurine (2-AP), which have
been found to affect the Tm of the dG3T GQS

25

and to interfere with certain biological

studies. Moreover, the intrinsic fluorescence of dG3T could be utilized as a real-time
readout to replace GQS ligand binding reporter such as ZnPPIX in G-quadruplex
integrated hybridization chain reaction (GQ-HCR) to probe target DNA or RNA
sequences 26.
In summary, we have investigated the intrinsic fluorescence of DNA GQS with
various loops sequences and lengths. We observe a wide dynamic range of emission
intensity and maxima, and these can be understood in light of available NMR structures.
Together with our work on RNA GQS intrinsic fluorescence
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15

, the label-free

fluorescence of GQS motif described provides a tool for nucleic acid studies and sensor
development where fluorescence output is desired.

6.4 Materials and methods
6.4.1 DNA preparation
DNA oligonucleotides were purchased from Integrated DNA Technologies, Inc
(Coralville, Iowa). Sequences and abbreviations are provided in Table 6.1. All DNAs
were dialyzed in an eight-well microdialysis apparatus (Gibco-BRL Life Technologies) at
a flow rate of 25 mL/min. The DNA samples were dialyzed in three steps: first against
100 mM LiCl for 6 h to replace DNA backbone cation, then double distilled H2O for 6 h
to remove excess LiCl, and finally 10 mM LiCacodylate (pH 7.0) for >12 h. (Lithium
was chosen as the cation since it does not stabilize GQS.) The concentration of the
dialyzed DNAs was determined by UV-spectroscopy and stored in –20oC.

6.4.2 Spectroscopic titration experiments
Circular Dichroism (CD): CD spectroscopy was performed using a Jasco CD J810
Spectropolarimeter and analyzed with KaleidaGraph v.3.5 (Synergy software). DNA
oligonucleotides were prepared to a concentration of 5 µM in 10 mM LiCacodylate (pH
7.0). Prior to CD, DNA was renatured at 95C for 2 min and allowed to cool at room
temperature for 15 min. Spectra were acquired at each wavelength from 230-310 nm at
25 oC. Each reported spectrum is an average of 2 scans with a response time of 2 s/nm.
Data were normalized to provide molar residue ellipticity values and smoothed over 5
nm27.
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Fluorescence: Fluorescence spectroscopy experiments were performed using a
Horiba Jobin Yvon Fluorolog 3-21 spectrofluorimeter and analyzed with KaleidaGraph
v.3.5 (Synergy software). DNA oligonucleotides were prepared to a concentration of 5
µM in 10 mM LiCacodylate (pH 7.0). Prior to fluorescence, DNA was renatured at 95C
for 2 min and allowed to cool at room temperature for 15 min. Emission spectra were
acquired in triplicate from separate experiments using excitation at 260 nm and scanning
from 300-500 nm at 25 oC. The entrance and exit slid widths were 5 nm, and a 0.4 s
integration time was used. Instrumental settings were kept constant for all spectra. Data
were normalized and smoothed over 5 nm.

6.4.3 Data fitting
Titrations were performed with KCl to determine the amount of potassium ion
(K+) required to drive G-quadruplex formation. To determine K+1/2 values, emission
intensity data at λmax for each sequence as a function of K- concentration were fit with
KaleidaGraph v. 3.5 (Synergy software) according to the apparent two-state Hill equation
(Eq.6.1)

  F 

U  F

+
1  [K + ]/[K1/2
]

n

(Eq. 6.1)

  is the fluorescence signal,  is the fluorescence signal corresponding to
where
F

the fully folded GQS; U is signal for the unfolded GQS; [K+] is the potassium ion
concentration, [K+1/2] is the potassium ion concentration needed to fold 50% of the DNA,
and n is the Hill coefficient.
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6.4.4 UV-detected thermal denaturation
DNA was prepared to a concentration of 2.5-25 µM in 10 mM LiCacodylate (pH
7.0).

Samples were renatured at 95C for 2 min then allowed to cool to room

temperature for 15 min. KCl was added for a final concentration of 5 mM, similar to
reported elsewhere 7, and samples were incubated at room temperature for 15 min to
allow quartets to form. Thermal denaturation was performed on a Gilford Response II
spectrophotometer. Data were collected every 0.5C while heating over the temperature
range of 20-95 C. The unfolding transitions were monitored at 295 nm. The melting
temperature (Tm) was obtained from the first derivative plot.
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Appendix E
Supplementary Information for Chapter 6

[Published as Supplementary Online Material for a paper entitled “The Effect of Loop
Sequence and Loop Length on the Intrinsic Fluorescence of G-Quadruplexes” by Chun
Kit Kwok, Madeline E. Sherlock, and Philip C. Bevilacqua in Biochemistry 52, 30193021 (2013).]

202

Figure E.1 K+ titration result of dG2A using CD and fluorescence spectroscopy. (A)
K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.

Figure E.2 K+ titration result of dG2A2 using CD and fluorescence spectroscopy. (A)
K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.

203

Figure E.3 K+ titration result of dG2A3 using CD and fluorescence spectroscopy. (A)
K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.

Figure E.4 K+ titration result of dG2T using CD and fluorescence spectroscopy. (A)
K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.
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Figure E.5 K+ titration result of dG2T2 using CD and fluorescence spectroscopy. (A)
K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.

Figure E.6 K+ titration result of dG2T3 using CD and fluorescence spectroscopy. (A)
K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.
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Figure E.7 K+ titration result of dG3A using CD and fluorescence spectroscopy. (A)
K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.

Figure E.8 K+ titration result of dG3A2 using CD and fluorescence spectroscopy. (A)
K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.

206

Figure E.9 K+ titration result of dG3A3 using CD and fluorescence spectroscopy. (A)
K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.

Figure E.10 K+ titration result of dG3T using CD and fluorescence spectroscopy. (A)
K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.
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Figure E.11 K+ titration result of dG3T2 using CD and fluorescence spectroscopy.
(A) K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.

Figure E.12 K+ titration result of dG3T3 using CD and fluorescence spectroscopy.
(A) K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.
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Figure E.13 K+ titration result of dG3C using CD and fluorescence spectroscopy. (A)
K+ titration spectra detected by CD. (B) K+ titration spectra detected by fluorescence.

Figure E.14 Overlay of fluorescence intensity versus K+ concentration for dG3T,
dG3T2, and dG3T3. The fluorescence intensity of each GQS candidates was collected at
the corresponding λem maximum as provided in Table 6.1. The presence of a plateau
observed in fluorescence intensity at higher K+ concentrations for dG3T and dG3T2
sequences clearly indicates that these are in their saturated folded state (i.e. 100%
quadruplex) when compared at 1 M K+. Although the above fluorescence data is too
weak to allow such an assessment for dG3T3, analysis of CD data collected at 100 mM
and 1 M K+ (Figure E.12) indicates that dG3T3 too is fully in the quadruplex state at 1 M
K+.
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Figure E.15 Overlay of fluorescence spectra of GQS at 1M K+. (A) Fluorescence
spectra of dG2T1-3. (B) Fluorescence spectra of dG2A1-3. (C) Fluorescence spectra of
dG3T1-3. (D) Fluorescence spectra of dG3A1-3.

Figure E.16 NMR structure of d(GGA)4. (A) Overall structure viewed along the dyad
axis. The A loops in red (A3, A6, A9) are intra-helical and interact with the G-quartets in
blue. The 3′terminal A (A12) is not shown. (B) G’s and A’s in the heptad. The structure
was obtained from PDB ID 1MYQ1.
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Chapter 7
A Thermostable RNA G-Quadruplex within the 5’UTR of Arabidopsis thaliana ATR
mRNA Downregulates Translation

[In preparation as a paper entitled “A Thermostable RNA G-Quadruplex within the
5’UTR of Arabidopsis thaliana ATR mRNA Downregulates Translation” by Chun Kit
Kwok, Yiliang Ding, Saima Shahid, Sarah. M. Assmann, and Philip C. Bevilacqua.]
Author contributions are listed in Section 7.7.

7.1 Abstract
G-quadruplex structures (GQSs) play an important role in the regulation of
cellular processes. Recent studies provide strong evidence for the formation and function
of DNA and RNA GQSs in humans. However, whether GQS forms and is functional in
plants remain under-explored. Using circular dichroism-detected titration, UV-detected
melting, in-line probing and reporter gene assay, herein we report the first plant RNA
GQS that regulate translation in Arabidopsis thaliana. This GQS is located within the
5’UTR of Ataxia Telangiestasia-mutated and Rad3-related (ATR) mRNA. We show that
the GQS is highly thermostable and is favored over its competitive structure at
physiological K+ and Mg2+ concentrations. In-line probing further supports the formation
of GQS in vitro in the context of the complete 5’UTR. Importantly, we reveal that the
GQS downregulates translation in reporter gene assays, suggesting its role as a
translational repressor in living cells. Our results provide substantive evidence for the
formation and function of the ATR GQS in A. thaliana, and open new avenues to explore
and determine GQSs and their functions in the plant kingdom.
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7.2 Introduction
Guanine (G)-rich sequences can fold into a special DNA/RNA structural motif
called the G-quadruplex structure (GQS) in the presence of potassium (K+) or sodium
ions (Na+)1,2. The consensus sequence for GQS is GxL1GxL2GxL3Gx, where x is ≥ 2
nucleotide (nt) and loops (L) 1, 2, and 3 are ≥ 1 nt. Common motifs used for GQS
searching includes G3L1-7G3L1-7G3L1-7G3 (or G3L1-7) and G2L1-4G2L1-4G2L1-4G2 (or G2L13,4
4) .

GQS exhibits characteristic circular dichroism (CD) peaks5, reverse (hypochromic)

UV-detected thermal denaturation profiles6, distinct in-line cleavage patterns7, and
intrinsic fluorescence properties8-10. Detailed studies of GQSs revealed that their stability
and folding are highly dependent on the identity and length of the loop sequences, the
number of G-quartet planes, and the cations present11-16. RNA GQSs are in general more
thermodynamically stable than their DNA counterparts12,13, and form a monomorphic
parallel topology, as opposed to polymorphic parallel/antiparallel/mix topologies in DNA
G-quadruplexes due to the presence of the 2’ hydroxyl group in RNA10,11,14,15.
Both DNA and RNA GQSs have been proposed to play significant roles in the
regulation of cellular processes in vivo. For example, DNA GQSs are involved in the
regulation of replication, telomere length, and transcription, while RNA GQSs in
untranslated regions (UTRs) or open reading frames (ORFs) control transcription,
translation,

frameshifting

events,

splicing,

alternative

polyadenylation,

and

localization2,17-31. Recently, GQS-specific antibodies have been developed and applied to
provide substantive evidences that both DNA and RNA GQSs exist in mammalian cells3234

, strongly supporting the prevalence and formation of GQSs in the human genome and

transcriptome4,35.
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Our group has previously performed a comprehensive bioinformatics search on
GQS in model plant species Arabidopsis thaliana and found tens of thousands of putative
GQSs at the DNA and RNA levels3. Here, we characterize an RNA GQS, a G3L1-7 one,
that resides in the 5’UTR of the Ataxia Telangiestasia-mutated and Rad3-related (ATR)
mRNA in A. thaliana. ATR encodes an important protein kinase that is activated upon
DNA damage and repair, leading to cell-cycle regulation and telomere maintenance36-42.
Our results on CD-detected K+ titration and UV-detected thermal melting demonstrate
that the ATR GQS forms and is highly thermostable in vitro. In fact, the GQS is more
thermostable than its competitive hairpin structure at physiological K+ and Mg2+
concentrations. We also consider the effect of flanking sequences and confirm by in-line
probing (ILP) that the GQS forms in vitro in the context of the complete 5’UTR.
Importantly, we reveal that this GQS acts as a translational repressor in living cells using
reporter gene assays. Our results report the first GQS in any plant species, and should
open new avenues to explore and determine GQSs and their functional roles in plants and
other organisms.

7.3 Results
7.3.1 ATR 5’UTR contains a GQS that shows 3-state folding and is highly thermostable.
We first determined the 5’UTR sequence of ATR mRNA by performing 5’ rapid
amplification of cDNA ends (5’RACE), and identified the ATR 5’UTR to be 72
nucleotides (Fig. 7.1A). A G3L1-7 GQS was identified in the ATR 5’UTR; this sequence
can potentially form a G3 GQS (maximum of three G-quartets) (Fig. 7.1B). Mfold43 RNA
secondary structure prediction suggested that the ATR 5’UTR can fold into a two hairpin
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system (a 16 bp and a 5 bp hairpin), wherein the hairpins are separated by single-stranded
regions (Fig. 7.1C, left). Mfold currently does not accommodate or predict GQS. To
account for the possibility of GQS formation in the ATR 5’UTR, we first predicted the
ATR 5’UTR again by forcing the GQS motif, nucleotides 23-41, to be single-stranded in
Mfold, and then this forced single-stranded region was replaced by the GQS motif
(Fig.7.1B and 7.1C, right).

Figure 7.1. ATR 5’UTR sequence and proposed structures. (A) The 5’UTR sequence
of ATR mRNA. (B) The GQS motif in ATR 5’UTR. (C) Left: Mfold-predicted structure
of ATR 5’UTR (no constraints). Right: Mfold-predicted structure of ATR 5’UTR (forcing
nucleotides 23-41 to be single-stranded). The GQS is drawn to replace the forced singlestranded region (nucleotides 23-41).
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To determine the biophysical properties of the A. thaliana ATR GQS (Fig. 7.1B),
we performed CD-detected titration and UV-detected melting experiments. Changes in
the intensity of the CD peak at 262 nm upon K+ titration indicated that this GQS folded
with a parallel topology (Fig. 7.2A). Parallel topologies are associated with a positive
peak at ~260 nm and a negative peak at ~240 nm, whereas antiparallel topologies are
associated with a positive peak at ~295 nm and a negative peak at ~260 nm5. The K+
titration CD profile was found to fit well to a three-state model, with K+1/2 values of 34 ±
7 µM and 11.2 ± 2.7 mM, and Hill coefficients (n) of 1.4 ± 0.1 and 1.1 ± 0.1, respectively
(Fig. 7.2B). This CD result on the ATR GQS is consistent with our previous GQS
findings and model that GQSs with more G-quartet planes, i.e. ≥ 3, tend to populate
folding intermediates14,15. Monovalent ion-dependent UV-detected melting on ATR GQS
monitored at 295 nm showed reverse melting profiles (i.e. hypochromicity), a hallmark of
GQS formation6, and revealed that GQS thermostability followed the expected trend K+ >
Na+ > Li+11 with melting temperatures (Tm) of 89 oC, 59 oC, and 34 oC respectively (Fig.
7.2C), further supported the formation of GQS. UV-detected melting as a function of
RNA concentration showed that the Tm were constant within 1-10 µM RNA (Fig. 7.2D),
suggesting that intramolecular folding, but not intermolecular folding, of GQS was
monitored in these biophysical assays, consistent with the literature13,16.
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Figure 7.2 Biophysical characterization of ATR GQS shows that it is in parallel
topology with 3-state folding and is highly thermostable. (A) K+ ion-induced GQS
folding at 2.5 µM RNA in 10 mM lithium cacodylate (LiCac) (pH 7.0). The positive peak
at ~260 nm and negative peak at ~240 nm indicate parallel topology. (B) CD signal
(ellipticity at 262 nm) as a function of K+ concentration from panel A shows distinct
three-state transitions in GQS folding. The fitting was performed using equation 7.1 (see
methods). The K+1/2 and Hill coefficients (n) are provided in the plot. (C) UV-detected
melting of 5 µM GQS at 10 mM LiCac (pH 7.0) with different monovalent ions yields
different melting temperatures (Tm), as marked by vertical gray bars (Tm for K+ > Na+ >
Li+). (D) Concentration dependence of UV-detected melting at 100 mM K+, 10 mM
LiCac, pH 7.0 at varying concentrations of RNA shows that the Tm are constant from 110 µM, which supports that GQS folding is intramolecular under these concentrations.
For panels C and D, UV-detected melting was monitored at 295 nm and the first
derivative plots are presented to aid visual inspection of Tm.
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7.3.2 ATR GQS is more thermostable than the competing hairpin structure in 5’UTR
under physiological K+ and Mg2+ conditions.
Mfold43 prediction (no constraints) suggests an alternative RNA fold for ATR
5’UTR, with a competitive 16 bp GU-rich hairpin structure near the 5’ end (Fig. 7.1C,
left); therefore we designed a construct that contains the 16 bp GU-rich hairpin structure
(Fig. 7.3A) and compared its thermostability with that of the GQS construct (Fig. 7.1B)
by UV-detected melting at varying magnesium ion (Mg2+) concentrations in the
background of 100 mM K+ and 10 mM LiCac (pH 7.0). We designed the GU-rich hairpin
construct such that the last stretch of Gs involved in the GQS was truncated to avoid GQS
formation, yet the putative GU-rich hairpin structure remained undisturbed (Fig. 7.3A).
This GU-rich hairpin structure was found to be only marginally stable. The Tm were
determined to be 34oC, 40oC, and 44oC at 0 mM, 1 mM, and 5 mM of Mg2+, respectively,
all in the background of 100 mM K+ and 10 mM LiCac (pH 7.0), (Fig. 7.3B). A similar
UV-detected melting experiment was performed on an isolated GQS construct (Fig.
7.1B), which showed that the Tm were > 90oC at 1 mM and 5 mM Mg2+ (Fig. F.1).
These UV-detected melting experiments on the isolated hairpin and isolated GQS
indicate that the GQS is more thermostable and favored over the competing hairpin under
a physiological K+ and Mg2+ condition.
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Figure 7.3 UV-detected melting of competing GU-rich hairpin structure under
physiological K+ and Mg2+ conditions. (A) Mfold-predicted secondary structure of the
isolated GU-rich hairpin (see Fig. 7.1C, left). The Gs bolded are the first 3-stretches of
Gs of the GQS, which are insufficient to form an intramolecular GQS. (B) UV-detected
melting of 1 µM isolated GU-rich hairpin was performed at 100 mM K+, 10 mM LiCac,
pH 7.0, and different Mg2+ concentrations as indicated and monitored at 260 nm. First
derivative plots at 260 nm are presented for visual inspection of Tm.
7.3.3 ATR GQS forms in vitro in the context of the complete 5’UTR.
To investigate the effect of flanking sequence on the secondary structure and
folding of the ATR 5’UTR (Fig. 7.1A), we employed in-line probing (ILP)44 to determine
the complete 5’UTR (nucleotides 1-72) secondary structure of ATR mRNA. This RNA
structural probing technique interrogates the nucleotide accessibility of an RNA structure
by monitoring the intrinsic susceptibility of RNA to in-line cleavage (hydrolysis). It has
been recently applied in GQS, and demonstrated distinctive in-line cleavage patterns at
the loop regions of GQSs by comparing K+ and Li+ conditions7. Our result indicated that
the most obvious difference between ILP in 100 mM K+ versus 100 mM Li+ conditions
was in the loop regions of the GQS (Fig. 7.4A and 7.4B). The ILP result under K+
condition showed that loop nucleotides were strongly hydrolysed after 36 h, whereas
most of the Gs involved in the GQS were protected (Fig. 7.4A, lane 1, 2, and 4), clearly
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supporting the formation of GQS in the context of the complete 5’UTR. Next, we
obtained ILP reactivities on individual nucleotides and superimposed them onto the
secondary structure of ATR 5’UTR (Fig. 7.4C and see Materials and methods). The
nucleotide resolution of ILP assay allows us to uncover interesting structural features of
ATR GQS. We found that L1, L2, L3 are composed of A26, A30-A31, G35-G38,
respectively (Fig. 7.4), and identified the ATR GQS to be G3L1G3L2G3L4G3 (Figs. 7.1A,
zoom in and 7.4C). Notably, we revealed that the middle G-quartet was strongly
protected from in-line cleavage, whereas some Gs in the terminal G-quartets (G29, G32
and G34) showed moderate to strong in-line cleavage, suggesting that terminal Gs are
more exposed compared to middle Gs in ATR GQS, possibly due to GQS breathing. This
phenomenon was also observed in DNA GQSs through dimethyl sulfate (DMS)
probing45-47. In summary, the ILP reactivities are consistent with the Mfold-predicted
ATR 5’UTR secondary structure (forcing nucleotides 23-41 to be single-stranded) (Fig.
7.1C, right and 7.4C), indicating that the 5’UTR is comprised of the GQS flanked on
either side by 5 bp hairpins, with the upstream hairpin having a stem comprised entirely
of AU base pairs.
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Figure 7.4 In-line probing supports the formation of ATR GQS in vitro in the
context of the complete 5’UTR sequence. (A) In-line probing (ILP) was performed on
the complete 5’UTR of ATR. Lanes 1 and 2 are T1 (G-specific) and hydrolysis ladder (all
positions). Lanes 3 and 4 are ILP reaction under 25 mM Tris (pH 8.3), 5 mM Mg2+ for 36
h, with 100 mM Li+ or K+, respectively. The expanded region on the right provides the
identity of GQS Gs (labels to the left of lane 4) and loop nucleotides (labels to the right of
lane 4), and reveals the formation of the GQS under the K+ condition. (B) Analysis of
ILP result by obtaining the ratio of the band intensities between lane 4 (K+) / lane 3 (Li+)
for each nucleotide. The dotted line is the two-fold threshold7 that indicates nucleotides
with significant accessibility for in-line cleavage. (C) The complete 5’UTR secondary
structure of ATR mRNA. The ILP reactivities are consistent with the Mfold-predicted
secondary structure (by forcing the GQS motif, nucleotide 23-41, to be single stranded).
ILP reactivities cannot be obtained on six nucleotides near the 3’end due to band
compression and location close to the full length band (grey circles).
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7.3.4 ATR GQS downregulates translation in living cells.
Next, we assessed the functional role of ATR GQS in living cells by performing
transient reporter gene assays in Nicotiana benthamiana. Constructs were designed in
which the β-glucuronidase (GUS) and firefly luciferase (Luc) reporter genes were under
the control of the constitutive 35S promoter48. The complete 5’UTR of ATR was inserted
upstream of the translational start site (TSS) of the GUS reporter gene. A mutated GQS
(mGQS) plasmid was designed, in which some Gs involved in the formation of GQS
were mutated to As (Fig. 7.5A, see red font). This mutated GQS was shown to be not
competent to form a GQS as determined by both CD-detected K+ titration and UVdetected melting (Fig. F.2). The 35S promoter was also fused upstream of the TSS of the
firefly luciferase reporter gene, and this luciferase plasmid acts as an control to account
for the difference in efficiencies of agrobacterium-mediated transient transformation of
the GQS and mGQS plasmids. Relative protein expression (GUS / Luc) results of the
wildtype and mutant GQS constructs indicated that translation was significantly
downregulated (~6 fold) in the presence of the GQS (Fig. 7.5B), while the relative
mRNA expression levels of the two constructs were similar, as determined by qRT-PCR
(Fig. 7.5B). The six-fold effect of translational repression reported here is similar to that
of diverse 5’UTR GQSs reported in humans, e.g. ~4-fold in NRAS GQS17, ~4-fold in
Zic-1 GQS49, and ~3-fold in TRF2 GQS50. These results indicate that ATR GQS acts as a
translational repressor, which is observed for the first time in plants.
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Figure 7.5 Reporter gene assay reveals that ATR GQS downregulates translation in
living cells. (A) Schematic of the constructs used for investigation of the effect of GQS
on transcription and translation. Both GUS and firefly luciferase reporter are under the
control of a 35S promoter. The wild-type plasmid (GQS) contains the ATR 5’UTR with
its wildtype GQS. In the mutant plasmid (mGQS), several Gs in GQS were mutated to As
(shown in red), which disrupts GQS formation (see Fig. F.2). (B) Relative protein
expressions of GQS and mGQS constructs were determined by comparing the GUS /
luciferase activity (left). MUG and FLU are the units for GUS and luciferase activity,
respectively. Relative mRNA expressions were determined by comparing the GUS /
luciferase mRNA abundance by qRT-PCR (right). Error bars represent the standard
deviation of three independent biological experiments.
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7.3.5 ATR homolog search identifies conserved ATR GQSs in other plant species
Lastly, we performed QGRS-based51 GQS motif search in upstream region of
TSS of putative ATR homologs in other plant species. Then based on pairwise genome
alignments available for plant species, we also attempted to identify conserved GQS
motif in the upstream of TSS in plant ATR homologs. Results from motif search and
upstream region alignment identified a conserved GQS region upstream of TSS of ATR
homologs in A. thaliana, A. lyrata, C. rubella, G. max, L. usitatissimum V. vinifera and O.
sativa (Table 7.1). Although the putative GQSs in other plant species were G2 GQS,
recent findings reported that weaker GQS (longer loops and lower number of G-quartets)
can be formed at physiological-relevant conditions, e.g. 100 mM K+ and pH 73,14,16. We
also found that although C. rubella has a long L3 of 10 nucleotides, a close inspection
revealed that the loop can likely form four Watson-Crick base pairs (Table 7.1,
underlined text in C. rubella) on its own. Base pairings in the loop of GQS have also
been reported in other GQSs52-55. To confirm the formation of these RNA GQSs (Table
7.1), we performed CD-detected K+ titration and UV-detected melting (Fig. F.3). Our
results showed that all RNA GQSs possessed the 262 nm CD characteristic peak and had
Tms above 37oC (Fig. F.3), indicating that the RNA GQSs form and are thermostable.
Overall, GQSs were identified and formed in putative ATR homologs of other plant
species, suggesting that ATR GQS is conserved across plant species.

223

Table 7.1 Conservation of the A. thaliana ATR GQS in other plant species.
Species
(common name)

Phytozome
(v9.1)56 gene ID

Motif
position[a]

GQS motif sequence (5'-3')

Arabidopsis thaliana
(Mouse-ear cress)
Arabidopsis lyrata
(Lyre-leaved rock-cress)
Capsella rubella
(Beauty berry)
Glycine max (Soybean)
Linum usitatissimum
(Flax)
Vitis vinifera (Grape)
Oryza sativa (Rice)

At5g40820

-32

GGG A GGG AA GGGG AA GGGG

947658

-38

GGG A GGG A GGG ACU GG

Carubv10028095m.g

-2

GGG A GGG AA GGG UACUGAAGUA GG

Glyma10g43040
Lus10023991.g

-12
-57

GG A GGG AA GG AAAA GGG
GGG A GGG AA GG CGAAUU GG

GSVIVT01023964001
LOC_Os06g50910

-10
-51

GGG A GG U GG UGUU GG
GG A GGG AAA GG A GG

The position of the last (3’-most) G of the GQS motif is provided relative to the +1 translation
start site.
[a]

7.4 Discussion
In this study, we have demonstrated that the 5’UTR GQS of ATR mRNA in A.
thaliana forms a thermostable G3 GQS (G3L1G3L2G3L4G3) and acts as a translational
repressor (Fig. 7.2 and 7.5). Translational repression due to the presence of a GQS in the
5’UTR has been shown previously in diverse mRNAs in mammals17,20,27,49,50,57-59;
however, this is the first RNA GQS example in any plant species. Our results strongly
support the notion that 5’UTR GQS in plants can perform a similar functional role, i.e.
translation downregulation17,20,27,49,50,57-59, as in other organisms. However, we also noted
that a few 5’UTR RNA GQSs have been reported to activate translation30,60, suggesting
that additional factors such as GQS position and thermostability61,62 may contribute to the
different 5’UTR RNA GQS functional roles reported in cells24,26.
Bioinformatics searches from our previous study revealed 417 (G2L1-4 consensus)
and 10 (G3L1-7 consensus) putative 5’UTR RNA GQS in the A. thaliana transcriptome3,
suggesting the many more 5’UTR RNA GQS may exist in A. thaliana. The ATR GQS
(G3L1G3L2G3L4G3) described in this study is within the class of G3L1-7 GQS and is
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extremely thermostable, with a Tm of > 90oC under physiological K+ and Mg2+
conditions (Fig. 7.3). We also showed that there are conserved GQS motifs located
upstream of the TSS of putative ATR homologs in other plant species, such as A. lyrata
and O. sativa (Table. 7.1). Given that G2 and G3 GQS with the above-mentioned
consensus3 and less stringent consensus16,63 (i.e. longer loops and lower number of Gquartets) have been previously determined to be thermostable in related contexts3,13,14,16
and confirmed in this study (Fig. F.3), it is likely that more GQSs with functional roles in
biology will be identified in A. thaliana and other organisms in the near-future.
It is important to note that the current GQS searching algorithm only take into
account the GQS motif alone4,64. Nevertheless, the flanking sequences has been shown to
play a role in determining the likelihood of GQS formation65-67 and its function30, due to
the formation of competing RNA secondary structures. In this work, we have identified
that the GQS is more thermostable and favored over the competing hairpin structure
under physiological K+ and Mg2+ conditions. The competing hairpin structure is only
marginally stable (Fig. 7.3). ILP of ATR 5’UTR reveals interesting structural features of
ATR GQS and its flanking secondary structures (Fig. 7.4). Given that the ATR GQS is
highly stable and regulates translation, the next set of questions is to identify cellular
factors/conditions, e.g. helicases and abiotic stressors that can regulate the ATR GQS in
cells and to elucidate the mechanism of this GQS-mediated regulation of translation.
Our results provide substantive evidence for the formation and function of the
ATR GQS in A. thaliana, should shed light on the identification of GQS in plants and
other organisms, and advance our understanding of the regulatory role of GQS in
biological systems.
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7.5 Future directions
7.5.1 Structural probing of the ATR GQS in vivo
GQS is a dynamic structure in cells. It is therefore interesting to see if we can
detect and probe the ATR GQS in vivo. The ATR mRNA abundance in cells is very low in
A. thaliana and as a result, DMS/SHAPE-LMPCR68 showed no observable modification
signals. To detect the scarce modification signal, one possibility for the future is to biotinenrich69 the DMS/SHAPE-treated ATR mRNA, and then follow this with DMS/SHAPELMPCR. The selective enrichment of ATR mRNA should improve the signals to a
detectable level.
Another possibility is to infiltrate the GQS plasmid (Fig. 7.5A) into N.
benthamiana, where the reporter gene assay was performed, and perform the in vivo
RNA structural probing in N. benthamiana. Since the GQS plasmid is driven by the
constitutive 35S promoter sequence, the abundance (and its DMS/SHAPE modifications)
of the target RNA should be high enough to be detected by DMS/SHAPE-LMPCR.

7.5.2 Understand ATR GQS biology
There are many examples in mammals showing that 5’UTR GQS repress
translation under physiological conditions in vivo17,20,27,49,50,57-59; however, it is currently
unclear how and under what conditions these thermostable GQSs unfold in vivo and
activate translation. One possibility for GQS unfolding is through the action of a helicase
that binds and unwinds GQS. Recently, several helicases were reported to interact with
GQSs in mammals and yeast70-79. It will be interesting in the future to identify helicases
in plants that resolve GQSs, e.g. ATR GQS.
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First, protein sequences of specific helicases in mammals and yeast such as
G4R170,76 or Pif175,78 that were known to interact with GQSs will be used as queries to
identify potential GQS helicase homologs in A. thaliana by BLAST80. Next, the helicase
homologs identified in A. thaliana can be further searched for closely-related homologs
in A. thaliana and other plant species. After that, protein sequence alignment will be
performed to identify consensus protein domains among these helicases. Based on the
alignment result and literature70-79, different protein constructs (wildtype, deletions, and
mutations) will be designed to test the helicase binding and unwinding activity with the
ATR GQS using electrophoretic mobility shift assay and isothermal calorimetry. On the
other hand, a mutated GQS (i.e. GA mutations) will be designed to see whether the
GQS motif is required for the RNA/protein interaction.
Another possibility is that GQSs are hot spots in the transcriptome and the
guanines may be prone to attack by ROS or UV photodamage. Notably, G is the most
highly susceptible nucleobase to be oxidized, and consecutive Gs are even more likely8184

, making GQS a natural target for ROS. Guanine's most common oxidized product, 8-

oxoguanine (8-oxoG), can significantly impair GQS stability85,86. Recently, Burrows and
co-workers showed that ROS could lead to differential guanine oxidation in DNA GQS in
vitro87. As ATR protein kinase is activated upon DNA damage or repair, it is possible that
reactive oxygen species (ROS) oxidize the ATR GQS and trigger the onset of ATR protein
kinase expression, in order to activate DNA damage checkpoint and cell cycle arrest. It
will be interesting, in the future, to find out the relationship between oxidative stress and
ATR GQS-mediated gene regulation in plants.
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Using the same constructs as described in Fig. 7.5, transient reporter gene assay
can be performed with the treatment of different ROS-inducing agents, such as UV-B and
paraquat39,42 to evaluate the relative mRNA and protein expression of GUS and
Luciferase, and compare them with the no treatment control.

7.6 Materials and Methods
7.6.1 DNA preparation
DNA oligonucleotides were purchased from and purity quality checked by
Integrated DNA Technologies, Inc. (Coralville, Iowa). Sequences and abbreviations are
provided in Table F.1. All DNAs were dissolved in nuclease-free water and stored at –
20oC. The concentration of the DNAs was determined by UV-spectroscopy.

7.6.2 RNA preparation
RNA oligonucleotides for spectroscopic experiments were purchased from and
purity quality checked by Dharmacon, Inc.. Sequences and abbreviations are provided in
Table F.1. All RNAs were dialyzed as described previously15, in an eight-well
microdialysis apparatus (Gibco-BRL Life Technologies) at a flow rate of 25 mL/min.
The RNA samples were first dialyzed against 100 mM LiCl for 6 hours to replace RNA
backbone cation, then with nuclease-free water for 6 h to remove excess LiCl, and finally
with 10 mM LiCacodylate (pH 7.0) for > 12 h. The concentration of the dialyzed RNAs
was determined by UV-spectroscopy. The RNAs were stored at –20oC.
RNA oligonucleotide for in-line probing experiment was transcribed from hemiduplex DNA templates using T7 RNA polymerase. The synthetic single-stranded (ss)
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DNA templates were purchased from (IDT, Coralville, Iowa). Two Cs was appended
after the reverse complement T7 promoter sequence of the ssDNA template to improve
T7 RNA transcription yields88. In vitro T7 RNA transcription was performed using the
MEGAscript T7 Kit (Ambion) following the manufacturer’s protocol. The resulting RNA
product was size fractionated on an 8.3 M urea-10% polyacrylamide gel and visualized
under brief UV shadowing. The gel slice that contained the desired RNA band was
crushed and soaked overnight at 4 oC in 10 mM Tris (pH 7.5), 1 mM EDTA, and 800
mM LiCl (1X TELi800) with constant rotary shaking. The use of 800 mM LiCl instead of
commonly used 250 mM NaCl is to prevent sodium ion (Na+)-induced G-quadruplex
formation before the experiment. The gel mixture was filtered through a 0.25 µm filter
and the RNA was ethanol precipitated. The pellet was washed with ice-cold 70% ethanol,
dissolved in RNase-free water, and quantified with UV-spectroscopy. RNA was stored at
-20 oC.
Roughly 200 pmol of in vitro T7 transcribed RNA was dephosphorylated using 10
U total of Calf Intenstine Phosphotase (CIP) (New England Biolabs, NEB), 1X NEB
buffer 3 for 1 h at 37oC. The dephosphorlyated RNA was phenol chloroform extracted,
and subjected to ethanol precipitation (see above). The pellet was redissolved in RNasefree water, and quantified using UV spectroscopy. Twenty-five pmol of RNA was used
for the T4 Polynucleotide Kinase (PNK) (NEB) reaction, together with addition of 1 µL
of
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P-radiolabelled ATP (150 µci), 1 µL of T4 PNK enzyme (10 U total), 1X PNK

buffer, reacted for 1 h at 37oC. The resulting radiolabeled RNA product was sizefractionated on an 8.3 M urea-10% polyacrylamide gel and visualized under brief UV
shadowing. The gel slice that contained the desired RNA band was crushed and soaked
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overnight at 4 oC in 10 mM Tris (pH 7.5), 1 mM EDTA, and 800 mM LiCl (1X TELi800)
with constant rotary shaking. The use of 800 mM LiCl instead of commonly used 250
mM NaCl is to prevent Na+-induced G-quadruplex formation before the experiment. The
gel mixture was filtered through a 0.25 µm filter and ethanol precipitated. The pellet was
washed with ice-cold 70% ethanol, dissolved in RNase-free water, and quantified with
UV-spectroscopy. RNA was stored at -20 oC.

7.6.3 Circular Dichroism (CD)
CD spectroscopy was performed using a Jasco CD J810 Spectropolarimeter and
analyzed with KaleidaGraph v.3.5 (Synergy software). RNA oligonucleotides were
prepared to a concentration of 2.5 µM in 10 mM LiCacodylate (pH 7.0). Prior to CD,
RNA was heated at 95C for 2 min and allowed to cool at room temperature for 15 min
for renaturation. Spectra were acquired at each wavelength from 220-310 nm at 25 oC.
Each reported spectrum is an average of 3 scans with a response time of 2 s/nm. Data
were normalized to provide molar residue ellipticity values and smoothed over 5 nm89.

7.6.4 Data fitting
Titrations were performed with KCl to determine the amount of potassium ion
(K+) required to drive G-quadruplex formation. To determine K+1/2 values, ellipticity
data at λmax for each sequence as a function of K+ concentration were fit with
KaleidaGraph v. 3.5 (Synergy software) according to the apparent three-state Hill
equation (Equation 7.1) .
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(Equation 7.1)

where  is the molar ellipticity, U is the normalized CD signal for fully unfolded RNA, I
is the normalized CD signal for the intermediate RNA, and F is the normalized CD
signal for the fully folded RNA GQS. [K+1/2]1 and n1 are the K+1/2 and Hill coefficient
values for the U-to-I transition, and [K+1/2]2 and n2 are the values for the I-to-F transition.

7.6.5 UV-detected thermal denaturation
RNA was prepared to a concentration of 2.5 or 5 µM in 10 mM LiCacodylate (pH
7.0) as described previously14. Samples were heated at 95C for 2 min then allowed to
cool to room temperature for 15 min for renaturation.

KCl was added to a final

concentration of 100 mM, with and without MgCl2, and samples were incubated at room
temperature for 15 min to allow quartets to form.

For monovalent ion-dependent

experiment (Fig. 7.2C), 100 mM LiCl, 100 mM NaCl or 100 mM KCl was used. For
RNA concentration-dependent experiment (Fig. 7.2D), 1-10 µM of RNA GQS was used.
Thermal denaturation was performed on a Gilford Response II spectrophotometer. Data
were collected every 0.5C while heating over the temperature range of 5-95 C. The
unfolding transitions were monitored at 295 nm for GQS and mGQS RNA construct, and
at 260 nm for GU-rich hairpin RNA construct.
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7.6.6 In-line probing (ILP) and RNA sequencing ladders
One µL of radiolabelled RNA (~150,000 cpm/ul) was used for each reaction and
made up to 5 µL with RNase-free water. The RNA in water was heated at 95oC for 1 min,
and cooled to room temperature for 5 min in a thermocycler for renaturation. Five µL of
2X ILP reaction buffer containing 200 mM LiCl or KCl, 10 mM MgCl2, 50 mM Tris, pH
8.3 was added and mixed thoroughly to make the 1X reaction solution. The reaction was
left to incubate at room temperature for 36 h. To stop the reaction, the reaction mixture
was mixed with an equal volume of 2X stop solution, which contained 100% deionized
formamide, 20 mM Tris (pH 7.5), 20 mM EDTA, and xylene cyanol and bromophenol
blue dye for tracking. The samples were then stored at -20oC before use.
A denaturing RNase T1 ladder was generated using 1 µL of radiolabelled RNA
(~150,000 cpm/ul), 1 µL of 10X RNase T1 (0.05 U/µL), 8 µL of 1X reaction buffer
containing 10 M urea, 1 M sodium acetate (pH 4.5), 0.1M EDTA, and xylene cyanol and
bromophenol blue dye for tracking. The reaction mixture was incubated at 50oC for 3 min
and placed on dry ice to stop the reaction. The T1 ladder sample was then stored at -20oC
before use.
A hydrolysis ladder was generated using 1 µL of radiolabelled RNA (~150,000
cpm/ul) and 9 µL of 1X reaction buffer containing 50 mM sodium carbonate
[NaHCO3/Na2CO3] (pH 9.2) and 1 mM EDTA. The reaction mixture was incubated at
95oC for 2 min. The reaction mixture was mixed with an equal volume of 2X stop
solution, which contained 100% deionized formamide, 20 mM Tris (pH 7.5), 20 mM
EDTA, and xylene cyanol and bromophenol blue dye for tracking. The hydrolysis ladder
sample was then stored at -20oC before use.
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7.6.7 Data collection, processing and analysis
RNA samples and ladders were size-fractionated on 8.3 M urea-8 %
polyacrylamide gels. The power was maintained at 90-100 W throughout the run, and the
surface temperature was ~55-65 oC, which helps to ensure denaturation of the RNA. The
gel was dried and exposed using a PhosphorImager (Molecular Dynamics) cassette. Gel
images were collected with a Typhoon PhosphorImager 9410, and bands were quantified
using ImageQuant 5.2 and SAFA90. The ILP data were processed by quantifying the
bands of the Li+ and K+ lane at 36 h (Fig. 7.4A). RNA structural analysis was performed
as described7. The ratio of the band intensities between the Li+ and K+ lanes was obtained
for each nucleotide (Fig. 7.4A, lane 3-4). The ratio for each position was plotted to
identify nucleotide that has a significant increase (threshold at 2.0) in nucleotide
accessibility for in-line cleavage7 (Fig. 7.4B).
The ILP reactivity was obtained according to the literature7,91. The first 2% of the
most reactive nucleotide were first treated as outlier. The next 8% of the most reactive
nucleotides were then averaged. The band intensity of all nucleotides, including the 2%
outlier, was then divided by this average value. The normalized ILP reactivity was then
superimposed onto the predicted secondary structure of ATR 5’UTR (see Fig. 7.4C and
below).

7.6.8 RNA structure prediction
To construct the secondary structure, the ATR 5’UTR sequence was first
submitted to Mfold43 for RNA prediction. In order to account for the GQS formation,
nucleotides 23-41 were forced to be single stranded in the prediction. This prediction
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provides the secondary structure of the ATR 5’UTR, except the GQS region which had to
be drawn manually (Fig. 7.4C). The competing hairpin structure was predicted similarly
using Mfold, except that no nucleotide constraint was imposed (Fig. 7.1C, left).

7.6.9 5’ Rapid amplification of cDNA ends (5’ RACE)
To determine the 5’UTR region of ATR, total RNA was isolated from 4-week old
A. thaliana plants. The total RNA was treated with TURBO DNase (Ambion) according
to the manufacturer’s instructions and subsequently phenol chloroform extracted and
ethanol precipitated. RNA ligase-mediated rapid amplification of cDNA ends (RLMRACE) was performed with the GeneRacer Kit (Invitrogen, Carlsbad, CA) following
manufacturer’s instructions. The first PCR was done with GeneRacer forward primer and
gene-specific ATR outer reverse primer, and the product was further amplified with
second set nested primers with GeneRacer forward nested primer and gene-specific ATR
inner reverse primer. The resulted unique gene-specific DNA PCR fragment was gel
purified and cloned into TOPO TA Cloning Kit with pCR™4-TOPO® Vector
(Invitrogen, Carlsbad, CA) for sequencing.

7.6.10 Agrobacterium-mediated transient transformation
To investigate the role of GQS in regulating ATR gene expression, we performed
transient expression assay in tobacco (Nicotiana benthamiana). Binary vector
pMDC13992 (ABRC) was modified. The 5'UTR region of ATR and mutated 5'UTR
region of ATR were fused in between the 35S promoter and translational start site of the
GUS gene. The internal control of firefly luciferase gene (Promega, USA) driven by 35S
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promoter was made by modification of the binary vector pMDC3292 (ABRC). Tobacco
(Nicotiana benthamiana) plants were grown at 22°C for 6 weeks. Agrobacterium
tumefaciens strain GV301 containing individual constructs was incubated in LB media
containing kananmycin (50 µg ml-1) and hygromycin (50 µg ml-1) at 28°C for 2 days.
Then agrobacteria were resuspended in 50 ml induction medium93 containing AB salts
(1g l-1 NH4Cl, 0.3 g l-1 MgSO4-7H2O, 0.15 g l-1 KCl, 0.01 g l-1 CaCl2, 0.0025 g l-1 FeSO47H2O), 2 mM phosphate, 1% glucose, 20 mM 2-(N-morepholino) ethanesulfonic acid
(MES, pH 5.5), 100 µM acetosyringone. The bacterial suspension was adjusted to a final
OD600 of 0.8 for agroinfiltration. Agrobacterium-mediated transient transformation was
performed on fully expanded leaves. Bacterial suspension was infiltrated into
intercellular spaces of intact leaves using a 1ml plastic syringe. 100 µl of bacteria
suspension was infiltrated into 8-10 spots with 3-4 cm2 size. After agroinfiltration,
tobacco plants were maintained in a growth chamber at 22°C under 16 h light for 48 h.
The agroinfiltrated spots of the leaves were collected for GUS and Luciferase assay as
well as qRT-PCR.
Luciferase assays were performed in a Junior LB 9509 portable tube luminometer
(Berthold Technologies, Germany) using the luciferase assay system (Promega)
according to the manufacturer’s instructions. GUS activity was measured with a
VersaFluor Fluorometer (BioRad, CA). Assays were performed at 20°C in the extraction
buffer with 1 mM 4-methyl-umbelliferyl-β-D-glucuronide (MUG; Sigma-Aldrich Co.,
USA) as the substrate. The excitation wavelength was 360 nm and the emission
wavelength 450 nm. Each assay was repeated three times. The data presented were
collected from at least four independent biological replicates. The standard curve was
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built using 1 to 10 μM 4-MU. The corresponding GUS reactivity was calculated48. The
protein expression levels are represented by GUS/LUC activities94. The data presented
were collected from three independent biological replicates. Each assay was repeated
three times.

7.6.11 Expression analysis by quantitative PCR (qRT-PCR)
Total RNA was extracted from the agroinfiltrated spots of the leaves using the
RNeasy Plant Mini Kit (Qiagen) according to the manufacturer’s protocol. RNA was
quantified spectrophotometrically (Nanodrop-2000; NanoDrop Technologies). The total
RNA was treated with TURBO DNase (Ambion) according to the manufacturer’s
instructions and subsequently phenol chloroform extracted and ethanol precipitated. The
total RNA was dissolved in RNase-free water and stored at -20 oC before use. Total
cDNA was prepared from 500 ng of total RNA using the SuperScript III first-strand
synthesis system for RT-PCR (Life Technologies, Invitrogen) using random hexamers
and following the manufacturer’s instructions. Next, qRT-PCR was performed using
premix containing SYBR-Green intercalating dye (Bio-Rad) and selected gene-specific
primer sets (Table. F.2). Tobacco Actin gene (GenBank: GQ339768.1) was used as an
internal control. The positions of the oligonucleotides primers for GUS and firefly
luciferase used for qRT-PCR were chosen such that the size of all PCR products was
between 100 and 150 bp. The suitability of the oligonucleotide sequences in terms of
efficiency of annealing was evaluated in advance using the Primer 3 program95. Primers
for each gene are provided in Table F.2. Threshold cycle (Ct) values in qRT-PCR
experiments were averaged across three technical replicates. Three independent
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biological replicates were performed. The averaged Ct value of the three biological
replicates was used for the calculation of relative expression, and the standard deviation
was generated from the three biological replicates. The data obtained were analyzed with
IQ5 software (Bio-Rad).

7.6.12 ATR GQS conservation analysis
The A. thaliana genome database at Phytozome (v9.1)56 was searched using the
gene ID for ATR (At5g40820) to identify its protein homologs in other plant species with
at least 60% sequence similarity. Six hundred base pairs upstream of translational start
site (in absence of 5' UTR annotation) and 5' UTR (if present) sequences of the selected
ATR homologs were extracted using the biomart tool of Phytozome (v9.1)56 and searched
for putative GQS motif using QGRS finder with default parameters64. In the case of
multiple GQS motif predictions in one sequence, the GQS closest to the translational start
site was considered. Upstream sequences of closely related species were then aligned
using ClustalW96 in order to identify conserved GQS motifs. The alignments were edited
based on pairwise genomic alignments available for plant species in Gramene
(http://www.gramene.org) and VISTA97,98 (http://genome.lbl.gov/vista/index.shtml).
Based on motif search and sequence alignment, putative GQS motifs conserved in
upstream sequences of ATR gene homologs from A. thaliana, A. lyrata, C. rubella, G.
max, L. usitatissimum, V. vinifera, O. sativa were identified (Table 7.1).
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Appendix F
Supplementary Information for Chapter 7

[In preparation to submit as Supplementary Online Materials for a paper entitled “A
Thermostable RNA G-Quadruplex within the 5’UTR of Arabidopsis thaliana ATR
mRNA Downregulates Translation” by Chun Kit Kwok, Yiliang Ding, Saima Shahid,
Sarah. M. Assmann, and Philip C. Bevilacqua.]
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Table F.1 RNA and DNA oligonucleotide sequences used.
Name

RNA Sequence (5'-3')

GQS

GGGAGGGAAGGGGAAGGGG

mGQS

GAGAGAGAAGAAGAAGAAG

ATR 5'UTR

GGAUUUUAUUUUCUUUUAAAAAUUGGGAGGGAAGGGGAA
GGGGACUGGAGCGAGAGAGCUUCUGCGAUUGUGAA

GU-rich hairpin

AUUUUAUUUUCUUUUAAAAAUUGGGAGGGAAGGGGAA

GeneRacer 5'RACE
RNA Oligo

CGACUGGAGCACGAGGACACUGACAUGGACUGAAGGAGUAGAAA

Name

DNA Sequence (5'-3')

ssDNA ATR reverse
template

TTCACAATCGCAGAAGCTCTCTCGCTCCAGTCCCCTTCCCCTTCCC
TCCCAATTTTTAAAAGAAAATAAAATCCTATAGTGAGTCGTATTA

T7 promoter

TAATACGACTCACTATAG

Tobacco actin
forward primer

TGCTGATCGTATGAGCAAGGAA

Tobacco actin
reverse primer

GGTGGAGCAACAACCTTAATCTTC

GUS qRT-PCR
forward primer

ATCACCTGCGTCAATGTAATGTTC

GUS qRT-PCR
reverse primer

CTTCTCTGCCGTTTCCAAATCG

Luciferase qRTPCR forward primer

GCGGTCGGTAAAGTTGTTC

Luciferase qRTPCR reverse primer

TGTAGCCATCCATCCTTGTC

GeneRacer forward
Primer

CGACTGGAGCACGAGGACACTGA

GeneRacer nested
forward Primer

GGACACTGACATGGACTGAAGGAGTA

ATR outer reverse
primer

AGATTAGGGATGACAGCACGAAA

ATR inner reverse
primer

AAGAGTGACGGAGGTTGTTAGCC

Table footnote: The ATR complete 5’UTR sequence is underlined. 2 Cs (bolded) were appended
after the reverse complement of T7 promoter sequence for in vitro RNA transcription purpose.
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Figure F.1 UV-detected melting of GQS under physiological K+ and Mg2+ conditions.
UV-detected melting of 2.5 µM isolated GQS (see Fig. 7.1B) was performed using same
reaction conditions as Fig. 7.3B, with a background of 100 mM K+ and 10 mM LiCac
(pH 7), and monitored at 295 nm. The Tm at 1 mM and 5 mM Mg2+ were interpreted as
> 90oC. First derivative plots at 295 nm are presented for visual inspection of Tm.

Figure F.2 CD-detected titration and UV-detected melting spectra of GQS and
mGQS confirm absence of GQS formation in mGQS. (A) GQS shows a distinct CD
peak at 262 nm upon K+ titration. (B) mGQS does not show a similar change upon K+
titration. The experiments in panels A and B were performed at 2.5 µM RNA in 10 mM
LiCac (pH 7.0) (C) UV-detected melting of GQS and mGQS monitored at 295 nm. GQS
shows a GQS-specific reverse melting profile, while the mGQS does not show such
melting profile. The experiments in C were performed at 5 µM RNA in 100 mM K+, 10
mM LiCac (pH 7.0). Both CD-detected titration and UV-detected melting experiments
confirmed that the mGQS was not competent to form a GQS.
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Figure F.3 CD-detected titration and UV-detected melting spectra of GQSs in other
plant species listed in Table 7.1 confirm GQS formation. (A) The GQSs in other plant
species listed in Table 7.1 show distinct CD peak at 262nm under the background of
100mM K+ at pH 7.0 (25oC), indicate the formation of parallel GQSs. (B) The GQSs in
other plant species listed in Table 7.1 show reverse UV-melting profiles under the
background of 100mM K+ at pH 7.0, further support the formation of GQSs. The melting
temperature of all GQSs were above 37oC, indicate that these GQSs are thermostable.
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