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ABSTRACT

Many organisms form minerals with unique morphologies and specialized
functions through the intercellular process of biomineralization. In particular, calcium
carbonate (CaCO3) biomineralization often begins within mineralization vesicles. It is
theorized that the binding and control over free Ca2+ concentrations both in the cytoplasm
and mineralizing vesicles are in part responsible for the resulting CaCO3 products. The
goal of this dissertation is the generation of a biomimetic mineralization vesicle system
that controls Ca2+ binding in tandem with local CaCO3 precipitation towards understanding
similar interdependencies in biological analogs.
In Chapter 1, I provide a detailed introduction to serve as a framework for the rest
of the Chapters. Chapter 2 is focused on large scale (~20 mL) aqueous two-phase systems
(ATPS) of poly(ethylene glycol) (PEG) / dextran (Dx), where small cations such as Ca2+
are added to observe their partitioning behavior. The polyanion dextran sulfate (DxS) is
also added to this system to strongly affect Ca2+ partitioning and allow for localized CaCO3
precipitation, although this method was not used in Chapters 3-5. Chapter 3 also used the
large scale PEG/Dx ATPS for the localized precipitation of CaCO3, which was the result
of a compartmentalized enzyme. This enzyme, urease, was localized mainly in the Dx-rich
phase, and released CO32- when its substrate (urea) was introduced. The effect of PEG/Dx
volume ratios on the CaCO3 precipitation rate was investigated, as well as any
morphological or polymorphic changes that occured due to the presence of the high
concentration of macromolecules. In biological cells, compartmentalization is thought to
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have a direct impact on the local rate of various biological processes, especially concerning
compartmentalization of Ca2+ within mineralization vesicles. Chapters 4 and 5 detailed the
formation of stabilized ATPS emulsion droplets using large unilamellar vesicles (LUVs),
which resulted in Dx-rich droplets of ~5 µm diameter. Here the enzyme urease continued
to compartmentalize into the Dx-rich droplets, however added Ca2+ caused the lipids to
aggregate. This was corrected for using a number of Ca2+ chelators with varying binding
strength. Chapter 4 and Chapter 5 investigated the use small and polymeric Ca2+ chelators,
respectively. In both Chapters, the LUVs were stabilized and CaCO3 precipitated when
Ca2+ was chelated properly. In Chapter 5, the chelator used introduced a new polymer-rich
phase that precipitated entirely amorphous calcium carbonate (ACC) when the enzymatic
reaction proceeded. This is of biological relevance because biomineralizing organisms also
selectively precipitate ACC within mineralizing vesicles prior to other polymorphic or
morphological changes. This dissertation presents results that mimic some of the
conditions that occur in actual biomineralizing organisms. In the future, this system could
be used with chelators extracted from organisms or be redesigned to precipitate different
types of biominerals to elucidate some of the underlying chemical principles that govern
biomineralization.
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Chapter 1
Introduction and Background

1.1 Research Motivations and Overview
The Greek philosopher Aristotle wrote in his Physics: “In all disciplines in which
there is systematic knowledge of things with principles, causes, or elements, it arises from
a grasp of those: we think we have knowledge of a thing when we have found its primary
causes and principles, and followed it back to its elements. Clearly, then, systematic
knowledge of nature must start with an attempt to settle questions about principles.”1 Over
two thousand years later, this same drive to understand the principles and causes of all that
we see and experience still holds true. All life on Earth stems from extremely complex
biochemical machines (cells) that we have spent hundreds of years studying and pondering,
ultimately towards understanding the underlying causes of life itself, our place within the
large complex evolutionary framework of the biosphere, and how we can use that
knowledge to our best advantage. One particular highly-complex cellular phenomenon that
occurs in a variety of species is the creation of solids from inorganic precursors in a process
termed biomineralization. Biomineralization is of high interest to both biologists and
materials scientists as biominerals typically display structural intricacy despite (or perhaps,
because of) being created in a complex cellular matrix. Although a large scientific
investment in biomineralization research has occurred over the last few decades, important
“primary cause and principle” questions remain unanswered due to complexity of the
cellular interior. In this dissertation, I approach some of these questions by using a simpler
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artificial cytoplasmic model that produces a mineral, calcium carbonate, in a manner
similar to biomineralization.
In this introduction, I detail some of the unique properties of biological cytoplasm,
and explain why we are using an intercellular mimic to study these particular properties. I
then describe biomineralization as an intercellular process of relevance that we can use our
cytoplasm mimic to study, with the ultimate goal of understanding in vivo
biomineralization. Following, I discuss the mineral calcium carbonate in terms of
polymorphism, morphology and precipitation methods, as well as some analytical tools
typically used for analysis in later chapters. From this, I describe how calcium carbonate
can be made locally within the cytoplasm mimic. Finally, I entail the use of large
unilamellar vesicles for forming stabilized biphasic emulsion droplets with chelated
calcium to locally precipitate calcium carbonate, which resembles aspects of biological
mineralization vesicles.

1.2.1 Macromolecular Crowding and Compartmentalization in Cytoplasm
In even the simplest of organisms the organization, structure and function of the
cytoplasm reveals a surprising and near overwhelming amount of complexity upon which
biology is reliant.2-9 As shown by the illustration in Figure 1-1, one may first observe that
the cellular interior is nearly filled with various macromolecules, with little room or free
space in between.10,18 This phenomenon is termed macromolecular crowding, and is
present to varying degrees in the cytoplasm of all cells, ranging from 10 to over 30 % by
weight macromolecules.3-4,11

There are a number of important physiochemical

consequences of having such a highly compact space, including excluded volume, varied
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diffusion (especially of macromolecules) and activity of particular biological processes (as
compared to non-crowded conditions), and rearranged water structure due to the wide
variety of hydrophilic and charged species.4,11-16 However, it is likely that these
consequences are perhaps vitally important for the proper functioning of the cell, and
furthermore, life itself. It is therefore important to include macromolecular crowding and
compartmentalization into any considerations of cellular or cytoplasmic conditions for
scientific studies.
Even without the presence of organelles for localization of particular cellular
processes, prokaryotes such as the ubiquitous E. coli are able to cause localization of
cytoplasm

components

through

compartmentalization.12,15,17-20

For

example,

macromolecules of different function, such as proteins and nucleic acids, can be segregated
to physically distinct volumes of the cell as a direct result of macromolecular crowding.2126

One consequence of compartmentalization is a mechanism for localization of chemical

reactions or biochemical processes.3,14,15,17 For example, by having an intermediate species
spatially located proximal to the following step, the overall reaction rate can be increased
through reduced diffusion distance, increasing reaction efficiency for the cell. Furthermore,
distinct regions of chemical differentiation permit reactions to occur within their
compartments rather than potentially interfering with one another through secondary
reactions in a single homogeneous compartment.
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Figure 1-1. Illustration of the interior of an E. coli cell, which depicts macromolecular
crowding and compartmentalization in the cytoplasm. Here, blue and purple spheroids
represent the protein-rich compartment, while yellow and orange rods and coils represent
the nucleic acid-rich compartment (nucleoid). The cell wall and flagella are depicted in
green, and the exterior environment is black. Reprinted with permission from reference 18.
Copyright 2009 Springer Science.

To study the properties of cytoplasm, a number of varied broad research approaches
have been undertaken. For the better part of the last 100 years, proteins, enzymes, DNA,
RNA, etc. were simply removed from their cytoplasmic environment and manipulated in
bulk solution, which was discovered only much later to yield different results from similar
experiments

performed

in

cytoplasm-like

conditions.4,27-29

With

gene

expression/knockdown techniques, new explorations in this area of interest became
possible. One example that exhibits the compartmentalization of macromolecules in E. coli
cells is shown in Figure 1-2, performed by Ge and colleagues.21 Here, elastin-like
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polypeptides were overexpressed by the cell, causing protein-production (nucleic acid) and
protein storage areas to be physically separated from one another, and shows how simple
gene modifications can result in a rearranged intercellular structure. As a different approach
to study biological cytoplasm without gene modification, a simplified cellular mimic that
retains many of the unique properties of the cytoplasm is needed.

Figure 1-2. Laser confocal microscopy images of E. coli cells, depicting physical
separation of nucleic acid compartment (stained by SYTO 62, false colored red) from the
protein storage compartment (stained by GFP, false colored green). Reprinted with
permission from reference 21. E. coli depicted are ~2 µm in length. Copyright 2009
American Chemical Society.

1.2.2 Aqueous Two-Phase Systems for Cytoplasm Mimicry
While the cell cytoplasm is a complex heterogeneous non-ideal solution
environment, most biochemical research over the last century has been performed in
solutions that are not representative of the actual cytoplasm. To a first order this can be
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expected as such research was typically aimed at understanding particular biological
processes independent of the cytoplasm environment since studying those processes in vivo
were difficult and had to be isolated first. However, now that many of these processes are
well studied, it is possible to create this additional layer of complexity to develop our
understanding of the cytoplasm through a mimic. This mimic would contain many of the
non-ideal solution phenomena of real cells such as macromolecular crowding and
compartmentalization. Ideally, we can use this in vitro method for studying biochemical
processes while retaining cytoplasm-like conditions.
Towards this end, aqueous two-phase systems (ATPS) have been designed as
cytoplasm mimics. ATPS are typically formulated using two water-soluble polymers, a
water-soluble polymer and a salt, or a disperse media and condensed coacervate.30-32 All
of these systems form two separate phases when dissolved in water at particular
concentrations of each component.30-32 Similar to the cell, ATPS can contain in excess of
30% w/w dissolved macromolecules which crowd the solution, and form chemically
distinct compartments that lack any physical separation barrier such as lipid
membranes.30,33 Lipid bilayer vesicles can also be used to encapsulate both ATPS phases
to create cellular model systems.34-37 Unlike many oil/water separation systems,
biomolecules including proteins, DNA, and enzymes can be utilized in ATPS without
significant loss of activity due to denaturation.30,38-45 The poly(ethylene glycol) (PEG) /
dextran (Dx) ATPS mimic system has been used in a variety of biochemical purposes,
including varying compartmentalization of a pH-sensitive protein, budding of ATPSencapsulated giant vesicles as a function of osmotic pressure, and controlled localized
catalysis of an RNA hammerhead ribozyme.35,36,38
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In PEG/Dx ATPS, aqueous phase separation can be explained using the second law
of thermodynamics, as per the Gibbs free energy of mixing at constant temperature shown
in Equation 1-1.46
=
Where

−
and

>0

(1-1)

are the enthalpy and entropy of mixing; phase separation occurs

if mixing is non-spontaneous.

for PEG/Dx phase separation has been investigated

using calorimetry, and only small enthalpy changes were found after the onset of phase
separation.47 Instead, it is theorized that a large entropy increase, caused by water
reordering in the presence of polymers, drives PEG/Dx ATPS phase separation.
Aqueous phase separation is best exemplified by the phase diagram (or
binodal/coexistence curve) as shown in Figure 1-3, which is a generic diagram (i.e not from
an actual experiment) of a cloud-point titration.30,32,33 Here, one polymer is added dropwise
to the other until cloudiness is observed, which indicates the onset of phase separation. By
carefully measuring the weight of added polymer and water (to reverse phase separation),
the binodal line can be measured and plotted. Points that lie above the binodal correspond
to phase-separated solutions, while those that lie below are single phase, continuous
solutions. Any particular phase-separated solution also lies upon a tie-line that connects
across two points of the binodal. Any ATPS that are made on this tie-line will have identical
phase compositions, but different volumes of each phase.30,33
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Figure 1-3. Coexistence curve/binodal of generic ATPS depicting the phase boundary
between a homogeneous solution below the line and phase-separated region above the line.
Tie line a shows ATPS where variations of phase volumes (points 1-5) retain the same
polymer phase concentrations (points Y1, X1 for the top phase; Y5, X5 for the bottom phase)
Another tie line (b) with lower amounts dissolved polymers is also shown. Reprinted with
permission from reference 33. Copyright 2012 American Chemical Society.

When molecules of interest are added to the ATPS for study (as described above),
they can concentrate or partition to one of the two polymer-rich phases, often due to
similarities in hydrophobicity or hydrophilicity between the analyte and one particular
polymer-rich phase.30,38-45 Other contributions to partitioning in ATPS include electrostatic
attraction or repulsion and binding/chelation. Partitioning is quantified using the partition
coefficient (K), described in Equation 1-2 as:
=

[

[

]

(1-2)

]! "

Where [#$%&'()]

and [#$%&'()]

are the concentrations of the analyte in the top and

bottom phases, respectively. In particular, large bulky hydrophilic molecules such as
proteins, DNA, and RNA tend to partition the most strongly to the Dx-rich phase of a
PEG/Dx ATPS.30,38,39,43,44 An additional advantage of ATPS is that their compartment sizes
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can be varied with ease due to the existence of tie lines – one only has to extract the toprich and bottom-rich phases from a particular system, and remix those phases at the desired
compartment sizes, or volume ratios.30, 38 By rearranging the partition coefficient as shown
below, the analyte concentration can be predicted in either of the phases as a function of
volume ratio, as shown in Equations 1-3 to 1-7:
=

[

[

]

]! "" *

Where 01&

=

+

+! "
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phases, respectively, with phase volumes represented by
concentrations of 2
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)
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, ! "

− 1&

;, ! "
! "

, ! "

)

= 01&

(1-5)
(1-6)

, we arrive at:
(1-7)

Here, we observe that the analyte concentration in the bottom phase (typically, in
experiments shown here, we are interested in the Dx-rich phase) is dependent on the total
number of moles added, the volumes of each of the phases, and the partition coefficient.
The latter variable is typically determined experimentally, while the other three variables
are controlled experimentally. Once the partition coefficient is known for one particular
volume ratio of polymer phases, additional analyte concentrations can be predicted for the
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bottom phase at different volume ratios. 2

as a function of K from Equation 1-7 is plotted

in Figure 1-4 for a theoretical 200 kDa protein that partitions 10× into the Dx-rich phase
over the PEG-rich phase. This shows the viability of varying ATPS volume ratios for
maximizing the compartmentalization of added species. Equation 1-7 assumes that K is
independent to volume ratio or protein concentration.30,32,46

Figure 1-4. Theoretical partitioning lines based on Equation 1-7 for a 200 kDa protein at
100 µg/mL total concentration in a 10 mL ATPS (1 mg protein total). Lines represent
different volume ratios (as
∶
) and as labeled on each line. Red markers represent
a fixed partitioning of log(K) = -1 for each particular volume ratio.
Here, we can observe a marked increase in concentration of this theoretical protein
with even a relatively moderate partitioning, with concentrations in the bottom phase
ranging from 142 to 917 µg/mL, where higher volume ratios resulted in increased
compartmentalization. ATPS are versatile in their ability to concentrate active
biomolecules of interest within a cytoplasm-like compartment – which can equal or
exceeds 20% w/w in typical experiments, approaching concentrations of biological
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relevance.30,33,38,41,48 Therefore, further research of increased complexity regarding
specific, biologically relevant cellular processes will likely be addressed using ATPS. High
importance must be placed on the proper selection of the specific molecules and/or
processes to mimic, as the solution itself can exert new physiochemical pressures that were
not present in the actual cytoplasm. This dissertation will explore the study of
biomineralization mechanisms of CaCO3 within mineralization vesicles using PEG/Dx
ATPS.

1.3.1 Biomineralization
There exist a multitude of cytoplasmic phenomena in biological organisms that can
be mimicked using our experimental cytoplasm analog. As of present, no research efforts
have utilized the ATPS or any other cytoplasm analog to determine the potential effects of
the cytoplasmic environment on internally emerging minerals, which are prevalent in many
biological systems.49-57 This process is termed biomineralization and is typically defined as
the biological process by which a cell or organism utilizes soluble inorganic resources
(typcially from the local extra-cellular environment) and create a solid precipitate, usually
containing an organic matrix, which performs important functions for the organism.49-57
Biomineralization occurs in a wide variety of species, from relatively simple single-celled
algae, such as the coccolithophorid family, to all complex vertebrates, although the
particular inter- and intra-cellular physiochemical mechanisms for aqueous species to solid
materials vary vastly among organism and mineral.49-57
If we consider the mineral products of the coccolithophorids, we observe a wide
variety of intricately-shaped biomineral shells (termed coccospheres, composed of
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coccoliths) depending on the particular algae strain, as shown in Figure 1-5.49-51,53,57 These
coccospheres are composed of CaCO3, typically of the polymorph calcite, as well as
adsorbed organic matrix materials, such as polyanionic polysaccharides.49-51,53 The
coccosphere provides a ballast container for the organism, assisting in movement to higher
ocean elevations with higher light exposure and a primitive armor against tidal swells,
predators, as well as a chemical barrier towards slight oceanic shifts in pH, carbonate ion
concentration, and temperature.49- 51,53,58

Figure 1-5. Scanning electron micrographs of various coccolithophore species: (a)
Emiliania huxleyi, (b) Discophaera tubifera, (c) Braarudosphaera bigelowii and (d)
Scyphosphaera apsteinii. Each species displays chemically identical but morphologically
distinct coccospheres. Scale bars = 1 µm. Reprinted with permission from reference 57.
Copyright 1994 Cambridge University Press.

Most importantly, the initial onset of coccolith mineralization (and CaCO3
biomineralization in general) occurs within the environs of the cytoplasm inside specialized
lipid-bound compartments termed biomineralization vesicles.49,51,53,59,60-62 As depicted in
Figure 1-6, calcium is transported within these vesicles (~50 nm diameter) through active
transport channels and rapidly bound by a highly-carboxylated polyanion polysaccharide,
the structure of which varies based on species; PS2 from Pleurochrysis carterae is shown
in Figure 1-7.49,51,53,59,60 Varying on the species and types of polyanions present, CaCO3
precipitates as an amorphous solid at a rate tightly controlled by the binding strength of the
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polyanions.53,59,60 Importantly, in the absence of some of these anionic polysaccharides, the
proper CaCO3 mineralization mechanisms are altered in such a dramatic way that the
inexorable result is cell death.51,53 Therefore, biomineralization in even the simplest of
organisms is a highly complex process that requires further study. It is clear that evolution
has taken advantage of some very particular and peculiar chemistries within the cytoplasm
to create materials with stunning morphological constructs and highly adaptive functions,
such as in the coccolithophorids. This begs the larger question: “What roles do the
cytoplasm and mineralization vesicles play within the myriad building steps of a
biomineral?”

Figure 1-6. Transmission-electron microscopy images of thin sections of Pleurochrysis
carterae, depicting the cytoplasm and nearby extracellular environment. In (a) normal,
wild type P. carterae precipitates CaCO3 precipitation within mineralization vesicles (1,
also arrowheads), which grow into larger crystals (2-3). In (b) and (c), mutant cells that do
not express PS2 or PS3, respectively, are shown. Here, it is apparent that larger CaCO3
precipitates have not been made. It is thought that in these cells, Ca2+ was not effectively
localized into mineralization vesicles, so an insufficient amount of localized precipitation
occurred to make larger structures. Scale bars = 200 nm. Reprinted and modified with
permission from reference 53. Copyright 2003 Elsevier, Inc.
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Figure 1-7. Chemical structure of PS2, a carboxylated polysaccharide from Pleurochrysis
carterae, which specifically binds calcium within the cytoplasm and mineralizing vesicles.
Reprinted with permission from reference 53. Copyright 2003 Elsevier, Inc.

This question leads to a number of intriguing research questions that we can
potentially answer using our ATPS cytoplasm mimic, regardless of mineral composition:
How can we mediate mineral formation in a localized, controlled fashion such as observed
in biology? What influence will the cytoplasm mimic itself have upon the mineral that is
formed, considering the high background concentration of macromolecules? How can we
purposefully exert such influences on the mineral (i.e. amorphous stability, crystalline
polymorphic selection, morphological changes), and what are the chemical mechanisms
behind such exertions? Finally, how do the answers to all of these questions relate back to
the biological analog that the ATPS was designed to mimic? What is reasonably similar,
and what is markedly different? These questions (among others) are what constantly drive
each of the subsequent research chapters forward.

1.3.2 Biomimetic Mineralization
1.3.2.1 Mineral Selection and Properties
A wide variety of organisms exhibit biomineralization as an evolutionary strategy
to utilize available inorganic resources, producing a number of solid materials including
magnetite, apatite, silica, and calcium carbonate.49-51,54 Calcium carbonate is perhaps the
most logical for initial study in our ATPS system due to its prevalence in many biological
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systems and ease of synthesis.49-52,63,64 Furthermore, some of the more complex properties
of calcium carbonate, including morphological and polymorphic control, have previously
been studied in vivo and in vitro.52,63-69 CaCO3 has a moderately low solubility product
constant (Ksp) of 3.36 × 10-9 (as calcite) and is indefinitely stable in solutions with pH >
8.5, when [CO32-] > [H2CO3], as dictated by the dissociation constants of carbonic acid,
pKa1 = 3.6, and pKa2 = 10.3 and depicted in Figure 1-8.52,63,69,70 Although the total
concentration of CO32- here is quite low compared to HCO3-, as CaCO3 reacts with the
available CO32-, Le Chatelier’s principle will cause HCO3- to deprotonate in order to fulfill
the pKa equilibrium.

Figure 1-8. Mol % of H2CO3 and CO32- over a pH range of 7 to 10 based on pKa values of
carbonic acid, displaying the pH range at which CaCO3 precipitation begins to become
viable (~8.5). Mol % HCO3- not shown for clarity.52,63,69,70
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CaCO3 has a high degree of crystallinity when existing in one of the three
anhydrous polymorphs: vaterite, aragonite, and calcite.71-75 These polymorphs differ in
atomic spacing/arrangement in the crystal lattice structure. They can be distinguished using
x-ray diffraction (XRD), the basis of which is Bragg’s Law shown in Equation 1-8.71,72,76,77
$< = 2>?@$A

(1-8)

Where $ is an integer, < is the wavelength of the incident x-ray, > is the spacing between
atoms in the crystal lattice structure, and A is the angle between the incident x-ray and the
scattered plane. The implementation of this theory on the various CaCO3 polymorphs is
shown in Figures 1-9 and 1-10.78 It is important to note that these seemingly-subtle
differences in lattice spacing impart significant differences in the properties of the final
material, which biology can utilize for very specific purposes. For example, a species of
brittle stars (O. wendtii) create calcite light focusing lenses in their exoskeleton as a way
to detect predators through monitoring variances in incoming light; in this case, a different
polymorph would render these lenses useless.55
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Figure 1-9. CaCO3 crystal lattice structures of (A) rhombohedral calcite, (B) orthorhombic
aragonite, and (C) hexagonal vaterite. The adsorption geometries of water molecules at the
crystal surfaces are also shown. Legend: calcium = large mid-gray; carbon = medium offwhite; oxygen = small dark-gray; hydrogen = small white. Reprinted with permission from
reference 78. Copyright 1998 American Chemical Society.

Figure 1-10. X-ray diffraction spectra of CaCO3. Vaterite and calcite polymorph reference
spectra are overlaid for identification of peaks.
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In addition to the crystalline polymorphs, it is critically important to include a
discussion of amorphous CaCO3 (ACC), which is defined rather broadly as the noncrystalline

precipitate

product

formed

immediately

after

the

onset

of

precipitation.52,63,64,67,71,79-81 Unlike crystalline polymorphs, amorphous precipitates do not
have well organized, evenly-spaced “d” lattice structures and do not provide peaks using
x-ray diffraction and require further analytical tools such as infrared spectroscopy (IR) and
scanning electron microscopy (SEM). Here, IR spectroscopy can be used to detect the
presence of water, as ACC is somewhat hydrated as compared to its anhydrous crystalline
polymorphs.82-84 Scanning electron microscopy is useful as ACC particles typically grow
no larger than ~200 nm spheroids and as such provides a visual indication of its presence
in a sample.71,79,80 Examples of these methods for use in analyzing CaCO3 are shown in
Figures 1-11 and 1-12. In these types of crystalline systems with both amorphous solids
and various crystalline polymorphs, polymorphic transformation from one state to another
will occur, and is well known in the case of CaCO3.64,67,72,74 This transformation process is
typically described using a general principal called the Ostwald step rule.85,86 This rule
states that when a system containing a number of different states is created it is the least,
rather than the most, thermodynamically stable that will initially form. Over time
(depending on reaction kinetics) the system will reach the most thermodynamically stable
state that in most cases is the lowest energy state possible for the system. For CaCO3, the
Ostwald step rule can be applied using a generalized energy state diagram as shown in
Figure 1-13 and Table 1-1, where the amorphous state is formed first, followed by vaterite,
and finally aragonite or calcite.86a-d Note that it is rare to observe synthetic aragonite, except
under circumstances of high temperature and high magnesium concentrations (i.e. [Mg2+]
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> 2[Ca2+]).63,71,72 Here I will only be concerned about ACC, vaterite, and calcite. Due to
the higher energy transition between ACC and calcite, vaterite is observed to precipitate as
a metastable phase in transition to calcite.86a-d Recent research by Kellermeier and
colleagues into the atomistic nature of CaCO3 precipitation has revealed that the route from
Ca2+ and CO32- ions to particles occurs through a highly complex process with
prenucleation clusters (PNCs).87-89 Due to the transient nature of PNCs, they will not be
covered here.

Figure 1-11. IR spectra of an anhydrous, crystalline CaCO3 standard (black trace), and a
CaCO3 sample containing significant amorphous content (red trace) as verified in tandem
with SEM and XRD. In the latter sample amorphous CaCO3 is indicated by the presence
water via the -OH anti- and symmetric stretching peak from ~3600-2700 cm-1. For a more
detailed analysis, see Chapters 4 and 5.
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Figure 1-12. Scanning electron micrograph images of CaCO3 precipitates, prominently
featuring the polymorphs calcite (row A) and vaterite (row B), as well as amorphous
CaCO3 (row C). Note that the particle in the far right of row (B) appears to be undergoing
polymorphic transformation from vaterite to calcite. All scale bars = 5 µm.

Figure 1-13. Spontaneous crystallization pathway according to Ostwald’s step rule starting
from dissolved Ca2+ and CO32- and leading to calcite. ∆RG represents the relative free
energy. The exact value of the energy barriers between the various polymorphs are highly
dependent on the system used. Typically, ACC and one of the metastable polymorphs
(vaterite or aragonite) are observed as intermediates in transition to calcite. Reprinted with
permission from reference 86a. Copyright 2012 John Wiley & Sons.
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Table 1-1. Gibbs Free Energy (in relation to ACC) and Solubility Constants for CaCO3
Polymorphs86b,86d
Polymorph ∆G (kJ/mol)
Ksp
ACC

-

10-6.23

Vaterite
Aragonite
Calcite

-1030.6
-1032.8
-1033.9

10-7.91
10-8.34
10-8.48

Not surprisingly, nature has devised strategies to overcome the Ostwald Step Rule
entirely by manipulating amorphous CaCO3 so that specific polymorphs are formed or
favored over others, or in some cases the amorphous form is stabilized for an exceedingly
long time, usually caused by binding the surface of the amorphous product with a particular
polymer or protein.52,64,67,68 As a result, biological systems can generate materials much
more efficiently, selectively, and rapidly than having to wait for thermodynamic
equilibrium to occur. For example, coccolithophores entirely forego any metastable
intermediates, transitioning directly from ACC to calcite exclusively, whereas various
species of mollusk can create highly-prismatic nacre shells of primarily vaterite or
aragonite with interspersed calcite – each combination of which is suited to fit the needs of
that particular organism.49,51,56,67,68
Separate but somewhat related to polymorphism is the topic of CaCO3 morphology,
which arises mainly during the growth step following crystal nucleation.52,64,69,72 Each
particular crystalline polymorph typically exhibits only one natural morphology, caused by
growth adherence to the unit cell, which expands until no further reactants are available.
Typically, calcite, aragonite, and vaterite exhibit rhombohedral, columnar and spherical
morphologies, respectively.63,72 Calcite and vaterite are shown above in Figure 1-12.
However, CaCO3 of any polymorph can form an array of interesting and unique
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morphologies based on the synthesis conditions, including, but not limited to: reaction
method, reaction time, pH, stirring rate, and the presence of any “structure-directing
additives”.63,64,71-75,80 This latter variable has received a significant amount of research
interest in the last few decades, and to date a fairly large library of structure-directing
additives have been discovered that cause CaCO3 polymorphs to form different
morphologies than the norm; some examples of this phenomenon are shown in Figure 114.63,64,71-75,80,90-96 No universal mechanism explaining this phenomenon has been accepted
by the scientific community, but in general it is thought that morphology-altering species
either: (1) bind to the growing mineral and in so doing exclude certain crystal faces from
further growth, or (2) bind to newly-formed nucleation clusters and direct growth as soon
as crystallinity has been achieved.52,92,97 The difficulty in making a unifying explanation
for morphology changes in CaCO3 is tying together the sheer number of morphology
directing molecules and resultant affects; in light of this, it is perhaps best to remain with
these generalizations about morphological change instead of attempting such an
explanation here.
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Figure 1-14. Examples of varying non-typical calcite morphologies due to CaCO3
nucleation and growth in the presence of structure-directing additives, where the particles
in (A) depict highly-twinned calcite that was formed in the presence of ovalbumin, one of
the major components of chicken egg (see Chapter 3 for more details); scale bars = 5 µm.
In (B), the effect of poly(aspartic acid) (PAA) on calcite morphology was performed by
McKenna and colleagues via the addition precipitation method, where a variety of particle
shapes and sizes was fabricated based on slight variations in [Ca2+], [NH4HCO3], and
[PAA]; scale bars = 10 µm. Reprinted with permission from reference 80. Copyright 2009
American Chemical Society.

When considering incorporating CaCO3 into the ATPS cytoplasm mimic, it is
important to first understand how the environment of the ATPS itself affects CaCO3
polymorphism and morphology, prior to attempting any further changes such as
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purposefully altering the crystal morphology via additives.98 If the mimic does have such
affects, how can we account for them in our model? In no such effects are observed, why
not, considering such a high concentration of the mimic (20% w/w) is comprised of
macromolecules. Clearly, although CaCO3 might be the simplest of the available
biominerals to utilize in our ATPS mimic, it is critical to keep track of how the mineral is
being changed, both intentionally and unintentionally, so that we may better compare our
final results to natural biomineralizing systems. This is discussed in Chapter 3.

1.3.2.2 CaCO3 Precipitation Strategies
There are a number of methods for precipitating CaCO3 in vitro, each of which not
only drives the experimental setup, but also results in differences in precipitate
morphologies and polymorph rate changes. Of this variety, there are three prominent
reaction methods that I will discuss: (1) addition, (2) gas diffusion, (3) enzyme-mediated;
the methods will each be described briefly, but it should be noted that the exact procedure
for the former two varies slightly depending on the particular CaCO3 polymorph or
morphology desired. The addition reaction is perhaps the easiest to perform of the three
methods, whereby a solution of Na2CO3 is added (typically dropwise via burette) into a
solution of Ca2+ with constant magnetic stirring.72,75,81,91-93 The simplicity of this system
has been quite attractive to many researchers interested in the effects of morphologydirecting additives, but it is important to note that many suspensions are aged for days or
weeks, so the pH must be constantly monitored and adjusted to prevent unwanted CaCO3
dissolution. The resulting precipitate is then filtered off and analyzed. Gas diffusion
reaction is a somewhat more complicated procedure by which a solution of Ca2+ is placed
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within a desiccator along with a vial of recently crushed ammonium carbonate, topped with
regularly punctured parafilm. Here, ammonium carbonate decomposes into CO2(g) and
NH3(g), the former product diffuses into the Ca2+ solution to make CO32-, and precipitation
occurs.80,94-96 Similar to the addition reaction, the solution is allowed to age for a period of
time and are filtered off for analysis. Precipitates made using the diffusion methods are
typically highly crystalline due to well-controlled, slow growth. In contrast to these two
methods, enzyme-mediated CaCO3 precipitation allows CO32- to be stored in the substrate,
and therefore can be controllably released over time.99,100 Sondi and colleagues determined
that the enzyme urease was effectively able to precipitate CaCO3 in the presence of urea
and Ca2+, as outlined Equations 1-9 to 1-13. There are a number of inherent advantages to
this reaction: (1) pH and CaCO3 stability are simultaneously controlled by substrate
hydrolysis - the pH is increased prior to precipitation, and decreases slightly after; (2)
CaCO3 is made fairly rapidly and will not require aging, although a more diverse
morphological/polymorphic sample is expected due to new nucleation clusters being
formed over time; (3) The structure and function of urease is well known and functions
effectively over a wide pH (4-12) and temperature (5-80 ˚C) range, and can be completely
inhibited with amidates; (4) As described in Chapter 1.2.2, enzymes have the tendency to
partition to the Dx-rich phase of a PEG/Dx ATPS.101-103 This may enable localization of
the reaction, whereas addition or gas diffusion reactions could not be effectively localized
without further changes to the ATPS (see Chapter 2).
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1.4.1 ATPS as a CaCO3 Microreactor
To this point we have considered the ATPS as a bulk system, where the properties
of biomolecules or biologically relevant reactions within cytoplasm-like conditions would
be studied on the milliliter scale. To gain a better representation of the reaction conditions
of the actual cell, we must instead reduce the size of the mimic at least 100-fold, to the
range of the size of actual cells (typically 1-20 µm, but depending greatly on organism).4951

This reduction can be accomplished through a variety of strategies, including ATPS

encapsulation within giant lipid vesicle bilayers (GVs, >1 µm), as shown in Figure 1-15,
made through gentle hydration.34-36 However, there are several distinct disadvantages to
GV system for biomimetic mineralization, including low GV yield and difficulty in
transporting reagents across the lipid bilayer.36,104-107 In the following sections I will
describe the formation of a large unilamellar vesicle (LUV, 100-1000 nm) stabilized ATPS
emulsion through a system that is better suited for use as a CaCO3 mineralization
microcreactor.
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Figure 1-15. Laser confocal microscopy images of four separate ATPS encapsulated
within GVs, exhibiting budding and fission (right image set) in response to osmotic stress
in the form of sucrose added to the external solution. Red false-coloring indicates lipid
fluorescence and blue an Alexa 647-conjugated dextran, which partitions to the Dx-rich
phase. Reprinted with permission from reference 36. Copyright 2011 American Chemical
Society. Scale bar = 10 µm.

1.4.2.1 Gentle Hydration and Lipid Extrusion
In order to create LUVs, first a lipid mixture must be made via the gentle hydration
process, as shown in Figure 1-16.36,104-109 In brief, lipids (typically dissolved in chloroform)
are dried onto the walls of an inert vessel, forming sheets of a dry lipid film. The film is
submerged in a hydrating medium and over time (typically >24 hours) water molecules are
able to penetrate through the lipid sheets, causing them to swell and eventually bud off to
form heterogeneous lipid vesicles or non-vesicle structures.36,104,105,108 This mixture can
then be homogenized by a variety of methods, but here an extrusion method is used, where
the vesicle mixture is pushed through pores of a filter with a fixed hole size a number of
times (typically 10), resulting in a homogeneous suspension of lipid bilayer
vesicle.104,105,108-112 Typically, LUVs of ~110 nm diameter were made for the experiments
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shown in the following chapters, but LUV size can be controlled based on the size of the
pore used, typically between 50-400 nm.110,111 The effects of lipid extrusion on vesicle size
distribution are shown Figure 1-17.110 Here, LUV coalescence was prevented via
electrostatic and steric repulsion through optimizing lipid film compositions. For more
information, see reference 109 for lipid compositions best suited for the use of LUVs in
the PEG/Dx ATPS used in Chapters 4 and 5.

Figure 1-16. Overview of gentle hydration of a generic lipid film, forming a heterogeneous
suspension of lipid bilayer vesicles, which can then be homogenized using extrusion to
make exclusively LUVs. Reprinted with permission from reference 108. Copyright 1997
CRC Press, LLC.
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Figure 1-17. (1.) Diagram of a small-volume extruder used to homogenize lipid mixture.
Arrow indicates the location of the polycarbonate filter. Reprinted with permission from
reference 111. Copyright 1991 Elsevier, Inc. (2.) Size distribution of vesicles showing the
total number of vesicles in a sample with (A) no extrusion, and extrusion through
polycarbonate pore sizes of: (B) 1 µm, (C) 400 nm and (D) 200 nm. Reprinted with
permission from reference 110. Copyright 1979 Elsevier, Inc.

1.4.2.2 Creation of LUV-Stabilized ATPS Emulsions
After the LUVs have been extruded, they can be added into a PEG/Dx ATPS, where
they will partition almost exclusively to the ATPS interface, given the correct lipid
composition and total vesicle concentration.109 To prevent osmotic shock and/or ATPS
dilution, LUVs are hydrated in the PEG-rich phase of a PEG/Dx ATPS. Figure 1-18 shows
the effect of adding LUVs compositionally similar to those in Chapters 4 and 5 to a PEG/Dx
ATPS, where it is evident that the majority of the added LUVs have concentrated at the
ATPS interface.109 This causes the formation of stabilized Dx-rich droplet microreactors.
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Unlike the GVs in Figure 1-15, here the LUVs arrange in a monolayer at the interface
(cartoon, right panel), which acts as an electrostatic and steric barrier, preventing Dx-rich
droplets from coalescing (merging) with one another. When sufficiently mixed, this creates
a LUV-stabilized ATPS emulsion with Dx-rich droplets of ~5 µm.

Figure 1-18. Laser confocal images of LUVs (~110 nm) added to a PEG/Dx ATPS. Red
and green false coloring represents, respectively, rhodamine fluorophore incorporated into
the lipid bilayer, and a FITC-labeled dextran used to identify the location of the Dx-rich
droplets. Here we clearly observe that the added LUVs (left panel) partition to the interface
of the PEG/Dx ATPS, creating Dx-rich droplets (middle panel). The cartoon on the right
panel displays a representative diagram of this system (LUVs not to scale). Modified and
reprinted with permission from reference 109. Scale bar = 25 µm.

For both the GV and LUV-stabilized ATPS, it is important to note the high
sensitivity to ionic strength, especially during gentle hydration.104,105-109 As all
phospholipid molecules contain phosphate moieties, additional ions will screen the lipid
and prevent delamination during hydration, resulting in a much lower vesicle yield. In
addition, increasing ionic strength in an already hydrated GV or LUV system will result in
lipid aggregation due to the significant decrease in electrostatic repulsion between lipid
molecules.104,105,108,109 The exact sensitivity depends greatly on the LUV concentration and
lipid species used, but in most cases observable lipid aggregation will occur above 5 mM
ionic strength, as shown in Figure 1-19.109 It is therefore important to control ionic strength,
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or to use additional molecules that bind added ions so as to not cause lipid aggregation,
which destabilizes the emulsion and results in rapid Dx-rich droplet coalescence,
eliminating the regularity of the microreactor.

Figure 1-19. Laser confocal microscope images of LUV-stabilized ATPS droplets after
increasing ionic strength (added to the PEG-rich phase as NaCl). Red false coloring
represents a rhodamine fluorophore incorporated into the lipid bilayer. As the ionic strength
increases, the Dx-rich droplet size increases until the emulsion is completely destabilized
at ~10 mM ionic strength. Here, droplets will coalesce fairly rapidly and may form a single
continuous phase. Reprinted with permission from reference 109.
1.5.1 Intermediate Chelation of Ca2+
Phospholipids are sensitive to the presence of divalent ions such as Ca2+. Upon
exposure of even as low as a few millimolar of Ca2+, two phospholipids (each with a -1
charge) will bind to the cation and aggregate out of solution.113-117 If phospholipid LUVs
are to be used in the cytoplasm mimic, it is critical to prevent this aggregation from
occurring, as aggregated LUVs will be unable to effectively stabilize the ATPS emulsion,
and droplet coalescence will rapidly occur. A biologically-relevant and relatively easy to
implement solution is to chelate Ca2+ ions using one of a large variety of chelator
molecules.118,119 It is important to know the binding constants of the calcium-lipid and
calcium-chelator complexes at the pH levels being studied, due to the pKa values of the
lipid and chelators.120 If calcium-chelator complex binding is significantly stronger than
calcium-lipid complex, then the calcium will be sufficiently bound (assuming a 1:1
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calcium-chelator ratio, typical for most calcium-binding chelator species) and the LUVs
will remain intact, otherwise calcium will cause lipid aggregation as described above.113117

In addition to preventing lipid aggregation, a major goal of this research is to precipitate

CaCO3, and as such it is critical to not bind calcium so strongly as to prevent its
precipitation, which is determined by the CaCO3 solubility product constant.70 In the ideal
case, calcium is bound “intermediately” between the two extremes of lipid aggregation and
CaCO3 precipitation, preventing the former while allowing the latter when the necessary
amount of carbonate ion has been added (see Figure 4-1).
Fortunately, these calcium-chelator binding constants (typically kb), also termed as
stability constants ( _+ , the logarithm of kb), have already been determined experimentally
but typically at ideal pH and ionic strength (see Chapters 4 and 5 for more information on
chelators used).121-126 To correct for this, we can utilize equations 1-14 through 1-29
(reprinted and modified slightly with permission from reference 120; copyright 2010
Elsevier), starting with the basic equilibrium between a single calcium ion and a chelator
molecule, assuming monodentate chelation (where excess ion charge is screened by other
counterions, typically sodium):
2%C; + ` V5 ⟶ 2%` C5

(1-14)

Where ` V5 and 2%` C5 represents the deprotonated and calcium-bound forms of the
chelator, respectively. The equilibrium constant expression and stability constant for this
equation is defined as:
_+ = &1b(

c)

[+ e SX ]

= &1b d[+

Sf ][e gX ]

h

(1-15)

33
While this is a useful expression, it is difficult to experimentally determine the values on
the right side of the equation. This equation can be better expressed in terms of
determinable values by considering the four acid association constants of the chelator:
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represent the acid association constants for chelator species ` V5 ; these

values are the inverse of the respective acid dissociation constants (author’s note: this is
used for mathemathical ease). In addition, we also must consider that ` V5 is actually
representative of a mixture of different chelators (R4-, HR3-, H2R2-, H3R-, and H4R), where
the total concentration of the unbound form of the chelator is:
[`]
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represents the total chelator in solution and [2%` C5 ] represents the most

commonly-bound form of the chelator (here, we are considering only monodentate
chelation).
With the above equations, we can rewrite the stability constant expression (_+ )
from 1-15 to predict the concentration of free calcium and bound calcium, given
\V

\6

to

(Equations 1-16 to 1-19), specifically for ` V5 , which binds Ca2+ strongest of the

available species. This new stability constant is represented by _′+ , formulated by
multiplying 1-15 by

[e]

[e gX ]
" 5[+

e SX ]

, which corrects for the amount of Ca2+ bound by the

other chelator species present. This is shown in Equation 1-21:
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to substitute for [`]
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, and the right side of Equation 1-21 and be used
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Like Equation 1-15, it is difficult to know the concentrations of [` V5 ], [ ` M5 ], etc., but
by substituting each of these using the acid association constants (Equations 1-16 to 1-19),
this equation can be solved. This is shown below for each protonation state of the chelator
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Equations 1-23 through 1-26 are then substituted into Equation 1-22, yielding:
_′+ = _+ ×
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, we reach the final expression:
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Here, _+ and

\65\V

are known through experimentation (the former typically reported

in the literature as the best chelation potential of a particular molecule), and since one can
experimentally control [

;

], _′+ can be reliably predicted for a number of chelators as a

function of pH. In addition, ionic strength and temperature variances can also be accounted
for. We can then calculate the concentration of unbound Ca2+ (or [2%C; ]oH ) in solution
using the quadratic equation shown in 1-29:
([2%C; ]oH )C + p[`]
Where [2%C; ]

− [2%C; ]

+

[2%C; ]
1
r × ([2%C; ]oH ) −
_′+
_s+

=0

is the total concentration of calcium added to the solution. As we have

firmly established that calcium-lipid interactions have to be minimized to retain droplet
size control (Chapter 1.4.2.2), it is imperative that the correct chelator and pH conditions
are chosen. This topic is covered in detail in Chapters 4 and 5.

1.6 Chapter Overviews
In this introduction, I described the properties of ATPS and LUVs towards the
formation of artificial CaCO3 microreactors. In Chapters 2-5, I will detail the research used
to actually generate these microreactor systems. Specifically, Chapter 2 entails metal cation
partitioning in PEG/Dx ATPS and compartmentalization control using the polyanion
dextran sulfate. Localized CaCO3 was evidenced here using the addition method of
precipitation (see 1.3.2.2), but was ultimately not used for future experiments. Chapter 3
details the localized precipitation of CaCO3 in a PEG/Dx ATPS by compartmentalization
of urease into the Dx-rich phase. Chapter 4 describes the formation of the LUV-stabilized
ATPS microcompartments, where Ca2+ was chelated by different carboxylic acids to vary
Ca2+-lipid interactions and control the amount of CaCO3 precipitation inside the
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microcompartments. Chapter 5 also utilizes this same system but also included the
polymeric Ca2+ chelator poly(aspartic acid) (PAA), which formed a PAA-rich phase inside
the ATPS microcompartment when Ca2+ was present, and precipitated entirely amorphous
CaCO3 using the enzyme precipitation method. Chapter 6 briefly summarizes the results
of Chapters 2-5 and discusses future directions that could be taken with this system in the
research area of biomineralization mimicry.
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Chapter 2
Metal Ion Partitioning and Localized Calcium Carbonate Precipitation in an
Aqueous Two Phase System through Electrostatic Partitioning

2.1 Introduction
Cells contain an array of charged macromolecules and structures that provide an
electrostatic means of localizing cellular processes through electrostatic forces.1-4 In
particular, these charged macromolecules can localize the concentration of metal ions
within the cytoplasm, which may play an important role in regulating the activity of various
biological processes that require these ions to function.1-4 The localization of cations has
been studied in various organisms, where in some cases cation concentration gradients can
assist in cell function.2-7 However, study of the cytoplasmic phenomena that cause this
localization is difficult due to the highly complex nature of the cytoplasm itself.8-12 In
contrast to working with live cells, here we have generated a cytoplasm mimic that contains
many of the properties of the actual cytoplasm such as macromolecular crowding, phase
separation, and compartmentalization of added species.13-20 This cytoplasm mimic is
composed of an aqueous two-phase system (ATPS) of poly(ethylene glycol) (PEG) and
dextran (Dx), which form an upper PEG-rich phase and a bottom Dx-rich phase based on
differences in polymer density.21-24 Species added to an ATPS can partition between the
polymer-rich phases, which is quantified by the partition coefficient (K or log(K)), as
described by Equation 2-1:
=
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Where [#$%&'()]}~•5H €• and [#$%&'()]‚

5H €•

represent the analyte concentration in the

PEG-rich and Dx-rich phases, respectively. ATPS have been of interest due to their ability
to compartmentalize biologically-relevant molecules such as DNA, RNA, or proteins in a
cytoplasm-like environment.21-28 While the partitioning of metal cations has been
previously investigated, these studies are always performed in ATPS composed of at least
one polyelectrolyte or salt phase to cause partitioning through electrostatic attraction or
repulsion.21,22,29-35 Here, we used neutral ATPS polymers (PEG/Dx), where the partitioning
of cations would be relatively unperturbed by electrostatics. To this neutral ATPS, we
introduced the polyanion dextran sulfate (DxS) as an additive, which influenced the
partitioning of metal ions significantly, causing increased compartmentalizion based on the
ion charge, total ionic strength, and concentration of DxS.
To determine the feasibility of performing biologically relevant localized reactions
within this cation compartmentalized ATPS, we performed calcium carbonate (CaCO3)
precipitation through addition of sodium carbonate to the polymer-rich phases.36-39 When
DxS was present and calcium was localized, CaCO3 was observed mainly in the Dx-rich
phase. In contrast, the absence of DxS resulted in CaCO3 precipitation in both of the
polymer-rich phases about equally.
It was our goal here to design an ATPS that was capable of performing biologicallyrelevant reactions that rely on metal ions, which by the addition of a polyanion was
localized to one of the polymer-rich phases. Although we were able to determine the extent
of metal ion portioning in both neutral ATPS and ATPS with DxS, as well as some
localized activity via CaCO3 partitioning, due to limitations of the system we chose not to
pursue this method of reaction localization for later research (see Chapters 3-5. Still, this
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research underscores the impact that low concentrations of polyanions can have on the
local concentrations of otherwise homogeneously distributed ions, which may play an
important role in the functioning of cells.

2.2 Results and Discussion
To determine a baseline of metal ion partitioning in neutral ATPS, we formulated
ATPS composed of 10%/10% w/w PEG 8 kDa/Dx 10 kDa solvated with solutions of one
of the following: 20 mM K+, 6.67 mM Mg2+, Ca2+, Cu2+ or 3.33 mM Fe3+. These
concentrations of ions were chosen to keep the overall ionic strength constant at 20 mM.
Through atomic absorption spectroscopy (AAS), the partitioning of each metal species was
independently determined, as shown in Table 2-1. We found that all of the metals
partitioned about equally between the polymer phases, with the exception of Fe3+, which
concentrated into the Dx-rich phase about 3.5 times over the PEG-rich phase. The non-Fe3+
results were expected as neither of the PEG/Dx polymers have a formal charge and no
strong electrostatic forces were present between polymers and cations, so a partition
coefficient of near equivalence for these species is rational. The exception of Fe3+
partitioning can be explained by well-studied Fe-Dx complexes that form naturally in
solution.40-43
Following the results of Table 2-1 and Figure 2-1, we then determined the effect of
ionic strength on metal ion partitioning by solvating 10%/10% PEG 8kDa / Dx 500 kDa
ATPS with a background of either 20 mM of K+ or Mg2+, using additional NaCl to increase
ionic strength, and analyzing the ATPS phases with AAS as shown in Figure 2-1. Again,
despite the significant change in ionic strength (exceeding 500 mM), K+ and Mg2+
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partitioned about equally between the phases. This is again attributed to the neutrallycharged polymers not exerting any particularly large force on the ions to result in
partitioning.

Table 2-1. Partitioning of various metal cations at 20 mM ionic strength in a 10%/10%
PEG 8 kDa/Dx 10 kDa ATPS.
Metal ion
Log(K)
Partitioning Extent
(1/K)
+
20 mM K
-0.044 ± 0.006
1.10x into Dx
6.67 mM Mg2+
-0.018 ± 0.005
1.04x into Dx
2+
6.67 mM Ca
-0.051 ± 0.007
1.12x into Dx
-0.071 ± 0.006
1.17x into Dx
6.67 mM Cu2+
3+
3.33 mM Fe
-0.546 ± 0.035
3.52x into Dx

Figure 2-1. Partitioning of 20 mM K+ and Mg2+ in 10%/10% w/w PEG 8 kDa/Dx 500 kDa
ATPS with additional NaCl added as part of the solvent to increase ionic strength. Lines
between points included to guide the eye.

To survey the extent of cation partitioning that can occur in the presence of added
DxS, 10%/10% PEG 8 kDa/ Dx 10 or 500 kDa ATPS were solvated with 6.67 mM Mg2+
and varying concentrations of either 5 or 500 kDa DxS, and the resultant phases analyzed
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via AAS as shown in Figure 2-2. In stark contrast to Figure 2-1 and Table 2-1, here we
observe Mg2+ partitioning far from unity upon the addition of DxS, with DxS 500 kDa
causing a much greater partitioning effect than DxS 5 kDa. This is likely caused by DxS
partitioning itself, as larger macromolecules tend to partition more strongly than smaller
macromolecules. The amount of DxS added to the ATPS was critical to the magnitude of
Mg2+ partitioning, where a partitioning optimum was found to be 0.5% w/w added DxS
(either 5 or 500 kDa). We theorize that this optimum is directly related to a balance between
the DxS, the metal ion concentration and total ionic strength due to DxS partitioning into
the Dx-rich phase.35 As the ionic strength increases past this optimum, higher charge
screening

decreases

electrostatic

attraction,

resulting

in

lower

metal

ion

compartmentalization. Addition of >3% w/w DxS results in the formation of a third DxSrich aqueous phase due to increased ionic strength and slight structural differences between
Dx and DxS.21, 23 Although this third DxS-rich is of interest, here we are only concerned
with understanding metal ion partioning within an ATPS, and so these experiments will
stay within the 0-3% w/w added DxS boundaries. Combining these results, we deduced
that the optimal ATPS with DxS for partitioning with a divalent ion was a 10%/10% PEG
w/w 8 kDa/Dx 10 kDa with an additional 0.5% w/w DxS 500 kDa. We then determined
the effect of ionic strength on metal ion partitioning (similar to Figure 2-1; here no NaCl
was used) in this ATPS by varying the Mg2+ concentration between 83.3 µM and 20 mM
via MgCl2, as shown in Figure 2-3. Again a trend was found with the optimal ionic strength
at 6.67 mM Mg2+, likely due to similar phenomena as discussed for those observed in
Figure 2-2. Regardless, as compared to an ATPS without DxS, here we have a system with
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effective metal ion-rich and poor phases, due to DxS partitioning and electrostatic
attraction between DxS and the metal cation.

Figure 2-2. Partitioning of 6.67 mM Mg2+ in 10%/10% PEG 8 kDa /10% Dx 10 or 500
kDa with increasing concentrations (0-3% w/w) of DxS 5 or 500 kDa. Lines between points
included to guide the eye.

Figure 2-3. Partitioning of varying concentrations of MgCl2 in a 10%/10%/0.5% w/w PEG
8/Dx 10/ DxS 500 kDa ATPS. Points after this concentration caused A3PS to be formed.
Lines between points included to guide the eye.
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To determine if this partitioning increase via electrostatic attraction was ion
specific, solutions of 20 mM ionic strength equivalence of K+, Ca2+, Mg2+, Cu2+ and Fe3+
were used (separately) to solvate 10%/10% w/w PEG 8 kDa/Dx 10 kDa ATPS, and the
amount of DxS 500 kDa was increased incrementally between 0-3% w/w, similar to Figure
2-2. The partitioning of each metal ion over this DxS concentration range is shown in
Figure 2-4. There appeared to be a partitioning effect based on the ion charge, where ions
with higher charge compartmentalized into the Dx-rich phase with greater propensity. The
three divalent ions (Ca2+, Mg2+ and Cu2+) all partitioned approximately equally into the
Dx-rich phase. All of these trends lend credence that this attractive partitioning force is
electrostatic rather than ion-specific binding (except in the case of Fe3+), as even small
differences in charge density between the divalent ions would have resulted in significantly
different partitioning maximums. The partitioning of each ion in each ATPS at their
respective best partitioning values are given in Table 2-2.
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Figure 2-4. Partitioning of 20 mM K+, 6.67 mM Ca2+, Cu2+, Mg2+ or 3.33 mM Fe3+ in
10%/10% w/w PEG 8 kDa / Dx 10 kDa ATPS with varying concentrations (0-3% w/w) of
added DxS 500 kDa. Trend lines stopped at 1% w/w for Fe3+ as an A3PS was formed.
Lines between points included to guide the eye.

Table 2-2. Partitioning of various metal ions in 10%/10% PEG 8 kDa/Dx 10 kDa ATPS
with optimal concentrations of added DxS 500 kDa.
Metal ion
% w/w DxS needed for
Log(K) at
Partitioning Extent
partitioning optimum
partitioning optimum
(1/K)
+
K
1.1
-0.90 ± 0.01
8.10x into Dx
Ca2+
0.4
-1.46 ± 0.01
28.87x into Dx
0.5
-1.37 ± 0.01
23.69x into Dx
Cu2+
Mg2+
0.5
-1.37 ± 0.01
23.42x into Dx
3+
Fe
0.3
-1.98 ± 0.01
96.64x into Dx

We have established that metal ion partitioning can be shifted from equality
towards favoring the Dx-rich phase through the addition DxS, especially DxS 500 kDa. In
the case of Ca2+, the extent of partitioning increases from 1.12x to 28.87x into the Dx-rich
phase upon addition of 0.4% w/w DxS 500 kDa. Therefore, if CaCO3 was precipitated via
addition of a carbonate source, precipitation should be mainly compartmentalized to the
Dx-rich phase of the DxS-containing ATPS. To test this, ATPS was formulated using 15
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mM Ca2+ in either the presence or absence of 0.4% w/w DxS 500 kDa. Here, the higher
Ca2+ concentration was used to ensure that the non-DxS ATPS included sufficient Ca2+ in
each polymer-rich phase to induce CaCO3 precipitation. Without DxS, the Ca2+
concentrations were 16.6 ± 0.1 and 15.2 ± 0.7 mM in the PEG-rich and Dx-rich ATPS
phases and 3.6 ± 0.1 and 45.7 ± 1.2 mM Ca2+ in those phases when 0.5% w/w DxS 500
kDa was present. This corresponds to partition coefficients of logK = 0.037 ± 0.022 and 1.128 ± 0.024 without and with DxS, respectively. This shows two distinctly different
ATPS, one with compartmentalized calcium and one without.
The polymer-rich phases were physically separated and 60 mM Na2CO3 was added
to each phase to initiate CaCO3 precipitation, as shown in darkfield images in Figure 2-5.
Phases were separated before precipitation to discount Na2CO3 partitioning and CaCO3
settling post-precipitation. Here, we observed significantly greater proportion of CaCO3
precipitation in the Dx-rich phase as compared to the PEG-rich phase, which confirmed
that precipitation was localized in an ATPS containing DxS. In addition, the CaCO3
precipitates in the Dx-rich phase was much larger and had more well-defined crystalline
edges than the particles in the PEG-rich phase, indicating that precipitate growth in the Dxrich phase was more rapid.44-46 In contrast, in the ATPS without DxS the relative quantity,
size, and morphology of CaCO3 precipitates were about equal between the two phases.
This research shows that metal ions can be partitioned in a PEG/Dx ATPS through
introduction of a polyanion, and that those compartmentalized ions can then be used in
further reactions.
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Figure 2-5. Optical microscopy images of CaCO3 precipitates in PEG-rich (top row) and
Dx-rich (bottom row) phases of ATPS without (left column) and with (right column) 0.5%
w/w DxS 500 kDa added. Scale bars = 50 µm.

2.3 Conclusions
We have shown that partitioning of various metal ions can be controlled in a
PEG/Dx ATPS through the addition of DxS, which partitions to the Dx-rich phase and
influences partitioning via electrostatic attraction. The optimal polymer conditions for
influencing divalent cation partitioning were found to be the use of Dx 10 kDa and ~0.5%
w/w DxS 500 kDa. By adding Na2CO3 to each of the polymer-rich phases of an ATPS
containing Ca2+ and DxS, CaCO3 precipitation was highly (but not entirely)
compartmentalized to the Dx-rich phase, while an identical reaction performed in an ATPS
without DxS resulted in no CaCO3 compartmentalization.
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Although compartmentalization of metal ions and CaCO3 precipitation was
effective using this optimized DxS addition procedure, this system was subject to a number
of limitations that prevented further investigation. Primarily, the extent of metal cation
partitioning was dependent on the total ionic strength, where increasing the ionic strength
correlated to a decrease in cation partitioning, eventually leading to three-phase formation.
As the actual cytoplasm contains an ionic strength exceeding 150 mM, this ATPS system
is not ideal for use as a cytoplasm mimic.1, 2 Additionally, although CaCO3 precipitation
was localized to the Dx-rich phase, sufficient quantities of precipitate were found in the
PEG-rich phase, necessitating a new methodology for localized precipitation or biological
activity. In the future, a different means of precipitation independent of ionic strength will
be used (see Chapters 3-5) to increase CaCO3 localization within one of the polymer-rich
phases.

2.4 Materials and Methods
2.4.1 Materials
Sodium chloride, magnesium chloride hexahydrate, potassium chloride, iron(III)
nitrate nonahydrate, anhydrous copper(II) chloride, calcium chloride dihydrate, sodium
carbonate, poly(ethylene glycol) 8 kDa, dextran 10 and 500 kDa, and sodium dextran
sulfate 5 and 500 kDa were purchased from Sigma Chemical Co. (St. Louis, MO).
Deionized water of resistivity ≥ 18.2 MΩ was obtained from a Barnstead NANOpure
Diamond unit (Van Nuys, CA) and used for all experiments.
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2.4.2 Instrumentation
All atomic absorption spectroscopy measurements were performed using a Varian
220 FS (Palo Alto, CA) flame furnace with SpectrAA software, utilizing an air/acetylene
input pressures of 42 and 8 PSI, respectively. Measurement of potassium, calcium,
magnesium, copper and iron concentrations were determined using Varian K, Ca/Mg, Cu,
or Fe hollow cathode lamps at, respectively, 404.4, 422.7, 324.8 and 372.0 nm wavelength
all with 0.5 nm slit width and 7 mA input current. Darkfield images were acquired on an
Olympus BX51 microscope (Tokyo, Japan) using a 20x 0.5 NA air objective with darkfield
optics with a Jenopik ProgRes CFscan camera (Rochester, NY) and Fluoview software.

2.4.3 ATPS formulation and sample analysis
A 20 g ATPS was made by dissolving 2 g of PEG 8 kDa and 2 g of Dx 10 or 500
kDa in 16 g DI H2O, for a final formulation of 10%/10% w/w PEG 8 kDa/Dx 10 or 500
kDa. The mixture was stirred in a 20 mL glass vial at 37 °C for at least two hours to fully
dissolve the polymers. In addition, DxS was added to the ATPS, where an equivalent
weight of solvent was first subtracted to account for additional weight of DxS. The DI
water solvent could also be replaced by solutions of various metal ions (KCl, MgCl2 •
6H2O, CaCl2 • 2H2O, CuCl2 or Fe(NO3)3 • 9H2O) at desired concentrations, and the ionic
strength varied by adding sodium chloride or varying the metal ion concentration.
Regardless, the resulting mixed ATPS was allowed to fully phase separate overnight at 5
°C and then warm to room temperature before being used. Aliquots of the PEG-rich and
Dx-rich phases were taken carefully via pipette and diluted as necessary into DI H2O for
atomic absorption analysis. For each of the metal ions used, an independent 7-point
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calibration curve was performed, resulting in R2 values of >0.99; all samples were
performed in triplicate.

2.4.4 CaCO3 precipitation and darkfield imaging
A 20 g ATPS at 10%/10% w/w PEG 8 kDa/Dx 10 kDa solvated in 15 mM CaCl2 •
2H2O with and without an additional 0.4% w/w DxS 500 kDa was formulated as described
above, and the resulting mixed ATPS was allowed to fully phase separate overnight at 5
°C and warm to room temperature before being used. 1 mL aliquots of each of the polymerrich phases were extracted via pipette and placed into centrifuge tubes, and Na2CO3 from
a 2M stock solution was added to a final concentration of 60 mM Na2CO3. The tubes were
vortexed gently for an hour, centrifuged at 12,600 × g, the liquid removed via pipette and
the CaCO3 pellet resuspended with 1 mL DI H2O. A 100 µL aliquot was placed on a glass
cover slip with a 150 µL capacity silicone spacer, and another cover slip placed on top to
seal the sample. Darkfield images of precipitates from each of the polymer-rich phases
were taken to compare the relative proportion of CaCO3 compartmentalization through
Ca2+ partitioning caused by the presence of DxS.

2.5 References
1. Alberts, B.; Bray, D.; Lewis, J.; Raff, M.; Roberts, K.; Watson, J. D., Molecular Biology
of the Cell. 3rd ed.; Taylor & Francis Group: New York, 1994.
2. da Silva, J. J. R. F.; Williams, R. J. P., The Biological Chemistry of the Elements.
Clarendon Press: Oxford, 1991.

63
3. Jones, L. S.; Yazzle, B.; Middaugh, C. R., Polyanions and the proteome. Mol. Cell.
Proteom. 2004, 3, 746-769.
4. Cayley, S.; Lewis, B. A.; Guttman, H. J.; Record, M. T., Jr., Characterization of the
cytoplasm of Escheichia coli K-12 as a function of external osmolarity. Implications for
protein-DNA interactions in vivo. J. Mol. Biol. 1991, 222, 281-300.
5. Gerasimenko, J. V.; Tepikin, A. V.; Petersen, O. H.; Gerasimenko, O. V., Calcium
uptake via endocytosis with rapid release from acidfying endosomes. Curr. Biol. 1998, 8,
1335-1338.
6. Wymer, C. L.; Bibikova, T. N.; Gilroy, S., Cytoplasmic free calcium distributions during
the development of root hairs of Arabidopsis thaliana. Plant J. 1997, 12 (2), 427-439.
7. Tucker, T.; Fettiplace, R., Confocal imaging of calcium microdomains and calcium
extrusion in turtle hair cells. Neuron 1995, 15 (1323-1335).
8. Luby-Phelps, K., Physical properties of the cytoplasm. Current Opinions in Cell Biology
1994, 6, 3-9.
9. Luby-Phelps, K., Cytoarchitecture and physical properties of the cytoplasm: volume,
viscosity, diffusion, intracellular surface area. Academic Press: San Diego, CA, 2000.
10. Ovadi, J.; Saks, V., On the origin of intracellular compartmentation and organized
metabolic systems. Mole. Cell. Biochem. 2004, 256/257, 5-12.
11. Dreamer, D., A giant step towards artificial life? TRENDS Biotechnol. 2005, 23 (7),
336-338.
12. Spitzer, J.; Poolman, B., The role of biomacromolecular crowding, ionic strength, and
physiochemical gradients in the complexities of life's emergence. Microbiol. Mol. Biol.
Rev. 2009, 73 (2), 371-388.

64
13. Ellis, R. J., Macromolecular crowding: obvious but underappreciated. TRENDS
Biochem. Sci. 2001, 26 (10), 597-604.
14. Pielak, G., A model of intracellular organization. Proc. Nat. Acad. Sci. USA 2005, 102
(17), 5901-5902.
15. Fulton, A. B., How crowded is the cytoplasm? Cell 1982, 30, 345-347.
16. Zimmerman, S. B.; Minton, A. P., Macromolecular crowding: biochemical,
biophysical, and physiological consequences. Annu. Rev. Biophys. Biomol. Struct. 1993,
22 (27-65).
17. Minton, A. P., Models for exclused volume interaction between an unfolded protein
and rigid macromolecular cosolutes: macromolecular crowding and protein stability
revisited. Biophys. J. 2005, 88, 971-985.
18. Hyman, A.; Brangwynne, C. P., Beyond stereospecificity: liquids and mesoscale
organization of the cytoplasm. Develop. Cell 2011, 21 (15-16).
19. Walter, H.; Brooks, D. E., Phase separation in cytoplasm, due to macromolecular
crowding, is the basis for microcompartmentation. FEBS Lett. 1995, 361, 135-139.
20. Brangwynne, C. P., Soft active aggregates: mechanics, dynamics and self-assembly of
liquid-like intracellular protein bodies. Soft Matter 2011, 7, 3052-3059.
21. Albertsson, P.-A., Partition of Cell Particles and Macromolecules. Almquist &
Wiksells: Uppsala, 1960.
22. Rogers, R. D.; Eiteman, M. A., Aqueous Biphasic Separations: Biomolecules to Metal
Ions. Plenum Press: New York, 1995.
23. Zaslavsky, B. Y., Aqueous Two-Phase Partitioning: Physical Chemistry and
Bioanalytical Applications. Marcel Dekker, Inc.: New York, 1995.

65
24. Hatti-Kaul, R., Aqueous Two-Phase Systems: Methods and Protocols. Humana Press:
New Jersey, 2000.
25. Long, M. S.; Keating, C. D., Nanoparticle conjugation increases protein partitioning in
aqueous two-phase systems. Anal. Chem. 2006, 78 (2), 379-386.
26. Tjerneld, F.; Johansson, H.-O., Compartmentalization of enzymes and distribution of
products in aqueous two-phase systems. Int. Rev. Cytol. 2000, 192, 137-151.
27. Sasakawa, S.; Walter, H., Partition behavior of native proteins in aqueous dextranpoly(ethylene glycol)-phase systems. Biochemistry 1972, 11 (15), 2760-2765.
28. Strulson, C. A.; Molden, R. C.; Keating, C. D.; Bevilacqua, P. C., RNA catalysis
through compartmentalization. Nature Chem. 2012, 4, 941-946.
29. Rodrigues, G. D.; da Silva, M. C. H.; da Silva, L. H. M.; Paggioli, F. J.; Minim, L. A.;
Coimbra, J. S. R., Liquid-liquid extraction of metal ions without use of organic solvent.
Sep. Purif. Technol. 2008, 62, 687-693.
30. Wang, Z.-H.; Zeng, Y.; Ma, H.-M.; Liant, S.-C., Two-phase aqueous extraction of
copper(II) and its application to speciation analysis of serum copper. Microchem. J. 1998,
60, 143-152.
31. Bulgariu, L.; Bulgariu, D., Extraction of metal ions in aqeuous polyethylene glycolinorganic salt two-phase systems in the presence of inorganic extractants: correlation
between extraction behavior and stability constants of extracted species. J. Chromatogr. A
2008, 1196-1197 (117-124).
32. Rodrigues, G. D.; de Lemos, L. R.; da Silva, L. H. M.; da Silva, J. J. R. F., Application
of hydrophobic extractant in aqueous two-phase systems for selective extraction of cobalt,
nickel and cadmium. J. Chromatogr. A 2013, 1279, 13-19.

66
33. Bulgariu, L.; Bulgariu, D., The partition behavior of Zn(II) using halide ions extractants
in aqueous PEG-based two-phase systems. Sep. Sci. Technol. 2007, 42, 1093-1106.
34. Bulgariu, L.; Bulgariu, D.; Sarghie, I.; Malutan, T., Cd(II) extraction in PEG-based
two-phase aqueous systems in the presence of iodide ions. Analysis of PEG-rich solid
phases. Cent. Eur. J. Chem. 2007, 5 (1), 291-302.
35. Sivars, U.; Bergfeldt, K.; Piculell, L.; Tjerneld, F., Protein partitioning in weakly
charged polymer-surfactant aqueous two-phase systems. J. Chromatogr. B 1996, 680, 4353.
36. Sarkar, A.; Mahaparta, S., Synthesis of all crystalline phases of anhydrous calcium
carbonate. Cryst. Growth. Des. 2010, 2010, 2129-2135.
37. Wang, Y.-W.; Kim, Y.-Y.; Stephens, C. J.; Meldrum, F. C.; Christenson, H. K., In situ
study of the precipitation and crystallization of amorphous calcium carbonate (ACC).
Cryst. Growth. Des. 2012, 12, 1212-1217.
38. Naka, K.; Chujo, Y., Control of crystal nucleation and growth of calcium carbonate by
synthetic substrates. Chem. Mater. 2001, 13, 3245-3259.
39. Yao, Y.; Dong, W.; Zhu, S.; Yu, X.; Yan, D., Novel morphology of calcium carbonate
controlled by poly(L-lysine). Langmuir 2009, 25, 13238-13243.
40. Ricketts, C. R.; Cox, J. S. G.; Fitzmaurice, C.; Moss, G. F., The iron dextran complex.
Nature 1965, 208 (5007), 237-239.
41. Graczykowski, B.; Dobek, A., Iron-dextran complex: geometrical structure and
magneto-optical features. J. Colloid Interface Sci. 2011, 363, 551-556.
42. Coe, E. M.; Bereman, R. D.; Monte, W. T., An investigation into the size of an iron
dextran complex. J. Inorganic Biochem. 1995, 60, 149-153.

67
43. Coe, E. M.; Bowen, L. H.; Bereman, R. D.; Speer, J. A.; Monte, W. T.; Scaggs, L., A
study of an iron dextran complex by mossbauer spectroscopy and x-ray diffraction. J.
Inorganic Biochem. 1995, 57, 63-71.
44. Vagenas, N. V.; Gatsouli, A.; Kontoyannis, C. G., Quantitative analysis of synthetic
calcium carbonate polymorphs using FT-IR spectroscopy. Talanta 2003, 59 (4), 831-836.
45. Andersen, F. A.; Brecevic, L., Infrared spectra of amorphous and crystalline calcium
carbonate. Acta Chem. Scand. 1991, 45, 1018-1024.
46. Nancollas, G. H.; Reddy, M. M., The crystallization of calcium carbonate. II. Calcite
growth mechanism. J. Colloid Interface Sci. 1971, 37 (4), 824-830.

68

Chapter 3
Biocatalyzed Mineralization in an Aqueous Two-Phase System: Effect of
Background Polymers and Enzyme Partitioning

Reproduced with permission from Cacace, D.N.; Keating, C.D. “Biocatalyzed
mineralization in an aqueous two-phase system: Effect of background polymers and
enzyme partitioning” Journal of Materials Chemistry B 2013, 1, 1794-1803. Copyright
2013 The Royal Society of Chemistry. (http://pubs.rsc.org/en/content/articlepdf/2013/tb
/c3tb00550j)

3.1 Introduction
Living organisms produce inorganic materials of striking beauty and powerful
functionality by directing biomineralization through interactions with organic components
that include templating, localized reagent availability, and compartmentalization.1-6 The
formation of minerals in living organisms occurs in microenvironments crowded with
proteins and other biomolecules.

The high combined concentration of these

macromolecules, termed “macromolecular crowding”,7-9 leads to excluded volume and
other effects that can substantially change the thermodynamics and kinetics of biochemical
processes. Specific organic molecules are thought to play important roles in the process by
templating deposition and interacting with the growing minerals, and much attention has
been focused on these molecules.1-6

In contrast, the possible role of nonspecific

“background” molecules in mineralization has not been explored despite known
intracellular macromolecule concentrations on order of 30 wt%.7-9 Even weak, nonspecific
interactions between these background macromolecules and the mineral surface might be
expected to impact growth and/or impede the specific interactions of mineralization-
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directing peptides or other molecules present at relatively low concentrations.1-6 Aqueous
phase separation due to macromolecular crowding is also possible under these conditions
and could provide a mechanism for subcellular reaction compartmentalization by enzyme
partitioning even in the absence of membranous organelles. 10-12
Here, we explore CaCO3 mineralization in an aqueous two-phase system (ATPS)
as a first step towards understanding the possible effects of “background” macromolecules
and phase compartmentalization on biocatalyzed mineralization. The nonionic polymers
polyethylene glycol (PEG, 8 kDa) and dextran (Dx, 10 kDa) form an ATPS consisting of
an upper PEG-rich phase and a lower Dx-rich phase.13,14 Both phases provide
macromolecular crowding conditions, with similar total polymer weight percents as those
found in cytoplasm.8,10 These polymers were chosen for three reasons: (1) they have been
extensively used as crowding agents in biochemical studies8,9, (2) neither polymer interacts
strongly with Ca2+ or CaCO315, allowing them to be considered as “background”
macromolecules as opposed to specific mineralization-directing reagents such as aspartic
acid-rich peptides6,16, and (3) the phase behavior of these polymers in aqueous solution is
well characterized13,14. PEG/Dx ATPS systems are commonly used in bioseparations13,14,17
and have been explored as both a synthetic cytoplasm in artificial cells18,19 and a primitive
model for precellular compartmentalization20. Proteins and enzymes typically partition into
the Dx-rich phase of PEG/Dx ATPS and retain their activity13,14,17, while small molecules
and metal cations such as Ca2+ are uniformly distributed between the phases.14 Based on
polymer structural considerations and prior work where these PEG or Dx polymers were
used as additives in CaCO3 mineralization, neither polymer is expected to interact strongly
with Ca2+ or CaCO3.15
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Repeated phase separation could provide an explanation for the intricate,
hierarchical shapes adopted by many biogenic minerals.21-23 Although not in the context of
mineralization, aqueous phase compartments have been identified in living cells.24 Hence,
one goal of our study was to determine whether spatially localized bioactivity in such phase
compartments could lead to localized mineral formation. To address this, we took
advantage of the partitioning of an enzyme, urease,25 into the Dx-rich phase of a PEG/Dx
ATPS. Urease catalyzes CaCO3 mineralization indirectly by producing CO32– upon
hydrolysis of its substrate, urea.26 This reaction has been used previously for CaCO3
mineralization in uniform solutions as well as in microcapsules and thin films.26, 27 Enzyme
partitioning in ATPS is a well-known phenomenon and used routinely for bioseparations.
Biocatalytic reactions performed in PEG/Dx or PEG/salt ATPS also have biotechnological
applications, providing an alternative to enzyme immobilization in extractive
bioconversions, for example of cellulose to low molecular weight sugars.17,28 These
systems have not, to our knowledge, been explored previously as a structured medium for
mineralization.
CaCO3 was chosen for investigation because it is the most common biogenic
mineral and its synthesis has been extensively studied both in vivo and in vitro.3,4,6,29
Previous biomimetic approaches to CaCO3 formation have focused particular attention on
polymeric additives that mimic the biomolecules involved in nucleation and controlled
growth. 30-34 For example, polyanions such as poly(aspartic acid) chelate Ca2+ and bind to
the surface of CaCO3 minerals.6,16,31 Such polyanions have been implicated in a polymerinduced liquid precursor (PILP) process, where droplets rich in Ca2+ and poly(aspartic acid)
form amorphous calcium carbonate (ACC) that converts to crystalline CaCO3.6,16,35 These
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differ from the nonionic PEG and Dx polymers used in this work in that they generally
bind to Ca2+ and/or CaCO3 and are added at much lower concentrations. We hypothesize
that the intracellular environment contains both types of macromolecules: specific peptides
that help nucleate and direct mineral growth operating in a milieu of much higher
concentrations of “background” macromolecules that act as volume excluders and provide
nonmembranous compartments into which reactions can be localized. This manuscript
describes experiments to explore mineralization in the presence of background molecules
and whether the site of mineralization can be controlled by partitioning of a biocatalyst in
an ATPS.

3.2 Results and Discussion
In order to facilitate quantification, we performed most experiments on bulk (≥1
mL volume) samples that, after an initial mixing step to initiate the reaction and a brief
spin to separate the phases, were left undisturbed during reaction. Due to the viscosity of
the phases, the relatively small contact area between them, and the possible accumulation
of mineral at the interface, re-equilibration of reactants was slow compared to the timescale
of the reaction. This allowed us to sample each phase for separate quantification of urea,
Ca2+(aq), and CaCO3(s) during the course of the reaction.

3.2.1 ATPS composition
All ATPS used in this work were prepared from stock ATPS of composition 10%
PEG 8 kDa, 10% Dx 10 kDa in 10 mM pH 7.4 Tris buffer (all % are wt/wt). The PEGrich top phase of the stock ATPS had nearly 3x larger volume as compared to the Dx-rich
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bottom phase. The Dx-rich phase had a substantially higher total polymer content (2.7%
PEG and 29% Dx) than the PEG-rich phase (13% PEG and 4% Dx), and was approximately
twice as viscous (23.51 ± 0.53 and 11.48 ± 0.15 cP for Dx-rich and PEG-rich phases,
respectively).

From this stock ATPS, aliquots of each phase were extracted and

recombined in desired volume ratios for the experiments described below (VDx: VPEG of
1:1, 1:3, and 1:9); this ensured that each of the new ATPS compositions fell on the same
tie line and hence allowed us to vary the relative size of the two phases without changing
the composition of either phase.14b,18,20 Experimentally determined polymer compositions
showed little difference in phase composition between the three volume ratios (ca. 1 w/w
% or less; see Table 3-1).
Table 3-1: Experimentally-determined PEG and Dx concentrations in the PEG-rich and
Dx-rich phases of ATPS used in this work.
PEG-rich phase composition

Dx-rich phase composition

VDx: VPEG
[PEG] (w/w %)

[Dx] (w/w %)

[PEG] (w/w %)

[Dx] (w/w %)

1:1

12.94 ± 0.01

4.12 ± 0.01

2.68 ± 0.02

28.67 ± 0.02

1:3

13.34 ± 0.004

4.00 ± 0.01

2.65 ± 0.006

29.37 ± 0.01

1:9

13.56 ± 0.01

3.95 ± 0.01

2.71 ± 0.04

29.84 ± 0.03

3.2.2 Urease partitioning and concentration-dependence
Proteins generally accumulate in the Dx-rich phase of PEG/Dx ATPS, while small
molecules and ions often do not show a strong preference for one phase over the other.13,14
For the ATPS composition used here, the partitioning coefficient, K, for urease was 0.117
± 0.003, indicating a urease concentration 8.5 times higher in the Dx-rich phase than in the
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PEG-rich phase. Both urea and Ca2+ were uniformly distributed across both phases of the
ATPS (K = 1.00 ± 0.02 for urea and K = 1.08 ± 0.01 for Ca2+).
Figure 3-1 shows how the action of urease leads to CaCO3 precipitation, as
described for uniform aqueous solutions by Sondi and colleagues.26 Urea hydrolysis by the
enzyme releases ammonia and bicarbonate, which deprotonates to form bicarbonate and
carbonate ions, resulting in both a net pH increase and the precipitation of calcium
carbonate. Under the conditions used for this work, the rate of urea hydrolysis is sensitive
to urease concentration (Figure 3-2A).

Hydrolysis rates, and the effect of enzyme

concentration on rates were similar in PEG-rich phase, Dx-rich phase, and polymer-free
buffer solution, but somewhat slower in the polymer-rich phases. The separate PEG-rich
and Dx-rich phases used for this comparison were prepared by pipetting the desired phase
from an equilibrated ATPS and then placing the individual phases in separate containers
before adding urease. Because CaCO3 formation requires the CO32– produced by
hydrolysis, the rate of CaCO3 production also depends upon urease concentration (Figure
3-3). Figure 3-2B shows the effect of urease compartmentalization in the ATPS on the
CaCO3 precipitation reaction: precipitate is visible only in the Dx-rich phase of the ATPS.
The next sections describe quantification of the reaction, first as performed in ATPS with
equal phase volumes, followed by an investigation of the effect of the relative volumes of
the PEG-rich and Dx-rich phases.
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Figure 3-1. Precipitation of CaCO3 via urea hydrolysis by urease.

Figure 3-2. Effect of urease concentration on urea hydrolysis and urease-catalyzed
production of calcium carbonate. (A) Rate of urea hydrolysis as a function of enzyme
concentration; 30 mM initial urea concentration; reactions were unstirred. PEG-rich and
Dx-rich traces refer to reactions performed in these single-phase solutions, which were
prepared by removing aliquots from a stock ATPS prior to addition of urease. Traces
connecting the markers are included to guide the eye. (B) Photographs comparing CaCO3
precipitation in buffer and ATPS; CaCO3 formation is confined to the Dx-rich aqueous
phase of the ATPS, which contains a higher concentration of urease due to partitioning (30
and 270 µg/mL in the PEG-rich and Dx-rich phases, respectively).
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Figure 3-3. Calcium found as CaCO3 (in mol %) in solutions containing varying urease
after being exposed to 15 mM Ca2+ and 30 mM urea over 15 minutes while continuously
stirring in PEG-rich and Dx-rich phases extracted from ATPS.

3.2.3 Quantification of CaCO3 formation in ATPS with equal phase volumes.
Urease-catalyzed calcium carbonate precipitation was performed in an ATPS that
contained equal volumes of PEG-rich and Dx-rich phases (VDx: VPEG of 1:1). Urease was
added at an overall concentration of 3 mg (6.21 nmol) in 20 mL; partitioning gave urease
concentrations of 30.4 ± 2.9 and 269.5 ± 9.0 µg/mL in the PEG-rich and Dx-rich phases,
respectively. Reactions were initiated by addition of 20 mM Ca2+ and 30 mM urea, with
mixing. Samples were then briefly centrifuged to regenerate distinct top and bottom ATPS
phases and the reaction was allowed to proceed, with aliquots removed from each phase
for analysis at desired timepoints (see Methods). We found that although urea
concentration was initially the same in the two phases, it dropped to approximately half its
initial value in the Dx-rich phase during the course of the reaction, while remaining nearly
constant in the PEG-rich phase (Figure 3-4, upper panels). This indicated both that the

76
enzymatic reaction was occurring primarily in the Dx-rich phase, consistent with the
locally higher enzyme concentration, and that re-equilibration of urea between the phases
did not occur in this unmixed system on the timescale of the experiments. The
concentration of Ca2+ also remained nearly constant in the PEG-rich phase, while dropping
in the Dx-rich phase, suggesting that it was being converted to CaCO3(s) (Figure 3-4, lower
panels). At the final time point (20 min.), a significant difference in the amount of urea and
Ca2+ was observed between the aqueous phases: 43 mol % of urea and 31 mol % of the
available Ca2+ had been depleted by reaction in the Dx-rich phase, as compared to only 3
and 0.6 mol % in the PEG-rich phase, respectively. We note that if samples were mixed
during reaction, re-equilibration occurred and urea and Ca2+ concentrations dropped in both
phases, however quantification of the reaction progress in each phase was not possible.
CaCO3(s) was quantified by atomic absorption spectrometry for the precipitate
recovered when the aqueous solutions were spun down after being physically separated
(Figure 4, lower panels). These data indicate that CaCO3(s) appeared in the Dx-rich phase
as the local urea and Ca2+(aq) concentrations decreased. Because CaCO3(s) sediments, it is
possible that any CaCO3(s) that did form in the upper, PEG-rich phase could potentially
have settled into the lower, Dx-rich phase before aliquots were removed from the phases
for analysis. We therefore consider the urea and Ca2+(aq) quantification more reliable than
the CaCO3(s) results. The urea, Ca2+(aq) and CaCO3(s) data are all consistent with each
other, however, and all indicated that mineralization was confined to the Dx-rich phase of
the ATPS. We note that in Figure 3-4, there appears to be a slight loss of total Ca between
the start and end of the reaction (summed over all forms/phases); this small mass imbalance
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cannot be ascribed to sedimentation and probably arises due to CaCO3 particulates at the
ATPS interface, which is not sampled when aliquots are withdrawn from each phase.

Figure 3-4: Quantification of reaction performed in an ATPS with equal-volume PEG-rich
and Dx-rich aqueous phases. Reaction was initiated by addition of urea to a preequilibrated ATPS that contained 150 µg/mL total urease partitioned between the two
phases (30 and 270 µg/mL in the PEG-rich and Dx-rich phases, respectively). PEG-rich
(left) and Dx-rich (right) phases were removed from the ATPS for analysis at each time
point, and the reaction was stopped using a urease inhibitor. Lines between points are
included to guide the eye.
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3.2.4 Effect of ATPS compartment size
Reducing the relative volume of the Dx-rich phase, which has a higher urease
concentration, while maintaining the same total ATPS volume and phase compositions,
provides a strategy for increasing local urease concentration without changing the total
amount of urease in the system.14b, 20 We compared the urease hydrolysis and CaCO3(s)
mineralization reactions in ATPS with Dx-rich: PEG-rich phase volume ratios of 1:1, 1:3
and 1:9 VDx: VPEG. Each of these had 6.21 nmol total urease (3 mg or 150 µg/mL) in a
total solution volume of 20 mL. Urease concentration increased in both PEG-rich and Dxrich phases as VDx:VPEG changed from 1:1 to 1:9. In the PEG-rich phase, the increased
urease concentration increased urea hydrolysis to nearly 9 mol % of the available substrate
but did not translate into a measurable increase in CaCO3 precipitation (Table 3-2). In
contrast, the increased urease concentration in the smaller Dx-rich phase had a notable
impact on urea hydrolysis and CaCO3 mineral formation rates, with nearly complete
conversion of Ca2+(aq) to CaCO3(s) in this phase.
As the relative volume of the Dx-rich phase decreased, the reaction proceeded more
rapidly and progressed further towards completion. This is consistent with the differences
in local urease concentration (Table 3-2 and Figure 3-5). For example, the reaction in Dxrich phase of VDx:VPEG of 1:9 precipitated 94.6 mol % of the available Ca2+(aq) in this
phase after 20 min., while only 49.3 mol % was precipitated in the Dx-rich phase of
VDx:VPEG 1:1. The greater reaction rate in the Dx-rich phase with decreasing phase volume
is consistent with the expected increase in local urease concentration and hence increased
production of CO32– in this phase. This effect is expected for any concentration-dependent
reaction for which catalysts are partitioned to one phase of an ATPS and depends upon the
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total volume of the phases regardless of whether they are present as droplets20 or –as in
these experiments– as macroscopic phases, so long as the system is at equilibrium with
respect to enzyme partitioning.

Table 3-2: Effect of Phase Volumes on Urea Hydrolysis and CaCO3 Precipitation in PEGrich and Dx-rich Phases of ATPS .a
Dx-rich
:
Urea
CaCO3
[Urease]b
PEG-rich
Phase
Hydrolyzed
Precipitated
(µg/mL)
volume ratio
(mol %)
(mol %)
1:1
PEG-rich
30.4 ± 2.9
2.8 ± 2.2
0.5 ± 0.3
Dx-rich
269.5 ± 9.0
43.0 ± 2.2
49.3 ± 1.2
1:3
PEG-rich
52.8 ± 0.5
5.2 ± 1.4
-0.1 ± 0.4
Dx-rich
441.5 ± 1.5
55.2 ± 3.0
64.1 ± 6.2
1:9
PEG-rich
86.1 ± 4.3
8.83 ± 1.3
0.5 ± 0.6
Dx-rich
724.3 ± 39.0 76.1 ± 7.1
94.6 ± 11.5
a 6.21 nmol urease in 20 mL total ATPS solution volume was used for all reactions; reaction
times were 20 minutes.
b Urease concentration in Dx-rich phase was determined based on Trp fluorescence from
the protein. Fluorescence from PEG-rich phase was too low for quantification of urease
concentration; hence, values for urease concentration in PEG-rich phase are estimates
based on the phase volumes, the measured concentration in Dx-rich phase, and the total
amount of urease added.
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Figure 3-5. Effect of compartment size on mineralization in the PEG-rich and Dx-rich
phases of an ATPS. Urease concentrations in each phase for the three volume ratios are
given in Table 1. Circle, triangle and square markers represent ATPS with PEG-rich phase:
Dx-rich phase volume ratios of VDx: VPEG 1:1, 1:3, and 1:9, respectively. Lines between
points are included to guide the eye.
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We note that in these unstirred reactions, since re-equilibration of reagents between
the phases did not occur on the timescale of the reaction, Ca2+ in the PEG-rich phase was
not converted to CaCO3 and the overall amount of material formed was limited by what
was available in the Dx-rich phase. Hence, although the local reaction rate was greatest for
the 1:9 volume ratio sample, because the Dx-rich phase contained only 10% of the total
Ca2+, this sample formed less overall CaCO3 than the 1:1 sample where the Dx-rich phase
contained 50% of the total Ca2+. In comparison to the intracellular environment, the lack
of mixing is reasonable but the overall compartment size is not: due to the much smaller
length scales in vivo, noncompartmentalized reagents could be expected to diffuse in/out
of compartments where a reaction is ongoing. In future studies, a Ca2+ chelator could be
added to the Dx-rich phase to preconcentrate it for greater availability; here, we focused
on the simplest case of nonionic polymers and no added Ca2+ chelators as a starting point.

3.2.5 CaCO3 Morphology and Polymorphism
Polymeric additives present during CaCO3 formation can exert control over the
mineralization process and its outcome.6,31-35 Thus, although our PEG and Dx polymers
were present to provide macromolecular crowding and enable compartmentalization of the
reaction, it was possible that they also influenced the mineralization process. Typically,
polymeric additives used to control CaCO3 formation and deposition are polyanions such
as polyaspartic or polyacrylic acid that interact strongly with Ca2+ ions prior to nucleation
and/or CaCO3 as it forms.6,31-35 PEG and Dx are neutral polymers that are not expected to
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bind strongly to Ca2+ or CaCO3 but some polymer adsorption to the surface is nonetheless
likely. Literature reports of CaCO3 formation in solutions that contained PEG or Dx
additives, all performed under different conditions, offer conflicting results.15,36 Some
authors report large effects while others saw little or no effect.15,36 Hence, it was not clear
what impact the polymers in our ATPS – present at approximately 30 w/w % in the Dxrich phase – would exert on the mineralization process or the morphology and polymorph
of the resulting material.
To better understand the results of the ATPS experiment it was necessary to
determine the matrix effect of the different phases on urease-catalyzed CaCO3
mineralization under otherwise identical conditions (i.e., with the same concentration of
urease). Figure 3-6 summarizes the results for reactions performed with the same overall
urea, Ca2+ and urease concentrations as used in Figures 3-4 and 3-5. A crucial difference
here is that reactions were performed in single-phase solutions, so no partitioning occurred
and the concentration of urease (150 µg/mL) was the same in the PEG-rich and Dx-rich
phase experiments. The reaction proceeds most quickly in the buffer solution, with slower
rates in both of the polymer-rich phases and a particularly slow rate in the Dx-rich phase,
consistent with the greater viscosity in this phase. These control experiments underscore
the substantial impact of urease compartmentalization in the Dx-rich phase of the ATPS
for the experiment shown in Figure 3-5. Despite the slower reaction rate in the Dx-rich
phase, when the reaction was performed in the ATPS we observed urea hydrolysis and
Ca2+ conversion to CaCO3 almost exclusively in this phase due to the locally higher urease
concentration.
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Figure 3-6. Quantification of reaction performed in solutions containing only one phase.
PEG-rich and Dx-rich phases were removed from a common ATPS prior to addition of
urease, Ca2+ and urea, so that no partitioning could occur and the concentrations of reagents
were identical in each solution. Reactions contained 150 µg/mL urease, and initial
concentrations of 20 mM Ca2+(aq) and 30 mM urea. Circle, triangle and square markers
represent urea, soluble (Ca2+) and insoluble calcium (CaCO3) concentrations, respectively.
Lines between points are included to guide the eye.

CaCO3 precipitates corresponding to each of the experiments of Figures 3-5 and 36 were analyzed by powder X-ray diffraction (XRD) and scanning electron microscopy
(SEM) to determine whether the polymorph or overall morphologies observed differed for
samples prepared in the different media. In general, SEM and XRD indicate a mixture of
calcite and vaterite polymorphs in all of the samples, with what appears to be amorphous
calcium carbonate (ACC) also observed in SEM images. Representative SEM and XRD
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images are shown in Figure 3-7, 3-8 and 3-9. Quantification of the percent vaterite and
calcite polymorphs making up the crystalline portion of each sample as determined by
Rietveld refinement of the XRD patterns are shown in Table 3-3. The amounts of vaterite
and calcite are similar for samples prepared in buffer (55 and 45 w/w%, respectively),
while more vaterite than calcite was observed for samples prepared in PEG-rich or Dx-rich
phase (77 and 67 w/w% vaterite respectively, with the balance calcite). This likely reflects
the greater viscosity and/or weak polymer-CaCO3 interactions, which may be slowing the
conversion of vaterite to calcite.

Much higher vaterite percentages were found for

materials formed in the ATPS (86 – 92 w/w% vaterite), which appears inconsistent with
the single-phase data, probably because much of the precipitate formed in these samples
was actually ACC, which does not show up in the XRD analysis. Within the three ATPS
there is a slight trend with phase volume ratio: as the relative size of the Dx-rich phase
decreased the amount of vaterite relative to calcite decreased slightly (Table 3-3). This
may be the result of increased reaction rates for the smaller Dx-rich phase volumes, which
had higher urease concentration; however, since a substantial fraction of the total
precipitate corresponds to ACC these small differences may not be meaningful.
Mixtures of calcite and vaterite are commonly observed in CaCO3 mineralization
experiments. Calcite is more stable, but often vaterite makes up a substantial fraction of
the total material at early stages of precipitation.37 The polymorphs and morphologies
observed also vary with the presence of additives in solution.31-35 Recent work has stressed
the importance of an ACC phase as the initial form of CaCO3, which ultimately transforms
to vaterite and calcite over time.37,38 Our results show that, compared to buffer, PEG-rich
and Dx-rich media (with combined polymer concentrations of 13.5 and 29.8%,
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respectively) do not appear to have a large impact on the CaCO3 morphology. If the PEG
and Dx polymers are not interacting strongly with the CaCO3, it should be possible to
combine mineralization in an ATPS with known structure-directing additives to control the
morphology of CaCO3 produced.

Figure 3-7. SEM images of CaCO3 precipitates formed in buffer or polymer-rich media
containing 150 µg/mL urease upon exposure with 20 mM Ca2+ and 30 mM urea for 20 min.
Reactions were stopped by addition of a urease inhibitor and placing samples on dry ice to
prevent further polymorphic/morphological changes. Panels correspond to different
reaction media: (A) 10 mM pH 7.4 Tris buffer; (B) PEG-rich phase from ATPS; (C) Dxrich phase from ATPS; (D) ATPS of volume ratio 1:1; (E) ATPS of volume ratio 1:3; (F)
ATPS of volume ratio 1:9. All scale bars = 2 µm.
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Figure 3-8. Comparison of SEM images for CaCO3 precipitates formed in various media:
10 mM pH 7.4 Tris buffer (A), PEG-rich phase from an ATPS (B), Dx-rich phase from an
ATPS (C), and from ATPS of VDx:VPEG volume ratios 1:1 (D), 1:3 (E), and 1:9 (F). Upper
panels show a representative wide-view (scale bars = 20 µm) and the two lower panels
show close-up images (scale bars = 2 µm) of characteristic calcite, vaterite, and amorphous
particles. ATPS formulations and reaction conditions are identical to that of Figure 3-5.

87

Figure 3-9. XRD spectra for precipitated and dried calcium carbonate obtained from
identical solutions in Figures 3-5 and 3-6; in general, precipitates were created by reaction
of with 150 µg/mL urease reacting with 20 mM Ca2+ and 30 mM urea for 20 minutes.
Figure A and B are separated to indicate solutions in and out of ATPS.
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Table 3-3: Vaterite and calcite abundances of CaCO3 precipitates in various media,
determined via Reitveld refinement of XRD patterns.a
Sample

Vaterite wgt. %

Calcite wgt. %

Buffer

54.9 ± 1.7

45.1 ± 2.6

PEG-rich

77.0 ± 1.4

23.0 ± 1.3

Dx-rich

66.6 ± 1.5

33.4 ± 1.9

ATPS, 1 VDx: 1 VPEG

92.6 ± 1.5

7.4 ± 0.5

ATPS, 1 VDx: 3 VPEG

89.1 ± 1.4

10.9 ± 0.7

85.9 ± 1.4
14.1 ± 0.8
ATPS, 1 VDx: 9 VPEG
All R-value percentages for these refinements were below at least 11%, indicating a
well-defined fit between the refinement parameters and the XRD pattern.
a

To test this hypothesis, we performed urease-catalyzed CaCO3 mineralization in an
ATPS that also contained 1.5 % (w/w) ovalbumin, a 40 kDa protein previously reported to
impact precipitate morphology.33,34,39 We chose ovalbumin for this study because unlike
polyanions that bind tightly to Ca2+ or CaCO3 this protein is not expected to have an
exceptionally strong or specific interaction with the precursors or with the mineral surface.
Hence, any weak binding of PEG and Dx might be expected to be more significant. Figure
3-10 shows SEM images for CaCO3 formed in buffer and ATPS with 1.5 % (w/w)
ovalbumin. Both samples showed calcite particles with highly-twinned crystalline
morphologies as well as ACC, with little variation in size or morphology between the
buffer and ATPS samples. The highly-twinned morphology observed differs from the
several morphologies reported previously for CaCO3 formed in the presence of ovalbumin,
presumably due to numerous differences between experimental setups.33,34,39 Nonetheless,
the fact that under otherwise identical reaction conditions, ovalbumin affected CaCO3
morphology similarly in polymer-free buffer and the ATPS indicates that morphology-
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directing molecules behave similarly despite the presence of significant background
concentrations of polymeric crowding molecules.

Figure 3-10. SEM images of CaCO3 precipitates from solutions containing 150 µg/mL
urease and 1.5% (w/w) ovalbumin 40 kDa, upon exposure with 20 mM Ca2+ and 30 mM
urea for one hour. Media grown in are: A) 10 mM pH 7.4 Tris buffer; B) ATPS with equal
volumes PEG-rich and Dx-rich phases. Scale bars = 5 µm.

3.2.6 Microscopic observation of local mineral formation
As described above, our bulk experiments clearly showed loss of both urea and
Ca2+ preferentially from the Dx-rich phase. However, quantification for CaCO3 itself was
potentially complicated by its sedimentation in the bulk experiments. We therefore used
optical microscopy to verify that both urea hydrolysis and CaCO3 precipitation occurred
preferentially in the Dx-rich phase. Here, both phases of the ATPS could be directly
visualized and precipitation observed in situ. The ratiometric fluorescent pH indicator,
carboxy SNARF-1 (KSNARF = 0.9 ± 0.05), was added to report on the urea hydrolysis
reaction that precedes mineralization (Figure 3-11).
A single droplet of Dx-rich phase was placed into a sea of PEG-rich phase atop a
coverslip where both phases could be imaged using confocal fluorescence microscopy.
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The composition of the two phases of the ATPS was the same as in the bulk experiments.
Urease was pre-partitioned, and the reaction was initiated by adding urea and Ca2+ by
pipette to the PEG-rich phase at a site distant from the Dx-rich droplet. Figure 3-11A shows
transmitted light (DIC) and fluorescence images during the course of the reaction; the
timescale of the reaction was slow due to initiation by diffusion of the reagents across the
solution to the Dx-rich droplet as observed in Figures 3-4 and 3-5. A slight initial pH
decrease was observed as the reagents diffused into the Dx-rich droplet, likely because the
reagent itself is slightly acidic (Figure 3-11C). By 7 minutes, we observed a localized pH
increase within the Dx-rich phase droplet indicating the reaction was occurring, evidenced
by the yellow (neutral) to green (basic) color shift. In the following few minutes, the pH
also increased in the region of the PEG-rich phase nearest the droplet, as reaction products
(i.e. ammonium and associated hydroxide molecules) diffused outwards from the Dx-rich
droplet. By 15 min., the shape of the Dx-rich phase droplet had changed, presumably due
to a change in the interfacial tensions between the phases and the glass and/or each other.
At this point, tiny CaCO3 precipitates began to appear in the Dx-rich phase droplet; these
structures increased in size and number as the reaction proceeded. Scanning the PEG-rich
phase surrounding the Dx-rich droplet showed that while most of the precipitation occurred
in the Dx-rich droplet, some CaCO3(s) was formed in the PEG-rich phase near the droplet
(Figure 3-11B). This is consistent with diffusion of the urea hydrolysis product, CO32–, out
from the Dx-rich phase where it was formed and reacting with Ca2+, which was present at
equal concentrations in both phases. This experiment confirmed what was observed in
larger ATPS experiments: CaCO3 precipitation occurred locally in the Dx-rich phase due
to urease compartmentalization.
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Figure 3-11. Images of a microscale Dx-rich droplet surrounded by PEG-rich phase during
and after urease-catalyzed formation of CaCO3(s). (A) Time-lapse confocal microscope
image sets, each containing a DIC (upper) and fluorescence (lower) component. (B)
Composite confocal microscope image showing wider area around a Dx-rich droplet after
a reaction identical to that in part (A). Transmitted (DIC) shows the droplet location and
mineralization, yellow and green channels are confocal fluorescence from the pH indicator
carboxy SNARF-1 for relative acidic and basic environments, respectively. Scale bars =
500 µm. (C) pH variations over time occurring within the droplet shown in part (A),
acquired by taking horizontal line scans across the droplet. Lines between points are
included to guide the eye.
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3.3 Conclusions
Here, we demonstrated that even relatively weak protein partitioning into the
dextran-rich phase of a PEG/dextran ATPS (K = 0.12) was sufficient to limit enzyme
activity to this phase, providing control over the location and formation rate of a
biologically relevant precipitate, CaCO3. The CaCO3 formed only in the dextran-rich
phase despite the fact that Ca2+ itself was uniformly distributed across both phases. Our
work complements other compartmentalization strategies such as CaCO3 deposition in
vesicles,40 capsules27 or other templates4,41 as well as PILP experiments based on
Ca2+/polyanion/ACC phase droplets6,16 and suggests additional types of matrix structuring
through phase separation in solutions of nonionic polymers that could be relevant
synthetically and in vivo.
Our findings could have important implications for the relevance of in vitro
biomimetic studies on structure-directing additives in mineralization. An underlying
assumption of many such studies is that the additives, although tested in the absence of
other macromolecules, would perform similarly under biomineralization conditions within
cells or whole organisms. Our work suggests that, at least in some cases, such an
assumption may be justified. In our work an additive, ovalbumin, exerted the same
structure-directing effect in the presence or absence of PEG and Dx polymers present in
amounts relevant to intracellular crowding conditions. These nonionic polymers lack
strong interactions with CaCO3 minerals or their precursors and therefore represent a bestcase scenario in terms of performing as inert background molecules. Biological crowding
agents are more varied in terms of their chemistry and may pose a greater threat of
interfering with the action of low-concentration structure-directing molecules.
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Phase separation and the subsequent partitioning of solutes are general phenomena
common in macromolecule solutions.10,13,14, 42 Therefore this type of control over reaction
rate and location should be generally applicable to other systems that comprise different
polymers, enzymes, and/or mineral products for biomimetics or industrial applications.
Recent reports of liquid-like properties for microcompartments within the cytoplasm and
nucleoplasm of living cells suggest that aqueous phase separation is an important means
by which biological cells compartmentalize reactions.11,12,24 Aqueous phase compartments
formed from polyelectrolytes by a process termed complex coacervation have long been
postulated as sites of local accumulation and bioactivity, particularly in the context of life’s
origins.43 Recently, Mann and coworkers formed coacervates by mixing nucleotides and
cationic peptides; the resulting coacervate microdroplets served as bioreactors for both
nanoparticle-catalyzed and enzymatic reactions.44

We have demonstrated length-

dependent compartmentalization of ribozymes by partitioning in nonionic PEG/dextran
ATPS, which led to a nearly 70-fold increase in the rate of an RNA cleavage.20 Nonionic
aqueous phase systems have also been incorporated within lipid vesicles as a type of
compartmentalized

synthetic cytoplasm.18,19,45 Such

systems

provide reversible

compartmentalization and morphological control, offering routes to nonequilibrium
transformations in microscale cell-like reactors.46 Structured, enzyme-friendly reaction
media are also of interest for nonbiological purposes such as generating oxide or sulfide
semiconductors; for example urease has been used to produce ZnO and Ag2S in other types
of media.47 Efforts towards combining lipid vesicles and aqueous phase compartments for
biomimetic mineralization at the microscale are underway.
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3.4 Materials and Methods
3.4.1 Materials
Urea, calcium chloride dihydrate, poly(ethylene glycol) 8 kDa, Dx 10 kDa, urease
from jack bean (canavalia ensiformis) 483 kDa (activity = 35 U/mg), and ovalbumin 40
kDa were purchased

from Sigma Chemical Co. (St.

Louis,

MO). PPDA

(phenylphosphorodiamidate) was purchased from Alfa Aesar (Ward Hill, MA). DMAB (pdimethylaminobenzaldehyde) was purchased from J.T. Baker (Phillipsburg, NJ). 5-(and6)-carboxy SNARF-1 was purchased from Invitrogen, Inc. Deionized water of resistivity
≥ 18.2 MΩ was obtained from a Barnstead NANOpure Diamond unit (Van Nuys, CA) and
used for all experiments.

3.4.2 Instrumentation and Microscopy
UV/visible, fluorescence, and atomic absorption measurements were obtained with,
respectively, a Hewlett-Packard 8453 diode array spectrometer (Palo Alto, CA) and
Agilent ChemStation software, a Fluorolog Horiba Jobin Yvon fluorimeter (Edison, NJ),
and a Varian 220 FS (Palo Alto, CA) flame furnace with SpectrAA software, utilizing an
air/acetylene input pressure of 42 and 8 PSI. Measurement of calcium (Ca2+ and CaCO3)
concentrations were determined using a Varian Ca/Mg hollow cathode lamp at 422.7 nm
wavelength, 0.5 nm slit width and 7 mA input current. Polymer-rich phase concentrations
in each ATPS of were determined using a combination of refractometry and polarimetry.
For the former, we utilized a Leica Auto-Abbe refractometer with a sample stage cooled to
25 °C using a VWR brand water bath. For the latter, a Perkin-Elmer model 343 polarimeter
with a ~2 mL sample cell was used for analyzing the presence of Dx in each polymer-rich
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phase at 25 °C. Confocal images were obtained using a LSM-5 Pascal Laser confocal
microscopy from Carl Zeiss, Inc. (Oberkochen, Germany) using a Plan-Apochromat 63x
oil immersion objective (1.4 NA) and Pascal software. Powder X-ray diffraction patterns
(XRD) were collected on a Si sample holder with a PANanalytical XPert Pro MPD ThetaTheta Diffractometer across 20-70° 2θ at 45 kV, 40 mA Cu Kα radiation with 0.5°
divergence fixed-slit width, a 10 mm beam mask, and PIXcel detector over a duration of
15 minutes; resulting patterns were analyzed with Jade+ 9 software from MDI, Livermore,
CA. SEM images were acquired with a Hitachi S-3500N, operated at high vacuum mode,
5-7 mm working distance, and 5 KeV accelerating voltage; prior to imaging samples were
coated with ~10 Å gold via a home-built metal evaporator.

3.4.3 Controlling ATPS Volume Ratios
A 125 g stock ATPS was made by dissolving 12.5 g PEG 8 kDa and 12.5 g Dx 10
kDa in 100.0 g 10 mM pH 7.4 Tris buffer, for a final formulation of 10%/10% w/w PEG 8
kDa/Dx 10 kDa. The mixture was stirred in a 250 mL Erlenmeyer flask at 37 °C for one
hour to dissolve the polymers. The resulting mixed ATPS was centrifuged for fifteen
minutes at 12092 × g and allowed to sit on the bench top for two hours. The PEG-rich and
Dx-rich phases from this stock ATPS were then carefully removed via pipette, placed into
separate beakers, and recombined at the ATPS volume ratios desired.
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3.4.4 Determining Urease Activity
A 40 mg/mL urease stock was made by dissolving 2 mg urease into 0.5 mL 10 mM
pH 7.4 Tris buffer. Portions of the urease stock were added to buffer, Dx-rich, or PEG-rich
phase to obtain appropriate urease concentrations and stored at 5 °C overnight and then
warmed to room temperature. To begin the reaction, Ca2+ and urea were added to each
solution to final concentrations of 20 and 30 mM, respectively. At the desired time points,
1 mL aliquots of the reaction solution were placed into centrifuge tubes containing 100
nmol PPDA to stop the reaction.25 After all time points had been collected, samples were
diluted 10× in 1.5 mL centrifuge tubes containing 19.48 µmol DMAB reagent and DI H2O.
The resulting colorimetric reaction proceeded for 45 minutes before measuring absorbance
at 430 nm via UV/Vis spectroscopy, blanked against a solution containing 19.48 µmol
DMAB reagent in DI H2O.48

3.4.5 Urease Partitioning
The partitioning coefficient, K, is equal to the concentration ratio of a solute in the
PEG-rich/Dx-rich phases.

ATPS solutions of various volume ratios were made as

described above. To these solutions, urease from a 40 mg/mL stock were added, mixed
carefully by hand and stored overnight at 5 °C. The samples were warmed to room
temperature and aliquots of each phase carefully collected via pipette and diluted between
2× to 10× before analysis. Separate calibration curves were made for each medium (i.e.
buffer, PEG-rich phase, and Dx-rich phase) to correct for the solvatochromic properties of
tryptophan fluorescence. The calibrations and samples were both analyzed at λex = 280 nm
and λem = 332 nm.
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3.4.6 Quantitative ATPS Analysis
ATPS with volume ratios (VDx:VPEG) of 1:1, 1:3 and 1:9 were prepared from a stock
PEG/Dx ATPS. Polymer phase compositions were determined using a combination of
polarimetry and refractometry as detailed in the literature, each blanked against water and
calibrated using non-ATPS polymer solutions of at least five varying concentrations.13,14
Each sample was 20 mL and 150 µg/mL in overall urease concentration. Samples were
stored overnight at 5 °C, during which time urease partitioned; samples were warmed to
room temperature before conducting experiments. Reactions were initiated by mixing with
Ca2+ and urea to final concentrations of 20 and 30 mM, respectively. From this reaction
solution, aliquots were quickly transferred to empty centrifuge tubes and centrifuged at 27
× g for one minute to separate the phases. This was done prior to the appearance of CaCO3
because centrifugation of CaCO3 precipitate would cause settling on the bottom of the
centrifuge tube, regardless of which phase it had been formed in. Furthermore, stirring of
ATPS during the reaction caused aqueous calcium and urea to re-equilibrate between the
phases as they were consumed by urease and precipitation. Therefore, to observe the
enzyme activity and precipitation occurring in each phase, ATPS reaction solutions were
not stirred after the brief centrifugation period. Time points were collected by transferring
aliquots of each of the phases into separate tubes containing a urease inhibitor (100 nmol
PPDA) with mixing. Samples were then centrifuged at 12092 × g for 15 minutes to pellet
any precipitated CaCO3. For the first time point, 15 seconds, where no significant
mineralization had yet occurred, stirred ATPS (i.e. not yet separated via centrifuge) was
added directly to a tube containing 100 nmol PPDA, and then separated as described. In
either case, the supernatant was carefully extracted and placed into separate sample
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containers, and the CaCO3 pellet was dissolved by addition of 50 µmol EDTA with
vortexing followed by sonication for one hour. EDTA (5 µmol) was also added to the
supernatant to dissolve any particulates that had remained suspended. Portions of these
samples were diluted into either DMAB reagent as described above for urea analysis, or
into H2O for Ca2+ analysis via AA. The initial partitioning of urea and Ca2+ was determined
by analysis of the earliest time point (15 seconds) in ATPS of VDx:VPEG 1:1.

3.4.7 XRD and SEM Analysis.
Samples of buffer or ATPS of VDx:VPEG 1:1, 1:3 and 1:9 containing 150 µg/mL
urease were made by the method described above and stored at 5 °C overnight; several
samples also contained 1.5% (w/w) ovalbumin 40 kDa. After warming to room
temperature, the solutions were mixed vigorously before the addition of Ca2+ and urea to
final concentrations of 20 and 30 mM, respectively. After one hour, multiple 1.5 mL
aliquots of the Dx-rich were removed via pipette and placed in a centrifuge tubes
containing 200 nmol PPDA solution. These solutions was centrifuged at 12092 × g before
removing the liquid, adding 1 mL of pH 9.0 10 mM Tris base, and resuspending the pellet
via pipette; this washing step was repeated in triplicate, and the liquid was removed after
the final wash and frozen on dry ice to prevent further polymorph transformation. Note
that such changes can also be prevented by removing all the water in the sample via through
washing with an alcohol or acetone, heating, or dessication. Prior to analysis, 100 µL 95%
EtOH was added and hand shaken to resuspend the particles. For XRD analysis, the
suspension was blotted on a Si stage, which evaporated over about 10 minutes. Results
were compared to a library of known compounds to find matches with highly correlating
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refraction angles and intensities upon which Reitveld refinements were performed to
determine the proportion of CaCO3 polymorphs present in the sample. For SEM analysis,
small portions of the suspensions were placed on the sample stage, the solvent evaporated,
and the sample coated with approximately 10 Å gold prior to imaging.

3.4.8 Optical Microscopy
A 1 mL VDx:VPEG 1:9 stock ATPS containing 150 µg/mL urease and 100 µL of
1.25 mg/mL Carboxy-SNARF-1 dissolved in PEG-rich phase was made and separated as
detailed above, stored at 5 °C overnight, and warmed to room temperature before use. In
addition, 2 M Ca2+, 3 M urea PEG-rich solution stocks were made from a separate ATPS.
After warming to room temperature, 150 µL of the PEG-rich phase from the partitioned
ATPS was placed in a 160 µL silicone spacer adhered to a NA = 1.0 cover slip, and 0.15
µL of the Dx-rich phase was added to the middle of the droplet and allowed to settle to the
bottom of the slide. To initiate the reaction, 1.5 µL of the Ca2+ and urea in PEG-rich media
was added to the top of the solution. A cover slip was carefully placed on top of this
solution, and the Dx-rich phase was tracked over time using a 10× or 20× air objective,
taking a picture every second for approximately an hour with λEx = 514 nm and λEm = 580
and 640 nm.
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Chapter 4
Aqueous Emulsion Droplets Stabilized by Lipid Vesicles as Microcompartments for
Biomimetic Mineralization

4.1 Introduction
Biological organisms utilize cellular structures termed mineralization vesicles to
controllably produce intricately-shaped and useful solid architectures.1-5 In mineralization
vesicles, inorganic precursors are bound by chelators to keep the free ion concentrations
low and increase ion compartmentalization.1-6 As mineralization occurs, these chelators
often bind to the mineral surface to assist in nucleation and growth dynamics.2-6 In
coccolithophores, genetically-modified cells that do not express Ca2+-binding chelators are
unable to compartmentalize Ca2+ and create complicated mineral structures.2-4
Furthermore, tight binding and regulation of Ca2+ is important as apoptosis cascades can
occur if free cytoplasmic Ca2+ concentrations exceed 500 nM.3-8 Therefore, understanding
how biology is able to keep control over such a ubiquitous metal ion is of considerable
importance. To this end, research has been aimed at the composition, function, and
implications of mineralization vesicles both in vivo and in vitro, where the latter case has
been focused on creating cell-like compartments for making minerals.9-13 These cellular
mimics typically contain a lipid bilayer and can internally precipitate a mineral such as
calcium carbonate. However, none of these systems have used a chelator to control the
concentration of calcium, and these mimics are always formed in an aqueous, dilute
solution. These conditions are quite different from the actual cytoplasm and mineralization
vesicles, where macromolecular crowding, compartmentalization, and calcium chelation
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form the basis for localized reactions that help drive biomineralization.1-6,14-20 It is
therefore of interest to generate a more relevant mimic that incorporates these properties
towards understanding the biological analog.
Here we used a cytoplasm mimic in lieu of dilute solution. This mimic was
composed of an aqueous two-phase system (ATPS) of polyethylene glycol (PEG) and
dextran (Dx), which phase-separate from one another, forming a PEG-rich top phase and a
Dx-rich bottom phase.21-23 This system has been used previously to mimic cytoplasmic
conditions with a variety of biologically-relevant molecules.24-31 Like the actual cytoplasm,
ATPS are crowded, contain two distinct compartments, and can concentrate added species
via partitioning.21-23 To create a lipid separation, large unilamellar vesicles (LUVs) were
added to the ATPS, which partitioned to the interface between the phases very effectively,
but still allowed for passive diffusion across the phase boundary, unlike a continuous lipid
bilayer.25
The vital step towards fabrication of artificial mineralization vesicles was
successful incorporation of calcium. Calcium-phospholipid binding is a well-known lipid
aggregation phenomenon whereby two lipid molecules bind one calcium ion through their
phosphate moieties.32-37 This lipid aggregation has been perhaps one of the major hurdles
in the formation of mimic systems, as the viable concentration of Ca2+ that can be used is
rather limited.32-37 This limitation aside, it is vital to have a high concentration of available
Ca2+ to create larger, more crystalline precipitates.38-42 In previous studies with CaCO3mineralizing mimic systems, only a small amount of precipitate was formed due to the
limited transport of carbonate across the impermeable lipid bilayer and the low amount of
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internal Ca2+.9-13,43 Here, we investigated the use of a number of small carboxylic acid
calcium chelators to both prevent lipid aggregation and allow for CaCO3 precipitation.
The resultant mimic comprised of an ATPS with a very low Dx-rich phase volume
compared to the PEG-rich phase and ~110 nm diameter LUVs which were concentrated at
the interface between the phases.25 When properly emulsified, 5-10 µm droplets of Dx-rich
phase surrounded by LUVs were formed within a much larger sea of PEG-rich phase, as
illustrated in Figure 4-1. This can be equated to a stabilized biphasic aqueous emulsion.
Urease added to this emulsion rapidly and efficiently compartmentalized into the Dx-rich
droplets.31 Addition of urea to this system resulted in enzymatic hydrolysis to form
ammonia and carbonate ion, where the latter ion reacted with (chelated) Ca2+ to precipitate
CaCO3.31, 44, 45 Since urease was localized to the Dx-rich droplets, CaCO3 precipitation was
also localized to this compartment. We previously showed this reaction was localized
within a PEG/Dx ATPS without any LUV barrier, and that the crowded environment had
little to no effect on the morphology or polymorphism of the resultant precipitate.31 By
analyzing the CaCO3 formed in this biomimetic mineralization system, we hope ultimately
to better understand the relationship between calcium binding, compartmentalization, and
final mineral products in biological cells.
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Figure 4-1. Cartoons depicting: (A.) the formation of LUV-stabilized PEG/Dx ATPS
emulsion with compartmentalized urease in the Dx-rich droplets; (B.) the aggregation of
lipids after the introduction of calcium; (C.) the chelation of calcium and subsequent
enzymatic reaction, resulting in localized precipitation of CaCO3 in a cell-sized, lipidbound container.

4.2 Results and Discussion
4.2.1 Intermediate Chelation of Ca2+
To create stabilized LUV-stabilized ATPS emulsions, we followed a modified
procedure described by Dewey and colleagues.25 For all experiments, the VDx : VPEG was
1:49 prior to adding any additional reagents (urease, urea, Ca2+, etc.). LUV-stabilized Dxrich droplets were then formulated by adding the ~110 nm LUVs to this ATPS, as shown
in Figure 4-2 (see Methods for details). We first tested the sensitivity of the LUV-stabilized
ATPS to Ca2+ concentrations up to 30 mM. We determined that the system was stable up
to 5 mM Ca2+, at which point extensive LUV aggregation occurred. Within biological
mineralizing systems, Ca2+ is bound by various biological ligands prior to its deposition.24

We therefore approached the problem of Ca2+-induced LUV aggregation by adding Ca2+
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chelators. A range of small molecule chelators was evaluated to identify conditions where
LUV-coated droplets were stable and CaCO3 precipitation remained possible. These
included malic acid (MA), ethylenediamine disuccinic acid (EDDS), glutamic acid diacetic
acid (GLDA) and ethylenediamine tetraacetic acid (EDTA), shown in Figure 4-3. The
extent of bound and free [Ca2+] for each chelator species was estimated by assuming a 1:1
ratio of Ca2+: chelator binding, and calculating the effective stability constants (β') for each
pair using equations detailed previously by Bers and colleagues.32-37,46-50 The
concentrations of free Ca2+ are dependent on the stability constant (β') at 1:1 concentrations
as detailed in Table 4-1. A chelator that sufficiently bound calcium would reduce free
[Ca2+] sufficiently below 5 mM, preventing LUV aggregation.32-37,46-50 For CaCO3
precipitation to occur, the stability constant (β') must not significantly exceed the CaCO3
solubility constant, in which case the chelated complex would be more stable than the
precipitate:46-54
β'Lipid-Ca < β'Chelator-Ca < -log(Ksp CaCO3)
Using these criteria and calculated β' values (Table 4-1), GLDA, EDTA and EDDS were
expected to prevent LUV aggregation by effectively chelating Ca2+. We tested this
prediction by imaging samples to which 30 mM of chelator, along with 30 mM Ca2+, had
been added. Figure 4-4 summarizes the results, which confirmed that the β' for MA was
not sufficient to stabilize LUVs against aggregation in the presence of Ca2+, but stable
emulsions could be formed with any of the other three chelators. There is a trend of smaller
droplet size with the more effective Ca2+ chelators, which suggested that EDTA > GLDA
> EDDS in term of the degree of emulsion stabilization. Nonetheless, no LUV aggregation
was apparent in these samples and LUV-stabilized dextran-rich droplets persisted.
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Additional confocal images displaying the stability of LUVs as a function of chelator
concentration are shown in Figure 4-5. Dx-rich droplet size did appear to vary somewhat
depending on the chelator species used, which we attributed to LUV destabilization caused
by low concentrations of free Ca2+ (contributing to ionic strength).25 Calcium partitioning
also appeared to be significantly different from an ATPS without any chelator present
(0.926± 0.034); we attribute this deviation to the presence of the chelator species, which
both bind calcium and partition to the Dx-rich phase slightly.

Figure 4-2. Laser confocal microscopy images of ATPS droplets and LUV-ATPS
emulsion droplets with added Ca2+. A) ATPS only, no LUVs; B)-F) ATPS-LUV emulsions
with 0, 0.5, 1, 5 and 30 mM Ca2+ added. Images have been overlaid and false-colored for
clarity. Blue fluorescence represents Alexa 647-labeled dextran for identification of Dxrich droplets; red fluorescence represents Rhodamine-labeled LUVs. Scale bars = 10 µm.
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Figure 4-3. Chemical structures of: (A.) Malic acid (MA); (B.) Ethylenediamine disuccinic
acid (EDDS); (C.) Glutamic acid diacetic acid (or N,N-bis(carboxymethyl)-L-glutamate)
(GLDA); (D.) Ethylenediamine tetraacetic acid (EDTA).

Table 4-1. Partitioning of chelator species and chelated calcium; calculated values of
chelator-calcium stability constants and free [Ca2+] at the beginning and end of enzymatic
reaction. a, b, c

0

[Ca2+]Free
(mM)
30

Did CaCO3
Precipitate?
Yes

Did LUVs
Aggregate?
Yes

Chelator

KChelator

KCa

β'

No Chelator

-

0.926 ± 0.034

MA

0.724 ± 0.030

0.681 ± 0.010

1.98

13.1

Yes

Yes

EDDS

0.590 ± 0.016

0.522 ± 0.014

4.04

1.6

Yes

No

GLDA
EDTA

0.584 ± 0.006
0.641 ± 0.008

0.504 ± 0.011
0.540 ± 0.008

5.54
9.60

0.29
0.002

Yes, low yield
No

No
No

a. Data calculated for 30 mM [Ca2+] total, 30 mM chelator species, 100 mM ionic strength, pH 9.0. b. CaCO3
Ksp for ACC and calcite remain constant at –log(Ksp) = 6.40 and 8.47, respectively, at 25 °C. c. Lipid β' ranges
from of 0.1-2.0.
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Figure 4-4. Confocal microscopy images of LUV-ATPS emulsion droplets with 30 mM
Ca2+ and various chelator species also at 30 mM. Species are: A) Malic acid; B) EDDS; C)
GLDA; D) EDTA. Images have been overlaid and false-colored for clarity. Blue
fluorescence represents Alexa 647-labeled dextran, indicating Dx-rich droplets and red
fluorescence represents Rhodamine-labeled LUVs. Scale bars = 10 µm.
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Figure 4-5. Confocal microscopy images of LUV-ATPS emulsion droplets with 30 mM
Ca2+ and various chelator species also at 30 mM. Species are: A) Malic acid; B) EDDS; C)
GLDA; D) EDTA at a [Ca2+]/[Chelator] ratio as indicated in the inset. Images have been
overlaid and false-colored for clarity. Blue fluorescence represents Alexa 647-labeled
dextran, indicating Dx-rich droplets and red fluorescence represents Rhodamine-labeled
LUVs. Scale bars = 10 µm.

4.2.2 CaCO3 Precipitation within Dx-rich Droplets
By adding a total of 300 µg/mL urease to a LUV-stabilized, calcium-chelated
droplet system, we achieved significant enzyme compartmentalization to the Dx-rich phase
(10.9 ± 0.4 mg/mL and 0.08 ± 0.008 mg/mL in the Dx-rich and PEG-rich phases,
respectively), which varies from previous experiments with larger volumes of Dx-rich
phase relative of PEG-rich phase.31 This high urease compartmentalization to the Dx-rich
phase was unexpected, but could be the result of the phase behavior of proteins, which here
altered the properties of the Dx-rich phase.21,

23, 55

We then performed CaCO3
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mineralization reactions within the LUV-stabilized Dx-rich droplets by addition of 200
mM total urea, forming ammonia and carbonate and increasing the local pH as shown in
Figure 4-6 and Equation 4-1.31, 44, 45 Since the LUV layer did not significantly hinder
diffusion between the polymer-rich phases, no particular transport mechanism was
necessary for urea, and rather the entire system was mixed via pipette upon addition to
establish concentration equilibrium.25 For easier visualization of CaCO3 precipitates, we
performed darkfield microscopy over a reaction period of 30 minutes, as shown in Figure
4-7 and 4-8. As predicted, in systems with calcium chelated by EDDS, we were able to
visualize CaCO3 in as little as 5 minutes, and by 30 minutes precipitation was evident
within all of the Dx-rich droplets. In contrast, calcium chelated by EDTA was bound too
tightly, and no precipitate was observed after 24 hours of reaction, as shown in Figure 4-9.
GLDA precipitates were found (Figure 4-9), but only after significant time had passed
when the Dx-rich droplets were no longer stabilized. We did observe a significant increase
in the Dx-rich droplet size in samples that created CaCO3 precipitates (e.g. EDDS), which
we attributed to the LUVs adsorbing weakly to the surface of the newly-formed, nearby
diffusing solid structures. The LUVs-stabilized droplets were stable during the enzymatic
reaction for ~60 minutes, long enough to observe localized CaCO3 precipitation.
Eventually, the droplets coalesced and adhered to the glass slide, likely due to the
combination of lipid adsorption to CaCO3 surface and the increase in ionic strength from
ammonia and carbonate release. Long-term stabilization of these artificial mineralization
vesicles might be possible by means of removing these excessive ions in solution.
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Figure 4-6. Dx-SNARF for determining localized pH changes. (A.) Dx-rich droplets
displaying pH changes (Green = Acidic, Yellow = Basic, Red = Neutral at pH 7.7). Images
have been overlaid and false-colored for clarity. Scale bars = 10 µm. (B.) Trend of pH
changes inside of Dx-rich droplets.
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Figure 4-7. LUV-stabilized Dx-rich droplets where 30 mM Ca2+ was first chelated by 30
mM EDDS, after which CaCO3 was locally precipitated, imaged using: (A) confocal
microscopy, showing a fluorescence and DIC image pair, or (B) darkfield optical
microscopy. Images in (A) have been overlaid and false-colored for clarity. Blue
fluorescence represents Alexa 647-labeled dextran, indicating Dx-rich droplets and red
fluorescence represents Rhodamine-labeled LUVs. Scale bars = 50 µm.
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Figure 4-8. LUV-stabilized Dx-rich droplets where 30 mM Ca2+ was first chelated either
by (A) 30 mM EDDS or (B) 30 mM EDTA, after which CaCO3 was locally precipitated,
imaged using darkfield optical microscopy. Inset is time in minutes after the addition of
urea (200 mM total). Scale bars = 50 µm.
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Figure 4-9. Confocal microscopy images of LUV-ATPS emulsion droplets with 30 mM
Ca2+, 300 µg/mL urease, 200 mM urea, and 30 mM of A) EDDS, B) GLDA, or C) EDTA,
24 hours after the reaction was initiated. Images have been overlaid and false-colored for
clarity. Blue fluorescence represents Alexa 647-labeled dextran, indicating Dx-rich
droplets and red fluorescence represents Rhodamine-labeled LUVs. Scale bars = 10 µm.

4.2.3 Analysis of CaCO3 Precipitates
XRD was used to determine the presence of crystallinity and polymorphism (calcite
or vaterite) in CaCO3 products. IR analysis served several analytical functions: (1) it
confirmed amorphous CaCO3 (ACC) through the presence of easily-identifiable water
peaks, as crystalline CaCO3 is entirely anhydrous while amorphous precipitates are slightly
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hygroscopic; (2) the potential strong adsorption of any matrix materials (PEG, Dx, LUVs,
urease, chelators, etc.) onto the precipitate surface was determined by performing a control
experiment and observing significant peak intensity shifts; (3) monodentate and bidentate
calcium-carboxylate chelation have easily-identifiable peaks.56-69 SEM was used to
confirm the presence of amorphous CaCO3 in samples, which are typically small spheroids
of < 200 nm diameter, and show morphological changes in crystalline samples.60-63
We first performed XRD on CaCO3 samples from LUV-stabilized ATPS after 1
hour of reaction, as shown in Figure 4-10. A precipitation reaction without a chelator was
also performed as a control. In samples with GLDA, insufficient material was retrieved for
accurate XRD analysis, and when EDTA was used to chelate Ca2+, no precipitate was
found. Here, we observed that CaCO3 precipitated without a chelator or MA resulted in a
mainly crystalline product (calcite or vaterite), whereas the presence of EDDS resulted in
an almost entirely amorphous precipitate (Figure 4-10B). Samples that contained LUVs
appeared to increase the overall precipitate crystallinity as compared to those without,
which shows that the lipids may be polymorph-directing additives.
SEM images of these samples as shown in Figure 4-11 and 4-12, revealing a
mixture of crystalline and amorphous particles in the absence of chelator or MA and
entirely amorphous particles when EDDS and GLDA was present. Again, we observed that
the CaCO3 crystallinity was increased in the presence of LUVs, especially when no chelator
was present (Figure 4-10).
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Figure 4-10. XRD analysis of CaCO3 precipitates formed in ATPS of VDx : VPEG 1:49 with
300 µg/mL urease, 30 mM Ca2+, 30 mM of MA or EDDS, with and without 20% v/v LUVs,
1 hour after the addition of 200 mM urea. A control without a chelator was also performed.
A) Results displaying the prominent peaks in mainly-crystalline MA and no chelator
samples. B) EDDS chelator samples. Calcite and vaterite standard peaks are inset for easy
identification of peaks.
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Figure 4-11. SEM images of CaCO3 precipitates obtained from urease-mediated ATPS
precipitation reactions identical to that in Figure 4-10, in the presence of 20% v/v LUVs.
Wide- and narrow-view images are displayed to give a better perspective of the distribution
of precipitates. Scale bars = 5 µm.
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Figure 4-12. SEM images of CaCO3 precipitates obtained from urease-mediated ATPS
precipitation reactions identical to that in Figure 4-10, in the A) presence and B) absence
of 20% v/v LUVs. Wide- and narrow-view images are displayed to give a better perspective
of the distribution of precipitates within a particular sample. Scale bars = 5 µm.

ATR-FTIR analysis of CaCO3 products from LUV-stabilized ATPS as well as a
CaCO3 standard was performed, and the IR absorption peaks of import are summarized in
Table 4-2.56-59 A first-order normalization of the most intense carbonate peak at ~1390 cm1

was performed for the purposes of sample comparison. Figure 4-13 depicts the IR

absorption for ATPS samples with no chelator, EDDS, and a CaCO3 standard in the main
region of interest between 1700-1350 cm-1. The broad asymmetric O-C-O bending peaks
at 1390 and 1475 cm-1 indicate a carbonate species, and the latter, vaterite or ACC.56-59 The
shouldering peak at 1575 cm-1 in EDDS indicates the presence of monodentate calciumcarboxylate chelators via an asymmetric Ca-COO- stretching mode.64-66 The presence of a
small H-O-H bending peak at 1650 cm-1 indicates water, another indicator for the presence
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of ACC in the sample.56-59 For additional IR spectra of MA, GLDA with and without
LUVs, see Figures 4-14 and 4-15. These data indicate: (1) additional evidence for the
presence of ACC in EDDS and GLDA samples; (2) LUVs had little to no influence on the
crystal structure; (3) no matrix materials appeared to adsorb to CaCO3. A control
experiment was performed where a standard CaCO3 was mixed with the components of the
above experiments. As shown in Figure 4-16, no significant changes in spectra were
observed for any sample, and no amorphous properties were observed.

Table 4-2. Absorption peaks of import related to CO3, Ca-COO chelation, and water
vibrational modes from IR analysis of powders in this investigation.56-59,64-66
Wavenumber
(cm-1)

Relative
Intensity

Shape

713

Weak

Sharp

742

Weak

Sharp

872

Strong

Sharp

1020

Moderate

Broad
(~970-1100 cm-1)

1075

Weak

Small Hump

1087

Weak

Small Hump

1390

Very Strong

1475

Very Strong

1575

Moderate

1650

Weak

1795
2512

Weak
Weak

3300

Moderate

Vibration Mode

Assigned To

Very Broad
(~1200-1550 cm-1)
Very Broad
(~1300-1550 cm-1)

ν4; O-C-O bending,
in-plane deformation
ν4; O-C-O bending,
in-plane deformation
ν2; CO3 out of plane
deformation mode
ν1; Symmetric C-O
stretching mode
ν1; Symmetric C-O
stretching mode
ν1; Symmetric C-O
stretching mode
ν3; Asymmetric C-O
stretching mode
ν3; Asymmetric C-O
stretching mode

Broad
(~1550-1600 cm-1)

Asymmetric COO-Ca
stretching

Monodentate
chelation with
Ca2+

H-O-H bending

Water

ν1+ ν4 combination
ν1+ ν3 combination
-OH anti- and
symmetric stretches

Calcite
Calcite

Broad
(~1625-1675 cm-1)
Small Hump
Small Hump
Broad
(~2800–3600 cm-1)

Calcite
Vaterite
All –CO3
polymorphs
Amorphous
CaCO3
Amorphous
CaCO3
Vaterite
All –CO3
Vaterite

Water
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Figure 4-13. ATR-FTIR spectra between 1700 and 1350 cm-1 of a CaCO3 standard and
CaCO3 precipitated from LUV-stabilized ATPS emulsions with no chelator or EDDS.
Relevant markers overlaid to guide the eye.

Figure 4-14. ATR-FTIR spectra between 3700 and 600 cm-1 of a CaCO3 standard, urease
powder, and CaCO3 precipitated from LUV stabilized and non-LUV stabilized ATPS
emulsions with no chelator, MA, EDDS or GLDA. Relevant markers overlaid to guide the
eye.
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Figure 4-15. ATR-FTIR spectra between 1700 and 1350 cm-1 of a CaCO3 standard and
CaCO3 precipitated from LUV-stabilized ATPS emulsions with no chelator, MA, EDDS
or GLDA. Relevant markers overlaid to guide the eye.

Figure 4-16. ATR-FTIR spectra between 3700 and 600 cm-1 of a CaCO3 standard that was
mixed in matrix materials including buffer, urease, LUVs, PEG/Dx-rich phase, MA,
EDDS, or GLDA. Relevant markers overlaid to guide the eye.
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4.3 Conclusions
In this study, we developed a crowded, lipid-vesicle stabilized aqueous biphasic
system that was capable of localized CaCO3 precipitation through careful manipulation of
Ca2+ binding. With in vivo CaCO3 biomineralization, the concentration of free calcium is
also tightly controlled by chelating carboxylic polysaccharides, which assist in calcium
compartmentalization within lipid-bound mineralizing vesicles.1-8 Our mimic system does
not contain a continuous lipid bilayer like biological cells, but was utilized here to provide
a simple diffusion of reagents across the phase boundaries, which allowed the droplets to
act as mineralizing microreactors. Importantly, we found that the strength of calciumchelator binding had a direct impact on lipid stabilization, as well as the extent of localized
CaCO3 precipitation and polymorphism. We found that the amount of chelator
incorporation into the CaCO3 precipitate was dependent on the binding strength and
crystallinity of the product. In particular, ACC was susceptible to chelator binding. These
results indicate CaCO3 products formed in our system, and perhaps in biology as well, are
perhaps able to be bound by chelators while in the amorphous phase. In the future, we will
transition from small molecule chelators used here to the more biologically relevant
polymeric carboxylic acid chelators, such as poly(aspartic acid). From these experiments,
we hope to better understand the in vivo chelation approach, whereby many calcium ions
are bound by a single polymeric chelator.
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4.4 Materials and Methods
4.4.1 Materials
Calcium chloride dihydrate (≥99.5 % purity), urea, ethylenediaminedisuccinic acid
(EDDS), ethylenediaminetetraacetic acid (EDTA), malic acid (MA), poly(ethylene glycol)
(PEG) 8 kDa, dextran (Dx) 10 kDa, urease from jack bean (Canavalia ensiformis) 483 kDa
of activity 35 U/mg and ovalbumin 40 kDa were purchased from Sigma Chemical Co. (St.
Louis, MO). N,N-bis(carboxymethyl)-L-Glutamate (GLDA) was purchased from Tokyo
Chemical Co. (Tokyo, Japan). Amino-dextran 10 kDa was purchased from Molecular
Probes, Inc. (Eugene, OR). Egg-phosphatidylcholine (PC), egg-phosphatidylglycerol (PG),
1, 2-dioleoyl-sn-glycero-3-phosphoethanolamine-poly(ethylene glycol) 2 kDa (DOPEPEG

2

kDa),

and

1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine

rhodamine B sulfonyl) (DOPE-Rh) lipids were purchased from Avanti Polar Lipids, Inc.
(Alabaster, AL).

4.4.2 Instrumentation and Microscopy
UV/Visible measurements were taken with a Hewlett-Packard 8453 diode array
spectrometer (Palo Alto, CA) with Aglient ChemStation software. Fluorescence was
measured using a Fluorolog Horiba Jobin Yvon fluorimeter (Edison, NJ) and Fluorolog
software. Atomic absorption of calcium was measured using a Model 210 Buck Scientific
atomic absorption spectrophotometer with a calcium hollow cathode lamp operating at
422.5 nm wavelength, 2.2 mA input power, an air/acetylene input pressure of 200 and 100
kPa, respectively, utilizing built-in software for signal retrieval. Confocal images were
taken with a Leica TCS SP5 PL confocal microscope (Wetzlar, Germany) using a 63x 1.4
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NA APO objective with DIC optics in tandem with sequential laser excitation of 544 and
633 nm and emission bands of 560-600 and 650-700 nm for Rhodamine and Alexa 647labeled Dextran 10 kDa, respectively, on a 63x oil immersion objective; images were
analyzed using LAS-AF software. X-ray diffraction patterns were collected on a Si zerobackground sample holder using PANAnalytical XPert Pro MPD Theta-Theta
Diffractometer (Almelo, The Netherlands) across a 20-70° 2θ range at 45 kV acceleration,
40 mA Cu Kα radiation using a 0.5° divergence fixed-slid width and 10 mm beam mask
in tandem with a PIXcel detector over an analysis time of 15 minutes; the resulting patterns
were analyzed using Jade+ 9 software from MDI (Livermore, CA). SEM images were
acquired with a Hitachi S-3500N, operated at high vacuum mode at a 5-7 mm working
distance, and a 5 keV accelerating voltage; a ~10 Å gold coating was applied to samples
using an in-house metal evaporator prior to imaging. Darkfield images were acquired on
an Olympus BX51 microscope (Tokyo, Japan) using a 20x 0.5 NA air objective with
darkfield optics with a Jenopik ProgRes CFscan camera (Rochester, NY) and Fluoview
software. Infrared spectra were collected using a Bruker Vertex V70 spectrophotometer
(Bruker Optics, Billerica, MA) using a Harrick MVP Pro Star attenuated total reflectance
(ATR) accessory with a diamond crystal, which was operated under N2-rich conditions to
remove atmospheric moisture. All spectra were acquired between 4000-400 cm-1 at 4 cm-1
resolution over 100 averaged scans recorded using an MCT detector, which was recorded
using Opus software; intensities are reported here as –log(R/Ro), where R is the spectral
reflectance of the sample, and Ro is the reflectance of the reference, taken before each
sample.
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4.4.3 Formation of bulk ATPS, ATPS LUV emulsions.
A 20 g stock ATPS of 10%/10% w/w PEG 8 kDa/Dx 10 kDa was made in 10 mM
pH 7.4 Tris buffer, hereto referred to as the “ATPS stock”. The phases were separated and
recombined to make ATPS of desired VDx : VPEG ratios and total volumes as detailed
previously (see references 21, 24, 25, and 31). Note that the PEG-rich phase this ATPS
working solution is composed of both PEG-rich phase from the ATPS stock as well as
LUVs hydrated in PEG-rich phase (see below); these are combined together to make the
total PEG-rich phase volume (VPEG).
LUVs were formed through the extrusion of heterogeneous lipid products formed by gentle
hydration of lipid films. Specifically, initial lipid mixtures of 48.56, 48.51, 2.83, and 0.10
mol % of Egg-PC, Egg-PG, DOPE-PEG 2 kDa, and Rh-DOPE were pooled in a silanized
glass tube with an additional wash of ~49 µL chloroform, for a final volume of ~150 µL;
this mixture was stirred rapidly by hand while Ar was blown into the tube slowly (~1 PSI),
which dried the lipid mixture into a film on bottom of the glass. The vial was placed within
a vacuum desiccator and vacuum was pulled via pump for at least two hours to remove any
chloroform remaining in the lipid film. For hydration, 500 µL of PEG-rich phase from the
ATPS stock was added to the glass vial, capped tightly with parafilm, and placed in a 37
°C incubator for at least 48 hours. The heterogeneous mixture was allowed to cool to room
temperature and then extruded through a 200 nm pore 11 times using an Avanti miniextruder, creating ~200 nm LUVs and removing any excess non-LUV lipid material (for
more information, see reference 25). The LUVs were stored in a 2 mL silanized glass vial
under Ar gas at room temperature until use, and used within a week. This PEG-rich LUV
stock is then added to an ATPS working solution at 20% v/v of LUVs, making sure that
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the additive total of PEG-rich phase and LUVs equal the final desired PEG-rich phase
volume (VPEG); this ATPS is then mixed vigorously via pipette to create an ATPS LUV
emulsion. This emulsion was observed to be stable for between a few hours to up to a day,
depending on the volume of LUVs added.

4.4.4 Addition of Ca2+ and Chelators to ATPS LUV emulsions; localized CaCO3
precipitation.
To determine the effect of Ca2+ and chelators upon the stability ATPS LUV
emulsions, a 200 µL ATPS with 20 vol. % LUVs of VDx : VPEG 1 : 49 was first made up
and emulsified via pipette. To this emulsion, in order, urease, a particular chelator (if
applicable), fluorescent dextran, and finally Ca2+ were added to their final concentrations,
making sure to mix the emulsion via pipette after each addition. To prevent excess dilution
of the ATPS, urease was solvated as a 40 mg/mL stock in buffer, Ca2+ as a 3 M stock in
PEG-rich phase, and (when possible) the chelators made as concentrated stock solutions of
PEG-rich phase, as well. A 50 µL sample of the suspended emulsion was dispersed as a
single droplet on a silanized glass cover slip with a 150 µL silicone spacer and placed on
the microscope stage. After waiting a few minutes to allow some of the Dx-rich droplets
to settle, an area of interest was determined visually and DIC/fluorescence images were
taken. To initiate CaCO3 precipitation in the case of darkfield images, urea from a 5 M in
PEG-rich phase stock was added to the top of the emulsion and very gently stirred to a final
concentration of 200 mM urea. The resulting precipitation reaction was monitored in realtime over a 30-minute time period.
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4.4.5 Partitioning Determination.
A 10 mL ATPS of VDx : VPEG of 3 : 1 was formulated with no LUVs, and an
equivalent concentration of Ca2+ and chelator species to the above experiments were added.
The ATPS was mixed thoroughly, left in a refrigerator at 5 °C overnight, and allowed to
warm to room temperature before analysis, where aliquots of each polymer-rich phase were
taken and diluted appropriately into DI H2O. Atomic absorption spectrophotometry was
used for calcium analysis (422.5 nm), UV/Visible spectrophotometry for the various
chelators using 30 mM Cu2+ (760, 660, 725, 825 nm for MA, EDDS, GLDA and EDTA,
respectively), and fluorimetry for detection of urease via tryptophan (λEx = 280 nm, λEm =
332 nm). Background interference caused by PEG prevented determining the exact
concentration of urease in the PEG-rich phase. Instead, the PEG-rich phase concentration
was calculated by using the total number moles of urease added, the volumes of each
polymer-rich phase, and the determined urease concentration in the Dx-rich phase. Each
method was blanked against DI H2O and at least 6 calibration standards were utilized for
each method, resulting in R2 values of at least > 0.99.

4.4.6 Analysis of CaCO3 products using XRD, SEM and ATR-FTIR.
A 1 mL ATPS with or without 20 % v/v LUVs and VDx : VPEG 1 : 49 was
formulated, emulsified via pipette, and the appropriate amount of urease, Ca2+, and chelator
species (typically 300 µg/mL, 30 mM and 30 mM, respectively) were added as described
above. A control sample with no chelator (with and without LUVs) was also utilized for
this experiment. Urea from a 5 M PEG-rich phase stock solution was added to the emulsion
for a final concentration of 200 mM, and the emulsion was vortexed via pipette to initiate
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the precipitation reaction. After one hour, the emulsion was centrifuged at 12600 × g to
separate the precipitant, and the remaining liquids were removed via pipette. The CaCO3
pellet was resuspended with 1 mL of 10 mM Tris base (pH = 9.5), followed by two
additional centrifuge and washing cycles. After the final centrifuge step, the buffer was
removed via pipette and the centrifuge tube placed within crushed dry ice until analysis to
prevent any unwanted polymorph or morphological changes in the CaCO3. Immediately
prior to analysis, a minimum amount of 95% EtOH (typically ~30 µL) was used to
resuspend the precipitate, which was used on an appropriate sample stage for XRD, SEM,
or ATR-FTIR.

4.4.7 ATR-FTIR analysis of CaCO3 standard mixed with matrix materials.
0.01 g of a CaCO3 powder (Sigma-Aldrich) was placed within a centrifuge tube,
along with one of the following: 10 mM Tris base (pH = 9.5), 10% w/w PEG 8 kDa, 10%
w/w Dx 10 kDa, 10 mg/mL urease, 20% v/v LUVs, or 30 mM of MA, EDDS or GLDA;
10 mM Tris base was used rather than the typical buffer (pH 9.5 instead of 7.4) to prevent
CaCO3 dissolution and ensure equivalent chelator deprotonation to previous experiments
(i.e. CaCO3 precipitated in the presence of chelators, where the pH is high due to released
ammonia). The centrifuge tubes were vortexed gently for an hour and then washed as per
the procedure above, and the final powder within the tubes placed on dry ice. ATR-FTIR
analysis was performed by handling the samples as described above.
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Chapter 5
Biocatalyzed Formation of Amorphous Calcium Carbonate in Biomimetic
Mineralization Microcompartments

5.1 Introduction
Biomineralization is a complex, concerted process that forms a mineral with
morphologically distinct features.1-4 Calcium carbonate (CaCO3) biomineral formation
begins in ~50-100 nm mineralization vesicles, where Ca2+ chelation by various
carboxylated polysaccharides controls the rate of CaCO3 nucleation and growth.1,2,5-7 In
both the cytoplasm and mineralization vesicles, the free Ca2+ concentration is regulated by
these polymeric chelators.2, 5-7 CaCO3 initially precipitated in mineralization vesicles is
entirely amorphous CaCO3 (ACC), which can be manipulated by the organism to make
larger, more complex mineral structures.5-10 Research by Marsh found that the absence of
Ca2+-chelating polysaccharides in P. carterae caused a decrease of ACC precipitation in
mineralizing vesicles, which prevented larger mineral growth.2, 5 This indicates that the
formation of CaCO3 minerals in some biomineralizing organisms is dependent on
intercellular Ca2+ control through chelation and compartmentalization into mineralizing
vesicles.5-8
It is therefore important to understand the balance between Ca2+ chelation,
compartmentalization, the crowded cytoplasmic environment and CaCO3 precipitation. In
particular, Ca2+ chelation by the carboxylic acid polymer poly(aspartic acid) (PAA) has
gained attention due its ability to form a polymer-induced liquid precursor (PILP), which
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precipitates exclusively amorphous calcium carbonate (ACC).7,11-15 PILPs have drawn
significant attention for biomineralization mimicry due to their ability to make an ACCrich phase.7,11-15 However, research with PAA has been conducted in dilute solution that
does not represent the interior of the cell or mineralization vesicles.2, 5-7,11-20 Here we have
developed a mineralization vesicle analog that incorporates some of these conditions,
including macromolecular crowding and compartmentalization where a localized Ca2+PAA PILP was formed. This mimic was composed of an aqueous two-phase system
(ATPS) of poly(ethylene glycol) (PEG) and dextran (Dx), which formed emulsion droplets
upon the addition of large unilamellar vesicles (LUVs, ~110 nm in diameter). The ATPS
here contain crowding of 20% w/w total macromolecules, which form into two distinct
compartments.21-23 When LUVs are added when the Dx-rich phase volume is low relative
to the PEG-rich phase (volume ratio, or VDx : VPEG = 1 : 49), a stabilized emulsion is
formed.24 Here, Dx-rich droplets of ~1-5 µm diameter surrounded by LUVs are suspended
within a sea of PEG-rich phase.24 Ca2+ added to this system was chelated by PAA, which
formed a PILP.7,11-15 A similar PILP-like phase termed a coacervate is formed when Ca2+
and poly(acrylic acid), a polymer structurally similar to PAA, are mixed.25-27 Coacervates
are phases or particles that form when two oppositely charged polyelectrolytes, or a
polyelectrolyte and a small ion species, are mixed at particular concentrations.28-32 We
suspect that the Ca2+-PAA PILP found here is a coacervate, which forms a Ca2+-PAA-rich
phase.21,33-34
We previously used LUV-stabilized ATPS emulsions to control the extent of Ca2+lipid interactions through Ca2+ chelation and the amount of localized CaCO3 precipitation
as shown in Chapter 4. Due to the stability constant of Ca2+-PAA complexes (β'Ca-PAA range
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from ~2.2 – 5.1), we predict that incorporation of PAA will allow for similar Ca2+
chelation.35,36 Addition of PAA in the presence of Ca2+ resulted in the formation of a PAArich phase within the LUV-stabilized compartments and prevented Ca2+-lipid interactions.
The enzyme urease localized to the Dx-rich phase, which initiated the onset of CaCO3
precipitation in the PAA-rich phase after the addition of urea.37-39 By studying the interplay
between the various solution components and the resultant precipitate, we may better
understand the role of Ca2+ chelators in crowded, compartmentalized media.

5.2 Results and Discussion.
In our previous work, CaCO3 precipitation was limited to the Dx-rich phase of the
PEG/Dx ATPS based on local CO32- production by urease partitioned to this phase.39 In
biological systems free Ca2+ is < 0.5 µM, and it is thus expected that Ca2+ is bound to
biomolecules prior to mineralization.1-2,5-7,40-41 For example, the coccolithophore species
P. carterae binds Ca2+ with a variety of carboxylated polysaccharides.2,5 Here,
poly(aspartic acid) (PAA) 6.5 kDa was used as a polymeric Ca2+ chelator inside the model
mineralizing vesicles. We began by evaluating the impact of adding PAA to the system
with and without calcium. All ATPS were Dx-rich : PEG-rich of 1 : 49 volume ratio with
20% v/v of ~110 nm diameter LUVs used for emulsion stabilization. LUVs were composed
of 48.5, 48.5, 2.9, and 0.10 mol % Egg-PC, Egg-PG, DOPE-PEG 2 kDa, and Rh-DOPE,
respectively.
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5.2.1 Effect of PAA on LUV-containing PEG/Dx ATPS without and with Ca2+
The concentration of PAA 6.5 kDa was varied from 0 to 15 mg/mL in a LUVstabilized ATPS emulsion without Ca2+, as shown in Figures 5-1 and 5-2. When no PAA
was present, LUVs were partitioned to the ATPS interface as previously found in Chapter
4. The PAA partitioning remained fairly constant at K = 0.3 – 0.5 over the range of PAA
concentrations used. As the PAA concentration was increased from 1-10 mg/mL, the LUVs
began to disperse from the interface and the mean droplet size increased from 1.7 ± 0.2 to
5.1 ± 1.1 µm. Increased droplet size is consistent with higher charge screening, causing
some droplet coalescence.24 At 10.5 mg/mL PAA, the LUVs were completely dispersed
from the ATPS interface, which corresponded with a droplet size increase from 5 to 12 µm
as LUVs no longer effectively stabilized the emulsion. Due to the PAA pKa of ~3.5-4 and
initial pH of 7.4, we suspect that the electrostatic repulsion between the LUVs and PAA
caused this dispersion into the PEG-rich phase.35,36,42,43

Figure 5-1. Laser confocal microscopy fluorescence images of LUV-ATPS emulsion
droplets with added PAA 6.5 kDa (in mg/mL, image insets) but no Ca2+. Images have been
overlaid with separate fluorescence channels false-colored for clarity. Red fluorescence
represents Rhodamine-labeled LUVs; green fluorescence represents Alexa 488-labeled
PAA; blue fluorescence represents Alexa 647-labeled dextran. Scale bars = 10 µm.
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Figure 5-2. Partitioning of PAA based on fluorescence intensity (black trace, left axis) and
average droplet size (green trace, right axis) extracted from line scans of Figure 5-1 and
other images of the same data set. Lines drawn to guide the eye.

Since the effect of PAA on the LUV-stabilized ATPS was now understood, a fixed
concentration of Ca2+ was introduced. The PILP-forming interaction between PAA and
Ca2+ has been well studied and was predicted to occur here as well.7,11-15 As shown in
Figure 5-3, in the absence of PAA the LUVs are aggregated by the high concentration of
Ca2+ (50 mM). Aggregation of phospholipids by divalent cations is a well-known and can
be regulated through Ca2+ chelation (see Chapter 4).44-48 When PAA was added at
concentrations as low as 2.5 mg/mL, a new, third phase formed inside many of the Dx-rich
phase droplets. As the PAA concentration increased the LUVs began to stabilize, which
indicated Ca2+ chelation by PAA. At 10.5 mg/mL PAA, LUV stabilization was complete,
forming an emulsion system where the LUVs surrounded droplets containing both Dx-rich
and PAA-rich phases. In some cases, the droplets contained Dx-rich phase only. When the

150
PAA concentration was further increased (>10.5 mg/mL), the PAA-rich phase decreased
in size and dissolved within the Dx-rich droplet, leaving the stabilized LUVs surrounding
only Dx-rich phase. At this PAA concentration (10.5 mg/mL, or 1.61 mM of PAA 6.5
kDa), the [Ca2+]:[PAA] is 1 : 31. As there are ~49 aspartic acid monomers each with 2
carboxylic acids per PAA molecule, this represents ~63% total chelation capacity of PAA
if monodentate chelation is assumed. The predicted β for PAA-Ca2+ in these experiments
ranges from 2.2 to 5.1, which correspond to free Ca2+ concentrations of 5.3 and 0.007 mM
Ca2+, respectively (see Chapter 1).35,36,42,43,49 The stability constant in PAA ranges widely
because the addition of multiple Ca2+ ions affects the binding strength of neighboring
aspartic acid monomers.35,36,42,43 We hypothesized that the PAA-rich phase was dependent
on the concentration of PAA, Ca2+ and ionic strength, like most coacervates.21,33,34,50 To
test this, we made LUV-stabilized ATPS emulsions with 50 mM Ca2+ and 10.5 mg/mL
PAA and increased the ionic strength through NaCl, as shown in Figure 5-4. Here we
observed the PAA-rich phase dissolve into the Dx-rich phase as the NaCl concentration
increased, similar to 12.5-17.5 mg/mL PAA of Figure 5-3. Systems that contain PAA and
Ca2+ are termed aqueous three-phase systems or A3PS here for simplicity.
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Figure 5-3. Laser confocal microscopy fluorescence images of LUV-ATPS emulsion
droplets with added PAA 6.5 kDa (in mg/mL, image insets) with 50 mM Ca2+ present.
Images have been overlaid and false-colored for clarity. Red fluorescence represents
Rhodamine-labeled LUVs; green fluorescence represents Alexa 488-labeled PAA; blue
fluorescence represents Alexa 647-labeled dextran. Scale bars = 10 µm.
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Figure 5-4. Laser confocal microscopy fluorescence images of LUV-ATPS emulsion
droplets with 10.5 mg/mL PAA 6.5 kDa and 50 mM Ca2+ with increasing NaCl (in mM,
image inserts). Images have been overlaid and false-colored for clarity. Red fluorescence
represents Rhodamine-labeled LUVs; green fluorescence represents Alexa 488-labeled
PAA; blue fluorescence represents Alexa 647-labeled dextran. Scale bars = 10 µm.

Partitioning for Ca2+, urease and PAA in ATPS and A3PS were determined using
atomic absorption spectroscopy and fluorescence to better understand the local chemistry
changes upon addition of PAA, as shown in Table 5-1. While Ca2+ partitions equally
between the polymer-rich phases in an ATPS, we found in A3PS that Ca2+ was localized
in the PAA-rich phase, reaching a local concentration of 1.34 ± 0.05 M Ca2+. The A3PS
PEG-rich and Dx-rich phases in had respective Ca2+ concentrations of 0.031 ± 0.001 and
0.130 ± 0.005 M Ca2+. Urease partitioned mainly to the Dx-rich phase, with PEG-rich, Dxrich and PAA-rich urease concentrations of 0.217 ± 0.004, 4.35 ± 0.085, and 0.248 ± 0.013
mg/mL, respectively. The PAA-rich phase contained the majority of the total PAA in
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solution, and was highly excluded from the PEG-rich phase. To summarize, we have
formed a system where the two components necessary for CaCO3 precipitation, Ca2+ and
CO32- (the latter formed by urease), are physically located within two separate
compartments, PAA and Dx, respectively.

Table 5-1. Partition coefficients (K) and concentration ratios (CR) (as PEG : Dx : PAA) of
Ca2+, urease, and PAA in a PEG/Dx ATPS with VDx : VPEG = 1 : 49, with and without 10.5
mg/mL PAA 6.5 kDa, 50 mM Ca2+ and 300 µg/mL urease.
VDx : VPEG = 1 : 49
ATPS With:

Ca2+ K or CR

Urease K or CR

PAA K or CR

+50 mM Ca2+

0.99 ± 0.08

0.0075 ± 0.0008

N/A

+10.5 mg/mL PAA

N/A

N/A a

0.32 ± 0.01

+50 mM Ca2+
+10.5 mg/mL PAA

0.022 : 0.096 : 1
± 6.24%

0.049 : 1 : 0.057
± 6.25%

0.011 : 0.226 : 1
± 5.12%

a

Urease not determined in this ATPS because CaCO3 could not be precipitated without
Ca2+; therefore, urease was not necessary here.

From Figures 5-1 and 5-3, we have determined that the transition from ATPS to
A3PS only occurs at particular PAA and Ca2+ concentrations. By adding 50 mM Ca2+ to a
LUV-stabilized ATPS emulsion containing 10.5 mg/mL PAA, as shown in Figure 5-5,
reorganization of the suspension was observed. Here the added Ca2+ caused the PAA within
the Dx-rich phase to phase separate (forming PAA-rich phases) as calcium was chelated.
Simultaneously, the LUVs that were previously dispersed into the PEG-rich phase returned
to the PEG/Dx interface, yielding stabilized droplets with Dx-rich/PAA-rich interiors. In
contrast to the A3PS in Figure 5-3, here we observed heterogeneity in PAA droplet size
and distribution within LUV compartments. It was found that if these heterogeneous
emulsions were mixed via pipetteing (not shown), all of the PAA–rich phase would
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coalesce like Figure 5-3, suggesting that electrostatic repulsion prevented coalescence of
PAA-rich phase droplets.

Figure 5-5. Laser confocal microscopy fluorescence images of LUV-ATPS emulsion
droplets with 10.5 mg/mL PAA 6.5 kDa, after the addition of 50 mM Ca2+ (in seconds,
image inserts). Images have been overlaid and false-colored for clarity. Red fluorescence
represents Rhodamine-labeled LUVs; green fluorescence represents Alexa 488-labeled
PAA; blue fluorescence represents Alexa 647-labeled dextran. Scale bars = 10 µm.

5.2.2 CaCO3 precipitation within Dx/PAA droplets
To locally precipitate CaCO3, 300 µg/mL urease was added to an LUV-stabilized
A3PS containing 50 mM Ca2+ and 10.5 mg/mL PAA, forming an A3PS like from Figure
5-3. Urea was added to this emulsion to a final concentration of 100 mM. As shown in
Figure 5-6, about 9 minutes after urea addition, the PAA-rich droplets migrated to one side

155
of the Dx compartments and began a period of expansion as CO32- reacted with the Ca2+
chelated by PAA. At about 11 minutes, the PAA-rich phase dissolved and the unbound
PAA partitioned into the Dx-rich phase, as quantified in Figure 5-7. Simultaneously,
CaCO3 was precipitated at the location of the PAA-rich phase. After precipitation,
individual CaCO3 particles were observed to break off and diffuse within the Dx-rich
droplet, while no CaCO3 was found in the PEG-rich phase. In small (≤10 µm diameter)
droplets, some PAA fluorescence remained associated with the CaCO3 and a small amount
of CaCO3 was found within the PAA-rich phase. In contrast to Figure 5-1 where PAA in
the absence of Ca2+ resulted in LUV dispersion, after CaCO3 was precipitated the ionic
strength was raised due to released NH4+ by urea hydrolysis, which increased charge
screening and assisted in LUV stabilization. The CaCO3 precipitated did not grow or alter
morphology during observation, indicating that ACC was stabilized.
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Figure 5-6. Laser confocal microscopy fluorescence images of LUV-ATPS emulsion
droplets with 10.5 mg/mL PAA 6.5 kDa, 50 mM Ca2+ and 300 µg/mL urease after the
addition of 100 mM urea (in minutes, image inserts). Images have been overlaid and falsecolored for clarity. Red fluorescence represents Rhodamine-labeled LUVs; green
fluorescence represents Alexa 488-labeled PAA; blue fluorescence represents Alexa 647labeled dextran. Arrow at 11.3 min. indicates the location of CaCO3 precipitation in a
droplet. Scale bars = 10 µm.
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Figure 5-7. Alexa 488-labeled PAA fluorescence intensities in the PEG-rich, Dx-rich and
PAA-rich phases from Figure 5-6. Asterisk indicates the transition from A3PS to ATPS
and precipitation of CaCO3. Lines drawn to guide the eye.

5.2.3 Analysis of CaCO3 precipitates
Materials analysis of CaCO3 formed in ATPS (no PAA) and A3PS were performed
to determine the effect of PAA and LUVs on CaCO3 polymorphism and morphology.
Scanning electron microscopy (SEM) was first performed on these samples, as shown in
Figure 5-8. In the ATPS controls, a standard distribution of vaterite and calcite was
observed and the LUVs appeared to increase the amount of calcite. The A3PS samples
contained uniform spheres of varying size, with the LUVs having no discernable effect on
either morphology or sphere size. While the smaller particles (< 200 nm diameter) are
indicative of ACC and are abundant, ACC typically does not form larger particles due to
their inherent instability.7,51-54
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Figure 5-8. Scanning electron microscopy images of CaCO3 products isolated from ATPS
(control) and A3PS (+PAA), each with and without LUVs (+LUVs or –LUVs). Scale bars
= 5 µm.
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XRD was performed on CaCO3 precipitates isolated from ATPS with and without
10.5 mg/mL PAA and LUVs, as shown in Figure 5-9. Here we found a high degree of
crystallinity (as vaterite and calcite) in ATPS samples, but no XRD signal when PAA was
present (Figure 5-9B), indicating a precipitate entirely composed of ACC. The presence of
LUVs increased the degree of polymorphic transformation in the ATPS control (from
calcite to vaterite), but no difference in the XRD pattern was observed in the A3PS samples.
These results are consistent with the literature where PAA has been used to make stabilized
ACC.7,11-15 Furthermore, the XRD of the A3PS indicates that the spheroids observed in
SEM images from Figure 5-8 are indeed ACC, despite their unusual size.

Figure 5-9. X-ray diffraction spectra of CaCO3 isolated from ATPS (control) and A3PS,
each with and without LUVs. (A) Displays all of the spectra, while (B) displays the
zoomed-in A3PS results. Calcite and vaterite standard peaks are inset for easy
identification of peaks.

ATR-FTIR was performed on ATPS and A3PS samples to further validate the
presence of ACC and determine if PAA continued to chelate CaCO3 after
precipitation.55,56,9,10 These results are shown in Figure 5-10 and 5-11 and the absorption
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peaks of import are given in Table 5-2. In the A3PS samples, the lack of any polymorphspecific O-C-O in-plane deformation bending peaks (713 and 742 cm-1 in Figure 5-11) and
the presence of water evidenced by the broad peak at 3300 cm-1 are indicative of CaCO3
samples composed of ACC.9,10 In addition, in the A3PS samples monodentate Ca-COO
chelation via PAA surface adsorption was found by the Ca-COO asymmetric bending peak
at 1575 cm-1 (Figure 5-11).57-59 Like SEM and XRD, the LUVs appeared to have an impact
on ATPS samples in terms of polymorphic distribution, but not CaCO3 from A3PS. We then
performed a series of control experiments to determine the strength of matrix material
adsorption, where a fully crystalline CaCO3 standard was mixed separately with each of
the ATPS/A3PS matrix materials. As shown in Figure 5-12, no differences were observed
between the CaCO3 standard and the standard mixed with any of the matrix materials. This
indicates that the chelation observed in Figures 5-10 and 5-11 occurs during initial CaCO3
nucleation and growth rather than after a crystalline lattice has been established.
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Table 2. Absorption peaks of import related to CO3, Ca-COO chelation, and water
vibrational modes from IR analysis.9,10,55-59
Wavenumber
(cm-1)

Relative
Intensity

Shape

Vibration Mode

Assigned To

713

Weak

Sharp

ν4; O-C-O bending,
in-plane deformation

Calcite

742

Weak

Sharp

ν4; O-C-O bending,
in-plane deformation

Vaterite

872

Strong

Sharp

1020

Moderate

Broad
(~970-1100 cm-1)

1075

Weak

Small Hump

1087

Weak

Small Hump

1390

Very Strong

Very Broad
(~1200-1550 cm-1)

ν3; Asymmetric C-O
stretching mode

Calcite

1475

Very Strong

Very Broad
(~1300-1550 cm-1)

ν3; Asymmetric C-O
stretching mode

Vaterite

1575

Moderate

Broad (~15501600 cm-1)

Asymmetric COO-Ca
stretching

Monodentate
chelation with
Ca2+

1650

Weak

H-O-H bending

Water

1795
2512

Weak
Weak

Calcite
Calcite

3300

Moderate

ν1+ ν4 combination
ν1+ ν3 combination
-OH anti- and
symmetric stretches

Broad (~16251675 cm-1)
Small Hump
Small Hump
Broad (~2800 –
3600 cm-1)

ν2; CO3 out of plane
deformation mode
ν1; Symmetric C-O
stretching mode
ν1; Symmetric C-O
stretching mode
ν1; Symmetric C-O
stretching mode

All –CO3
polymorphs
Amorphous
CaCO3
Amorphous
CaCO3
Vaterite

Water
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Figure 5-10. Diamond ATR-FTIR spectra between 3700 and 600 cm-1 of CaCO3
precipitates isolated from ATPS (control) and A3PS, each with and without LUVs, as well
as a CaCO3 powder standard. Relevant wavenumbers overlaid to guide the eye.

Figure 5-11. Diamond ATR-FTIR spectra between 1700 and 1350 cm-1 of CaCO3
precipitates isolated from ATPS (control) and A3PS with LUVs as well as a CaCO3 powder
standard. Relevant wavenumbers overlaid to guide the eye.
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Figure 5-12. Diamond ATR-FTIR spectra between 3700 and 600 cm-1 of a CaCO3 standard
soaked in matrix materials including 10 mM Tris buffer, PEG/Dx-rich phase, 10 mg/mL
urease, 20% v/v LUVs, and 10.5 mg/mL PAA 6.5 kDa. Relevant wavenumbers overlaid to
guide the eye.

5.3 Conclusions
Here, we have shown the formation of two phase aqueous emulsion droplets
stabilized by lipid vesicles that locally mineralize CaCO3 within a polymeric Ca2+chelating compartment. This system retains some of the important properties of
mineralizing vesicles, such as a compartment surrounded by lipids, a polymeric Ca2+
chelator, and the precipitation of ACC exclusively within the compartment. Previously we
showed that the strength of calcium binding using monomeric chelators had a direct effect
on LUV stability and degree of CaCO3 precipitation (Chapter 4). As outlined above,
polymeric chelators are a closer biological analog to Ca2+ chelation than monovalent
chelators, and incorporation of PAA into our LUV-stabilized ATPS system revealed an
interesting interdependency between the different solution components.2, 5, 6 This balance
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allowed for the stabilization of LUVs even in the presence of a high total concentration of
Ca2+ (50 mM) and physiological ionic strength (at least 200 mM), as well as localized ACC
precipitation. This research supports that PAA and perhaps other polymeric carboxylate
chelators in macromolecularly crowded systems can produce ACC rather than a crystalline
polymorph.7,11-15,25-27 In biological systems, this could permit the organism to bind further
species (i.e. polymorph-directing additives) to the ACC surface for additional control over
crystal growth.2,5,6
Although advances were made here through the construction of a triphasic
mineralization vesicle analog, important questions remain that this system can be used to
answer. While we have used PAA here to approximate the Ca2+ chelators of mineralizing
vesicles, the next logical step would be to include the actual polyanions from a variety of
species, such as PS2 from P. carterae.2,5 Here, we can determine the presence of any PILPlike phases formed, and by studying the various CaCO3 products learn how carboxylated
polysaccharides allow for the construction of morphologically unique and distinct CaCO3
architecture found in biomineralizing organisms.

5.4 Methods and Materials
5.4.1 Materials
Calcium chloride dihydrate (≥99.5 % purity), sodium chloride, urea, poly(aspartic
acid) 6.5 kDa, poly(ethylene glycol) (PEG) 8 kDa, dextran (Dx) 10 kDa and urease from
jack bean (Canavalia ensiformis) 483 kDa of activity 35 U/mg were purchased from Sigma
Chemical Co. (St. Louis, MO). Amino-dextran 10 kDa, Alexa Fluor carboxylic acids 488
and Alexa Fluor Hydrazine 647 were purchased from Molecular Probes, Inc. (Eugene,

165
OR). Egg-phosphatidylcholine (PC), egg-phosphatidylglycerol (PG), 1, 2-dioleoyl-snglycero-3-phosphoethanolamine-poly(ethylene glycol) 2 kDa (DOPE-PEG 2 kDa), and
1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl) (RhDOPE) lipids were purchased from Avanti Polar Lipids, Inc. (Alabaster, AL).
Alexa Fluor 647 carboxylic acid was attached to amino-dextran 10 kDa by mixing
500 µL of a 14.7 mg/mL 0.1 M NaHCO3 (Sigma Chemical Co.) pH 8 solution with ~0.1
mg fluorophore with an overnight reaction at 5° C, after which centrifugal filtration
(Amicon Ultra 0.5 mL filters, 3 kDa MW cutoff, Sigma Chemical Co.) was applied until
the eluate appeared clear to the eye. Alexa Fluor 488 Hydrazine was attached to PAA 6.5
kDa by mixing 200 µL of a 10 mg/mL 0.1 M MES (Sigma Chemical Co.) pH 5.0 solution
with

~1

mg

fluorophore,

into

which

75

µL

of

a

0.5M

1-Ethyl-3-(3-

dimethylaminopropyl)carbodiimide (EDAC) (Avanti Polar Lipids, Inc., Alabaster, AL)
and 25 µL additional MES buffer was added, resulting in a solution of 6.67 mg/mL PAA,
and 0.125 M EDAC of pH ~ 5; this was reacted overnight 5° C, after which centrifugal
filtration (Amicon Ultra 0.5 mL filters, 3 kDa MW cutoff) was applied until the eluate
appeared clear to the eye.

5.4.2 Instrumentation and Microscopy
UV/Visible measurements were taken with a Hewlett-Packard 8453 diode array
spectrometer (Palo Alto, CA) with Aglient ChemStation software. Fluorescence was
measured using a Fluorolog Horiba Jobin Yvon fluorimeter (Edison, NJ) and Fluorolog
software, using 5 nm excitation and emission slit widths. Atomic absorption of calcium
was measured using Shimadzu Ca/Mg hollow cathode lamp operating at 422.7 nm
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wavelength, 5 nm slit width, 7 mA input current, 15 and 50 PSI acetylene and air respective
input pressures; samples were analyzed using WizAArd software. Confocal images were
taken with a Leica TCS SP5 PL confocal microscope (Wetzlar, Germany) using a 63x 1.4
NA APO objective with DIC optics in tandem with sequential laser excitation; the first
sequence utilized an excitation of 488 nm and emission band of 500-560 nm for Alexa 488labeled PAA, and the second sequence used excitation wavelengths of 544 and 633 nm
with emission bands of 560-600 and 650-700 nm for Rhodamine and Alexa 647-labeled
Dextran 10 kDa. Images were analyzed using LAS-AF software. X-ray diffraction patterns
were collected on a Si zero-background sample holder using PANAnalytical XPert Pro
MPD Theta-Theta Diffractometer (Almelo, The Netherlands) across a 20-70° 2θ range at
45 kV acceleration, 40 mA Cu Kα radiation using a 0.5° divergence fixed-slid width and
10 mm beam mask in tandem with a PIXcel detector over an analysis time of 15 minutes;
the resulting patterns were analyzed using Jade+ 9 software from MDI (Livermore, CA).
SEM images were acquired with a Hitachi S-3500N, operated at high vacuum mode at a
5-7 mm working distance, and a 5 keV accelerating voltage; a ~10 Å gold coating was
applied to samples using an in-house metal evaporator prior to imaging. Infrared spectra
were collected using a Bruker Vertex V70 spectrophotometer (Bruker Optics, Billerica,
MA) using a Harrick MVP Pro Star attenuated total reflectance (ATR) accessory with a
diamond crystal, which was operated under N2-rich conditions to remove atmospheric
moisture. All spectra were acquired between 4000-400 cm-1 at 4 cm-1 resolution over 100
averaged scans recorded using an MCT detector, which was recorded using Opus software;
intensities are reported here as –log(R/Ro), where R is the spectral reflectance of the sample,
and Ro is the reflectance of the reference, taken before each sample.
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5.4.3 Formation of ATPS LUV emulsions
A 20 g stock ATPS of 10%/10% w/w PEG 8 kDa/Dx 10 kDa was made in 10 mM
pH 7.4 Tris buffer, hereto referred to as the “ATPS stock”. The phases were separated and
recombined to make ATPS of desired VDx : VPEG ratios and total volumes as detailed
previously (see references 24 and 39). Note that the PEG-rich phase this ATPS working
solution is composed of both PEG-rich phase from the ATPS stock as well as LUVs
hydrated in PEG-rich phase (see below); these are combined together to make the total
PEG-rich phase volume (VPEG).
LUVs were formed through the extrusion of heterogeneous lipid products formed by gentle
hydration of lipid films. Specifically, initial lipid mixtures of 48.56, 48.51, 2.83, and 0.10
mol % of Egg-PC, Egg-PG, DOPE-PEG 2 kDa, and Rh-DOPE were pooled in a silanized
glass tube with an additional wash of ~49 µL chloroform, for a final volume of ~150 µL;
this mixture was stirred rapidly by hand while Ar was blown into the tube slowly (~1 PSI),
which dried the lipid mixture into a film on bottom of the glass. The vial was placed within
a vacuum desiccator and vacuum was pulled via pump for at least two hours to remove any
chloroform remaining in the lipid film. For hydration, 500 µL of PEG-rich phase from the
ATPS stock was added to the glass vial, capped tightly with parafilm, and placed in a 37
°C incubator for at least 48 hours. The heterogeneous mixture was allowed to cool to room
temperature and then extruded through a 200 nm pore 11 times using an Avanti miniextruder, creating ~200 nm LUVs and removing any excess non-LUV lipid material (for
more information, see reference 24). The LUVs were stored in a 2 mL silanized glass vial
under Ar gas at room temperature until use, and used within a week. This PEG-rich LUV
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stock is then added to an ATPS working solution at 20% v/v of LUVs, making sure that
the additive total of PEG-rich phase and LUVs equal the final desired PEG-rich phase
volume (VPEG); this ATPS is then mixed vigorously via pipette to create an ATPS LUV
emulsion. This emulsion was observed to be stable for between a few hours to up to a day,
depending on the volume of LUVs added.

5.4.4 Effect of PAA on ATPS with and without Ca2+
To determine the effect of PAA on ATPS LUV emulsions with and without 50 mM
Ca2+, a number of 100 µL ATPS with 20 vol. % LUVs of VDx : VPEG 1 : 49 was formulated
and emulsified via pipette. 50 mM Ca2+ was added to some of these emulsions and remixed.
To all of the emulsions, varying concentrations of PAA, fluorescent dextran and
fluorescent PAA (except for a control sample) were added and the samples remixed again.
To prevent excess dilution of the ATPS, PAA and Ca2+ were made as 50 mg/mL and 3 M
stocks in PEG-rich phase, respectively. A 50 µL sample of each emulsion was dispersed
on an in-house silanized glass cover slip with a 150 µL silicone spacer. A non-silanized
cover slip was placed on top, and the sample was placed on the microscope stage to image.
After waiting a few minutes to allow some of the Dx-rich droplets to settle, an area of
interest was determined visually and DIC/fluorescence images were taken. To initiate
CaCO3 precipitation, a top cover slip was not used allowing access to the sample droplet.
Here, 5 M urea dissolved in PEG-rich phase stock was added to the top of the emulsion for
a final concentration of 100 mM urea. The resulting precipitation reaction was monitored
in real-time by taking images every 1-2 seconds for 16 minutes. For Figures 5-2 and 5-7,
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32 lines scans of PEG-rich, Dx-rich or PAA-rich phase were taken using ImageJ software
(Public domain, National Institute of Health).

5.4.5 Urease, PAA and Ca2+ Partitioning
A 20 mL ATPS of VDx : VPEG of 3 : 1 was formulated with no LUVs, and an
equivalent concentration of Ca2+ and PAA to the above experiments was added. The ATPS
was mixed thoroughly, left in a refrigerator at 5 °C overnight and warmed to room
temperature before analysis, where aliquots of each polymer-rich phase were removed and
diluted appropriately into DI H2O. Atomic absorption spectrophotometry was used for
calcium analysis (422.5 nm). Fluorimetry was used to detect urease via tryptophan
fluorescence (λEx = 280 nm, λEm = 332 nm) as well as Alexa 488-labeled PAA partitioning
(λEx = 494 nm, λEm = 516 nm). For urease, background interference caused by PEG
prevented determining the exact concentration of urease in the PEG-rich phase. Instead,
the PEG-rich phase concentration was calculated by using the total number moles of urease
added, the volumes of each polymer-rich phase, and the determined urease concentration
in the Dx-rich phase. Each method was blanked against DI H2O and at least 6 calibration
standards were utilized for each method, resulting in R2 values of at least > 0.99.

5.4.6 XRD, SEM and ATR-FTIR Analysis.
A 1 mL ATPS with 20 vol. % LUVs of VDx : VPEG 1 : 49 was formulated, emulsified
via pipette, and the appropriate amount of urease, Ca2+, and chelator species (typically 300
µg/mL, 30 mM and 30 mM, respectively) were added as described above. Urea from a 5
M PEG-rich phase stock solution was added to the emulsion for a final concentration of
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100 mM, and the emulsion was vortexed via pipette to initiate the precipitation reaction.
After one hour, the emulsion was centrifuged at 12092 × g to separate the precipitant, and
the remaining liquids were removed via pipette. The CaCO3 pellet was resuspended with
1 mL of 10 mM Tris base, followed by two additional centrifuge and washing cycles. After
the final centrifuge step, the buffer was removed via pipette and the centrifuge tube placed
within crushed dry ice until analysis to prevent any unwanted polymorph or morphological
changes in the CaCO3. Immediately prior to analysis, a minimum amount of 95% EtOH
(typically ~30 µL) was used to resuspend the precipitate, which was used on an appropriate
sample stage for XRD, SEM, or ATR-IR.

5.4.7 IR analysis of CaCO3 standard mixed with matrix.
0.01 g of a CaCO3 powder (Sigma-Aldrich) was placed within a centrifuge tube,
along with one of the following: 10 mM Tris base (pH = 9.5), 10% w/w PEG 8 kDa, 10%
w/w Dx 10 kDa, 10 mg/mL urease, 20% v/v LUVs, or 10.5 mg/mL PAA 6.5 kDa. Tris
base was used rather than the typical buffer (pH 9.5 instead of 7.4) to prevent CaCO3
dissolution and ensure chelator deprotonation. The centrifuge tubes were vortexed gently
for an hour and then washed as per the procedure above, and the final powder within the
tubes placed on dry ice. ATR-FTIR analysis was performed by handling the samples as
described above.
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Chapter 6
Conclusions and Future Directions

6.1 Conclusions
In this dissertation, I described the formation of biomimetic mineralization
microcompartments where the free Ca2+ concentration was controlled by chelators, and the
local CaCO3 precipitation was onset by a compartmentalized enzyme. This work was built
up from a bulk-scale PEG/Dx ATPS, where CaCO3 was precipitated in the Dx-rich phase
through localized enzyme activity. By incorporating LUVs, decreasing the Dx-rich phase
volume relative to the PEG-rich phase, and including a Ca2+ chelator, CaCO3
mineralization microcompartments were formed. The work performed here shows that the
extent of Ca2+ chelation has a direct impact on the microcompartment stability as well as
the final CaCO3 structure.
Chapter 2 introduced the PEG/Dx ATPS as a vehicle for simple partitioning of
various metal cations. Here, I found that the neutrally-charged PEG/Dx ATPS had no
influence on the partitioning of K+, Mg2+, Cu2+ or Ca2+, which concentrated about equally
between the phases. I then introduced DxS into the PEG/Dx ATPS, which caused the
cations to partition to the Dx-rich phase to an extent based on the concentration and
molecular weight of DxS used. CaCO3 was onset by addition of Na2CO3, and it was found
that ATPS with DxS locally precipitated CaCO3 within the Dx-rich phase. While localized
precipitation was achieved, this system was highly dependent on maintaining a low ionic
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strength, and therefore was not used in later Chapters. More importantly, I determined that
small metal cations such as Ca2+ do not partition strongly in PEG/Dx ATPS, which was of
import later. Although biological cells do contain a high ionic strength, the abundance of
polyanions suggests that cations could be localized as a means of controlling activity.1-3
Chapter 3 focused on localized CaCO3 precipitation in a PEG/Dx ATPS using a
compartmentalized enzyme. Here, added urease concentrated into the Dx-rich phase, which
hydrolyzed urea to locally release ammonia and carbonate, where the latter species reacted
with Ca2+ to precipitate CaCO3 in the Dx-rich phase. Varying of the PEG/Dx volume ratios
allowed for control over the local precipitation rate, and SEM/XRD analysis revealed that
the ATPS itself had little impact on the final CaCO3 morphology and polymorphism despite
the crowded solution conditions. However, morphology-directing molecules could still be
implemented to drive particular modes of CaCO3 growth. This work indicates that local
activity of a biomolecule, such as an enzyme, can be changed through localization
phenomenon such as compartmentalization.4-6
Chapters 4 and 5 detail the formation of ATPS emulsion microcompartments
through the introduction of LUVs. In these systems, Ca2+ was found to interact with lipids
and cause aggregation, which was corrected for by implementing Ca2+ chelators. These
chelators were selected across a range of Ca2+ binding to display the impact of insufficient
or excessive free Ca2+ concentration. When chelation was applied, Ca2+-lipid interactions
were minimized, yet CaCO3 precipitation still occurred. The CaCO3 precipitate varied in
composition depending on the Ca2+ chelator used, where tighter binding resulted in more
amorphous CaCO3 precipitates. In CaCO3 biomineralizing organisms, it is thought that
Ca2+ is chelated within the cytoplasm and mineralization vesicles.7-9 In this system, I found
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evidence that regulating the free Ca2+ concentration through chelation is important for
permitting localized precipitation while simultaneously preventing unwanted secondary
reactions. In Chapter 5, the chelator used, PAA, induced the formation of a new PAA/Ca2+rich phase. This system was of interest due to the high interdependency between the Ca2+
and PAA concentrations on LUV stability. In these A3PS, entirely amorphous CaCO3 was
precipitated from within the PAA-rich phase after the addition of urea (urease was
compartmentalized to the Dx-rich phase). Stabilized ACC is of high importance in many
CaCO3 biomineralizing organisms due to its relative malleability into other polymorphs or
morphologies.10,11
The work shown here was the first to investigate the use of a macromolecularly
crowded, lipid-stabilized microcompartment emulsion with chelated Ca2+ for the localized
precipitation of CaCO3. In conclusion, this research helped provide a framework for
delineating some of the chemical conditions that may occur in biological cytoplasm and/or
mineralizing vesicles that directly impact CaCO3 biomineralization.

6.2 Future Directions
This work was successful in understanding the chemical relationships between the
free Ca2+ concentration, LUV-bound microcompartment stability, and the amount CaCO3
precipitation via strength of Ca2+ chelation. However, none of the chelators selected have
approached the biological relevance of actual CaCO3 biomineralizing organisms. For
example, P. carterae uses carboxylated polysaccharides such as PS2 and PS3 to chelate
Ca2+ and control CaCO3 growth in mineralization vesicles.7,8 By obtaining these
specialized chelators from organisms like P. carterae, it would be relatively simple to
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incorporate into the biomimetic mineralization microcompartments, like PAA was in
Chapter 5. Here, we can observe any formation of PILPs/coacervates and through
comparison between Ca2+/PAA binding determine the relative binding strength of these
biological chelators. In addition, by analyzing the CaCO3 precipitates with additional
analytical tools such as secondary ion mass spectrometry, we might be able to determine
the amount, and strength of chelator binding.12 This could be related back to the mechanism
of ACC stabilization in biological mineralizing vesicles.
Beyond CaCO3, there are a number of other biominerals of interest that could be
mimicked using the system presented here. In particular, magnetotactic bacteria precipitate
magnetite (Fe3O4) within mineralization vesicles termed magnetosomes.13 These
magnetically-active particles allow the organism to align and navigate along Earth’s
magnetic field lines in a process called magnetotaxis.13 In vitro magnetite synthesis is well
understood and could be incorporated into our LUV-stabilized biomineral microreactor
system relatively easily.14 Here, we would expect that iron would compartmentalize within
the Dx-rich droplets, and might be sufficiently chelated by Dx itself without the need of
any additional chelators.15 Regardless, studying the localized precipitation of Fe3O4 using
LUV-stabilized crowded microcompartments is an attractive route towards understanding
the role of magnetosomes in biological cells.

6.3 References
1. Alberts, B.; Bray, D.; Lewis, J.; Raff, M.; Roberts, K.; Watson, J. D., Molecular
Biology of the Cell. 3rd ed.; Taylor & Francis Group: New York, 1994.

181
2. da Silva, J. J. R. F.; Williams, R. J. P., The Biological Chemistry of the Elements.
Clarendon Press: Oxford, 1991.
3. Jones, L. S.; Yazzle, B.; Middaugh, C. R., Polyanions and the proteome. Mol. Cell.
Proteom. 2004, 3, 746-769.
4. Keating, C. D., Aqueous phase separation as a possible route to compartmentalization
of biological molecules. Accounts Chem. Res. 2012, 45, 2114-2124.
5. Strulson, C. A.; Molden, R. C.; Keating, C. D.; Bevilacqua, P. C., RNA catalysis
through compartmentalization. Nature Chem. 2012, 4, 941-946.
6. Ovadi, J.; Saks, V., On the origin of intracellular compartmentation and organized
metabolic systems. Mole. Cell. Biochem. 2004, 256/257, 5-12.
7. Baeuerlein, E., Biomineralization: From Biology to Biotechnology and Medical
Application. Wiley-VCH: Weinheim, 2000.
8. Marsh, M. E., Regulation of CaCO3 formation in coccolithophores. Comp. Biochem.
Physiol. B 2003, 136, 743-754.
9. Golub, E. E., Role of matrix vesicles in biomineralization. Biochim. Biophys. Acta
2009, 1790, 1592-1598.
10. Addadi, L.; Raz, S.; Weiner, S., Taking advantage of disorder: amorphous calcium
carbonate and its roles in biomineralization. 2003 2003, 15 (12), 959-970.
11. Politi, Y.; Arad, T.; Klein, E.; Weiner, S.; Addadi, L., Sea urchin spine calcite forms
via a transient amorphous calcium carbonate phase. Science 2004, 306, 1161-1164.
12. Passarelli, M. K.; Ewing, A. G.; Winograd, N., Single-cell lipidomics: characterizing
and imaging lipids on the surface of individual Aplysia californica neurons with cluster
secondary ion mass spectrometry. Anal. Chem. 2013, 85, 2231-2238.

182
13. Scheffel, A.; Gruska, M.; Faivre, D.; Linaroudis, A.; Plitzko, J. M.; Schuler, D., An
acidic proteins aligns magnetosomes along a filamentous structure in magnetotactic
bacteria. Nature 2006, 440, 110-114.
14. Sun, S.; Zeng, H., Size-controlled synthesis of magnetite nanoparticles. J. Am. Chem.
Soc. 2002, 124, 8204-8205.
15. Ricketts, C. R.; Cox, J. S. G.; Fitzmaurice, C.; Moss, G. F., The iron dextran complex.
Nature 1965, 208 (5007), 237-239.

VITA

David N. Cacace

Education
2014

2007

The Pennsylvania State University – University Park, PA
Ph.D. in Chemistry: Advisor Dr. Christine D. Keating
The University of North Florida – Jacksonville, FL
B.S. in Chemistry, Minor in Philosophy

Selected Publications
1. Cacace, D. N.; Ashbaugh, H.; Kouri, N.; Bledsoe, S.; Lancaster, S.; Chalk, S.
Spectrophotometric determination of aqueous cyanide using a revised phenolphthalin
method. Analytica Chimica Acta 2007, 589, 137-141.
2. Cacace, D. N.; Keating, C. D. Aqueous two-phase systems for localized enzyme activity
and mineralization. Polymeric Materials: Science and Engineering 2011, 104, 122.
3. Cacace, D. N.; Keating, C. D. Biocatalyzed mineralization in an aqueous two-phase
system: effect of background polymers and enzyme partitioning. Journal of Materials
Chemistry B 2013, 1, 1794-1803.
4. Cacace, D. N.; Dewey, D. C.; Stapleton, J. J.; Keating, C. D. Aqueous emulsion droplets
stabilized by lipid vesicles as microcompartments for biomimetic mineralization.
Manuscript in preparation.
5. Cacace, D. N.; Keating, C. D. Biocatalyzed formation of amorphous calcium carbonate
in biomimetic mineralization microcompartments. Manuscript in preparation.
Selected Presentations
1. Cacace, D. N.; Keating, C. D. Minimal aqueous cytoplasm mimicry as a mechanism for
localized biological activity and mineralization. Poster Gordon Research Conference:
Origin of Life. Galveston, TX (January 2012).
2. Cacace, D. N.; Keating, C. D. Aqueous two-phase systems for localized enzyme activity
and mineralization. Poster American Chemical Society, 241st National Meeting.
Anaheim, CA (March 2011).
3. Cacace, D. N.; Keating, C. D. Biomimetic calcite nanoparticle formation in aqueous
two-phase systems. Talk Pittcon Conference and Exposition. Orlando, FL (March 2010).

