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ABSTRACT
The predominant goal that motivated this research was to design artificial enzymepowered motors that can move autonomously in solution utilizing energy from catalytic reactions.
Enzyme-based biological motors perform specific cellular functions, such as DNA synthesis and
vesicular transport, with great precision and efficiency. In all cases, the movement arises from the
harnessing of chemical free energy released through enzymatic turnover of substrates. A
fundamental question that arises is whether a single enzyme molecule can generate sufficient
mechanical force through substrate turnover to cause its own movement and, more significantly,
whether the movement can become directional through the imposition of a gradient in substrate
concentration, a situation that parallels the chemotaxis of whole cells. Positive answers to these
questions have important implications in areas ranging from biological transport to the design of
“intelligent,” enzyme-powered, autonomous nano- and micromotors, which are expected to find
applications in bottom-up assembly of structures, pattern formation, cargo delivery at specific
locations, roving sensors, and related functions.
The dissertation starts by discussing the evolution of catalytic nano/micromotors and
micropumps. The physics involved in powering objects at the nanoscale has been briefly
reviewed. A detailed survey on the existing artificial micromotors and micropumps has been
given, starting from the preliminary nanomotor design to the present day design modifications
and their applications in the field of microscale delivery vehicles and assembly. The limitations of
these artificial systems have been discussed with emphasis on how they can be improved using
biocatalysts to power miniature devices.
Using fluorescence correlation spectroscopy, it was shown that the diffusive movement
of single enzyme molecules of urease and catalase increases in the presence of their respective
substrates, urea and hydrogen peroxide, in a concentration-dependent manner. The increase in
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diffusion of both the enzymes is highly attenuated in the presence of the respective enzyme
inhibitors, thereby, suggesting the role of catalysis in enhanced diffusive behavior of enzyme
molecules. The mechanisms involved in the anomalously high diffusion were explored. The
impulse force generated during single enzymatic turnover was also estimated.
This dissertation highlights the chemotactic behavior of enzyme molecules, a
phenomenon observed in biological systems like bacteria and cells. By employing a microfluidic
device to generate substrate concentration gradient, it was demonstrated that ensembles of
catalase and urease enzyme molecules spread towards areas of higher substrate concentration, a
form of chemotaxis at the single molecule scale. Using glucose oxidase and glucose to generate a
hydrogen peroxide gradient, the migration of catalase towards glucose oxidase was induced.
The potential of DNA polymerase to function as a nanomotor and micropump has been
explored. The DNA polymerase is responsible for synthesizing DNA, a key component for
running the biological machinery. The diffusive movement of a molecular complex of DNA
template and DNA polymerase was enhanced during nucleotide incorporation into the growing
DNA template. The molecular complex also exhibits collective migration towards areas of higher
nucleotide and cofactor concentrations. Further, by immobilizing the molecular complex on a
patterned surface, it was demonstrated that fluid and tracer particles could be pumped in a
directional manner with the pumping speed increasing in the presence of cofactor in the
surrounding fluid. The role of DNA polymerase as a micropump opens up an entirely new avenue
of designing miniature fluid pumps using enzymes as engines.
An enzyme that moves by generating a continuous surface force in a fluid should, when
fixed in place, function as a micropump moving fluid and colloids in a directed manner. It was
established that by immobilizing enzymes on a patterned gold surface, ATP-independent, nonmechanical enzyme-powered micropumps can be fabricated that function in the presence of their
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substrates. The pumping velocity increases in a substrate-concentration-dependent manner. These
pumps demonstrate both spatial and temporal regulation of fluid and colloid transport. Further,
these pumps can be triggered by the presence of specific analytes in solution, opening up the
possibility of designing enzyme based smart devices that act both as a sensor and a pump. Finally,
a proof-of-concept device, powered by enzymes, was designed that acts as a scaffold for stimuli
responsive autonomous delivery of small molecules.
This dissertation concludes with an outlook on the field of artificial nano/micromotors
and micropumps. It also highlights how the research findings emphasized in this dissertation aid
in making a big leap towards improvising this field both from a fundamental and an application
standpoint.
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Chapter 1

Introduction

1.1 Motivation
It is often said that we are living in an information age, a time when innovations in
society and technology are driven by the ability to communicate and integrate ideas. Just as
easily, it can be said that we are living in the age of miniaturization, since the ability to fabricate,
manipulate, and integrate matter on a very small scale has ushered in this new information age.
But, while we have become quite adept at fabricating materials on the small scale and
manipulating the flow of electrons through them, the ability to precisely control the motion of the
materials themselves, on these micro- and nanoscales is a much more nascent area of research.
Until recently, this work was mostly focused on coaxing micro- and nano-electromechanical
structures (MEMS and NEMS) to deform and move repeatedly over well-defined small
distances.[1] The emphasis has shifted towards a complementary, and arguably more challenging,
avenue of research, namely: how can we design populations of artificial micro- and
nanostructures, which have the ability to move autonomously over long distances while at the
same time having the ability to organize themselves to perform complex tasks on command. The
potential applications of such highly-developed artificial “nanobots” would be limitless, from
real-time reconfiguration of electronic assemblies in order to strategically optimize computing
power, to targeted removal of localized disease components, and modular repair of individual
cellular components.[2]
The evolution of nanotechnology has allowed us to develop synthetic nano devices for
various tasks and diverse applications. One important area is nano-medicine where therapeutic
diagnosis and site-specific drug delivery are of key importance. Current research on drug delivery
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focuses on specific problems like targeted delivery,[3] solubility issue of drugs,[4] protecting drugs
from biochemical degradation and controlling the therapeutic payload.[5,

6]

In past decades,

nanoscale vectors e.g. nanoparticles,[7] emulsions,[8] micelles[9] and liposomes[10] have been
constructed for drug delivery. However, these systems rely on the circulatory system, and the
carriers are only “passively” conveyed towards the targets. Accordingly, it would be interesting to
develop drug delivery systems that can manipulate the local flow and the carriers can either
propel themselves (“motor”-based drug delivery systems) or be delivered (“pump”-based drug
delivery systems) to the target in response to specific biomarkers.
Motors and pumps are well known in living systems.[11-13] Biological motors are found as
proteins and nucleic acids and involve mechanoenzymes that transduce chemical energy into
mechanical energy. Nucleic acid motors include RNA polymerases (transcribe RNA from DNA)
as well as DNA polymerases (produce double-stranded DNA from single stranded DNA) and
protein motors include myosins (responsible for muscle contractions), kinesins (carry cargo along
microfilaments within a cell) and dyneins (responsible for ciliary and flagellar motility).[14] As for
biological pump systems, one of the well-known examples is efflux pumps, which offer
resistance to therapeutic drugs for diverse biological systems ranging from relatively simple
bacterial cells to complex human cancer cells. These biological pumps decrease the intracellular
concentration of the drug to subtoxic levels.[15-18]

3
1.2 Limitations for Achieving Transport at the Nanoscale
The field of nanomotors and pumps holds great promise for the future. However, there
are a number of physical limitations that needs to be considered for powering objects at the
nanoscale. As one approaches the nano- and microscale, the physics of motion completely alters
from that at the macroscopic world around us. Manipulating motion at the nanoscale poses
several stiff challenges and efforts are being taken constantly over the last decade to develop
technology for mastering this art. As mentioned above, there are a number of considerations,
which need to be countered for controlling motion in the microscopic world, but here only some
of the important ones will be considered and their implications will be briefly discussed.
Motion at the nanoscale is governed by a dimensional entity, called the Reynolds number
(Re). Reynolds number is basically the ratio of inertial forces to viscous forces.[19] It is given by:

Re =

ρV 2 L2 ρVL
=
µVL
µ

(1)

where, ρ is the density of the fluid, V is the velocity of the object of interest, L is the length scale
of the system under consideration, and µ is the viscosity of the fluid. While operating at the
macroscale, inertial forces dominate, and therefore, it is considered as a high Reynolds number
system. As one scales down to microscopic systems, and starts to deal with micron and nanoscale
objects, viscous drag forces take over and inertial forces become negligible. What it means is that
at low Reynolds number, the forces that are exerted on you at that moment and by nothing in the
past determine what you are doing at the very moment. To understand this from the size-scale
perspective, while a man floating in water is in Re = 104 regime, micron-scale objects are in Re =
10-4 domain and single-molecules are in Re = 10-7 regime. At low Reynolds number, any force
exerted on the object under consideration is almost immediately counteracted by the viscous drag
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of the fluid, and the object attains its terminal velocity almost instantaneously (in less than a
microsecond).
Another important concept that governs motion in the microscopic world is Brownian
motion. Brownian motion is a stochastic process that arises from the random bombardment of
solvent molecules on the object’s surface, thereby transferring some momentum to the object.[20]
In case of macroscopic objects, owing to their greater inertia than the solvent molecules, the
interactions between the solvent molecules and the object are irrelevant. However, at the
nanoscale, due to negligible inertia, these collisions have a significant effect on the object’s
motion. Moreover, on scaling down the size, the surface area of the object and its subsequent
collision with the solvent molecules decreases, thereby reducing the probability of collisions at
opposite ends of the object from cancelling out. Brownian diffusion, defined by the StokesEinstein relationship, is governed by:

D=

k BT
6πη RH

(2)

where, D is the diffusion coefficient of the object, kB is the Boltzmann’s constant, T is the
absolute temperature of the solution, η is the viscosity of the fluid, and RH is the hydrodynamic
radius of the object. The denominator in Equation 2 is the viscous drag coefficient. From
Equation 2, as the size of the object becomes smaller, the Brownian walk is further randomized.
Another consequence of thermal collisions between the object and the solvent molecules is
Brownian rotation. Any directionality attained in the system is immediately randomized as the
particle reorients its trajectory. Also, propulsion at the low Reynolds number regime cannot be
achieved by reciprocal motion, more commonly known as the Scallop Theorem.[19] Take for
instance the motion of a nano-scallop. A scallop opens its shell slowly, which makes it move
forward. But it exactly retraces its trajectory when it closes the shell, if no Brownian rotation is
encountered.
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1.3 Propulsion at the Nanoscale
Objects at the micro- and nanoscale can be driven by a number of local and global fields self-electrophoresis, diffusiophoresis (electrolyte and non-electrolyte), bubble propulsion,
magnetophoresis, thermophoresis, acoustophoresis, and others. Here, only the first three
mechanisms will be addressed briefly.

1.3.1 Self-Electrophoresis
Electrophoresis is the movement of charged objects in an electric field. Typically, an
electric field is generated across the motor in a fluid. This electric field drives the motion of the
charges on the surface of the motor creating a slip velocity, whereby, the fluid is allowed to flow
around the object. The motor is thus driven in the opposite direction at a velocity U governed by
the equation,

U=

ες E
η

(3)

where, ε is the dielectric constant of the solution, ζ is the zeta potential of the object, E is the
magnitude of the electric field, and η is viscosity.[20]

1.3.2 Electrolyte Diffusiophoresis
Another powerful transport mechanism is electrolyte diffusiophoresis. This mechanism
works when a gradient of electrolytes is formed across a charged surface. For diffusiophoresis
near a wall, there are two effects contributing to the movement of a particle: an electrophoretic
effect and a chemophoretic effect. The speed of the diffusiophoretic movement can be
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approximated by Equation 4:[21]
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Chemophoretic

where, U is the particle velocity, kB is the Boltzmann constant, T is the temperature, e is the
charge of an electron, dln(C)/dx is the gradient of the electrolyte, DC is the diffusion coefficient of
the cation, DA is the diffusion coefficient of the anion, 𝜁p is the zeta potential of particles, and 𝜁w is
the zeta potential of the wall. As shown in Equation 4, electrophoretic effect results from a
difference in diffusivity between the cation and anion, which contributes to the ion gradient in a
given direction. This difference leads to a net electric field, which acts both electrophoretically on
the nearby particles and osmophoretically on the ions adsorbed in the double layer of the wall.
Also, the concentration gradient of the electrolytes causes a gradient in the thickness of the
electric double layer, and thus a “pressure” difference along the wall is created. As a result, the
solution will flow from the area of higher electrolyte concentration to that of lower concentration,
known as the chemophoretic effect. The combination of electrophoretic and chemophoretic
effects leads to an overall diffusiophoretic flow, which powers the movement of particles.

1.3.3 Non-electrolyte Diffusiophoresis
Non-electrolytic diffusiophoresis is the movement caused by a gradient of uncharged
solutes across a surface. These solutes interact with the surface with a certain potential
determined by the Gibbs’ absorption length (K) and the length of the particle-solute interaction
(L). The overall equation that defines the velocity of a particle in the gradient is:
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U=

k BT
KL∇C
η

(5)

where, kB is the Boltzmann constant, T is the temperature of the solution, η is the solution’s
viscosity, and ∇C is the concentration gradient of the solute.[20] The direction of particle
movement depends on whether the particle-solute interaction is repulsive or attractive. Thus, the
osmophoretic mechanism functions by the catalytic motor either creating or depleting more
molecules on one side compared to the other, thereby creating an osmotic force around the
motor.[22-28]
Each of the two mechanisms just described (electrolyte and non-electrolyte
diffusiophoresis) has its own set of advantages. Non-electrolyte diffusiophoresis has no
dependence on surface charge and is able to function in high ionic strength media. Electrolyte
diffusiophoresis, however, is not effective in high ionic strength media because of the collapse of
the double layer on the particle surface. Conversely, in a low ionic strength medium electrolyte
diffusiophoresis is a more powerful mechanism resulting in higher speeds. Both mechanisms
occur by the chemical species responsible for the gradient being attracted to the surface either by
electrostatic (electrolyte) or through van der Waals (non-electrolyte) interactions. If these two
effects are comparable, the electrolyte diffusiophoresis is stronger because it has an additional
electric field term (Equation 4).

1.3.4 Bubble Propulsion
Another way to create motion is via bubble propulsion. Motors that utilize this type of
motion create bubbles on their catalytic side and the force from the release of the bubble causes
the motion. This is a gradient-like mechanism since bubbles need to be generated on one side and
not the other so there is a change in bubble concentration with distance. Gases like oxygen or
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hydrogen produced by catalytic reaction on the motor surface have a hindered diffusion and a
favorable place to nucleate. They are released from one opening or the nucleation surface, and as
a result these motors actually do move by a bubble recoil mechanism. This bubble propulsion
force drives the motors directionally with high speeds.

1.4 Review of Artificial Nano/Micromotors and Micropumps
Besides the considerable promise of biomotors, in the past decade an interdisciplinary
research area has emerged to address the challenges of self-propulsion at nano/micro length scale
in synthetic systems. The motion of the artificial nano/microbots does not rely on the motor
proteins or living organisms; it solely depends on the catalytic reaction at the bot/fluid interface.
These artificial self-powered nano/micro scale devices have a wealth of potential applications,
which can be utilized as vehicles for cargo transportation, cargo delivery and micropumping,
assembly of superstructures, patterning at the nano- and microscale, drug delivery among
others.[29-41]

1.4.1 Nano/Microrods as Nanomotors
The first wholly synthetic autonomous nanomotor was fabricated by Sen and Mallouk in
2004,[42] followed closely by Ozin.[43] The fundamental design of self-propelled nanomotors was
first demonstrated by Sen et al. using Au/Pt bimetallic nanorod (l = 2µm; w = 370 nm). The
nanorods move autonomously in hydrogen peroxide solution facing platinum end forward. The
movement of the nanorod is attributed to the asymmetric electrocatalytic decomposition of H2O2.
Oxidation of H2O2 to O2 occurs at the Pt anode and reduction to H2O occurs at the Au cathode.
This creates a proton gradient along the axis of the rod from the Pt to Au. As a result, the
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negatively charged microrod responds by moving forward towards the proton rich region via selfelectrophoretic mechanism (Figure 1-1).[34,

44-46]

The Au/Pt bimetallic motor was inspired by a

model devised by Whitesides and group.[47] The Whitesides catalytic motor was on the millimeter
scale and comprised of a Pt-coated rudder attached to a polymer disc. Though this motor also
utilizes hydrogen peroxide as the fuel to power itself, the motor is propelled by a bubble-recoil
mechanism unlike the Au-Pt bimetallic rods. A very similar mechanism was demonstrated by
Mano and Heller for the movement of carbon fibers that were impregnated with glucose oxidase
on one end and an oxygen reductase at the other.[48]

Figure 1-1: Schematic of a bimetallic Pt-Au nanorod powered by the catalytic decomposition of
hydrogen peroxide (from Ref. 42).
It is, of course, interesting to note that proton gradients are responsible for much of the
transport in living systems.[49] The concept of motion resulting from ion gradients generated by
redox reactions occurring at two ends of an object appears to be quite general (Figure 1-2). For
example, Sen has designed a highly efficient, bubble-free, bimetallic Cu-Pt nanomotor that is
powered in Br2 or I2 solution (Figure 1-3).[50] In another example, motion of a metallic object was
observed when one end was the site of metal deposition and the other end was the site of metal
dissolution.[51,

52]

The speed of these catalytic nanorods can be improved by incorporating a

segment of carbon nanotube,[53] or by introducing an Ag/Au alloy to replace the Au segment.[54]
The speed of these microbots have been further demonstrated to be improved by manipulating the
temperature of the solution and showed a linear dependence of speed on temperature;[55] by
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increasing the roughness on the surface of the nanomotors;[56] by slowly dissolving a sacrificial
Ag segment in peroxide solution;[57] by dissolving the central Ag segment of Pt-Au-Ag-Ni or AuAg-Ni nanowires partially to drive them both catalytically or magnetically;[58, 59] by incomplete
dissolution of the Ag segment of a Ni-Ag bimetallic nanowire that can be steered with a magnetic
field;[60] and by electrochemically controlling the motion of Au-Pt nanorods in peroxide by
applying a cyclic potential at certain time intervals.[61] The Ni-segmented microbots can also be
steered magnetically to write on the surface of microstructures.[62] The Wang group also designed
fuel-free propulsion of nanowire diodes (CdSe-Au-CdSe) in an alternating electric field.[63]
Enzyme-functionalized magnetic nanomotors have been used to generate three-dimensional
microstructure, the first example of surface patterning involving biocatalytic reactions.[64] Sen and
Catchmark have reported the fabrication of “microgears” that rotate in hydrogen peroxide
solutions.[65] Similarly, stationary microrotors have been designed by depositing thin films of
metals along the length of the nanorod.[66-68]

Figure 1-2: A general mechanism of motion involves ionic gradients generated by redox reactions
occurring at opposite ends of an object (from Ref. 34).
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Figure 1-3: A scheme showing mechanism of self-powered bimetallic Cu-Pt nanorod motion in
(a) aqueous Br2 and (b) aqueous I2 (from Ref. 50).
Efforts have been made to demonstrate on-demand cargo release by synthetic
nanomotors. Both exogenous (light, magnetic field) and endogenous (chemical stimuli) activation
strategies have been exploited for triggering the cargo release. Using the principle described
previously, the Sen group demonstrated the cargo towing ability of bimetallic rod.[69] In their
work, they synthesized Pt-Au, Pt-Au-PPy and Pt-Ni-Au-Ni-Au-PPy rods using traditional
electrochemical deposition technique. The prototype cargo can be attached to the tip of the motor
using either electrostatic interaction between the positively-charged polystyrene amidine cargo
and negatively charged PPy segment at the end of the rod, or biotin-streptavidin interaction,
which relies on more specific biotin-avidin binding, where Au end of Pt-Au rod was
functionalized with biotin and polystyrene was coated with streptavidin. Ni was introduced for
steering the rod magnetically to minimize enhanced rotational diffusion of the rod.[70] Using PtAu-Ag-Au-PPy catalytic nanomotors, the Sen group has shown a prototype cargo release by
selective dissolution of Ag segment in presence of chloride ions, peroxide and UV light.[71] In
another method of cargo drop-off, a photocleavable linker was used to attach motor to the cargo
(Figure 1-4a and Figure 1-4b).[71] Irradiation with UV light cleaves the bond leading to cargo
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drop-off. In a study involving magnetically controlled transport, catalytic nanomotors
[Ni/(Au/Ag)/Ni/Pt] were shown to pick-up and transport drug-loaded, iron oxide encapsulatedpolymeric microparticles and liposomes in microfluidic channels, and release them at desired
locations (Figure 1-4c).[72] Wang’s group also reported the transport of cargo bound to Au-Ni-AuPt-CNT nanorods, and their controlled release in a microfluidic channel (Figure 1-4d).[73] In both
the systems, the nanorods transport their respective cargos at high speeds (few orders of
magnitude higher than the Brownian motion of the particles). The flexible Ni-Ag nanowires
described before have been shown to transport drug-loaded polymeric microparticles through
magnetic interaction between the Ni segment and magnetic polymeric beads.[74]

Figure 1-4: (a) Schematic image of motor design for photo crosslinker assisted cargo drop-off
(from Ref. 71). (b) Optical microscopy images of UV triggered drop of cargo (from Ref. 71). (c)
Scheme depicting the dynamic pick-up, transport, and release of drug-loaded PLGA particles
using a nanoshuttle (from Ref. 72). (d) Optical microscopy images of the dynamic loading of
Au/Pt-CNT nanomotor with a magnetic microparticle and cargo transport in PDMS (from Ref.
73).
Au-Pt nanorods have been used for the detection of trace amounts of silver in solutions
with significant selectivity.[75] The speed of the nanomotors increases in the presence of silver
ions in a concentration-dependent manner. This technique offers high sensitivity as it can detect
nanomolar levels of silver ion. As an extension of their work involving the dependence of motor
speed on silver ion concentration, Wang and co-workers have devised a sensing tool for
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biodetection of nucleic acids by monitoring the speed of the Au-Pt micromotors (Figure 1-5).[76]
The motion based assay involves duplex formation of the nucleic acid target with a thiolated
DNA capture probe and a silver nanoparticle-tagged detector probe. The speeds of the Au-Pt
nanomotors were monitored in a solution of silver ions generated by the dissolution of captured
nanoparticles in hydrogen peroxide. Higher the concentration of the target probe, greater the
number of silver nanoparticles captured, and therefore, higher the speed of the nanomotor upon
silver dissolution. This bioanalytical technique has an extremely high sensitivity, down to the
attomole level of the target nucleic acid. By further improving the signal to background
properties, ultrasensitive DNA biosensors have been designed with detection limits in the
zeptomolar range.[77]

Figure 1-5: Motion based detection of nucleic acid involves (a) capture of the Ag nanoparticletagged detector probe on the surface, (b) dissolution of silver nanoparticle tags in the peroxide
solution (fuel) to form to a Ag+-enriched fuel, and (c) detection of the motion of the catalytic
nanomotors in the resulting Ag+-enriched fuel (from Ref. 76).
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1.4.2 Janus Motors
Spherical colloidal particles are found to be an attractive candidate for cargo delivery
applications as they are cost effective, easy to synthesize and have great potential in
immunoassay as well as cancer therapy. In order to achieve the directed motion, the symmetry of
a spherical particle needs to be broken i.e. a Janus type asymmetry is required. Janus spheres are
fabricated by preparing a monolayer of particles on a glass slide, followed by deposition of metal
or other material on the exposed face of the sphere (Figure 1-6). The particles can be released
from the glass surface and their surface modified as needed.[78] Unlike their rod-shaped
predecessors, these spheres rotate fairly quickly in solution due to higher Brownian rotations. As
a result, even though the catalyst may be only on one side of the sphere, the motor does not go
very far in one direction before it is reoriented to travel in a different one.

Figure 1-6: Scanning electron microscopy image of silica Janus particles with thin platinum metal
ﬁlm on top (from Ref. 84).
Golestanian and coworkers deposited a thin film of platinum on one face of polystyrene
beads to fabricate the first Janus motor. These motors get propelled by catalyzing the
decomposition of hydrogen peroxide (fuel) to water and oxygen on the platinum face, thereby,
generating more molecules than consumed.[79] A bubble-propelled model has also been proposed
for these micromotors.[80] It was shown that these Janus type motors orient with the Pt-face
opposite to the direction of motion.[81] Self-assembly of these asymmetric motors via hydrophobic
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interactions has been demonstrated by modifying the inert Si face.[82] Similar Janus dimeric
motors were designed with silica and platinum microspheres that showed enhanced diffusive
mobility in hydrogen peroxide.[83]
Though autonomous propulsion of Janus particles were reported, their ability to transport
cargo was first shown by Schmidt et al.[84] In their work, they fabricated catalytic Janus motor by
bottom up self-assembly of silica colloidal particles followed by deposition of a magnetic layer
system (Co and Pt multilayer stack). The propulsion of Janus spheres was observed in presence of
H2O2 solution and their direction was precisely controlled by an external magnetic field. The
manipulation of cargo was later realized by applying a magnetic field. External magnetic field
reorients the magnetic cap of the motor as well as induces a net magnetic moment to the
superparamagnetic cargo. As a result there is a magnetic dipole-dipole interaction between the
cargo and the motor, which helped to bind them together. However, this interaction can be
switched to repulsive by changing the orientation of the magnetic field, which resulted in the
release of the cargo from the motor. Likewise, Zhao and co-workers designed Janus motors with
silica heads and TiO2 arms, which spun[85] and moved[86] in a solution of the fuel, hydrogen
peroxide.
All the Janus-based motors described above use hydrogen peroxide as the fuel source.
Sen fabricated a polymerization-powered Janus motor, the first of its kind outside biological
systems.[87] Powered by ring-opening metathesis polymerization (ROMP), these “microspiders”
utilize Grubbs’ catalyst asymmetrically immobilized on silica microspheres (Figure 1-7). This
was also the first reported Janus motor that did not utilize hydrogen peroxide as its fuel to
generate motion. Very recently, a new Al/Pd Janus motor was designed that could utilize three
different fuels (acid, base, or hydrogen peroxide) to achieve high-speed motion.[88]
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Figure 1-7: Polymerization-powered Janus motor consumes fuel (monomer) at the Grubbs’
catalyst-functionalized silica face, thereby, propelling the motor (from Ref. 87).

1.4.3 Bubble Propulsion Motors
Rolled-up nanotubes, a new class of nanostructured materials, have attracted attention
due to easy motion control, high speeds, integration of various functions, and straight trajectories
compared to traditional self-propelled micromotors.[35] These microjet-like structures can be
propelled in biological and high ionic-strength fluids.[89,

90]

The catalytic version of this

microtube-like structure was first fabricated in Oliver Schmidt’s laboratory by rolling up
lithographically patterned Pt as a catalytic layer, Fe as a magnetic layer for control or
manipulation of micromotor direction, and Ti/Au for good adhesion between layers.[91] A prestressed, multi-metallic thin film deposited onto a sacrificial photoresist layer was released from
the substrate surface by etching away the photoresist. The layer then spontaneously rolled up and
formed microtube with dimensions of 100 µm in length and 5.5 µm in diameter (Figure 1-8a and
Figure 1-8b). In a parallel approach towards designing catalytic microjets, Wang and co-workers
utilized electrochemical growth of bilayer polyaniline/platinum microtubes within the conically
shaped pores of a polycarbonate template membrane (Figure 1-8c – Figure 1-8e).[92] These
microjets (8 µm in length) are self-propelled at a high speed (> 350 body lengths/s) and can

17
operate under very low fuel concentration. When the microtubes are immersed into hydrogen
peroxide solution, oxygen micro-bubbles are generated inside the cavity of the tubes. Because the
catalyst (platinum) is on the interior of the device, the oxygen produced by the reaction has a
hindered diffusion and a favorable place to nucleate. They are released from one opening and as a
result these motors actually do move by a bubble recoil mechanism.

Figure 1-8: (a) Schematic diagram of a rolled-up microtube consisting of Pt/Au/Fe/Ti multilayers
on a photoresist sacrificial layer. (b) Optical microscopy and SEM images of a rolled-up
Pt/Au/Fe/Ti microtube (from Ref. 91). (c) Schematic of preparation of bilayer PANI/Pt
microtubes using Cyclopore polycarbonate membranes SEM images of the microtube engines:
(d) side view and (e) cross view of a bilayer PANI/Pt microtube (from Ref. 92).
The loading of multiple cargos on a single nanomotor, preloading functionalization, i.e.
cargo specific functionalizations, and reusability are current challenges in the area of motor-based
delivery systems. In this regard, the rolled-up microtubular motors have several advantages. They
exhibit high propulsion power, which allows simultaneous transport of multiple microparticles, as
well as metallic nanoplates. The loading of particles was also achieved by the pumping of fluid
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into the microtubes via the catalytic reaction. The suction of fluid into microtubes induces an
inward fluid motion that streamlines near the entrance of the tubes; as a result the nearby particles
are absorbed at the entrance of the tubes. The directed motion of the tubes was controlled by
altering the magnetic field, and the cargo was released by a rapid turn of the magnet.[93] The first
example of a real biological cargo was demonstrated by Sanchez et al. using Pt/Ti/Fe microtubes.
They reported the loading, transport and release of CAD (cathecolaminergic cell line from the
central nervous system; 10-15 µm) cells using these micro machine transporters.[90] In another
work, Schmidt et al. discovered that asymmetry in shape of the rolled-up tube can alter their
trajectories in liquid and offered new functionalities.[94] They used molecular beam epitaxy
(MBE) to fabricate InGaAs/GaAs/Cr(Pt) tubes and shape asymmetry was done by scratching the
tube in different direction. The release of bubbles from these rolled-up structures was asymmetric
in nature; as a result microtubes moved in helical trajectories. These nanotools have been utilized
as a shuttle for yeast and HeLa cells. Due to their unique cork-screw like trajectory, these
artificially powered nanomotors can drill into biomaterials (Figure 1-9).[94]

Figure 1-9: (Top) Hollow rolled up microtubes powered by catalytic decomposition of hydrogen
peroxide moving in a corkscrew like trajectory. (Below) SEM images showing the microengines
can drill into fixed cells (from Ref. 94).
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Sanchez and co-workers have attached catalase enzyme on rolled up titanium-gold
microtubes, which are also propelled by catalytic decomposition of H2O2 (Figure 1-10).[95] Since
the catalyst (enzyme) is on the interior of the device, the oxygen produced by the catalytic
decomposition of hydrogen peroxide nucleates and released from one end of the microrocket,
which powers them by a bubble propulsion mechanism. Schmidt and group reported the
fabrication of hollow optofluidic ring resonator tubes based on silica substrate as sensing
devices.[96] Rolled-up microstructures, comprising layered structures of Ti/Cr/Pt and containing
ferromagnetic Fe domains, can also function as compass needles by aligning themselves with
applied external magnetic fields.[97] These microrockets, with their motion guided by external
magnetic fields, can also operate as efficient drilling tools due to their sharp edges, and may
someday find application as tools for minimally invasive surgery.[98] Not only do these catalytic
structures exhibit autonomous motion, but they also show collective behavior,[99] and more
importantly, chemotax in the presence of a hydrogen peroxide concentration gradient.[100]

Figure 1-10: (A) Open view of the biocatalytic microengine containing catalase enzyme
covalently functionalized on the cavity of the rolled-up microtubes. (B) Surface modification of
inner Au layer and enzymatic decomposition of the fuel, hydrogen peroxide (from Ref. 95).
The Wang group has made significant contributions to motion-based isolation of
biomolecules in complex biological matrices. Motion-based target hybridization and isolation
were demonstrated using DNA functionalized microtubes. The microrockets propelled within the
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biological sample (containing the fuel) and interacted with the target nucleic acid (complementary
DNA or bacterial rRNA) tagged with fluorescent nanoparticles (Figure 1-11a and Figure 111b).[101] More interestingly, the functionalized microrockets were able to transport the captured
target through a microchannel toward a “clean” downstream zone, thus providing dynamic singlestep extraction for subsequent analysis. Similar strategy was applied for the selective capture of
pathogenic bacteria, which opens up an attractive avenue for motion-based theranostics. In this
case, lectin-functionalized microtubes recognized the specific terminal carbohydrates of E. coli
surface polysaccharides during its propulsion in solution. The captured bacteria were selectively
released from the micromotor in a low pH glycine solution, which breaks the lectin-bacteria
conjugate (Figure 1-11c).[102] In another similar approach, tubular nanorods were used for
selective isolation of thrombin protein from complex biological samples, and their transport and
ATP-assisted release.[103] The microrockets were functionalized with aptamers, which have high
selectivity and affinity for thrombin. The high selectivity and binding affinity aid in capturing the
target protein and transporting it to a desired location. Introducing ATP into the solution, which
displaces the thrombin from the aptamer, triggered the controlled release of the protein. The
microrockets can selectively capture and transport proteins from complex biological fluid
samples like serum and plasma. These self-propelled microtubular structures, when
functionalized with protein-specific antibodies, has been shown to detect, capture and transport
target proteins in a micronetwork device.[104] On the fly capture and transport of target
biomolecules has also been shown by electropolymerization of the microrockets with targetspecific analytes.[105] The most fascinating work in this area is the custom designing of a
microengine for cancer cell pick up and separation from a mixture of cell lines (Figure 1-11d).[89]
Antibody functionalized microengines showed preferential binding for antigenic surface proteins
expressed on cancer cells. This technique holds great promise for extracting cancer targeting cells
from biological fluids and hence for the early diagnosis of cancer. Ultra-fast bubble-propelled
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microrockets have been fabricated, which can penetrate into tissues and cause their deformation.
High-speed propulsion in these microjets is facilitated by acoustic energy in the form of
ultrasound, which vaporizes the fuel trapped in the interior of these structures.[106]

Figure 1-11: (a) Schematic of motion-based target hybridization and isolation process from raw
biological samples (from Ref. 101). (b) Surface functionalization of microrockets with the binary
SAM (from Ref. 101). (c) Lectin ConA-modified microengine for selective pick-up, transport and
release of bacteria (from Ref. 102) (d) Anti-CEA mAb-modified microrockets recognize the CEA
surface antigens on the target cancer cells, allowing their selective pickup and transport (from
Ref. 89).
Artificial microtubular engines have been utilized for environmental remediation.
Microengines with superhydrophobic functionalities were fabricated and used for efficient
isolation of oil droplets from water samples.[107] In a similar approach, catalase enzymefunctionalized microtubes were used for motion-based sensing of water toxicants.[108]
Decomposition of hydrogen peroxide by catalase drives the microjets via bubble propulsion.
These biocompatible micromotors depend on inhibition of the enzyme by toxins, leading to a
time-dependent behaviour in the motor’s propulsion speed, and can sense a number of water
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contaminants based on motion-induced detection. In an interesting work, Wang and team reported
the selective loading and isolation of glucose by microtubes modified with boronic acid
functional groups. Further, they showed the capture of yeast cells by these micromotors due to the
“built in” recognition groups, and their triggered release induced by fructose.[109]
Tubular microstructures, constructed from polyaniline and zinc, can drive themselves in
acidic solutions.[110] They are powered by the release of hydrogen bubbles generated on the
interior zinc surface via a redox-mediated reaction. These highly efficient motors can be
magnetically steered by introducing a Ni layer, and engineered to transport cargo beads from predefined locations and off-load them. In a very recent development, Wang and his research team
presented the fabrication of a water-driven motor, the first of its kind. This autonomous Janus
motor involves a Ga-Al alloy on one face and Ti on the other, and utilizes a bubble-propulsion
mechanism.[111] Hydrogen bubbles are generated from the water-splitting reaction on the highly
reactive and exposed aluminium surface, which propels the micromotor with very high speed.
These highly efficient motors have been shown to function in biological media and hold
tremendous potential in biomedical applications.
The microtubes have been modified to be driven magnetically in microchannel networks
with the aid of controlled magnetic fields,[112] act as water-striders at the air-hydrogen peroxide
solution interface,[113] and function as micropumps by pumping fluid and microparticles through
arrays of microrockets immobilized on a microchip.[114] Further, the efficiency of these
microtubes can be tuned by regulating the solution to physiological temperature;[115] or through
illumination by a white light source.[116] Illumination of the solution with light decomposes
hydrogen peroxide, which suppresses the generation of oxygen bubbles, thereby, stopping the
motor. The microtubular engines can be re-energized by lowering the intensity of illuminated
light. The speed of the rolled-up microtubes was highly attenuated in the presence of DMSO and
sulfur-containing groups due to the suppressed decomposition of hydrogen peroxide and
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inactivation of Pt catalyst, respectively.[117] The efficiency in the speed of these microjets can be
further enhanced by membrane template deposition of polyaniline.[118] Movement by bubblepropulsion has also been demonstrated by Feringa and group, where carbon nanotubes were
functionalized with glucose oxidase and catalase enzymes on their outer surface.[119] The tandem
catalytic turnover of glucose to hydrogen peroxide by glucose oxidase, and the subsequent
decomposition of peroxide by catalase drive these motors. Dey and coworkers reported two novel
magnetically guided, bubble-propelled motors: one involved the catalytic decomposition of
hydrogen peroxide by Ni nanoparticles embedded in polymeric beads, and the other utilized
similar decomposition of peroxide by Pd nanoparticle-doped ferromagnetic oxide.[120, 121]
A number of comprehensive review articles are available for a more in-depth
understanding of the design, fabrication, modification with functional groups, and potential
applications of catalytic rolled-up microtubes.[35, 99, 122-128]

1.4.4 Collective Behavior
One of the grand challenges is designing artificial systems that display emergent
collective behaviour. Swarming or schooling behavior[129] is a common feature among birds,[130]
fish,[131-133] ants and insects,[134] and other biological systems[135-142] including humans.[133-145]
Animals exhibit schooling behaviour for increased locomotion efficiency[146] and to cause
“predator confusion effect”.[147] According to this effect, predators find it hard to target individual
preys among fish schools and bird flocks.
Such collective behavior may facilitate the design of novel reconfigurable materials for
chemical sensing, drug delivery, and self-assembly of structures. Sen reported a micromotor
system in which silver chloride microparticles form “schools” when exposed to UV light.[148, 149]
These particles can form assemblies that are reversible both in time and space. The emergent
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collective behavior of micro/nanoscale active particles were explained by a self-diffusiophoretic
mechanism.[20] Each active particle “secretes” chemicals (cations and anions) that serve as signals
to other nearby particles. When the neighboring particles are close enough, the diffusiophoretic
flow that is caused by the chemical concentration gradient pushes/pulls nearby particles
away/towards the active particle, leading to different kinds of emergent collective behaviour, such
as chemotactic schooling and predator prey.[148] In the presence of both UV light and an oxidant,
collective oscillations arise in their motion.[149] A variant of this system using a regular array of
lithographically patterned silver disks supports the propagation of binary “On/Off” Ag/AgCl
waves through the lattice (Figure 1-12).[149] The motion governing the schooling behaviour of
these microscale motors was also analysed.[150] Sen has also designed a motor system, which
utilizes the photocatalytic properties of titania particles to generate motion and reversible
schooling.[151] Similar collective behavior properties of gold nanoparticles, driven by hydrogen
peroxide and hydrazine, have been reported by Wang.[152] Sen and Velegol have also fabricated
asymmetric motors that can also swim in H2O2 and exhibit “phototaxis” in UV light.[153] Finally,
schooling behavior has been demonstrated in micron-size silver phosphate particles very recently.
The schooling behavior in such motor system can be triggered by presence or absence of
ammonia or in response to UV illumination.[154]
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Figure 1-12: Schematic depicting reversible schooling behavior of silver chloride microparticles
in the presence of UV light (from Ref. 149).

1.4.5 Chemotaxis
Chemotaxis is a common phenomenon observed in biological systems. Chemotaxis is
defined as the response of bacteria, cells, and higher organisms to a source of chemical signal, by
moving toward the signal (positive chemotaxis) or repelling itself from toxins (negative
chemotaxis).[155-161] Chemotaxis is a collective behavior and critical in biological organisms for
their development, regular function, and in some cases, survival.
Recently, the phenomenon of chemotaxis has been shown in some non-biological
systems as well.[87, 162, 163] Unlike biological systems, the mechanism for chemotaxis is not well
understood in the latter systems. According to a hypothesis put forth by Velegol and Sen,[163]
when a catalytic motor experiences different diffusivities at different substrate (fuel)
concentrations it will chemotax towards areas of higher diffusivity. Movement occurs in this
direction because with higher diffusivity the motor experiences a higher average displacement so
it will continue to move farther as it travels up the gradient. This was demonstrated
experimentally by placing Pt-Au nanorods in a gradient of hydrogen peroxide. Over time the
density of rods began to increase in the area of highest concentration of hydrogen peroxide
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(where the diffusivity was highest). Very recently, Sanchez and group demonstrated the
chemotactic behavior of Si/Pt Janus spheres and tubular microjets towards higher hydrogen
peroxide concentration, which further verified Sen and Velegol’s observations.[100] In another
example, when polymerization motors were placed in a concentration gradient of the monomer,
the density of motor particles increased with time in the area of highest monomer
concentration.[87] Schawrtz reported similar chemotactic or collective migration behavior of
molecular complexes of RNA polymerase and DNA template in a nucleotide triphosphate (NTP)
concentration gradient.[162] The schooling and predator-prey behavior described previously can
also be categorized as examples of chemotaxis in response to ion gradients.[148,

149]

In abiotic

chemotaxis, it appears that the substrate gradient is somewhat analogous to a Brownian ratchet;
many molecular machines in living systems function as Brownian ratchets.[164-171]

1.4.6 Micropumps: Design and Applications
There is an increasing interest in making micropumps, which are designed to handle
small amount of fluid at a well-described and preferably programmable rate.[172] The application
areas of micro-pumps include microanalytical instrumentation, genetic engineering, portable
sampling systems and drug delivery.[173-179] A number of micropumps with various actuating
principles fabricated by different technologies have been modeled and reported in the
literature.[180-182] In this section the design and applications of self-powered micropumps will be
discussed.
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1.4.7 Electrochemical Micropumps
In previous sections, the design and fabrication of various micromotor systems have been
discussed. In principle, immobilized micromotors should create flow in surrounding fluids, with
similar scaling in device size and fluid velocity. Following their earlier work on bimetallic Au-Pt
nanomotors, Sen and group developed a micropump system using the same principle.[44, 183] This
micropump is fabricated by deposition of a silver pattern on a gold-coated substrate using
lithography techniques.[183] In presence of hydrogen peroxide solution, the Ag-Au bimetallic
structure catalytically decomposes hydrogen peroxide via following electrochemical process:

Overall: H 2O2 → 2H 2O + O2 E = 1.1 V

Anode (Au): H2O2 → O2 + 2H+ + 2eCathode (Ag): H2O2 + 2H+ + 2e- → 2H2O2
The resulting electric field generates convective fluid flow inside a closed chamber. The
fluid flow, as well as the motion of tracers, depends on two parameters, (i) electroosmotic flow
(veo): proton gradient causes the flow, and (ii) electrophoretic movement (U): depends on the zeta
potential of the tracers. In the actual experiment, the electroosmotic component was found to
dominate at longer distances leading to convective rolls in the closed system (Figure 1-13).
Besides Au-Ag micropumps, Au-Pd bimetallic pumps were also discovered using different fuel
combinations such as hydrazine and asym-N,N-dimethylhydrazine.[184] Inspired by bimetallic
micropumps, Hess et al. invented a compartmentalized micropump using electrochemical
decomposition of hydrogen peroxide.[185] In their work, they used polycarbonate membrane with
Au deposited on one side and Pt deposited on the other side. An external switch electrically
connects the platinum electrode and the gold electrode. Hydrogen peroxide decomposition on the
platinum electrode produces protons and electrons. While electrons move through the external
circuit, the hydrated protons migrate towards the gold electrode through the micropores. As a
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result, each pore on the membrane is able to generate a tiny electroosmotic flow across the
membrane. The concept of self-pumping can lead to the creation of artificial biological
membranes, which can harvest chemical energy from the surrounding fluid and use it for mass
transport across the membrane. Using the catalytic decomposition of hydrogen peroxide to water
and oxygen bubbles, even tubular microjets have been displayed to operate as microfluidic
pumps.[114]

Figure 1-13: Schematic of Au-Ag micropump operated by catalytic oxidation of hydrogen
peroxide (from Ref. 183).

1.4.8 Photocatalytic Micropumps
The design of micropump with stimuli responsive properties is of great interest for
applications ranging from drug delivery to microfluidics. In particular, light-induced pumping is
interesting as it offers the possibility of remote control with an external physical stimulus. The
first light-triggered prototype micropump was shown by Sen’s group using TiO2
microparticles.[151] Titanium dioxide (TiO2) possesses high photocatalytic property which can be
utilized to power the autonomous motion of microscale objects. Before this micropump is turned
on, silicon tracer particles gathered around TiO2 particles. Under UV exposure TiO2 produced
multiple ionic species. Due to the difference in diffusivity between the ions, a net electric field
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was then set up around the TiO2 micropumps, which pushed charged tracer particles to move in a
directional fashion depending on their own surface charge. The spatial arrangement of the tracers
around TiO2 particles resembled “microfireworks” and it was turned on/off reversibly by light.
Sen and coworkers also demonstrated a novel micropump that can be triggered on/off by
UV illumination. They showed that crystals of a photoacid generator could function as a UVinitiated micropump via a diffusiophoretic mechanism.[186] Further, they utilized a polymeric
imine to function as a micropump with a pH trigger. Finally, the two pumps in tandem were
shown to operate as a colloidal photodiode pumping fluid and tracers at high speeds (Figure 114). Such devices can find application as delivery and patterning tools.

Figure 1-14: Schematic illustration of colloidal photodiode with photoacid generator (PAG) as the
source and polymeric imine (PFA-S) as the drain (from Ref. 186).

1.4.9 Analyte-Triggered Micropumps
Very recently, Sen and Phillips reported a whole new concept of a micropump, which can
sense analyte in solution and, in response, trigger fluid flow. The working principle of the pump
is based on analyte-initiated depolymerization (Figure 1-15).[187] The team used two different
polymers: (i) tert-butyldimethylsilyl (TBS) end-capped poly (phthalaldehyde) (TBS-PPHA),
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which reacts with fluoride ions and (ii) poly (ethyl cyanoacrylate) (PECA), which responds to
high pH. These entropy-driven pumps consist of insoluble polymer films that depolymerize to
release soluble monomeric products when exposed to a specific analyte. The pumps are selfpowered: products formed as a result of the depolymerization reaction create a concentration
gradient that pumps fluids (and particles) away from the bulk polymer due to an osmophoretic
mechanism. Since the depolymerization of a single polymer chain triggered by one analyte
molecule leads to a large number of monomer products, there is considerable signal
amplification. This particular micropump system has unique features such as (a) it can be turned
on by specific chemical or biological signals and (b) it doesn’t require an external power source.
These pumps are capable of moving fluids and micrometer-scale particles autonomously over
long distance with velocities that can be tuned by the concentration of the specific analytes. The
group has also shown the sensing ability of the micropump using a combination of a detection
agent and a biomarker. In presence of the biomarker (e.g., enzyme), the detection agent produces
analytes, which turn on the pump. In principle, the concept can be employed for “on demand”
drug delivery such as an insulin-loaded micropump implanted inside the body, which is turned on
by high glucose level in the blood stream.

Figure 1-15: Insoluble polymer films respond to specific analytes (ranging from enzymes to small
molecules) and depolymerize to release soluble monomeric products. This builds up a
concentration gradient of the products that pump fluids and particles away from the bulk polymer
due to an osmophoretic mechanism (from Ref. 187).
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1.4.10 Hybrid Biomotors
Biological motors are constantly utilized by the human machinery to perform complex
tasks, like synthesis of RNA, DNA and other building blocks responsible for its normal
functioning. The need to mimic these nature’s miniature engines into their artificial analogues
arises not only from their selectivity and specificity towards the function they perform, but also
from the ultra-high spatio-temporal precision with which they perform these extremely intricate
and sophisticated tasks.[188-190] Understanding how the biological machinery operates will allow us
to design and fabricate state-of-the-art artificial tools, and at the same time interface highly
efficient and effective biomotors with their artificial couterparts for applications such as delivery
and self-assembly.
Inspired by the remarkable performance of biological motors and pumps, research efforts
have shifted towards incorporating motor proteins into synthetic systems to create functionspecific hybrid biosynthetic nanomotors (Figure 1-16). In one instance, cargo was nonspecifically
(electrostatically/hydrophobically) attached onto kinesin and showed unidirectional transport of
materials such as gold, polystyrene, and glass.[191, 192] In another example, a synthetic motor in
conjunction with biomolecular motors such as F1-ATPase (F1-adenosine triphosphate synthase)
was able to produce self-propelled motion in presence of ATP (Figure 1-17a).[193] In addition,
several other groups reported attempts to integrate living organisms into micromechanical devices
to understand their behavior as micro-transporters.[194] For example, Uyeda et al. immobilized
gliding Mycoplasma mobile bacterium onto a microrotary motor, which can generate motion in
presence of a specific fuel like glucose (Figure 1-17b).[195] Similarly, Berg and coworkers
demonstrated that flagellated bacteria when adsorbed at solid/liquid interface could create motion
in the surrounding fluid with potential applications in fluid pumping.[196]
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Figure 1-16: Schematic showing use of molecular recognition for binding specific cargo. A
variety of techniques can be used to couple biological and artificial cargo to microtubules like (a)
use of avidin or streptavidin to couple biotinylated objects and microtubules, (b) tagging cargo
with antibodies for biological molecules, viruses or cells, and (c) tethering cargo particles bearing
pyruvate kinase to microtubules to provide a local ATP source (from Ref. 188).

Figure 1-17: (a) An F1-ATPase–powered nanopropeller and the rotary motion of the F1-ATPase
motor by using a fluorescent actin filament connected to the stalk (from Ref. 193). (b) A bacteria
powered microrotor (20-mm diameter) powered by bacteria (from Ref. 195).
In one of the earliest efforts to integrate existing biomotors with artificial devices, a
group of researchers fabricated a MEMS device, which comprised of elastic PDMS with heart
cells (cardiomyocytes) incorporated into the grooves of the PDMS. This hybrid motor crawled
freely along the surface over a long period of time.[197] Motor proteins like dynein and kinesin
walk along microtubular tracks, while myosin are directed by actin filaments, to transport
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cargo.[188] Surface-functionalized kinesin motors acting as molecular shuttles have been
engineered to load and transport cargo (Figure 1-18).[198] Similarly, micron-size beads can be
powered in solution by immobilizing a whole bacterial cell on its surface. The flagellar motor
inside the bacteria controls the motion of the bead.[199] Surfaces of nanowires and polymeric
beads have been functionalized with enzymes to propel these microscale structures in a controlled
manner.[48, 119, 200] It has also been shown that biomotors can be interfaced with nanomechanical
devices to generate rotation of nanopropellers engineered into the structure.[201] In an interesting
report, magnetic beads were chained to one another with DNA linkers and aligned in one
direction with an external magnetic field (Figure 1-19).[202] Utilizing a second magnetic field
perpendicular to the first, the network of DNA and beads were manipulated to mimic flagellar
motion. Similarly, externally applied magnetic field has been used to actuate the bending motion
of artificial cilia on a solid substrate,[203] and controlled motion of flagella-like helical
structures.[204, 205]

34

Figure 1-18: (A) Surface-adsorbed motor proteins (kinesin) bind to the functionalized
microtubules to power these molecular shuttles. The function of the motors and their filaments
are preserved by the casein, which passivates the substrate surface. (B) The molecular shuttles
move into the cargo-immobilized loading stations to pick up and transport the cargo. Reversible
linkers immobilizing the cargo to the surface facilitate binding of the passing shuttle to the cargo
(from Ref. 198).

Figure 1-19: Schematic depiction of a flexible magnetic filament comprising of streptavidincoated magnetic beads connected by biotinylated DNA (from Ref. 202).
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1.5 Conclusion
The potential and opportunities that self-powered nano/microbots and pumps present
have been highlighted in this chapter. Since the inception of synthetic nanomachines, significant
progress has been made towards developing these nano/microtransporters into proof-of-concept
tools for biomedical opportunities. In continuing efforts to design microdevices for in vivo
biomedical applications,[206] Ishiyama has reported on the design of tiny magnetically driven
spinning screws intended to swim along veins and either deliver drugs to target tissues or to
embed into tumors and destroy them thermally.[207] Nelson has fabricated microscopic robots
(~200 µm) that can be injected into the body. These devices might someday be used for drug
delivery or to perform minimally invasive eye surgery.[208] In a slightly different approach, the
oxygen requirement has been numerically modeled for chemically-powered nanorobots that may
travel through the bloodstream utilizing glucose as the fuel. The authors find that robots about 1
µm in size can produce up to several tens of picowatts in steady state, if they fully use oxygen
reaching their surface from the blood plasma.[179]
While there has been significant progress, several hurdles remain before practical in vivo
applications become a reality. First and foremost, it is important to design self-powered
nano/microbots and pumps that can use fuels that are biocompatible, especially fuel sources
present in the body. Ideally, the nano/microtransporters will employ enzymes as catalysts and
fuels (e.g., glucose) present in living systems. Second, the transporters need to be powerful
enough to move against fluid flows,[112] such as blood flow. Further, the energy transduction
mechanism should operate in high ionic medium present in biological fluids. Finally, the most
“futuristic” scenario involves the design of populations of synthetic nano- and micromotors and
pumps that have the ability to organize themselves intelligently, based on signals from each other
and from their environment, to perform complex tasks. Particularly attractive are designs that
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allow coordinated movement of dissimilar particles that are not attached to each other, making it
easier to transport and deliver cargo to a designated area. The recent discovery of particle
assemblies that exhibit chemotaxis and predator-prey behavior is a step in this direction.[148, 149, 209]
The work highlighted in this dissertation emphasizes on addressing the problems raised in
the previous paragraph, namely, designing self-powered nanomotors and pumps that utilize
biocompatible fuels, operate at high ionic strengths, and more importantly, show collective
behavior through coordinated movement in response to specific signals. Biocatalysts like
enzymes become the obvious choice for designing the next generation of smart and intelligent
devices because of their bio-versatility and diverse abundance. A fascinating question that arises
is whether a single-enzyme molecule that is many orders of magnitude smaller than the
conventional nanomotors can overcome Brownian randomization, and generate sufficient
mechanical force through substrate turnover to cause its own movement and function as a
nanomotor. This is also fundamentally relevant, as the underlying principle of force generation in
enzymes during catalytic transformations will provide valuable insight into the field of molecular
mechanotransduction. Further, it is of great significance to explore whether the enhanced
diffusive movement of an ensemble of enzyme molecules can become directional through the
imposition of a gradient in substrate concentration, a situation that resembles collective behavior
exhibited in biological systems. Finally, the dissertation focuses on exploring the feasibility of
these “nanomotors” to operate collectively in generating fluid flows at the microscale. These
pumps will have the potential to be triggered by a variety of analyte molecules, opening up the
possibility of designing enzyme based devices that act both as a sensor and a pump. The
implications of these findings cover areas ranging from biological transport to devise strategies
for building novel enzyme-powered, autonomous nano- and micromotors. Such devices may open
up avenues for applications like bottom-up assembly of structures, pattern formation, roving
sensors, and stimuli responsive cargo and drug delivery.
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Chapter 2

Diffusion of Single-Enzyme Molecules

2.1 Introduction
Enzyme-based biological motors perform specific cellular functions, such as DNA
synthesis and vesicular transport, with great precision and efficiency.[1-3] On a higher level,
biological motors also facilitate the directed movement (taxis) of cells towards specific chemicals
or light.[4-8] In all cases, the movement arises from the harnessing of chemical free energy released
through enzymatic turnover of substrates. A fundamental question that arises is whether a single
enzyme molecule can generate sufficient mechanical force through substrate turnover to cause its
own movement. Positive answers to these questions have important implications in areas ranging
from biological transport to the design of “intelligent,” enzyme-powered, autonomous nano- and
micromotors, which are expected to find applications in bottom-up assembly of structures, pattern
formation, cargo delivery at specific locations, roving sensors, and related functions.[9-13]

2.2 Motivation
Self-propulsion of micro- and nanoscale objects can be achieved by harnessing the
chemical free energy of the environment and converting it into mechanical forces through
substrate catalysis.[10-21] For example, it has been demonstrated that energy arising from catalytic
reactions can drive the movement of asymmetric particles on the micrometer and submicrometer
length scales by self-electrophoresis, self-diffusiophoresis, and bubble propulsion.[9-12,

16]

Autonomous motion of symmetric colloidal particles with enzymatic (catalytic) sites in the
presence of a substrate has been proposed[22] but to date has not been demonstrated
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experimentally. In addition, catalysis-enhanced diffusion at the single-molecule scale has not
been reported. Because of their great diversity, the use of enzymes as catalytic motors would
vastly expand the available methods for powering nano- and micromotors.
This chapter highlights the first single-molecule-scale measurements of catalysisenhanced diffusion of enzyme molecules in presence of their substrate. The diffusive movement
of urease and catalase enzyme molecules increases in presence of their respective substrates, urea
and hydrogen peroxide, in a substrate-concentration-dependent manner. Increase in diffusion of
both enzymes is highly attenuated in presence of respective enzyme inhibitors, thereby,
suggesting the role of catalysis in enhanced diffusive behavior of enzyme molecules. This chapter
also focuses on possible mechanisms to explain the increase in diffusive motility of enzyme
molecules, and estimating the force responsible for this enhancement using Brownian dynamics
simulations. As discussed earlier in this section, these significant findings may open up a whole
new field that demonstrates novel design principles for smart nanodevices in biomedical and
nanotechnological applications.

2.3 Results and Discussion

2.3.1 Single-Molecule Enzyme Diffusion Measurements
Diffusion coefficients of fluorescent-labeled single-molecule urease and catalase
enzymes in the presence of their respective substrates, urea and hydrogen peroxide, were
measured using fluorescence correlation spectroscopy (FCS). FCS is an ultrasensitive technique
that can detect the motion of individual fluorescent molecules diffusing into and out of a
diffraction-limited observation volume (1 to 2 fL). A time-correlated single-photon counter
(TCSPC) is incorporated in the instrument to measure fluctuations in fluorescence intensity
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within the observation volume, arising from diffusion of analyte molecules across the observation
volume boundary.[23] The fluctuating fluorescence signal can then be autocorrelated and fit to a
theoretical 3-D diffusion model to determine the analyte diffusion coefficient.[24] In enzyme
diffusion experiments, the presence of non-negligible amounts of free dye in the samples resulted
in signatures of two diffusing components in the autocorrelation curves, and the curves were fit to
a two-component 3-D diffusion model: The fast component corresponding to the freely diffusing
dye molecules, and the slow component corresponding to the fluorescent-labeled enzyme
molecules.

2.3.2 Diffusion Coefficient of Single-Enzyme Urease
Diffusion coefficient of the free dye in buffer was 3.09 × 10-6 cm2/s and exhibited no
significant change in presence of urea. Thus, diffusion time of the free dye was fixed for all
subsequent curve fits. The diffusion coefficient of urease in buffer was 3.18 × 10-7 cm2/s,
corresponding to a hydrodynamic radius of 6.9 nm, which is consistent with the hydrodynamic
radius of 7 nm reported by Follmer et al.[25] The urease concentrations used in this study ranged
from 10 nM to 20 nM, well below the reported concentrations at which aggregation of urease
occurs.[25] Diffusion coefficients of urease at urea concentrations ranging from 0 to 1 M increased
from 3.18 × 10-7 cm2/s to 4.06 × 10-7 cm2/s, respectively, representing a catalysis-induced increase
in diffusion coefficient of 28% (Figure 2-1). This increase in diffusion coefficient of urease
saturated at ∼0.1 M urea, which is similar to the concentration at which the urea hydrolysis
reaction rate saturates. FCS traces for urease in presence of substrate (1 M urea) shown in Figure
2-2 clearly indicates a shift to the left as compared to the trace with no substrate, indicating a
faster diffusion time, and in turn an enhanced diffusion coefficient.
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Figure 2-1: The diffusion coefficient of urease increased in presence of its substrate, urea, in a
concentration-dependent manner. The diffusion coefficients of urease at different urea
concentrations (0.001 M, 0.01 M, 0.1 M, 1 M) are significantly different from that of buffer
(significance value of P < 0.05). Error bars represent standard deviations. The means and standard
deviations are calculated for 10 different independent measurements.

Figure 2-2: Fluorescence correlation spectroscopy (FCS) traces for urease showing a plot of
normalized autocorrelation as a function of correlation time in the presence and absence of
substrate. The traces clearly indicate a shift to the left in the presence of 1 M urea as compared to
buffer. A shift in the FCS trace to the left corresponds to a faster diffusion time, and hence, a
higher diffusion coefficient.
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The urea concentrations were kept below 1 M to avoid denaturation of the enzyme, and
subsequent dissociation into its subunits.[26, 27] To test whether enhanced diffusion in presence of
urea was a result of catalysis, urease activity was inhibited by pretreatment of the enzyme with 1
mM pyrocatechol for 2 hours.[28] In presence of inhibitor only, the diffusion of urease in buffer
was not significantly different from that of urease without inhibitor, suggesting that the inhibitor
itself does not alter the hydrodynamic radius of the enzyme. Similarly, when urease was inhibited
and exposed to either 0.001 or 0.1 M urea, the diffusion coefficients were significantly attenuated
in comparison with matched controls (Figure 2-3).

Figure 2-3: The increase in urease diffusion coefficient was significantly attenuated by the urease
inhibitor pyrocatechol. The diffusion coefficients of active urease at different urea concentrations
(0.001 M, 0.1 M) are significantly different from that of inhibited urease at the same urea
concentrations (significance value of P < 0.05). Error bars represent standard deviations. The
means and standard deviations are calculated for 10 different independent measurements.

2.3.3 Diffusion Coefficient of Single-Enzyme Catalase
The study on enzyme diffusion as a function of substrate turnover was extended to
catalase. The diffusion coefficient of fluorescent-labeled catalase enzyme molecules was

54
measured in solutions with varying hydrogen peroxide concentration, ranging from 1 mM to 100
mM. The presence of hydrogen peroxide in the solution caused a significant increase in the
diffusion of catalase molecules. The measured diffusion coefficient of catalase increased from 6.0
× 10-7 cm2/s in deionized (DI) water to 8.7 × 10-7 cm2/s in 0.1 M hydrogen peroxide solution, an
increase of 45% (Figure 2-4). Similar to urease, the FCS traces for catalase in presence of
different hydrogen peroxide concentrations clearly shows a shift to the left as compared to the
trace with no substrate, indicating a higher diffusion coefficient (Figure 2-5). Moreover, the
diffusion coefficient of the enzyme increased in a substrate-concentration-dependent manner. To
demonstrate that the enhanced enzyme diffusion was caused by substrate turnover, the diffusion
coefficient of catalase inhibited by sodium cyanide[29] was measured in the presence of substrate,
and no significant change in the rate of diffusion was observed (Figure 2-6).

Figure 2-4: Diffusion coefficient of single-molecule catalase enzyme increased up to ~45% with
increasing concentration of its substrate, hydrogen peroxide. Diffusion coefficients of catalase at
different hydrogen peroxide concentrations (0.001 M, 0.01 M, 0.1 M) are significantly different
from that of water (0 M) (significance value of P < 0.01). Error bars represent standard
deviations. The means and standard deviations are calculated for 10 different independent
measurements.
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Figure 2-5: Fluorescence correlation spectroscopy (FCS) traces for catalase showing a plot of
normalized autocorrelation as a function of correlation time in the presence and absence of
substrate. The traces clearly indicate a shift to the left on increasing the concentration of hydrogen
peroxide from 0 M (deionized water) to 0.1 M. A shift in the FCS trace to the left corresponds to
a higher diffusion coefficient.

Figure 2-6: Increase in catalase diffusion coefficient was significantly attenuated in the presence
of catalase inhibitor, sodium cyanide. Diffusion coefficients of inhibited catalase at different
hydrogen peroxide concentrations (0.01 M, 0.1 M) are not significantly different from that of DI
water (0 M) (significance value of P > 0.01). Error bars represent standard deviations. The means
and standard deviations are calculated for 10 different independent measurements.
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2.3.4 Mechanism of Substrate Turnover-Mediated Increase in Enzyme Diffusion
While the exact mechanism for the observed substrate-induced enhanced diffusion of the
enzymes remains unclear, several possible alternative causes can be ruled out. The changes in
parameters during catalytic substrate turnover that can alter enzyme diffusion, namely solution
viscosity, bulk and local temperature fluctuations, and solution pH, are discussed in this section.
The rationale involved in ruling out other possible mechanisms, like bubble propulsion or fluid
convection induced by generation of bubbles, is also considered. This is followed by a discussion
on phoretic mechanisms, with emphasis on self-electrophoresis as a probable mechanistic
explanation for enhanced diffusion of urease. Based on such a self-electrophoretic mechanism,
the kick force experienced by an enzyme during a single catalytic turnover was estimated using
Brownian dynamics simulations. This section concludes with a brief discussion on non-reciprocal
conformational change induced enhancement in enzyme diffusion, a more general mechanistic
approach to justify the observed behavior.

2.3.5 Effect of Solution Viscosity on Enzyme Diffusion
From Stokes-Einstein relationship, the diffusion coefficient of a particle is related to the
viscosity of the solution as given below:

D=

k BT
6πη RH

(1)

where, D is the diffusion coefficient of the particle, kB is the Boltzmann’s constant, T is the
absolute temperature of the solution, η is the viscosity of the solution, and RH is the
hydrodynamic radius of the particle.
From Equation 1, diffusion coefficient of a particle is inversely related to the viscosity of
the solution. As the viscosity of the solution increases, diffusion coefficient decreases and vice
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versa. It is possible that the addition of substrate and the release of products can alter the viscosity
of the solution, which in turn, will affect the diffusion coefficient of the enzyme molecules
accordingly.
(a) Urease: The viscosities of different urea solutions (0.001 M, 0.01 M, 0.1 M, 1 M) in buffer
were measured using a cone-plate viscometer and had a negligible effect on the solution
viscosity. The viscosities of different urea solutions were not significantly different from that of
the buffer (Figure 2-7).

Figure 2-7: The viscosities of different urea solutions (0.001 M, 0.01 M, 0.1 M, and 1 M)
measured were comparable to that of buffer.
(b) Catalase: Similar to the urease-urea system discussed above, the presence of the substrate
(hydrogen peroxide) and the products derived therefrom had a negligible effect on the solution
viscosity. The viscosities of different hydrogen peroxide solutions (0.001 M, 0.01 M, 0.1 M), as
measured using a cone-plate viscometer, were not significantly different from that of DI water
(Figure 2-8).
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Figure 2-8: The viscosities of different hydrogen peroxide solutions (0.001 M, 0.01 M, and 0.1
M) measured were comparable to that of deionized water.

2.3.6 Effect of Solution Temperature on Enzyme Diffusion
From the Stokes-Einstein relationship given in Equation 1, the diffusion coefficient (D)
of a particle is directly proportional to the absolute temperature (T) of the solution, provided the
viscosity (η) is assumed to remain constant. Since both the catalytic reactions discussed in this
chapter, namely, hydrolysis of urea and decomposition of hydrogen peroxide, are exothermic
reactions, it is possible that the heat liberated from these catalytic reactions can effectively
increase the bulk temperature of the solution, which may result in an enhancement in the diffusive
mobility of the enzyme molecules.
The rise in the bulk solution temperature due to enzymatic substrate turnover reaction
was estimated. The heat liberated (q) by a single enzyme molecule from the catalytic reaction is
given by:

q=

nkcat ΔH
NA

(2)
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where, n is number of catalytic sites per enzyme molecule, kcat is enzyme turnover number, ΔH is
the enthalpy change in the reaction, and NA is Avogadro’s number (6.023 × 1023 molecules mol-1).
The heat transfer (q) from the enzyme to the surrounding solvent is given by,

q = 4πκ RH ΔT

(3)

where, κ is thermal conductivity of water (0.58 W m-1K-1), RH is the hydrodynamic radius of the
enzyme, and ΔT is change in absolute temperature in Kelvin.
(a) Urease: The increase in solution temperature during catalytic hydrolysis of urea by urease
was estimated using Equations 2 and 3 shown above. The parameters were as follows: number of
catalytic sites per urease molecule (n = 6), catalytic turnover number of urease (kcat = 2.3 × 104 s1 [30]

),

enthalpy change in urea hydrolysis reaction (ΔH = -59,580 J mol-1),[31] and hydrodynamic

radius of urease (RH = 7 × 10-9 m).[25] Comparing Equations 1 and 2, the rise in temperature (ΔT)
was calculated to be 2.6 × 10-7 K. This bulk rise in the solution temperature in the micro-Kelvin
range, due to urease-catalyzed hydrolysis of urea, is too small to explain the observed changes in
the diffusion coefficient of urease.
(b) Catalase: Similar to the urease system, the rise in solution temperature during enzymatic
decomposition of hydrogen peroxide by catalase was estimated from Equations 1 and 2 to be in
the micro-Kelvin range, and is negligibly small to explain the enhanced diffusivity of catalase.
The parameters were as follows: number of catalytic sites per catalase molecule (n = 4), turnover
number of catalase (kcat = 2.12 × 105 s-1),[32] enthalpy change in hydrogen peroxide decomposition
reaction (ΔH = -100,320 J mol-1),[33] and hydrodynamic radius of catalase (RH = 5.12 × 10-9 m).[34]
The bulk thermal variation (ΔT) was calculated to be 3.8 × 10-6 K.
The estimated increase in solution temperature due to the exothermic nature of the
enzyme catalytic reactions was insignificant to explain the enhanced diffusive behavior of
enzyme molecules. However, the possibility that enhanced diffusion arises from instantaneous
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rise in temperature in the immediate vicinity of the enzyme molecule cannot be ruled out. The
local thermal fluctuation in the proximity of the enzyme during substrate turnover was evaluated
as shown below.
In the absence of phase transformations, heat transfer in a system with point sources is
given by the heat transfer equation:

ρ (r)c(r)

∂T (r, t)
= ∇k(r)∇T (r, t) + Q'(r, t)
∂t

(4)

where, T(r,t) is the temperature as a function of coordinate r and time t. ρ(r), c(r), k(r), and Q’(r,t)
are the mass density, specific heat, thermal conductivity, and local heat intensity, respectively.
Assuming, the local heating Q’(r,t) arises due to the chemical reaction occurring at the surface of
the active enzyme molecules and considering the enzyme molecules to be point heaters,

Q'(r, t) = ∑ qn '(t)δ (r − rn )

(5)

n

where, the coefficients qn ' describe the heat intensity released by the nth enzyme molecule.
The distance between the centres of two enzyme molecules ( Δ ) was calculated from the
approximate volume of observation (Vobs), and number of enzyme molecules within the volume of
observation (Nenz) to be 3.5 × 10-7 m. The total heating in an ensemble of point heaters in 3dimension is given by:

ΔTtot (r) = ΔTmax

Renz 2/3
N enz
Δ

(6)

provided N enz >> 1 .[35] Here, N enz is the total number of enzyme molecules in the ensemble,
1/3

Renz is the hydrodynamic radius of each enzyme molecule, and ΔTmax is the temperature increase
at the surface of the enzyme molecule during a catalytic reaction, which is given by Equation 7
below:
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ΔTmax =

Q
4π k0 Renz

(7)

where, Q is the total heat generated on each enzyme molecule per second, k0 is the thermal
conductivity of water (0.58 Wm-1K-1).
The thermal gradient across the enzyme surface,

ΔTmax
was utilized to determine the
2Renz

thermophoretic velocity ( ν T ) from Equation 8 as shown below, assuming the thermophoretic
mobility ( DT ) to be of the order of 10-11 m2s-1K-1.[36]

ν T = DT

ΔTmax
2Renz

(8)

The enhancement in diffusion ( ΔD ) from the thermophoretic thrust was estimated from
the relation given by:

1
ΔD = ν T2τ R
6

(9)

where, τ R is the timescale corresponding to the rotational diffusion of the enzyme molecules,
and is expressed as τ R =

8πη R 3
.
k BT

The increase in system temperature also affects the viscosity of the medium in the
vicinity of the enzyme, which in turn, increases the diffusion of the enzyme molecules
accordingly. The diffusion coefficient (D) depends exponentially on system temperature owing to
the dependence of viscosity (η) on temperature (T). Increase in diffusion coefficient of the
enzyme molecules was estimated from the rise in temperature of the system from T1 to T2 from
the expression:[37]
−

D2 = D1e

Ea " 1 1 %
$ − '
kB # T2 T1 &

(10)
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where, D1 is the diffusion coefficient of the enzyme in buffer or water, kB is the Boltzmann
constant, T1 is the solution temperature in absence of any catalytic reactions, T2 is the estimated
rise in temperature due to enzymatic substrate turnover, Ea is the activation barrier (0.18 eV)[37].
(a) Urease: The local thermal fluctuation in the vicinity of a urease enzyme molecule during each
catalytic reaction was calculated from Equation 7 to be 2.2 × 10-7 K. The enhancement in the
diffusive mobility of urease generated due to the reaction-induced thermophoretic thrust was
estimated from Equations 6-9. The parameters used in the calculations were as follows: number
of enzyme molecules in the observation volume (Nenz = 10), hydrodynamic radius of urease (Renz
= 7 × 10-9 m),[25] total heat generated on each urease molecule per second (Q = 3.51 × 10-15 Js-1).
The change in diffusion coefficient was calculated to be less than 10-21 cm2s-1. The increase in
urease diffusion due to the temperature-induced change in viscosity was estimated to be less than
10-15 cm2s-1.
(b) Catalase: The rise in local temperature in the immediate surrounding of a catalase enzyme
molecule during a single catalytic turnover was determined from Equation 7 to be 2.2 × 10-7 K.
The increase in diffusion of catalase due to the thermophoretic thrust generated from a single
turnover of hydrogen peroxide decomposition reaction was determined from Equations 6-9 using
the following parameters: number of enzyme molecules in the observation volume (Nenz = 10),
hydrodynamic radius of catalase (Renz = 5.12 × 10-9 m),[34] total heat generated on each catalase
molecule per second (Q = 1.41 × 10-13 Js-1). The increase in diffusion was estimated to be less
than 10-21 cm2s-1. The increase in catalase diffusivity due to the effect of viscosity was also
calculated from Equation 10 to be less than 10-15 cm2s-1.
As shown above, the possibility of local temperature increase around an enzyme
molecule was estimated to be of the order of micro-Kelvin for both urease and catalase, too small
to account for any thermophoresis. Further, the possible effect of temperature increase in the
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entire ensemble considering the mutual exchange of heat fluxes among the enzyme molecules and
its subsequent effect on the viscosity of the solution was also found to be negligible compared to
the enhancement in diffusion measured experimentally. However, the theory provided here for
estimating the local rise in temperature takes into account a number of approximations and
assumptions. The model can be further improvised by introducing a component, which takes into
account the exact impulse time for a reaction-induced thermal kick. The calculations shown
above do not include any precise timescale. The kick can last for 10 nanoseconds to a picosecond,
and determining the timescale will generate a more accurate analysis of reaction-induced local
temperature spike.

2.3.7 Reaction-Induced Local pH Fluctuations
As an alternative explanation for enhanced diffusion of single-molecule enzymes, the
possibility that local pH changes upon catalysis might enhance diffusion was explored. This
hypothesis was based on a study in which bovine serum albumin diffusion depended strongly on
pH, ionic strength and protein concentration.[38,

39]

In that study, diffusion coefficient of the

protein increased with an increase in pH, with a minimum at the isoelectric point, where the
surface charge on the protein is zero.[40] The increase in pH is associated with an increase in
surface charge of the protein, resulting in stronger protein-protein and protein-counterion
coulombic interactions, which can cause an increase in the protein’s diffusion coefficient.
Hydrolysis of urea is accompanied by an increase in pH of the solution. Though diffusion
studies with urease in the presence of its substrate (urea) were performed in a buffered (PBS)
solution, which keeps the solution pH stable, an increase in the local pH around the vicinity of the
enzyme is a possibility. To measure the pH in the vicinity of the enzyme, urease was labeled with
SNARF-1 fluorophore (Figure 2-9), the fluorescence lifetime of which changes with pH of the
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local medium. SNARF-1-based pH measurements reflect the relative fraction of the molecules in
the protonated and deprotonated states, which exhibit different fluorescence lifetimes.[41]
Fluorescence lifetime curves of SNARF-1 measured in solutions of various pH were fit with a
double-exponential decay model[24] with decay time constants of 0.44 and 1.42 ns, corresponding
to the protonated and deprotonated states, respectively.[42] This result is shown in Figure 2-10,
where the relative fraction of protonated SNARF-1 molecules decreases and the amplitude
weighted fluorescence lifetime increases with an increase in pH.
As shown in Figure 2-11, the pH in the vicinity of the enzyme increased modestly but
significantly at urea concentrations of 0.01 M and above. This increase in pH from 7.2 to ~8.0
would result in a less than 5% increase in diffusion (as explained in the next paragraph), far
below the 28% increase measured using FCS. No increase in local pH was observed when the
enzyme was inhibited, suggesting that the pH changes were due to catalysis.
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Figure 2-9: Chemical structure of 5-(and-6-)-Carboxy SNARF-1 dye.
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Figure 2-10: SNARF-1 fluorescence lifetimes were measured as a function of solution pH.

Figure 2-11: Catalysis of urea was accompanied by a significant increase in pH (relative to [urea]
= 0.001 M). This increase was significantly attenuated by pyrocatechol for all urea concentrations
tested. Error bars represent standard deviations. The means and standard deviations are calculated
for 10 different independent measurements.
The complete protein sequence of Canavalia ensiformis urease was obtained from the
GenBank database (AccessID: AF468788). The charge on urease enzyme at different pH values
was estimated using the Protein Calculator (http://www.scripps.edu/~cdputnam/protcalc.html,
v3.3) as shown in Table 2-1. The estimated isoelectric point was at pH 5.75, which is in
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reasonable agreement with the available experimental value of 5.2.[43] It can be noted that the
charge on urease enzyme decreases from -19.3 at pH 7.0 to -28.4 at pH 8.0.
Table 2-1: Estimated charge of urease enzyme at different pH values.
pH

Charge

4.0

63.7

4.5

39.2

5.0

17.1

5.5

4.3

6.0

-3.9

6.5

-12.0

7.0

-19.3

7.5

-24.2

8.0

-28.4

8.5

-33.6

9.0

-40.5

The decrease in electrolyte friction coefficient due to the increase in ionic strength and
the decrease in enzyme charge were estimated as described in Medina-Noyola et al.[44] The
diffusion coefficient of a charged Brownian particle in an electrolyte is given by the following
equations:

k BT
ξ +ξe

(11)

ξ h = 6πη RH

(12)

D=

h
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(13)

where, ξ h and ξ e are the hydrodynamic and electrolyte friction coefficients, respectively, η is
viscosity of the solution, RH is the hydrodynamic radius of the molecule, Q is the charge, D0 is the
diffusion coefficient of ions (2 × 10-5 cm2/s), κ-1 is the Debye length, kB is the Boltzmann constant,
and T is the absolute temperature. Upon hydrolysis, each urea molecule forms two ammonium
ions and one bicarbonate ion, as a dihydrogen phosphate ion in the buffer is deprotonated; that is,
complete hydrolysis of one mole of urea results in the net production of three moles of ions
according to Equation 14.

H2NCONH2 + 2 H2O + H2PO4- → 2 NH4+ + HCO3- + HPO42-

(14)

The ionic strength (I) of the buffer used in all the experiments was 150 mM. Based on Equation
11, the predicted diffusion coefficient of urease in buffer (pH = 7.2; I = 150 mM) was 3.11 × 10-7
cm2/s, whereas at the maximum urea concentration (pH = ~8.0 and I = 3.15 M) it was 3.25 × 10-7
cm2/s. A maximum of 4.5% change in diffusion coefficient is expected due to changes in pH and
ionic strength without contributions from phoretic mechanisms like diffusiophoresis.
In case of catalase, addition of hydrogen peroxide up to 0.1 M did not result in significant
change in solution pH. Since decomposition of hydrogen peroxide generates water and oxygen,
release of these products would not alter or affect the pH around the immediate vicinity of the
enzyme molecule.
Thus, although catalysis induced changes in pH around single enzymes may be of
biological and chemical significance (and their observation represents a novel measurement), the
observed increase in local pH (only in case of urease) does not explain the large enhancement of
diffusion induced by catalysis.
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2.3.8 Effect of Bubble Generation on Single-Enzyme Diffusion
Decomposition of hydrogen peroxide by catalase results in the formation of water and
oxygen, and at higher concentrations of peroxide, gas bubbles form in solution. Although care
was taken not to take data from regions of the fluid perturbed by visible bubbles, self-propulsion
of microscale catalytic motors due to bubble generation has been reported in the past.[45, 46] To test
the effect of bubble formation elsewhere in the system on the local molecular diffusion, the
diffusion coefficient of free dye (NHS-Rhodamine) molecules was measured in presence of
unlabeled active catalase and hydrogen peroxide. A slight increase of ~7% in free-dye diffusion
was observed at higher substrate concentrations (Figure 2-12).

Figure 2-12: Diffusion coefficient of free NHS-Rhodamine dye molecules in the presence of
unlabeled active catalase and hydrogen peroxide showed only a slight increase of ~7% at higher
substrate concentrations. Error bars represent standard deviations. The means and standard
deviations are calculated for 10 different independent measurements.
To further ascertain whether bubble formation played a role in the observed enhancement
in diffusion, diffusion coefficient of fluorescent-labeled inhibited catalase in presence of active
unlabeled catalase and hydrogen peroxide was measured. The inhibited catalase did not show a
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significant increase in diffusion, despite the formation of bubbles in solution (Figure 2-13). The
active and inactive enzymes were mixed with different hydrogen peroxide solutions immediately
before the diffusion measurements were performed. To rule out the effect of any residual cyanide
ions (from the inhibited catalase) on the active enzyme, an activity assay was performed. The
decomposition of hydrogen peroxide, monitored using a UV-Vis spectrophotometer, was assessed
in presence of active catalase, inactive catalase, and mixture of active and inactive catalase
(Figure 2-14). The hydrogen peroxide decomposition profile for inactive catalase was very
similar to that with no enzyme. The decomposition profiles for active catalase and mixture show a
similar trend, thereby, eliminating the possibility that residual cyanide from the inactive catalase
was also inhibiting the active enzyme molecules. Together, these results confirm that bubble
generation is not a viable mechanism for the observed enhanced diffusion of catalase at the
single-molecule level. In addition, the average number of fluorophores and the relative fraction of
enzyme-dye complex to free dye molecules in the confocal volume during FCS measurements did
not show any appreciable change at different hydrogen peroxide concentrations (Table 2-2). It is
possible, however, that the observed slight increase in diffusivity of the spectator dye molecules
results from other mechanisms such as hydrodynamic interactions[47-49] between the enzyme and
free dye molecules or local thermal heating.[50]
Also, gas molecules are not generated in case of catalytic hydrolysis of urea by urease
and therefore, cannot be responsible for the observed enhancement in diffusion coefficient.
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Figure 2-13: Diffusion of fluorescently labeled inhibited catalase in the presence of active
unlabeled catalase and hydrogen peroxide was not significantly different than water. Diffusion
coefficients of fluorescently labeled inhibited catalase in the presence of unlabeled active catalase
at different hydrogen peroxide concentrations (0.001 M, 0.01 M, 0.1 M) are not different from
that of water (0 M) (significance value of P > 0.01). Error bars represent standard deviations. The
means and standard deviations are calculated for 10 different independent measurements.

Figure 2-14: The decomposition of hydrogen peroxide was monitored using a UV-Vis
spectrophotometer in the presence of active catalase, inactive catalase, and mixture of active and
inactive catalase. The hydrogen peroxide decomposition profile for inactive catalase was very
similar to that with no enzyme. The decomposition profiles for active catalase and mixture of
active and inactive enzyme showed a similar trend. The mean activity of the active enzyme
sample was found to be 5791 units/mg of the solid (standard deviation of 318 units/mg). The
mixture of active and inactive catalase sample showed a similar mean activity of 5390 units/mg
of the solid (standard deviation of 674 units/mg). Mean and standard deviation are calculated for
3 measurements. Absorbance plotted on the Y-axis has arbitrary units.
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Table 2-2: The average number of fluorophores (N) in the observation volume during FCS
measurements, at different hydrogen peroxide concentrations. The value of N did not show any
significant change. The relative fraction of enzyme-dye complex (Fraction) as compared to the
free dye fraction, expressed as percentage, present in the observation volume at different
hydrogen peroxide concentrations did not show any significant change.
Hydrogen
Peroxide
Measurement

0M
N

1
2
3
4
5
6
7
8
9
10
Average
SD

9.8
9.7
7.1
9.8
9.8
9.8
9.7
9.8
9.7
9.8
9.5
0.84

Fraction
(%)
59.8
60.5
55.5
58.7
58.4
60.7
61.1
59.9
61
59.7
59.53
1.68

0.001 M
N
8.5
9.1
9.1
10
10.1
10.4
10.4
10.2
10.1
10.9
9.88
0.74

Fraction
(%)
59.2
58.5
59.7
56.8
61.3
54.8
57.7
60
58.4
57.9
58.43
1.81

0.01 M
N
8.9
9.4
9.1
11
10.3
10.1
9.1
10.3
8.7
10.5
9.74
0.79

Fraction
(%)
58.8
58.3
62.7
55.9
62.9
52.2
54.4
54.6
60.3
52.9
57.3
3.88

1M
N
7.3
9.4
10.5
9.5
10
9.8
9.9
4.8
9.8
10.4
9.14
1.76

Fraction
(%)
64.7
58.3
59.8
57.8
52.3
53.4
54.6
58.2
60.4
57.8
57.73
3.63

2.3.9 Self-Electrophoresis
Movement arising from phoretic mechanisms such as diffusiophoresis, osmophoresis,
and self-electrophoresis has been demonstrated in the past for catalytic particles.[11, 14] The current
experiments discussed in this chapter exhibited similar enhancements in diffusion for catalase and
urease, even though the products formed in these reactions are neutral and ionic, respectively.
Schwartz has also reported analogous observations for RNA polymerase.[51] The asymmetric
placement of catalytic sites can lead to chemical gradients due to the asymmetric production of
the reaction products (charged or uncharged). This, in turn, can drive the movement of catalyst
particles.[52-61] One would expect that such a mechanism is unlikely to be applicable to molecules
that have symmetrically located catalytic sites. Even if these catalytic sites were undergoing
reactions asynchronously, the concentration of the reaction products in the vicinity of the enzyme
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would be normalized due to the fast rotational times of the relatively small enzyme molecule and
the fast diffusion times of the reaction products. This will prevent the generation of a sustained
chemical gradient. However, it is possible, especially in case of urease that the generation of
charged reaction products in the vicinity of the enzyme can create an instantaneous electric field
for a very short interval of time and very close to the surface of the enzyme, which can propel the
enzyme molecule in solution.
It was hypothesized that the origin of enhanced diffusion could be the generation of
charged reaction products, which results in an asymmetric electric field within angstroms of the
enzyme, as has been observed for asymmetric particles.[9-12] The diffusion coefficient of NH4+
ions is higher than those of the anions (HCO3- and HPO42-) generated by the hydrolysis of urea in
phosphate buffer. As each urea molecule is hydrolyzed these ions are released at the surface of
the enzyme, and the faster diffusion of NH4+ creates a local electric field. This field could exert an
electrophoretic force on the order of few piconewtons for a short interval of time until the ions
diffuse away from the double layer of the enzyme (Figure 2-15).

Figure 2-15: Schematic showing the generation of ionic products from the hydrolysis of urea on
the surface of a urease enzyme molecule. The difference in diffusivities of the two ions (NH4+ and
HCO3-) creates an electric field, which can generate an electrophoretic force strong enough to
propel the enzyme molecule faster in solution.
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In case of catalase, such a self-electrophoretic mechanism will not be operating to propel
the enzyme faster in presence of hydrogen peroxide. This is because the reaction products in the
hydrogen peroxide decomposition reaction are neutral, and will not generate any electric field.
Since it is technically challenging to measure such short-time-scale forces, the impulsive
force due to a single enzymatic turnover was estimated using two approaches: Brownian
dynamics simulations and an analytical solution, as discussed in the following sections. In case of
urease, movement through a self-electrophoretic mechanism remains the most plausible
explanation. However, such a phoretic mechanism will fail to explain the enhanced diffusivity of
catalase. This suggests that electrophoretic forces play, at best, a minor role in the observed
enhanced diffusion. A more general mechanism might be in operation, which can validate the
observed increase in enzyme’s diffusive mobility, and will be discussed later in this chapter.

2.3.10 “Kick Force” From a Single Enzymatic Turnover
As mentioned in the previous section, it is very challenging to precisely measure the
impulse force due to a single-enzyme catalytic turnover reaction. As described below, two
approaches were used to calculate the force generated per substrate turnover: Brownian dynamics
simulation and analytical measurement. However, both require some assumptions.

2.3.11 Brownian Dynamics Simulation
Brownian dynamics simulations were performed using the position Langevin dynamics,
that is, inertial effects are assumed to be negligible. Position Langevin dynamics equation is as
follows:
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dr 1
= F(r) + G
dt γ

(15)

where, γ is the friction coefficient, F is the force acting on the particle, and G is the Gaussian
noise process with Gi (t).G j (t + Δt) = 2Δtδij kB

T
. The above Langevin dynamics equation was
γ

numerically integrated using the following equation:

r(t + Δt) = r(t) +

Δt
Δt
F(t) + 2kBT r G
γ
γ

(16)

where, γ is the Stokes-Einstein drag coefficient for a spherical particle, kB is the Boltzmann’s
constant, rG is the Gaussian distributed noise with mean = 0 and standard deviation = 1, and ∆t is
the integration time step (10 ns). Total simulation time was 100 ms.
(a) Urease: The simulation parameters were as follows: The maximum reaction rate per catalytic
site was 2.3 × 104 s-1, as reported by Blakeley et al.[30] A 10 ns impulse time per reaction
corresponded to the time it would take for the ions (reaction products from urea hydrolysis) to
diffuse one Debye length from the urease molecule, dissipating the electrophoretic force. The
force per impulse was then adjusted in successive Brownian dynamics simulations until the
diffusion coefficient increased from 3.16 × 10-7 cm2/s (no reaction) to 4.15 × 10-7 cm2/s
(maximum reaction rate), as observed in the experiments. To account for this change, selfelectrophoresis would need to produce a force of 12 pN per turnover (Figure 2-16). This is close
to the electrostatic force (20 pN) calculated for an anion (q = -e) 2 nm from the center of an
enzyme (q = -25e) in water (ε = 78). In addition, the electrophoretic force should increase with
decreasing ionic strength of the medium, potentially further increasing the diffusion rate.
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Figure 2-16: Mean square displacement (MSD) of urease with no reaction (black) and at the
maximum reaction rate assuming a force of 12 pN per turnover (red) obtained from Brownian
dynamics simulations. Solid lines are linear fits at longer time scales.
(b) Catalase: In case of urease, origin of the “kick force” was assumed to be from selfelectrophoresis. Such a reaction product-generated electrophoretic force is absent in catalase.
However, the force exerted on this enzyme due to substrate turnover was estimated using similar
parameters as for urease. A 10-ns impulse time per turnover was assumed. This corresponds to
the time taken for the reaction products to diffuse 10 nm from the enzyme molecule, thereby
dissipating the reaction-induced “kick force”. A maximum reaction rate per catalytic site of 2.12
× 105 s-1 was assumed.[32] By adjusting the force per reaction in successive Brownian dynamics
simulations until the simulated increase in diffusion coefficient matched the experimental
increase, the force per reaction turnover was estimated to be 9 pN/turnover (Figure 2-17 and
Figure 2-18).
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Figure 2-17: Brownian dynamics simulations show that a force of 9 pN per turnover is required to
generate an increase of ~50% in catalase diffusion coefficient, as observed in the experiments.

Figure 2-18: Mean square displacement trajectory for a single-enzyme catalase generated from
Brownian dynamics simulations. The trajectory in red corresponds to a 0 pN kick force, which is
analogous to the no-reaction condition. The trajectory in blue correlates to a 9 pN kick force per
turnover.
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2.3.12 Analytical Measurement of “Kick Force”
Coefficient of biased diffusion in 3-dimension is given by:

D = D0 +

2
drms
6t

(17)

where, drms = rms displacement, and t = mean time interval. Assuming the force arising out of
chemical reaction is balanced by the viscous drag, the following relation can be derived,
(18)

Fimpulse = 6πη RH ν

where, ν is the ballistic speed of the enzyme molecule. If the duration of the impulse is τ then,

!d $
Fimpulse = 6πη RH # rms &
" τ %

(19)

Equation 17 can be rewritten as:

D
1 ! Fimpulseτ $
#
&
= 1+
D0
6D0t #" 6πη RH &%

2

(20)

(a) Urease: For the observed ~25% increase in diffusion, from Equation 20,

Fimpulse =

6πη RH
τ

3D0t
2

(21)

For the urease-urea system, the following parameters were chosen: solution viscosity (η = 1.0 ×
10-3 Pa.s), hydrodynamic radius of urease (RH = 7.0 × 10-9 m),[25] and measured diffusion
coefficient of urease in buffer (D0 = 3.18 × 10-11 m2s-1). The duration of the impulsive force was
arbitrarily assumed to be of the same order as the maximum time interval between two successive
catalytic reactions (τ = 4.35 × 10-5 s). The impulse force was estimated to be 6.6 pN.
(b) Catalase: For the observed ~50% increase in diffusion, from Equation 20,

Fimpulse =

6πη RH
3D0t
τ

(22)
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For the catalase-hydrogen peroxide system, the following parameters were chosen: solution
viscosity (η = 1.002 × 10-3 Pa.s), hydrodynamic radius of catalase (RH = 5.12 × 10-9 m),[34] and
measured diffusion coefficient of catalase in water (D0 = 6.0 × 10-11 m2s-1). The duration of the
impulsive force was arbitrarily assumed to be of the same order as the maximum time interval
between two successive catalytic reactions (τ = 4.7 × 10-6 s) and assuming a time interval (t) of 103

s, the impulse force was estimated to be 8.5 pN.
Though the force measurement with both the Brownian dynamic simulations and

analytical approach involve a number of approximations, they agree to the same order of
magnitude. This estimated force generated by reaction-induced kicks is well within the range of
the forces measured for other molecular-scale systems, including polymerases and motor
proteins.[62-65]

2.3.13 Non-Reciprocal Conformation Changes
It can be speculated that a more general mechanism than the ones described before can
explain the enhanced diffusive behavior of both the enzymes. It has been proposed that enzymes
may “swim” faster in solution due to non-reciprocal conformational changes that occur during
substrate turnover (Figure 2-19).[66-69] During the substrate binding and the product release steps,
the enzyme molecules can go through a sequence of conformation changes. In addition, the fast
rotation times of the enzyme molecules due to their small size result in these changes being nontime reversal. The observations in this chapter may constitute the first experimental evidence for
this hypothesis. A number of biological systems are well known to go through a series of
conformation changes while performing their specific functions. A prominent example is the
DNA polymerase enzyme that goes through a cycle of significant conformation changes during
DNA synthesis. The DNA polymerase enzyme and its potential to function as a molecular motor
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will be discussed in more detail in Chapter 4.

Figure 2-19: Schematic showing the proposed sequence of non-time reversal conformationinduced changes in urease and catalase enzyme molecules during the catalytic substrate turnover
step. Such non-reciprocal conformation changes can propel the enzyme faster in solution (from
Ref. 67).

2.4 Summary
This chapter reports that catalysis can alter the diffusive mobility of an enzyme in
presence of a substrate in a concentration-dependent fashion. The increase in enzyme diffusivity
can be attributed to substrate turnover, since the diffusion coefficient of the inhibited enzyme did
not increase in presence of its substrate. These observations lay the foundation for development
of novel enzyme-driven nanomotors by asymmetric placement of the enzyme on micro- and
nanoscale objects. Additionally, many molecular machines in living systems function as
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Brownian ratchets.[70-76] The movements of these enzyme-based biological machines may be
greatly facilitated by catalysis-induced forces resulting from substrate turnover.

2.5 Future Directions
While this anomalously high diffusion is clearly connected to the catalytic activity of the
enzymes, the mechanism by which the chemical energy is converted into a mechanical force
remains speculative. A number of possible alternatives have been successfully ruled out. It is
conjectured that self-electrophoresis or non-reciprocal conformation changes of the enzymes may
induce molecular swimming. However, the evidences favoring these mechanisms are still
inconclusive. The possibility of a reaction-induced local rise in temperature in the immediate
vicinity of the enzyme cannot be completely ruled out, and requires to be quantified
experimentally. Determining the underlying principle that propels enzyme molecules will provide
further insight into the field of molecular mechanotransduction.
The enhanced diffusion of enzymes catalyzing chemical transformations reported here
are average measurements for ensembles obtained from FCS. As a consequence, specific
trajectories of individual enzymes are lost using this method. Single-molecule tracking[77] would
avoid the averaging of ensemble measurements and reveal in unprecedented detail the diffusive
behavior of individual enzymes, complete with any anomalous trajectory paths that likely result
from their catalytic action. The ability to observe the trajectories of individual enzymes diffusing
as opposed to ensemble measurements of macroscale diffusion coefficients will reveal important
insights into an unexplored phenomenon of anomalously fast transport properties of catalyticallyactive enzymes. These insights may be applied to the rational design of synthetic and hybrid
nanomotors devices, and lay the foundation for a novel area of research into the role of
mechanochemistry of enzyme systems in cellular function.
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In recent years, it has become apparent that nanoscale sensors are limited in sensitivity by
analyte transport issues. On nano- and microscales, mass transport of trace levels of analytes to
the surface of a sensor requires assay times that are prohibitively long. Hence, without a means
for actively transporting an analyte to the sensor surface, nano- and microscale sensors are limited
to femtomolar levels of sensitivity. The concepts of enhanced diffusion of enzymes can be used to
overcome this mass transport issue to enable rapid and sensitive assays for enzyme biomarkers.
In addition to following the individual trajectories of single enzymes or objects powered
by catalytic reactions, it is important to measure the forces of catalytic reactions that impart
momentum to suspended objects functionalized with enzymes. Determining the force generation
plays a governing role in understanding diffusion-mediated biological enzyme catalysis. As
shown from Brownian dynamics simulations, the degree of force generation is expected to be on
the order of 1-10 pN, which has been shown to be biologically relevant.[62-65] Measurement of
reaction-induced forces will provide the underlying foundation for the relationship between
substrate concentration and reaction rate. The ubiquity and universality of force generation by
enzymes will open up whole new avenues of research in separation technology of single
molecules and larger structures with natural or induced catalytic activity.

2.6 Experimental

2.6.1 Fluorescent Labeling of Urease and Catalase
Jack bean urease (type C-3; Sigma-Aldrich) (Figure 2-20A) was tagged with thiolreactive dyes, Dylight 549 (ex/em: 549/568; Thermo Fisher Scientific) for single-molecule
diffusion measurements, or 5-(and-6) chloromethyl SNARF-1 acetate (ex/em: 550/640nm;
Invitrogen, Inc.) for time-resolved single-molecule fluorescence lifetime measurements. Reaction
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of the fluorescence probe (40 µM) with urease (2 µM) was carried out in 150 mM phosphate
buffer (pH 7) at room temperature for 2-6 hours under gentle stirring (Figure 2-21A).
Bovine liver catalase (Sigma-Aldrich; Figure 2-20B) was labeled with an amine-reactive
rhodamine dye (ex/em: 552/575; Thermo Fisher Scientific). Labeling of catalase (4 µM) with the
fluorescent dye (40 µM) was performed in a gently stirred, room temperature 100 mM phosphate
buffer (pH 7.2) for 2-3 hours (Figure 2-21B).
The enzyme-dye complexes were further purified using membrane dialysis (10 kDa
pores; Amicon ultra-4 centrifugal filter unit, Millipore) to reduce free-dye concentration. The
number of dye molecules per enzyme molecule was ~2 as quantified using UV-Vis spectroscopy.

(A)

(B)

Figure 2-20: (A) Crystal structure of Jack bean urease (PDB ID: 3LA4). (B) Crystal structure of
bovine liver catalase (PDB ID: 1 TGU).
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Figure 2-21: (A) Schematic showing the conjugation reaction between urease and Dylight 549, a
thiol-reactive fluorescent dye incubated at room temperature for 2-6 hours in phosphate buffer
(pH 7). (B) Schematic showing the conjugation reaction between catalase and NHS-Rhodamine,
an amine-reactive fluorescent dye incubated at room temperature for 2-3 hours in phosphate
buffer (pH 7.2).

2.6.2 Inhibition Studies of Urease Enzyme
Kot et al. have shown that pyrocatechol acts as a time- and concentration-dependent
irreversible inactivator of urease.[28] Urease was incubated with the inhibitor at room temperature
for 2 hours prior to conducting diffusion and lifetime measurements. Membrane dialysis (10 kDa
pores; Amicon ultra-4 centrifugal filter unit, Millipore) was used to separate the enzyme-dye
complex from unreacted inhibitor. At higher concentrations (10 mM and above), it was found that
pyrocatechol denatured the protein significantly into its individual subunits, as evidenced by the
significantly higher diffusion coefficients.
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2.6.3 Inhibition Studies of Catalase Enzyme
Inhibition studies of catalase enzyme were performed using 0.5 M NaCN as the
inhibitor.[29] Fluorescently labeled catalase (4 µM) was incubated with the inhibitor in DI water
overnight. Membrane dialysis (10 kDa pores; Amicon ultra-4 centrifugal filter unit, Millipore)
was used to separate the enzyme-dye complex from unreacted inhibitor.

2.6.4 Fluorescence Spectroscopy Instrumentation
Single-molecule diffusion and fluorescence lifetime measurements were performed on a
custom-built microscope-based optical setup, described previously (Figure 22).[23] The optical
setup for TCSPC was based on an Olympus IX-71 inverted microscope (Tokto, Japan). A watercooled PicoTRAIN 532 nm, 80 MHz, 5.4 ps pulsed solid-state laser (High-Q Laser, Hohenems,
Austria) was used as the excitation light source. Laser light was cleaned by appropriate excitation
filter and expanded to slightly underfill the back aperture of the objective to ensure a Gaussian
illumination profile. The laser power as measured at the back aperture of the objective was
adjusted between 50 and 100 µW to avoid significant photobleaching and triplet state formation.
Excitation light from the laser was reflected by a suitable dichroic mirror and focused in the
sample using a 60x / 1.2-NA water-immersion objective (UPLAPO60XW, Olympus). Emitted
fluorescent light from the sample was passed through a dichroic beam splitter (Z520RDC-SPPOL, Chroma Technology), a set of high quality emission filters, a polarizer fixed at the magic
angle of 54.7°, and finally focused onto a 50 µm, 0.22-NA optical fiber (Thorlabs), which acted
as a confocal pinhole. The optical fiber was coupled to a GaAsP photomultiplier tube (H742240P, Hamamatsu, Tokyo, Japan) with a peak quantum efficiency of 40% at 580 nm wavelength.
The signal from the photomultiplier tube was routed to a preamplifier (HFAC-26) and then to a
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time-correlated single photon counting (TCSPC) board (SPC-630, Becker & Hickl, Berlin,
Germany). The sample was positioned with a high-resolution 3-D piezoelectric stage (NanoView,
Mad City Labs). Photon arrival times were recorded using the SPC-630 TCSPC module.

Figure 2-22: Schematic showing the optical setup utilized for fluorescence correlation
spectroscopy (FCS) studies and fluorescence lifetime measurements (from Ref. 23).

2.6.5 Fluorescence Correlation Spectroscopy
Fluorescent molecules moving in and out of the diffraction-limited observation volume
induce bursts in fluorescence collected in first-in, first-out (FIFO) mode by the TCSPC board,
which was incorporated in the instrument. Fluctuations in fluorescence intensity from the
diffusion of molecules were autocorrelated and fit by a multi-component 3D model (Equation 23,
Figure 2-23) to determine the diffusion coefficients of individual species:[24, 78, 79]
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where, Ni is the average number of fluorophores of ith species in the observation volume, τ is the
autocorrelation time, w is the structure factor (~4-8), and τ Di is the characteristic diffusion time
of the fluorophores of ith species with diffusion coefficient Di crossing a circular area with radius
r (~400 nm). Fluorescence correlation spectroscopy (FCS) measurements were performed with 60
µW excitation power, and the optical system was calibrated before each experiment using free
Rhodamine 6G (R6G) dye (D = 2.8 × 10-6 cm2/s in water;[24] Invitrogen) in deionized water.
Autocorrelation curves were fit to Equation 23 using Levenberg-Marquardt nonlinear leastsquares regression algorithm with Origin software to determine τ Di . In the experiments, the
presence of non-negligible amounts of free dye in the samples resulted in signatures of two
diffusing components in the autocorrelation curves, and the curves were fitted to a twocomponent 3-D diffusion model - the fast component corresponding to the freely diffusing dye
molecules, and the slow component corresponding to the fluorescent-labeled enzyme molecules.
Assuming that the diffusing fluorophore behaves as a hard sphere, hydrodynamic radius (RH) of
the fluorophore was calculated from the diffusion coefficient using Stokes-Einstein relationship
given by:[80]

RH =

k BT
6πη D

(24)

where, kB is the Boltzmann’s constant, T is the absolute temperature, and η is the solvent
viscosity.
The average concentrations of enzyme molecules in all the FCS measurements were
identical within ±1 molecule in the observation volume. The structure factor (w) was determined
prior to measuring the enzyme diffusion coefficient using known diffusion coefficient of R6G,
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and was fixed for all subsequent measurements. Moreover, the structure factor was calibrated
prior to each experiment. Diffusion coefficient of the free dye (used to label enzyme molecules)
was also measured independently using a pure dye sample in the presence of unlabeled enzyme
(catalase) and different substrate (hydrogen peroxide) concentrations as used in the experiments
(Figure 2-12), and fixed during the curve-fitting process (for the enzyme sample). Characteristic
diffusion time of the enzyme and the enzyme to free dye fraction were the only adjustable
parameters during the fitting process.
It is important to note that the characteristic diffusion time determined using fluorescence
correlation spectroscopy (FCS) is independent of the molecular brightness of the molecule.[81]
Only fluctuations in intensity contributed to the autocorrelation trace. Fluctuations in molecular
fluorescence intensity due to fast processes such as triplet state excitation occur on a time scale
much smaller than the characteristic diffusion time of the molecule and therefore do not affect the
measured diffusion time. Moreover, the triplet state contributions were not apparent in the
autocorrelation curves, and therefore, were not included in the fitting equation.

Figure 2-23: (Left) Schematic of fluorescent molecules moving in and out of the diffractionlimited confocal volume inducing bursts in fluorescence collected in first-in, first-out (FIFO)
mode by the TCSPC board. (Right) Fluctuations in fluorescence intensity from the diffusion of
molecules in and out of the confocal volume were autocorrelated and fit by a two-component 3D
model to obtain the diffusion time and diffusion coefficient.
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2.6.6 Fluorescence Lifetime
Fluorescence lifetime was measured using a pulsed-laser excitation source. Fluorescence
decay curves were extracted from histograms of photon arrival times relative to the laser pulse
time and fit to a bi-exponential decay model.[24] Fluorescence emission from the sample was
detected at the magic angle (54.7°) to avoid the effects of rotational diffusion on fluorescence
lifetime. Curve fitting was done using Fluofit software (PicoQuant, GmbH, Berlin, Germany) by
a process of iterative reconvolution given by:[23]
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where, I(t) is the experimental decay function, IRF(t’) is the instrument response function, Ai is
the amplitude of ith lifetime, τi is the ith lifetime, and n is the number of exponents. The instrument
response function (IRF) was collected from a sample of dilute scattering solution, prior to the
experiment. The full width at half maximum (FWHM) of the IRF was calculated to be ~330 ps.
The quality of the fitted curves was evaluated based on χ2 values and the autocorrelation of
residual curves. Fitting the decay curves to a decay model with more than two exponentials did
not improve the goodness-of-fit significantly. The amplitude-weighted average lifetimes
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were calculated by:[24]
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2.6.7 Analysis for Statistical Significance

Student’s t-test was performed to verify the statistical significance. The two-tailed P
value was calculated using unpaired t-test. The degree of freedom was 18 (2n-2) for all data sets.
The alpha level for all tests in case of urease was chosen as 5% (0.05), and for catalase as 1%
(0.01). When a test of significance gives a P-value lower than 0.05 (alpha level) in case of urease
or 0.01 (alpha value) in case of catalase, such results are referred to as statistically significant.

2.6.8 Brownian Dynamics Simulation Methodology
Force due to a single catalytic turnover event was estimated as follows: given a maximum
catalytic rate of the enzyme for each catalytic site (2.12 × 104 s-1 for urease,[30] and 1.2 × 105 s-1
for catalase[32]), an artificial force was applied on the particle in random directions every time a
reaction happens (7.2 µs for urease and 1.2 µs for catalase), and the force was applied for one
time step, arbitrarily chosen as 10 ns, corresponding to the time taken for the reaction products to
diffuse 10 nm away from the enzyme molecule, thereby dissipating the reaction-induced “kick
force”. The simulation trajectories were obtained for a total of 60 enzyme molecules and for a
total simulation time of 100 ms for each molecule. Diffusion coefficients were computed from the
slope of the mean-square displacement curve at long time scales. A range of perspective forces
(1–20 pN) was screened to identify the force required for the experimentally observed increase in
diffusion coefficient.
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2.6.9 Diffusion Measurements of Inhibited Catalase in the Presence of Active Catalase and
Hydrogen Peroxide

Bovine liver catalase was labeled with an amine-reactive rhodamine dye as described in
Section 2.6.1. Fluorescently labeled catalase (4 µM) was incubated with 0.5 M NaCN (inhibitor)
in deionized water for overnight. Membrane dialysis (10 kDa pores; Amicon ultra-4 centrifugal
filter unit, Millipore) was used to separate the enzyme-dye complex from unreacted inhibitor.
Different concentrations of hydrogen peroxide solution (0 M, 0.001 M, 0.01 M, 0.1 M) in
deionized water were prepared. Fluorescent-labeled inactive catalase (5 nM) and active catalase
(5 nM, unlabeled) were added, and diffusion measurements of inhibited catalase were carried out
immediately using FCS in a similar fashion as described earlier in Section 2.6.5.

2.6.10. Decomposition of Hydrogen Peroxide in the Presence of Active and Inhibited
Catalase

The decomposition of hydrogen peroxide, monitored using a UV-Vis spectrophotometer,
was assessed in the presence of active catalase, inactive catalase, and mixture of active and
inactive catalase.[82] The enzyme samples were mixed with H2O2 solution (0.035% w/w) in
deionized water in a quartz cuvette and the decrease in absorbance of H2O2 at 240 nm was
observed over time. In between absorbance readings, the cuvette was stirred to dislodge O2
bubbles formed on the sides of the cuvette.
The hydrogen peroxide decomposition profile for inactive catalase was very similar to
that with no enzyme. The decomposition profiles for active catalase and mixture of active and
inactive enzyme showed a similar trend. The activity of the active enzyme sample was found to
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be 5.79 × 103 units/mg of the solid. The mixture of active and inactive catalase sample showed a
similar activity of 5.39 × 103 units/mg of the solid. A maximum activity of 11.0 × 103 units/mg
was reported by the supplier (Sigma) for this particular batch of catalase.

2.6.11 Viscosity Measurements
The viscosities of different urea (substrate for urease) and hydrogen peroxide (substrate
for catalase) solutions were measured using a cone-plate viscometer (Haake Rotovisco 1, Thermo
Electron).

2.6.12 Dynamic Light Scattering (DLS) Measurements
Hydrodynamic radii of the free and fluorescent-labeled enzymes (catalase and urease)
were analyzed using dynamic light scattering (Viscotek 802 DLS, Malvern Instruments). The
hydrodynamic radii of fluorescently labeled catalase and urease enzymes were comparable to free
catalase and urease enzymes, respectively, thereby confirming the presence of single enzyme
species (Figure 2-24).
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Figure 2-24: (A) DLS measurements confirming that the hydrodynamic radii of (A) free urease
(6.3 nm) and fluorescent-labeled urease (6.4 nm) were comparable, and (B) free catalase (4.9 nm)
and fluorescent-labeled catalase (5 nm) were comparable.

2.6.13 Catalase Activity Measurements
The activity of free catalase enzyme and fluorescently labeled catalase enzyme were
measured by monitoring the decomposition of its substrate, H2O2, using UV-Vis
spectrophotometer.[82] The enzyme sample was mixed with H2O2 solution (0.035% w/w) in
deionized water in a quartz cuvette, and the decrease in absorbance of H2O2 at 240 nm was
observed over time. In between absorbance readings, the cuvette was stirred to dislodge O2
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bubbles formed on the sides of the cuvette. Conditions for both assay experiments were identical.
The activity of the free enzyme was found to be 6.23 × 103 units/mg of the solid, which is
only 46% of the maximum activity (1.35 × 104 units/mg) reported by the supplier (Sigma) for this
particular batch of catalase. A decrease in activity was expected as all the experiments were
performed in deionized water instead of the recommended buffer solution. Upon functionalization
with a fluorescent tag, no significant loss in catalase enzymatic activity was observed (Figure 225).

Figure 2-25: (A) Plot of absorbance vs. time for free catalase and fluorescently labeled catalase
samples. The decrease in absorbance at 240 nm (due to the decomposition of hydrogen peroxide
by catalase) was monitored over time. (B) Plot showing the enzymatic activities of free catalase
and fluorescent-labeled catalase were not statistically different. The P-value calculated using
unpaired student’s t-test equals 0.61. Error bars represent standard deviation. The mean and
standard deviation are calculated for 3 measurements.
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Chapter 3

Chemotaxis of Enzyme Molecules

3.1 Introduction
Chemotaxis is defined as the response of an object to a chemical signal, by moving
towards or away from the signal source. It was first reported for bacteria more than a century
ago.[1] The detection of chemicals or attractants by motile bacteria during chemotaxis is aided by
chemoreceptors embedded in these microorganisms.[2] It is well studied that bacterial chemotaxis
involves processes where the microorganisms swim past regions of higher food concentration
only to return to these regions after sensing areas of lower food concentration in the surrounding
media.[3,

4]

Bacteria avoid these regions of lower concentration by tumbling and randomly

choosing new directions.[2,

5]

Bacterial chemotaxis is similar to sensing in higher organisms in

terms of its specificity towards the chemoattractant,[2, 6] and sensitivity to the concentration ratio
of food and not to the absolute difference.[7-10] Spatial detection in bacteria engages an apparent
temporal detection of the chemoattractant through diffusion.[11, 12] Bacteria possesses a “temporal
memory” that allows them to retain information in a fashion similar to the neural system of higher
organisms.
Cells can also sense and respond to the gradient in extracellular signals for their
functioning in diverse roles, in what is known as chemotaxis of whole cells.[13-17] It is analogous
to bacterial chemotaxis. The cells can sense the differences in concentration gradient of the
signals[18] and move up the gradient by lowering the tumbling rate and lengthening its tracks
towards the higher chemoattractant concentration.[19, 20] It was reported that networks of proteins
are accountable for the response of cells to a number of external stimuli. These biochemical
networks are robust, which is a direct consequence of the network’s architecture.[9, 21, 22] The E.
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coli bacterial chemotaxis[23,

24]

acts as a model system for elucidating the mechanism of these

network-level processes that arise from different components interacting with each other.[25,

26]

Simple amoeba like Dictyostelium discoideum and mammalian neutrophils show similar
chemotactic behavior.[27-30] Polymorphonuclear leukocytes (PMNs) are also known to exhibit
chemotactic-like behavior to sites of inflammation, by responding to physiologically important
chemicals released form the site.[31-37]
Negative chemotaxis,[5, 38] movement away from the source of chemical signal, has also
been reported for bacteria[7, 39] and E. coli[40]. It has been reported for different classes of bacteria
in response to toxic chemicals like phenol,[41] hydrocarbons and heavy metals (42), acids, bases,
salts and alcohols,[43-46] oxygen,[47] and other repellants[48]. Similar negative chemotaxis has been
demonstrated in slime mold[49] and amoeba[50].
Chemotaxis, a rare and unusual phenomenon outside biological systems, has been
demonstrated for artificial nanorods.[51, 52] Gold-platinum bimetallic rods chemotax up a hydrogen
peroxide concentration gradient by a biased random walk process, similar to bacterial
chemotaxis.[11, 53, 54] Janus spheres functionalized with Grubb’s catalyst have been described to
swim up a gradient in norbornene concentration.[55] Schwartz also reported a similar phenomenon
with RNA polymerase.[56] Collective behavior has been observed for AgCl particles in water,
when exposed to UV light, via a self-diffusiophoretic mechanism[57, 58].[59] Even inert silica tracers
respond to ion gradients generated by these micron-sized particles under UV illumination and
follow them, a form of predator-prey behavior similar to that of neutrophils.[60] Emergent
collective behavior, analogous to quorum sensing,[61, 62] was exhibited by SiO2-Ag Janus spheres
in hydrogen peroxide solution via a self-diffusiophoretic mechanism.[57, 58]
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3.2 Motivation
Biological motors are known to facilitate the chemotaxis of cells and higher organisms
towards specific chemical signals.[2, 17, 39, 63, 64] An important question was posed in the previous
chapter that whether a single enzyme molecule can generate sufficient mechanical force through
substrate turnover to cause its own movement. It was demonstrated that not only do they exhibit a
catalytic reaction-induced enhanced diffusive mobility, but also, the increase is in a substrateconcentration-dependent manner. More significantly, it is both fundamentally and applicationwise relevant to explore whether the enhanced diffusive movement can become directional
through the imposition of a gradient in substrate concentration, a situation that parallels the
chemotaxis of whole cells.
While it has been demonstrated that motion at the nano/microscale can be accomplished
through catalysis-induced conversion of chemical energy to mechanical forces,[51, 65-76] because of
their great diversity and efficiency, the use of enzymes as chemomechanical transducers would
vastly expand the available methods for powering nano- and micromotors. It has been shown in
the previous chapter that the diffusion coefficient of enzyme molecules increases in the presence
of their respective substrates. This chapter demonstrates the chemotactic behavior of enzymes. In
the presence of a substrate concentration gradient, both urease and catalase enzyme molecules
diffuse towards areas of higher substrate concentration. Further, by employing a two-enzyme
cascade, it was shown that chemically interconnected enzymes could be drawn together.[77]
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3.3 Results and Discussion

3.3.1 Design of Enzyme Chemotaxis Setup
Enhanced diffusive motion at the single-molecule level in the presence of a substrate led
to the hypothesis that enzyme molecules might exhibit collective directional diffusion in the
presence of a substrate gradient.[56,

78]

Accordingly, a fluorescence imaging set-up was used to

characterize enzyme movement along a substrate concentration gradient. A Y-shaped
microfluidic channel with two inlets—one for fluorescent-labeled enzyme in water/buffer and the
other for just water/buffer or substrate in water/buffer—was used to generate the substrate
gradient (Figure 3-1). The flow rate through each of the two inlets was held constant at 15 µL/h,
which corresponds to an average linear (laminar) flow of 694 µm/s in the main channel. This
value of average laminar flow is obtained from the volumetric flow rate of fluid and area of cross
section of the microchannel. Lateral spreading of the enzyme at a defined location in the
microchannel was fluorescently measured in the presence and absence of the substrate. The
fluorescence intensity plots were normalized (1 corresponds to maximum intensity and 0
corresponds to minimum intensity) to calculate the shift at a fixed value of fluorescence intensity.
The directed movement was studied for both catalase and urease enzymes in the presence of their
respective substrates’ concentration gradient, hydrogen peroxide and urea.
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Figure 3-1: Schematic representation of Y-shaped microfluidic channel used to generate gradient
in substrate concentration for chemotactic studies of ensemble of enzyme molecules.

3.3.2 Chemotaxis of Catalase Enzyme Molecules
A shift in normalized fluorescence intensity across the channel was observed for catalase
towards the region of the channel containing its substrate, 10 mM hydrogen peroxide, as
compared to no substrate (Figure 3-2). The lateral shift in normalized fluorescence intensity in the
region of interest (ROI) (~400 µm down the channel) was 13.3 µm. This shift was highly
attenuated when the enzyme was inhibited with sodium cyanide (Figure 3-2). The fluorescence
intensity profile of this inhibited catalase exposed to a flow containing 10 mM hydrogen peroxide
was comparable to that of active catalase exposed to a flow containing no substrate, indicating
that catalytic substrate turnover was responsible for the movement of enzyme molecules towards
higher substrate concentrations.
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Figure 3-2: Chemotaxis of catalase enzyme molecules. Plot of mean normalized fluorescence
intensity (arbitrary units; ‘1’ corresponds to maximum fluorescence intensity and ‘0’ corresponds
to minimum fluorescence intensity) profile as a function of lateral position along the width of the
channel showed a shift of 13.3 µm for catalase towards 10 mM hydrogen peroxide (red; maximum
standard deviation of 0.039 a.u.), as compared to water (blue; maximum standard deviation of
0.003 a.u.), when evaluated at ~400 µm from the channel inlet. The shift in fluorescence intensity
profile of the inhibited catalase (green; maximum standard deviation of 0.121 a.u.) in the
presence of 10 mM hydrogen peroxide was comparable to that of active catalase in water.

3.3.3 Chemotaxis of Urease Enzyme Molecules
The study on enzyme chemotaxis was extended to urease. Similar to catalase, urease
enzyme molecules spread towards the region of the channel containing urea. A lateral shift in
normalized fluorescence intensity of 9.2 µm and 11.5 µm was observed in the presence of 1 M
urea as compared to no substrate, when measured ~400 µm and ~900 µm down the channel in the
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ROI, respectively (Figure 3-3). The non-normalized plots reflect the expected broadening of the
fluorescence intensity profile for urease in the presence of urea, as compared to buffer (Figure 34).

Figure 3-3: Chemotaxis of urease enzyme molecules. (A) Plot of mean normalized fluorescence
intensity (arbitrary units; ‘1’ corresponds to maximum fluorescence intensity and ‘0’ corresponds
to minimum fluorescence intensity) profile as a function of lateral position along the width of the
channel showed a shift of 9.2 µm for urease towards 1 M urea in 150 mM PBS buffer (red;
maximum standard deviation of 0.012 a.u.), as compared to 150 mM PBS buffer (blue; maximum
standard deviation of 0.037 a.u.), when viewed ~400 µm from the start of the channel. (B) Plot of
mean normalized fluorescence intensity profile as a function of lateral position along the width of
the channel showed a shift of 11.5 µm for urease towards 1 M urea in 150 mM PBS buffer (red;
maximum standard deviation of 0.04 a.u.), as compared to 150 mM PBS buffer (blue; maximum
standard deviation of 0.023 a.u.), when viewed ~900 µm from the start of the channel.
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Figure 3-4: Chemotaxis of urease enzyme molecules in a concentration gradient of urea at
different locations in the microchannel. (A) Plot of non-normalized fluorescence intensity profile
as a function of position along the width of the channel showed a broadening effect for urease
towards 1 M urea in 150 mM PBS buffer (red), as compared to 150 mM PBS buffer (blue), when
viewed ~400 µm from the start of the channel. (B) Plot of non-normalized fluorescence intensity
profile as a function of position along the width of the channel showed a broadening effect for
urease towards 1 M urea in 150 mM PBS buffer (red), as compared to 150 mM PBS buffer (blue),
when viewed ~900 µm from the start of the channel.

3.3.4 Behavior of Free Dye Molecules in Response to a Substrate Gradient
In order to rule out the effect of lateral flow and convection, experiments identical to the
catalase and urease ones were performed with free rhodamine and Dylight 549 dye molecules (the
same dyes used to label the enzymes) in the presence of hydrogen peroxide or urea gradients. No
lateral shifts were observed for rhodamine dye in presence of hydrogen peroxide gradient (Figure
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3-5A) compared to no peroxide. In the case of Dylight 549 dye a slight shift away from urea
concentration gradient was observed as compared to no urea (Figure 3-5B).

Figure 3-5: Behavior of free dye molecules towards substrate concentration gradients. Plot of
mean normalized fluorescence intensity profile as a function of position along the width of the
channel. (A) This plot indicates that there is no shift for NHS-Rhodamine dye (used to label
catalase) towards 10 mM hydrogen peroxide (red) or 100 mM glucose (green), compared to water
(blue). (B) Lateral spreading of DyLight maleimide dye (used to label urease) showed very slight
shift in fluorescence intensity away from 1 M urea (red) as compared to buffer (blue).

3.3.5 Effect of Convection-Driven Flows on Enzyme Chemotaxis
It is possible that hydrolysis of urea by urease, and formation of oxygen during
decomposition of hydrogen peroxide by catalase can cause distortion of the flow profiles and bulk
lateral movement of fluid, which may result in the observed collective spreading behavior. To
rule out such an effect, 20 nm quantum dots (QDots) were introduced in the inlet with catalase
(unlabeled), and their lateral spreading was monitored in presence and absence of a concentration
gradient of hydrogen peroxide (flowed through the other inlet). No shift in fluorescence intensity
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was observed for QDots in the presence of active catalase towards 10 mM hydrogen peroxide as
compared to water (Figure 3-6A). Similar observations with urease (unlabeled) and QDots
introduced through one of the inlets showed a slight shift in fluorescence intensity for QDots
away from 1 M urea as compared to buffer, flown through the other inlet (Figure 3-6B). The
above results indicate that the collective spreading behavior observed for both catalase and urease
towards their respective substrates did not arise from enzymatic reaction-induced distortion of
bulk fluid flows.

Figure 3-6: Behavior of quantum dots (QDots) towards substrate concentration gradients in the
presence respective enzymes. (A) Lateral spreading of 20 nm QDots flowed through the inlet with
active catalase (unlabeled) in the presence and absence of a gradient of hydrogen peroxide
(flowed through the other inlet) showed no shift in fluorescence intensity towards 10 mM
hydrogen peroxide (red) as compared to water (blue). (B) Lateral spreading of 20 nm QDots
flowed through the inlet with active urease (unlabeled) in the presence (red) and absence (blue) of
a gradient of urea concentration (flowed through the other inlet) showed very slight shift in
fluorescence intensity away from 1 M urea as compared to buffer.
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3.3.6 Effect of Channel Walls on Enzyme Chemotaxis
The fluorescence intensity profiles were measured at a depth, which is the centerline of
the microfluidic channel, to rule out the effect of channel walls on the flow profile. To further
exclude this effect of channel walls (lower glass surface and upper polydimethylsiloxane surface),
collective migration experiments with urease enzyme molecules were performed using a
fluorescence confocal microscope. The plane of imaging was carefully chosen such that the
fluorescence intensity profiles were recorded at halfway depth inside the microfluidic device.
Using a 2-inlet microfluidic device, urea was flowed through one of the inlets to generate a
substrate concentration gradient. The fluorescent-labeled enzyme was flowed through the other
inlet. A laminar flow rate of 1.85 × 104 µm/s was maintained through the main channel, and
lateral spreading of urease enzyme molecules at ~4000 µm down the channel was fluorescently
measured in the presence and absence of a urea concentration gradient. A shift in normalized
fluorescence intensity of 4.5 µm (in the ROI) was observed in the presence of urea as compared
to buffer (Figure 3-7), which rules out the effect of the channel walls, if any, on the observed
chemotactic behavior of enzyme molecules in response to a substrate concentration gradient.
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Figure 3-7: Plot of mean normalized fluorescence intensity profile as a function of lateral position
along the width of the channel showed a shift for urease towards 1 M urea in 150 mM PBS buffer
(red; maximum standard deviation of 0.1 a.u.), as compared to 150 mM PBS buffer (blue;
maximum standard deviation of 0.08 a.u.), when viewed under a confocal microscope.

3.3.7 Predator Prey Behavior Among Enzymes
The above results suggest that an enzyme that acts on the products of a second, nearby
enzymatic reaction might exhibit collective movement up the substrate gradient towards this
second enzyme; an example of collective behavior at the molecular level. This hypothesis was
tested by choosing another enzyme, glucose oxidase (GOx) that catalyzes the oxidation of
glucose to D-glucono-δ-lactone and hydrogen peroxide. Hydrogen peroxide released from the
oxidation of glucose, in turn, serves as the substrate for catalase. The chemotactic behavior of
catalase in presence of GOx and 100 mM glucose was studied by introducing catalase through
one inlet of the microfluidic channel, and GOx and glucose through the other. A large lateral shift
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in normalized fluorescence intensity profile of catalase across the channel was noted when both
GOx and glucose were introduced through the second inlet, as compared to only glucose (Figure
3-8 and Figure 3-9). The lateral shift corresponds to 21.4 µm as analyzed ~400 µm down the
channel in the ROI. The non-normalized plot reflects the expected broadening of fluorescence
intensity profile for catalase in the presence of GOx and glucose, as compared to glucose only
(see Figure 3-10). The relatively large lateral shift was due to essentially complete conversion of
glucose within the time frame of the experiment. The experiment clearly demonstrated that
catalysis-induced directional movement of enzymes could lead to collective attraction between
two different enzymes.

Figure 3-8: Experimental set-up inside a microfluidic device showing the lateral shift in
fluorescence intensity profile as a function of position along the width of the channel for catalase
towards 100 mM glucose and glucose oxidase (B) as compared to 100 mM glucose only (A).
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Figure 3-9: Plot of mean normalized fluorescence intensity profile as a function of lateral position
along the width of the channel indicated a shift of 21.4 µm for catalase towards 100 mM glucose
and glucose oxidase (red; maximum standard deviation of 0.033 a.u.), as compared to 100 mM
glucose (blue; maximum standard deviation of 0.018 a.u.), when viewed ~400 µm from the start
of the channel.

Figure 3-10: Plot of non-normalized fluorescence intensity profile as a function of position along
the width of the channel showed a broadening for catalase towards 100 mM glucose and glucose
oxidase (red), as compared to 100 mM glucose (blue), when viewed ~400 µm from the start of the
channel.
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3.3.8 Random-Walk Particle Simulations to Determine Chemotactic Shift
Random-walk particle simulations in a flow field using the measured enzyme diffusion
coefficients with and without substrate, showed a qualitatively similar spreading behavior. The
lateral diffusion of enzymes in the microchannel experiment is closely related to the classic
problem of the “drunkard’s walk”, in which a collection of non-interacting particles, initially at
the origin x = 0 of a one-dimensional system at time t = 0 spread by diffusion in positive and
negative directions along the x-axis. The distribution of particles at a later time may be obtained
by analytic solution of diffusion equation or by numerical simulation.
The system of interest here was treated by random-walk simulations, as described by
Kelvin,[79] Rayleigh,[80] and Einstein.[81] Diffusion with coefficient D may be simulated by random
walks of the particles with steps Δx, positive and negative, with mean square values

(Δx )

2

= 2DΔt in the limit of small time steps, Δt. As shown in Table 3-1, the leading edge of

enzyme ensemble in presence of substrate advances faster than in its absence. Enzyme molecules
that happen to cross into the region of higher diffusion coefficient diffuse faster than the
molecules in the corresponding region in absence of the substrate, and spread further in the time
of interest. The simulation demonstrates that a higher diffusion coefficient can produce
distributions of the type observed in our experiments. It is important to note that in our
simulations, within the time of interest, only molecules at the right edge are able to cross over and
show the observed spreading behavior.
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Table 3-1: Comparison of the distribution of molecules in different bins (each bin of width 10
µm) of a two-inlet channel (240 µm wide) simulation showing that the leading molecules spread
more rapidly towards the higher diffusion coefficient side (compare the distributions in blue).
Number of molecules (part A)

Number of molecules (part B)

D = 6.01E-07 cm2/s (Bin 1-12)

D = 6.01E-07 cm2/s (Bin 1-12)

D = 7.92E-07 cm2/s (Bin 13-24)

D = 6.01E-07 cm2/s (Bin 13-24)

11

19160

19009

12

14401

14227

13

5243

5770

14

1164

1002

15

92

30

Bin number

In an alternative approach random-walk particle simulation performed using position
Langevin dynamics (Equations 15 and Equation 16 in Chapter 2) showed a qualitatively similar
increase in distribution of molecules towards the substrate side (Figure 3-11).
The spreading behavior observed in chemotaxis experiments with catalase and urease
enzyme molecules was also consistent with the scaling laws proposed for transverse diffusion of
solute molecules across a fluid interface.[82] The flow of liquid through the Y-shaped microfluidic
channels was considered to be laminar. For such a laminar flow profile, the Péclet number of the
system is given by:

P=

UaH
D

(1)

where, Ua is the average flow speed of fluid through the microchannel, H is the height of the
channel and D is the diffusion coefficient of molecules under investigation. For the system under
consideration in this chapter, the flow profile was assumed to be parabolic since the channel

!W
$
> 2 & , as shown by Ismagilov et al.[82] Under such a condition,
"H
%

aspect ratio was higher than 2 #

the transverse diffusive broadening of molecules is given by Equation 2 shown below:
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where, δ is the transverse shift, H is the height of the microchannel, and z is the region of interest
in the microchannel where the transverse shift was monitored.

Figure 3-11: Brownian particle simulations under flow in a microchannel. (A) 2D concentration
profile of the enzyme in buffer only under flow in the microchannel obtained from 2D-Brownian
dynamics simulations. The region of interest for computing the concentration profile along the
width of the channel is shown in red. A uniform flow field is applied from left to right. (B) 2D
concentration profile of the enzyme in the presence of substrate, indicating enhanced spreading of
the enzyme into the substrate side. The region of interest for computing the concentration profile
along the width of the channel is shown in red. Uniform flow field is applied from left to right.
(C) Concentration profile of enzyme molecules within the region of interest along the width of
the channel in the presence of buffer (blue) and substrate (red) showed enhanced spreading of
enzyme molecules into the substrate side.
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(a) Catalase: The following parameters were used to determine the lateral shift of catalase within
the microchannel in presence of a gradient in hydrogen peroxide concentration: average flow
speed in the microchannel (Ua = 6.94 × 10-4 ms-1), diffusion coefficient (D = 6.00 × 10-11 m2s-1 in
water and 7.90 × 10-11 m2s-1 in hydrogen peroxide solution), width of the microchannel (W = 2.40
× 10-4 m), height of the microchannel was (H = 5.00 × 10-5 m), and region of interest (z = 5.00 ×
10-4 m down the microchannel). From Equation 1, the Péclet number (P) was determined to be
578, high enough to neglect the diffusive transport along the direction of flow. From Equation 2,
the net lateral shift of catalase in presence of a substrate concentration gradient was determined to
be ~2 µm.
(b) Urease: The following parameters were used to determine the transverse diffusive broadening
of urease inside the microchannel in the presence of a concentration gradient of urea: average
flow speed in the microchannel (Ua = 6.94 × 10-4 ms-1), diffusion coefficient (D = 3.18 × 10-11
m2s-1 in buffer and 4.06 × 10-11 m2s-1 in urea solution), width of the microchannel (W = 2.40 × 10-4
m), height of the microchannel (H = 5.00 × 10-5 m), and region of interest (z = 5.00 × 10-4 m
down the microchannel). From Equation 1, the Péclet number (P) was calculated to be 1091, a
high enough number to neglect the diffusive transport along the direction of flow. From Equation
2, the net transverse diffusive broadening of urease in presence of a concentration gradient of urea
was determined to be ~1 µm.
Therefore, from the above analytical scaling laws, in presence of a substrate
concentration gradient, enzyme molecules should diffuse more in the transverse direction owing
to their enhanced diffusion coefficient, which is precisely what was observed in the experiments.
Though the net transverse shift of enzymes with and without substrate, determined from the
above calculations, is lower than that determined from the experiments, the values are in the same
order of magnitude.
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3.3.9 COMSOL Simulations to Analyze Chemotactic Shift
The experimentally observed chemotaxis by enzyme ensembles was simulated using
COMSOL Multiphysics (v4.3) – by coupling the physics of laminar flow and transport of dilute
species in a fluid. The simulation geometry was defined in 2-dimension as a microchannel of
length 3 mm and width 240 µm – with two inlets and a single outlet, similar to the microchannel
geometry used in the experimental setup. The lower inlet allowed the flow of enzymes in
water/buffer, at a constant speed of 694 µms-1. Through the upper inlet, first a solution of only
water/buffer was introduced at the same flow speed and the simulation was run to get the steady
state surface concentration profile of the enzymes across the channel, which arises mainly due to
the transverse diffusive mixing of two parallel flows. The simulation was then repeated with the
flow of substrate solution through the upper inlet and setting the diffusion coefficient of the
enzyme as a function of local substrate concentration. The functional dependence of enzyme
diffusion coefficient on substrate concentration was determined by fitting the experimentally
recorded data. The simulation in this case yielded surface concentration profile of enzymes in
presence of a substrate gradient. Relative magnitudes of the concentration profiles in absence and
presence of substrates in the upper inlet showed the enhanced migration of these enzymes up
towards the upper inlet in presence of substrate. The simulated enhanced migration of the enzyme
ensemble, both in case of urease (~2 µm) and catalase (~6 µm) in presence of their respective
substrates, are within the same order of magnitude as obtained in the experimental results (Figure
3-12). In Figure 3-12, normal diffusion corresponds to the random diffusion of enzyme molecules
in absence of any substrate, whereas the collective directional migration of the enzyme molecules
in presence of a gradient in substrate concentration has been referred to as enhanced diffusion.
The simulation results suggest that only substrate-dependent increase in diffusivity of enzyme
molecules is sufficient for their collective migration towards higher substrate concentrations. The
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functional dependence of enzyme diffusion coefficients on substrate concentration is shown in
Figure 3-13.

Figure 3-12: (A) Simulated steady state concentration gradients of urea established along the
interface (maximum and minimum concentrations are indicated in red and blue respectively). (B)
Simulated steady state concentration profile of urease across the microchannel interface, showing
the enhanced migration of enzymes towards higher substrate concentrations. (C) Simulation
results showing steady state concentration gradients of hydrogen peroxide established along the
interface (maximum and minimum concentrations are indicated in red and blue respectively). (D)
Simulation results showing steady state concentration profile of catalase across the microchannel
interface, showing the enhanced migration of enzymes towards higher substrate concentrations.
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Figure 3-13: Dependence of urease and catalase diffusivity on hydrogen peroxide and urea
concentrations respectively. (A) The experimental data points are fitted to get the functional form
of dependence D = 3.18 ×10

−11

⎛
c ⎞
+ 9.03 ×10−12 ⎜⎜
⎟⎟ , where c is the concentration of urea
0.65
+
c
⎝
⎠

in mol/m3 and D is the diffusivity of urease in m2/s. (B) The experimental data points are fitted to

⎛ c ⎞
⎟ , where c is the
⎝ 6.3 + c ⎠

get the functional form of dependence D = 6.01×10−11 + 2.80 ×10−11 ⎜

concentration of H2O2 in mol/m3 and D is the diffusivity of catalase in m2/s.

3.3.10 Mechanism of Enzyme Chemotaxis
Based on the random-walk particle and COMSOL simulations, the chemotactic behavior
of the enzyme molecules can be hypothesized to arise from an enhanced diffusion mechanism.[56,
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78]

The substrate gradient is analogous to a Brownian ratchet.[83, 84] Many molecular machines in

living systems function as Brownian ratchets.[85-89] In the present case, the substrate concentration
changes continuously as the enzyme diffuses along the gradient. Thus, at every point in space, the
diffusion rate increases on moving up the gradient and decreases on moving down the gradient. A
higher diffusion coefficient leads to a greater spreading of enzyme molecules on the side of
higher substrate concentration. As can be seen in the non-normalized plots (Figure 3-6 and Figure
3-10), the “center of gravity” of enzyme ensemble moves towards the higher substrate
concentration. As with any other Brownian ratchet a continuous energy input is required for the
directional movement, in this case to maintain the substrate gradient. The proposed mechanism is
stochastic in nature and is different from biological chemotaxis, which requires temporal memory
of the concentration gradient. The observations described in this chapter suggest that for directed
motion it is not necessary for the catalyst molecule or particle to be asymmetric, one simply needs
a gradient in the substrate concentration for directed diffusive motion of symmetrical catalyst
particles.

3.4 Summary
In conclusion, it was explored that in presence of a substrate concentration gradient,
ensembles of urease and catalase enzyme molecules show collective movement towards higher
concentrations of urea and hydrogen peroxide, respectively. Random-walk particle simulations
and COMSOL Multiphysics simulations also showed a shift in the distribution of enzyme
molecules towards higher substrate concentrations, as highlighted in this chapter. In addition, by
generating a concentration gradient of hydrogen peroxide using glucose and glucose oxidase,
collective migration of an ensemble of catalase molecules towards glucose oxidase was induced.
This is a form of predator-prey behavior at the molecular level. The chemotactic behavior
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exhibited by enzyme molecules was speculated to arise from an enhanced diffusion mechanism.
Bulk flows did not appear to be important in the experiments demonstrating collective migration
of enzyme molecules in a substrate concentration gradient. This conclusion was based on results
shown in this chapter, in which control experiments with QDots in the inlet with catalase
(unlabeled) showed no lateral spreading in the presence of a gradient of hydrogen peroxide as
compared to water (flowed through the other inlet). Similar observations with urease showed no
significant lateral migration for Qdots in the presence of urea as compared to buffer.
Although the specific reason(s) for the observed chemotaxis of enzymes in the presence
of a substrate concentration gradient remain poorly understood, the findings summarized in this
chapter may open up new avenues in the field of enzyme-based devices such as intelligent
enzyme-powered drug delivery vehicles, self-assembly of biomolecules, separation of catalyst
molecules based on activity, among others.

3.5 Future Directions
The newly discovered features of catalysis and method of enzyme chemotaxis described
in this chapter can be utilized to develop a fundamentally new approach for the rapid isolation,
concentration, and collection of active chemical and biological catalysts from their inactive
counterparts in a complex mixture at nanomolar (or lower) concentrations, and at nano- to microliter volumes. The separation will be based solely on the activity of the enzyme. Moreover, the
separation will be independent of the size and charge of the enzyme, and will not require
irreversible binding of a substrate to the enzyme. It can be performed under conditions that are
optimal for catalyst activity, thus avoiding high salt and low pH conditions used to dislodge
analytes in ion exchange chromatography. The proposed method can separate catalysts of similar
sizes on the basis of activity alone and, unlike affinity chromatography,[90,

91]

the recognized
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substrate does not need to be bound to a surface in order to achieve separation. The proposed
isolation, separation, and active collection method can be incorporated into plastic and paperbased detection devices for point of need applications. The molecular-level separation technique
will provide substantially enhanced sensitivity for a point-of-need assay, fast assays and enhanced
selectivity.
Inputs into the rational design of this platform are quantification of force production by
enzymes, measurements of enhanced diffusivity, and transport models that relate diffusivity to
force. It is clear that further detailed modeling is required to understand the quantitative
relationship between substrate-induced enhanced catalyst diffusivity and their chemotactic
behavior in a substrate concentration gradient, and the efficiency of separation in microchannel
architectures. A good understanding will allow the control of key parameters, such as substrate
concentration, flow-rate, and the optimal dimensions of the microchannels. Transport models
(similar to the ones emphasized in this chapter) that include convection, diffusion, and force
production can be used to predict the architectures and dimensions of the microfluidic channels
that will result in optimal separation. After elucidating the critical parameters necessary for the
design of optimal enzyme separation systems, the scope and efficiency of the separation method
can be explored using different classes of enzymes, like glycosidases, proteases, acylases,
phosphatases, among others. This will finally lead to the development of a detection device that
separates and concentrates a desired enzyme from a crude sample, and then provides a
quantitative readout for the enzyme in the form of a colorimetric, fluorescent, or antibody assay;
the first proof-of-concept systems.
The great advantage of the proposed method outlined above is that the catalysts can range
from single molecules to nano/microparticles. Further, there is no need to modify the catalyst in
order to make it responsive to specific externally imposed fields (e.g., electrical or magnetic). The
method takes advantage of the inherent property of catalyst specificity for substrates.
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Furthermore, the higher the catalytic activity, the better is the separation. Although a simple
microchannel design is shown in Figure 3-14 that can be utilized for separation, efficient
separation would require more complicated tree-like microchannel architecture.

Figure 3-14: Separation of catalysts in microchannels based on their activity towards a specific
substrate. (A) A two-channel system in which active catalyst and substrate move toward the
upper channel, while less active catalyst, some substrate, and some active catalyst move to the
lower channel. (B) A three-channel system in which one catalyst moves preferentially to the
upper outlet, and another moves preferentially to the lower outlet.

3.6 Experimental

3.6.1 Fluorescent Labeling of Urease and Catalase
Jack bean urease (type C-3; Sigma-Aldrich) was tagged with a thiol-reactive dye, Dylight
549 (ex/em: 549/568; Thermo Fisher Scientific). Reaction of the fluorescence probe (40 µM) with
urease (2 µM) was carried out in 150 mM phosphate buffer (pH 7) at room temperature for 2-6
hours under gentle stirring (Figure 2-21A in Chapter 2). Bovine liver catalase (Sigma-Aldrich)
was labeled with an amine-reactive rhodamine dye (ex/em: 552/575; Thermo Fisher Scientific).
Labeling of catalase (4 µM) with the fluorescent dye (40 µM) was performed in a gently stirred,
room temperature 100 mM phosphate buffer (pH 7.2) for 2-3 hours (Figure 2-21B in Chapter 2).
The enzyme-dye complexes were further purified using membrane dialysis (10 kDa pores;

124
Amicon ultra-4 centrifugal filter unit, Millipore) to reduce free-dye concentration. The number of
dye molecules per catalase enzyme molecule was ~2 as quantified using UV-Vis spectroscopy.

3.6.2 Inhibition Studies of Catalase Enzyme
Inhibition studies of catalase enzyme were performed using 0.5 M NaCN as the
inhibitor.[92] Fluorescently labeled catalase (4 µM) was incubated with the inhibitor in deionized
water overnight. Membrane dialysis (10 kDa pores; Amicon ultra-4 centrifugal filter unit,
Millipore) was used to separate the enzyme-dye complex from unreacted inhibitor.

3.6.3 Microfluidic Device Fabrication
The microfluidic device was cast in polydimethylsiloxane (PDMS, SylgardTM 184, Dow
Corning) using standard soft lithography protocols (Figure 3-15).[93] A 50-µm deep master
pattern, which contains the inverse shaped microfluidic device was created on a silicon wafer
(Silicon Quest) by spin coating a thin layer of positive photoresist, SPR-220 resist (Microposit).
The wafer containing the photoresist was treated and structured by photolithography methods,
followed by deep reactive ion etching (Alcatel) to generate the master stamp. The master was
exposed to 1H, 1H, 2H, 2H-perfluorooctyl-trichlorosilane (Sigma Aldrich), to minimize adhesion
of PDMS to the silicon wafer during the peeling step. The PDMS was prepared by thoroughly
mixing the PDMS base polymer and the curing agent in a 10:1 (weight/weight) ratio. The mixture
was then degased in a desiccator for about an hour, and baked at 60 °C in an oven for 30 minutes.
The PDMS was then cooled and peeled off. Pinholes acting as inlet and outlet were drilled open
with a drill press (Dremel Model 220 WorkStation), a rotary tool (Dremel 300 Series) and drill
bits (Drill Bit City). To ensure permanent bonding between PDMS and the glass substrate, the
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device was sealed to a No. 1 glass coverslip (VWR) with a high frequency generator (Model BD10AS, Electro-Technic Products, Inc). Fluid flow through the microchannel was controlled by
syringe pumps (KDS 200 and 220, KD Scientific), connected to the device by polyethylene
tubing (Becton Dickinson and Company).

Figure 3-15: Schematic showing fabrication of microfluidic device for generation of substrate
concentration gradient in enzyme chemotaxis studies. The device was synthesized from a silicon
wafer using both photolithography and soft lithography processes.
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3.6.4 Epifluorescence Imaging
Chemotaxis of ensembles of enzyme molecules in presence of a substrate concentration
gradient was studied using epifluorescence imaging. The optical setup was comprised of an
Olympus IX-71 inverted microscope with a 100 W halogen lamp. Excitation light was passed
through the appropriate filter cube (Chroma Technology), depending on the excitation/emission
wavelengths of the dye, before it was focused into the sample through a 20× objective
(LCPlanFl20X/0.40Ph1∞, Olympus). Fluorescence emission was collected by the objective,
passed through interference filters, and detected by a high-sensitivity pco.1600 CCD camera
(Cooke Corporation) with a resolution of 1600 × 1200 pixels and peak quantum efficiency of
55% at 500 nm wavelength.

3.6.5 Confocal Imaging
Confocal images were acquired using a Leica TCS SP5 laser scanning confocal inverted
microscope (LSCM, Leica Microsystems) with a 20× objective (HCX PL APO CS, 0.70 NA)
incorporated in it. The confocal images were obtained at 514 nm excitation (Ar-ion laser, 65 mW)
directed through a double dichroic mirror (DD 458/514), with emission filters set between 560
nm - 600 nm. The plane of interest (along the z-axis) for confocal imaging was chosen such that
fluorescence intensity was captured from the plane that is halfway height into the channel.

3.6.6 Lateral Shift
Videos were recorded and analyzed using Image J software. In each experiment, mean
fluorescence intensity was calculated from three videos. Each video is a collection of 50-100
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images. A region of interest (ROI) was selected along the channel and stack-averaged
fluorescence intensity was plotted as a function of distance along the width of the channel.
Lateral shifts were calculated by first selecting the central pixel inside the ROI, and
measuring its fluorescence intensity in absence of substrate. Then, in presence of substrate, the
ROI was interrogated again to find a pixel with an equivalent fluorescence intensity to the one
previously measured. The lateral distance of this new pixel from the center of the channel was
taken to be the lateral shift. The central pixel was chosen to calculate the lateral shifts in the
experimental measurements, as the enzyme molecules will experience maximum gradient in
substrate concentration at this point.

3.6.7 Free Dye Molecules in Substrate Concentration Gradient
Fluorescence imaging was used to characterize the movement of free dye along a
substrate concentration gradient. A ‘Y’ shaped microfluidic channel with two inlets, one for dye
and the other for buffer or substrate, was used to generate the substrate gradient (Figure 3-1).
Lateral spreading of the dye at a defined location in the microchannel was measured. The
directional behavior of NHS-Rhodamine (used to label catalase) was studied in the presence of
water, 10 mM hydrogen peroxide and 100 mM glucose. Fluorescence intensity profiles were
plotted as a function of lateral position along the width of the channel in order to measure lateral
spreading of the dye molecules. In a separate control, identical experiments were performed with
free Dylight 549 dye molecules (used to label urease) in presence of 150 mM PBS and 1 M urea
(in 150 mM PBS).
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3.6.8 Quantum Dots in Substrate Concentration Gradient
Fluorescence imaging was used to characterize the movement of quantum dots (QDots),
20 nm in diameter, along a substrate concentration gradient. A ‘Y’ shaped microfluidic channel
with two inlets, one for Qdots and active catalase (unlabeled), and the other for water or substrate,
was used to generate the substrate concentration gradient (Figure 3-1). Lateral spreading of the
QDots at a defined location in the microchannel was measured in presence of water and 10 mM
hydrogen peroxide. Similar experiments were performed with QDots and urease to observe the
shift in fluorescence intensity towards 1 M urea as compared to buffer.

3.6.9 Brownian Dynamics Simulations Under Flow in a Microchannel
Two-dimensional simulations of enzymes in a microchannel under steady flow were
performed using position Langevin dynamics. Ten million particles were simulated for a total
simulation time of 100 s. Due to the larger number of particles, a larger time step of 100 ms was
used. A uniform flow field of 14.5 µm/s was applied down the channel. Two simulations with
different diffusion coefficients for the enzyme were conducted to mimic the control and substrate
conditions. Initially, all the particles were positioned at the inlet of the microchannel. Spatial
coordinates of the particles were updated for each time-step using Equation 2-16 in Chapter 2,
where the external force component was replaced with uniform convective flow field. Hard
boundary conditions were applied for the sidewalls. Particles exiting the outlet were repositioned
at the inlet. Simulations were run long enough to ensure that the system reached steady state.
Concentration profiles across the channel 400 µm from the inlet were computed and analyzed.
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3.6.10 Random-Walk Particle Simulations of Flow in a 2-Inlet Microfluidic Device
Random-walk particle 1-D simulations of lateral diffusion of the enzyme from the left of
the channel, in the case of a two-inlet channel, are illustrated in Table 3-1. In part A, the diffusion
coefficients in the 240 µm wide channel were specified as 6.01 × 10-7 cm2/s and 7.92 × 10-7 cm2/s
for the regions left and right of the center of the channel, respectively, and remained fixed. (In the
actual experiments the diffusion of substrate produced a less sharply defined boundary.) In part
B, the diffusion coefficient was 6.01 × 10-7 cm2/s for the full width of the channel. Random walks
of 5 million enzyme molecules (adjusted to 240,000 molecules in the table for clarity) were
calculated for steps selected from Gaussian distributions corresponding to the diffusion
coefficients. The variation of the enzyme distributions at 0.6 s, typical time-scale in our
experiments, is shown in the table as the number of particles in bins 1 to 24 (each bin of width 10
µm) spaced across the channel. The entering molecules were evenly distributed amongst bins 1
through 12. Comparing the distribution of molecules for part A and part B, one may see that it is
distributed further to the right in part A.

3.6.11 COMSOL Multiphysics Simulation
To simulate enzyme chemotaxis in presence of a substrate gradient, the physics of
Transport of Diluted Species and Laminar Flow of fluids were coupled in COMSOL
Multiphysics (v4.3). These physics are available within the Chemical Species Transport and Fluid
Flow modules of the software. For stationary state solutions, the equations that govern the
convective and diffusive transport of species were ∇ ⋅ (−Di ∇ci + ci u) = 0 , where Di denotes the
diffusion coefficient of the species (m2/s), ci is the species concentration (mol/m3), and u is the
velocity (m/s). This was supplemented with a flux balance condition for various species,
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N i = −Di ∇ci + uci . The flow of liquid within the microchannel was described by the Navier-

(

)⎦

T
Stokes equations given by - ρ (u.∇ ) u = ∇. ⎡⎢− pI + µ ∇u + (∇u ) ⎤⎥ + F and ρ ( ∇.u ) = 0 , where ρ is the

⎣

density (kg/m3), u is the velocity (m/s), µ is the viscosity (Pa.s), p is the pressure (Pa), and F is
the body force per unit volume (N/m3). The modeled fluids are liquids with a viscosity of 10-3
Pa.s and density of 103 kg/m3. No slip boundary condition was set at the walls of the
microchannel. The flux of liquid through the boundary walls and the value of the liquid pressure
at the outlet were also set to zero.
In case of urease, enzyme solutions of concentration 10-3 mol/m3 were allowed to flow in
through the top inlet of the microchannel. In no substrate condition, the diffusion coefficient of
urease was taken to be 3.18 × 10-11 m2/s (zero substrate diffusivity value measured in
experiments). Next, the simulation was run for a substrate (urea) flow (initial concentration of 103
mol/m3) through the upper inlet. The diffusion coefficient of urea, in this case was kept fixed at
1.09 × 10-9 m2/s, decided by the hydrodynamic radius of urea and the value of solution viscosity.
However, the diffusion coefficient of urease was expressed as a function of local substrate (urea)

#
c &
concentration as D = 3.18 ×10 −11 + 9.03×10 −12 %
( , where c is the concentration of urea in
$ 0.65 + c '
mol/m3 and D is the enhanced diffusivity of urease in m2/s. The functional form of dependence of
D on c was determined from the experimentally measured increase in diffusivity of urease with
increase in urea concentration (Figure 3-13A).
Simulations for catalase were carried out in a similar manner with an enzyme solution of
10-3 mol/m3. The zero substrate diffusivity value of catalase was 6.01 × 10-11 m2/s. To establish a
substrate concentration gradient across the microchannel interface, H2O2 solution of strength 102
mol/m3 was allowed to flow in through the upper inlet of the channel, while the lower inlet
allowed the flow of catalase molecules in water/buffer – both at a constant flow speed of 694
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µm/s. The diffusion coefficient of H2O2 molecule was taken to be 1.0 × 10-9 m2/s, whereas that of
catalase

was

expressed

as

a

function

of

local

H 2O 2

concentration

as

# c &
3
D = 6.01×10 −11 + 2.8 ×10 −11 %
( , where c is the concentration of H2O2 in mol/m and D is the
$ 6.3+ c '
diffusivity of catalase in m2/s. The functional form of dependence of D on c was determined from
the experimentally measured increase in diffusivity of catalase with increase in H2O2
concentration (Figure 3-13B).

3.6.12 Dynamic Light Scattering (DLS) Measurements
Hydrodynamic radii of the free and fluorescent-labeled enzymes (catalase and urease)
were analyzed using dynamic light scattering (Viscotek 802 DLS, Malvern Instruments). The
hydrodynamic radii of fluorescently labeled catalase (Figure 3-16) and urease (Figure 3-17)
enzymes were comparable to free catalase and urease enzymes, respectively, thereby confirming
the presence of single enzyme species.

Figure 3-16: Dynamic light scattering (DLS) measurements confirming that the hydrodynamic
radii of free catalase (4.9 nm) and fluorescent-labeled catalase (5 nm) were comparable.
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Figure 3-17: Dynamic light scattering (DLS) measurements confirming that the hydrodynamic
radii of free urease (6.3 nm) and fluorescent-labeled urease (6.4 nm) were comparable.
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Chapter 4

DNA Polymerase as a Molecular Motor and Pump

4.1 Introduction
Propulsion of objects at the nano- and microscale can be achieved by utilizing the
chemical free energy of the surrounding medium.[1-13] In most cases, the energy is derived by
catalytic turnover of a fuel or substrate in the vicinity of the motor to generate mechanical work
for performing useful functions.[1-13] In particular, there has been significant interest in developing
catalytic motors because the ability to rationally design synthetic and hybrid nano/micromotor
systems will facilitate the emergence of novel smart devices. Upon immobilization, these
catalytic motors can also impart their energy to the surrounding fluid. Using this concept, a
number of artificial micropumps have been designed, which are capable of driving both fluid and
small particles alike.[14-31]
The major inspiration behind designing artificial nano/micromotors and micropumps is to
mimic the precision and efficiency of the naturally occurring biomotors like kinesins, myosins
and dyneins. Enzyme-driven biological motors are responsible for driving the biased motion of
bioorganisms in response to specific stimuli (chemicals or light). [32-36] Due to their vast diversity,
enzyme-based artificial motors become an obvious choice for the next generation of intelligent
devices that may enable nanotechnological and medical applications, such as dynamic selfassembly of superstructures, drug delivery, and lab-on-a-chip devices.[2-4,

10, 11]

In Chapter 2, a

substrate-concentration dependent increase in diffusion of both catalase and urease in the
presence of their respective substrates, hydrogen peroxide and urea has been reported. These
enzyme molecules can sense a gradient in substrate concentration and exhibit collective migration
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towards higher substrate concentration, as highlighted in Chapter 3. Schwartz and coworkers also
reported a similar behavior with T7 RNA polymerase.[37]

4.2 Motivation
Biological motors perform specific functions in living systems.[38-40] The T4 DNA
polymerase is a well-characterized biomotor that is responsible for the sequential incorporation of
nucleotides to synthesize DNA (Figure 4-1).[38] The polymerase adds deoxynucleotide
triphosphates (dNTP) to the growing DNA strand, and the energy released from the removal of
the pyrophosphate group results in the formation of a phosphoester bond that covalently links the
deoxynucleotide monophosphate (dNMP) to the growing DNA chain. The polymerase motor
binds to the DNA template inducing an internal conformational change in the polymerase.
The wildtype DNA polymerase has two active sites – the polymerase site that
incorporates bases with high precision, and the exonuclease site, which acts as an error correction
site to remove any mismatched nucleotides incorporated in the DNA primer strand (Figure 4-2).
The motor can switch the DNA primer strand from the polymerase site to the exonuclease site
whenever a mismatched nucleotide is identified, and after the error correction, rapidly revert the
DNA strand back to the polymerase site for the replication process to continue.

Figure 4-1: Schematic overview showing nucleotide incorporation on a DNA template by a DNA
polymerase motor.
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Figure 4-2: The wildtype DNA polymerase motor is responsible for the sequential assembly of
nucleotides through base pairing with ultra-high precision, to synthesize DNA. It is also capable
of performing error correction by recognizing and removing mismatched nucleotides incorporated
in the DNA through its exonuclease activity (from Ref. 38).
In presence of an excess of single nucleotide templated next for incorporation, the
polymerase is restricted to an idling state. During the idling-turnover process, the protein switches
the DNA primer strand back and forth between the polymerase and the exonuclease active sites
incorporating and removing the nucleotide thereby, converting dNTP to dAMP until the
nucleotide is completely depleted. With an exonuclease site mutant of DNA polymerase (exo-), a
single nucleotide is incorporated, but subsequent cycles of incorporation and removal are
prohibited. Both the polymerase site and the exonuclease site require the inorganic cofactor of
two Mg2+ ions per site for activity. These unique functions of the DNA polymerase encouraged us
to explore its possible role as a nanomotor outside biological systems and to investigate its further
potential as a micropump when immobilized onto a surface.
This chapter highlights that the diffusive movement of a molecular complex of DNA
template and DNA polymerase is enhanced in the presence of a nucleotide, 2'-adenosine
triphosphate (dATP). The molecular complex shows a collective directional movement in the
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presence of a dATP concentration gradient. Further, in the presence of a concentration gradient of
the Mg2+ cofactor, it migrates towards areas of higher Mg2+ concentration. Finally, by
immobilizing the molecular complex on a patterned surface, fluid and tracer particles can be
pumped in a directional manner with the pumping speed increasing in the presence of cofactor in
the surrounding fluid.

4.3 Results and Discussion

4.3.1. Diffusion Studies of DNA-Polymerase Complex Molecules
The diffusive mobility of a wildtype-T4 DNA polymerase complexed with DNA was
measured in the presence of a substrate nucleotide in an idling turnover mode. Fluorescence
correlation spectroscopy (FCS), an ultrasensitive technique, was utilized for diffusion studies.[41,
42]

The same technique was also used to study diffusion coefficients of single-molecule urease

and catalase enzymes in the presence of their respective substrates, urea and hydrogen peroxide,
as reported in Chapter 2. The primer strand of the DNA was labeled with a fluorescent tag for
monitoring by FCS. Diffusion of DNA-polymerase (exo-) complex was monitored as a control
(Figure 4-3). The measured diffusion coefficient of the complex was 1.22 × 10-6 cm2/s. The
diffusion coefficient of the wildtype polymerase-DNA complex increased to 1.77 × 10-6 cm2/s in
the presence of 5 mM dATP in buffer with Mg2+, a 46% increase in diffusion (Figure 4-3). This
increase in diffusion was attenuated in the absence of Mg2+ in the buffer (Figure 4-3). The slight
increase in diffusion of the complex molecules in the absence of cofactor can be attributed to
trace residual Mg2+ ions present in the buffer in which the protein was stored. FCS traces for
wildtype polymerase-DNA molecular complex in buffer (with and without Mg2+ ions) in the
presence of 5 mM dATP (red and blue respectively), and DNA-polymerase (exo-) molecular
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complex in buffer (with Mg2+ ions) in the presence of 5 mM dATP (green) are shown in Figure 44. A shift in the FCS trace to the left corresponds to a faster diffusion time, and hence, a higher
diffusion coefficient. It is also evident from the FCS traces, as shown in the figure, that the
diffusion coefficient of the molecular complex increases in the presence of dATP.

Figure 4-3: Diffusion studies of DNA-polymerase molecular complex. The diffusion coefficient of
the wildtype polymerase-DNA molecular complex in the idling turnover mode showed an
increase of 46% in the presence of 5 mM dATP (substrate nucleotide) and Mg2+ ions (cofactor) in
the buffer over the diffusion coefficient of the DNA-polymerase (exo-) complex. The increase in
the diffusion coefficient of the molecular complex was lowered in the absence of Mg2+ ions in the
buffer. The three diffusion coefficients are significantly different from each other with a
significance value of P < 0.015. Error bars represent standard deviations. The means and standard
deviations were calculated for 10 measurements.
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Figure 4-4: Fluorescence correlation spectroscopy (FCS) traces for DNA polymerase-DNA
complex molecules showing a plot of the normalized autocorrelation as a function of time. The
traces shown are for wild-type polymerase-DNA complexes in buffer with and without Mg2+ ions
in the presence of 5 mM dATP (red and blue, respectively), and polymerase (exo-)-DNA
complexes in buffer with Mg2+ ions in the presence of 5 mM dATP (green).

4.3.2 Chemotaxis of DNA Polymerase in Substrate Concentration Gradient
The collective migration behavior of wildtype polymerase-DNA molecular complex was
studied in the presence of a concentration gradient of dATP. A 3-inlet microfluidic device was
utilized to generate a dATP substrate nucleotide gradient. DNA in buffer with Mg2+ was injected
through the center inlet, flanked by DNA polymerase and 10 mM dATP in buffer with Mg2+ on
one side and buffer with Mg2+ on the other (Figure 4-5). As a control, DNA was injected through
the center inlet, flanked by DNA polymerase in buffer with Mg2+ through one side inlet and
buffer with Mg2+ through the other side inlet. Using a syringe pump, a linear laminar flow rate of
1.85 × 104 µm/s was maintained in the main channel. The collective spreading behavior was
studied using a fluorescence imaging set up. Lateral fluorescent spreading of the polymeraseDNA complex was measured across the channel 40 mm downstream in the main channel. The

144
fluorescence intensity profiles were normalized between 0 (minimum) and 1 (maximum) to
quantify the shift at a defined value of fluorescence intensity. It was observed that the normalized
fluorescent intensity profile of the molecular complex showed a lateral spreading of 9 µm towards
the substrate nucleotide in the presence of dATP as compared to no substrate (Figure 4-6).
Broadening of the fluorescence intensity profile was observed in the non-normalized plots in the
presence of dATP as compared with no nucleotide, which is a direct consequence of the
collective migration behavior (Figure 4-7). This effect is similar to that of urease and catalase as
shown in Chapter 3. As expected, a smaller shift in normalized fluorescence intensity profile of
4.5 µm was observed when the laminar flow rate was doubled to 3.70 × 104 µm/s (Figure 4-8).
The non-normalized plots once again showed the anticipated broadening of the fluorescence
intensity profile (Figure 4-9).

Figure 4-5: Schematic representation of a 3-inlet microfluidic channel used for collective
migration studies of an ensemble of DNA-polymerase complex in response to a gradient of
substrate nucleotide.
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Figure 4-6: Collective migration of an ensemble of DNA-polymerase complex molecules in
response to a concentration gradient of substrate nucleotide. (A) Schematic showing DNA in
buffer (with Mg2+ ions) flowing through the center inlet, flanked by buffer (with Mg2+ ions) on
one side and dATP with DNA polymerase in buffer (with Mg2+ ions) on the other. (B) A plot of
mean normalized (‘1’ corresponds to the maximum and ‘0’ corresponds to the minimum)
fluorescence intensity (a.u.) profile as a function of the lateral position along the width of the
channel shows an ~9 µm shift for an ensemble of DNA-polymerase molecular complex towards
10 mM dATP (red; right side of the plot) as compared to buffer with Mg2+ ions (blue; right side of
the plot) when viewed 40 mm down the channel and at a flow rate of 400 µL/h. The shift in the
plot (red) to the right corresponds to a shift towards the dATP channel.
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Figure 4-7: A plot of non-normalized fluorescence intensity profiles as a function of the lateral
position along the width of the channel showing a shift for an ensemble of DNA-polymerase
molecular complex towards 10 mM dATP (red; right side of the plot), as compared to buffer
(blue; right side of the plot), when viewed 40 mm down the channel and at a flow rate of 400
µL/h. The left side of the plot (both blue and red) corresponds to buffer flown through the inlet.
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Figure 4-8: Collective migration of an ensemble of DNA-polymerase complex molecules in
response to a concentration gradient of substrate nucleotide. (A) Schematic showing DNA in
buffer (with Mg2+ ions) flowing through the center inlet, flanked by buffer (with Mg2+ ions) on
one side and dATP with DNA polymerase in buffer (with Mg2+ ions) on the other. (B) A plot of
mean normalized fluorescence intensity (a.u.) profile as a function of the lateral position along the
width of the channel shows an ~4.5 µm shift for an ensemble of DNA-polymerase molecular
complex towards 10 mM dATP (red; right side of the plot) as compared to buffer with Mg2+ ions
(blue; right side of the plot) when viewed 40 mm down the channel and at a flow rate of 800
µL/h. The shift in the plot (red) to the right corresponds to a shift towards the dATP channel.
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Figure 4-9: A plot of non-normalized fluorescence intensity profiles as a function of the lateral
position along the width of the channel showing a shift for an ensemble of DNA-polymerase
complex towards 10 mM dATP (red; right side of the plot), as compared to buffer (blue; right
side of the plot), when viewed 40 mm down the channel and at a flow rate of 800 µL/h.

4.3.3 Chemotaxis of DNA Polymerase in Cofactor Concentration Gradient
The response of polymerase-DNA complex to a concentration gradient of its cofactor,
Mg2+ ions was further explored. As discussed before, a fluorescence imaging set up was utilized
for studying the spreading behavior, and a 2-inlet microfluidic channel was used for generating a
gradient in Mg2+ ion concentration (Figure 4-10). A mixture of polymerase-DNA complex, 10
mM dATP and buffer without Mg2+ ions was injected through one of the inlets, and buffer with
20 mM Mg2+ ions was injected through the other inlet. A lateral shift in fluorescence intensity
profile of 9 µm towards the region with the cofactor as compared to no Mg2+ ions was observed
40 mm down the channel (Figure 4-11).

149

Figure 4-10: Schematic representation of a 2-inlet microfluidic channel used for collective
migration studies of an ensemble of DNA-polymerase complex in response to a Mg2+ ions
cofactor gradient.
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Figure 4-11: Collective migration of an ensemble of DNA-polymerase complex molecules in
response to a concentration gradient of cofactor. (A) Schematic showing DNA-polymerase
molecular complex with dATP in buffer with Mg2+ ions flowing through one inlet and buffer with
Mg2+ ions through the other inlet. (B) A plot of mean normalized (‘1’ corresponds to the
maximum and ‘0’ corresponds to the minimum) fluorescence intensity profile (a.u.) as a function
of the lateral position along the width of the channel shows an ~9 µm shift for an ensemble of
DNA-polymerase molecules towards buffer with 20 mM Mg2+ ions (red) as compared to buffer
with no Mg2+ ions (blue) when viewed 40 mm down the channel.

4.3.4 DNA Polymerase as a Micropump
It was hypothesized that polymerase-DNA molecular motors, when immobilized on a
patterned surface, should create flow in the surrounding fluid. Accordingly, a circular gold pattern
was designed on a PEG-coated glass surface using an e-beam evaporator. Utilizing Au-thiol
chemistry, a quaternary ammonium-terminated ligand (Figure 4-12) was functionalized on to the
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Au pattern. The ligand formed a self-assembled monolayer (SAM) on the gold surface. The
negatively charged backbone of the DNA bound selectively to the SAM-functionalized gold
surface via electrostatic interactions. The DNA polymerase forms a complex with DNA bound to
the gold surface (Figure 4-13).

Figure 4-12: Quaternary ammonium thiol ligand (cationic linker) synthesized for binding
enzymes to the Au surface.

Figure 4-13: Schematic of a DNA/polymerase-powered micropump. Au is patterned on a PEGcoated glass surface. The patterned surface is functionalized with a quaternary ammonium thiol,
which forms a SAM (self-assembled monolayer) on the Au surface. The negatively charged
backbone of the DNA bind selectively to the SAM-functionalized Au patterned surface via
electrostatic interactions. The DNA polymerase forms a complex with the DNA bound to the gold
surface. The schematic is not drawn to scale.
Sulfate-functionalized polystyrene beads (2 µm) suspended in a buffered solution of
dATP with Mg2+ ions were used as tracers to monitor the fluid flow. In the presence of 10 mM
dATP in buffer with Mg2+, the tracer particles moved in towards the gold surface at a speed of
1.44 µm/s (Figure 4-14, Supporting Video 4-1). When the concentration of dATP was lowered to
1 mM, the fluid pumping speed decreased to 1.02 µm/s (Figure 4-14, Supporting Video 4-2).
However, in absence of Mg2+ ions in the buffer, reduced fluid pumping speeds of 0.38 µm/s and
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0.35 µm/s were observed in 10 mM dATP and 1 mM dATP, respectively (Figure 4-14,
Supporting Video 4-3 and Supporting Video 4-4). No fluid pumping was detected in the absence
of dATP substrate (Supporting Video 4-5 and Supporting Video 4-6). Since the micropump
design utilized here is a closed system, fluid flowing towards the Au disk near the PEG-coated
glass surface should flow away from it in another plane by fluid continuity. Indeed, the fluid was
found to flow away from the gold surface in another plane (Supporting Video 4-7 and Supporting
Video 4-8).

Figure 4-14: Fluid pumping in a DNA-polymerase complex-powered micropump. The pumping
speed of a DNA-polymerase complex-powered pump increased with increasing the dATP
concentration from 1 mM to 10 mM in the presence of Mg2+ ions. Fluid pumping is highly
attenuated in the absence of Mg2+ ions. No fluid pumping was detected in the absence of dATP.
Error bars represent standard deviations. The means and standard deviations are calculated for 30
tracer particles. The pumping velocities at different dATP concentrations and in the presence and
absence of Mg2+ are statistically different (P < 0.01).

4.3.5 Mechanism of Nucleotide Incorporation-Mediated Increase in Diffusion
A number of possible mechanisms were considered to understand the observed increase
in diffusivity of DNA-polymerase molecular motor. Similar to the enhanced diffusive behavior
observed for urease and catalase shown in Chapter 2, most of the possible mechanisms can be
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conclusively ruled out. These mechanisms will not be discussed in detail and will be briefly
touched upon in this chapter. A thorough analysis of these mechanisms and their effect on
diffusivity is given in Chapter 2 for reference.

4.3.6 Effect of Solution Viscosity on Polymerase Diffusion
From Stokes-Einstein relationship, the diffusion coefficient of a particle is inversely
related to the viscosity of the solution as shown in Equation 1 of Chapter 2. What it means is as
the viscosity of the solution decreases, diffusion coefficient increases and vice versa. It is likely
that the addition of nucleotides and the release of pyrophosphates can effect the viscosity of the
solution, in turn, altering the diffusion coefficient of the complex molecules accordingly. The
presence of substrate nucleotide had no effect on the solution viscosity. The viscosities of buffer,
5 mM dATP and 10 mM dATP were measured to be 0.95 cP, 0.95 cP and 0.96 cP, respectively,
and did not show any significant difference (Figure 4-15).

Figure 4-15: The viscosities of 5 mM dATP (0.95 cP) and 10 mM dATP (0.96 cP) measured with
a viscometer did not show any significant difference from that of buffer (0.95 cP).
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4.3.7 Effect of Temperature Variations on Polymerase Diffusion
From Equation 1 in Chapter 2, diffusion coefficient of a particle is directly proportional
to the absolute temperature provided the viscosity of the solution is assumed to be constant. Bulk
rise in solution temperature due to enzymatic catalysis of urea and hydrogen peroxide by urease
and catalase, respectively, have been estimated and reported to be in the micro-Kelvin range, as
shown in Chapter 2. Similarly, the possibility of a bulk rise in solution temperature due to
nucleotide incorporation in the DNA was estimated, and found to be too small to account for the
observed increase in diffusion, as described below.
The heat liberated (q) by a single DNA polymerase molecule during the nucleotide
incorporation is given by a relation, which is similar to Equation 1 of Chapter 2,

q = nkidling

ΔH
NA

(1)

where, n is number of catalytic sites per polymerase molecule (1 catalytic site per molecule),
kidling is polymerse turnover number in the idling mode (0.2 s-1),[43] ΔH is the enthalpy change in
the nucleotide incorporation reaction (-63,000 J mol-1),[44] and NA is Avogadro’s number (6.023 ×
1023 molecules mol-1). The heat transfer (q) from the DNA polymerase molecule to the
surrounding solution is given by Equation 2 of Chapter 2, shown below:

q = 4πκ RH ΔT

(2)

where, κ is the thermal conductivity of water (0.58 W m-1K-1), RH is the hydrodynamic radius of
the polymerase molecule (3.4 × 10-9 m for DNA polymerase delta),[45] and ΔT is the change in
temperature (in Kelvin). Comparing equations (1) and (2), ΔT was calculated to be 8.4 × 10-13 K.
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4.3.8 Self-electrophoresis
Active transport of catalytic particles in fluids can be achieved by various local and
global force fields.[1-13,

46-55]

Enhancement in diffusion of single-molecule urease and catalase

enzymes in the presence of their respective substrates has been described in Chapter 2. Similar
increase in diffusive mobility of RNA polymerase enzyme in the presence of its substrate has
been reported.[37] The observed increase in diffusion in the above systems is irrespective of the
charge on the reaction products (neutral or ionic). Incorporation of a nucleotide into the DNA by
the polymerase is accompanied by the release of pyrophosphate, which can drive the molecular
complex by a self-electrophoretic mechanism.[48, 54] However, such a mechanism is unlikely to
play a prominent role due to the very fast rotational diffusion of the DNA-polymerase complex,
which will normalize any concentration gradient of pyrophosphate generated in the vicinity of the
complex.

4.3.9 Effect of Conformation Changes on Polymerase Diffusion
An alternative explanation for the enhanced diffusion can be non-reciprocal conformation
changes. It has been proposed that enzymes and biomolecules can propel themselves in solution
during the course of catalytic substrate turnover by going through a sequence of non-reciprocal
conformational changes during the substrate binding and product release processes (Figure 2-19
in Chapter 2).[56-59] During the nucleotide incorporation process DNA polymerase molecules go
through a series of conformation steps,[60-63] which may allow them to swim in the surrounding
solution. It is possible that a cycle of asymmetrical conformational changes can overcome random
Brownian diffusion and generate sufficient force to trigger autonomous motion of the molecular
complex. During idling-turnover of the DNA polymerase motor, the repetitive incorporation of
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dATP molecules and their subsequent removal from the DNA template also involves a cycle of
asymmetrical conformational changes.

4.3.10 Mechanism of DNA Polymerase Chemotaxis
It has been proposed that the collective spreading of an ensemble of molecular complexes
towards higher substrate concentration results from an enhanced diffusion mechanism, as shown
for enzymes in Chapter 3 and other catalytic systems.[37, 64] As the flows of DNA in the center
inlet and polymerase/dATP in one of the side inlets diffuse into each other under laminar flow
conditions, the polymerase binds to the DNA to form a molecular complex (dissociation constant
of the molecular complex, KD = 70 nM[65]). As the molecular complex moves across the channel,
it encounters a higher nucleotide concentration and experiences a higher diffusion coefficient,
which results in a greater spreading of the complex molecules towards higher nucleotide
concentration. This is analogous to the substrate concentration gradient acting like a Brownian
ratchet (Figure 4-16).[66-72] As an effect of this collective migration, the broadening of
fluorescence intensity profiles was observed in the non-normalized plots (Figure 4-7 and Figure
4-9). Collective movement towards a substrate concentration gradient has been demonstrated for
ensembles of enzyme molecules in Chapter 2, RNA polymerase and catalytic micromotors
towards higher substrate concentrations.[37,

55, 64]

A similar mechanism, which is stochastic in

nature, can be proposed for the directional spreading behavior of the DNA-polymerase complex
towards higher Mg2+ cofactor concentration. The spreading behavior of the molecular complex
observed in these experiments is different from biological chemotaxis as shown by bacteria,
which requires temporal memory of the concentration gradient of their food.
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Figure 4-16: Schematic showing ratchet mechanism, in which gas molecules bombarding the
propeller allows the gear to turn only anti-clockwise as the gear gets jammed by the spring-pawl
system. Application of heat releases the spring, and asymmetry of the gear teeth causes it to rotate
clockwise (from Ref 72).

4.4 Conclusion
In conclusion, this chapter highlighted that the incorporation of nucleotide into the DNA
template by DNA polymerase is responsible for an enhancement in diffusion of the complex. It is
possible that non-reciprocal conformation changes in this biomolecular complex play a role in the
observed increase in diffusive mobility. Further, in the presence of substrate and cofactor
concentration gradients, ensemble of these complexes spread towards areas of higher
concentration, which is a direct consequence of enhanced diffusion exhibited by these complex
molecules.
An equally intriguing observation is the fluid pumping action exhibited by these
molecular complexes. By immobilizing DNA-polymerase complexes on a patterned surface, fluid
pumps were designed and fabricated. ATP powers most of the biological pumps found in nature.
While artificial micropumps have been designed, this is the first example of a polymerase-
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powered pump to the best of our knowledge. This pump has the unique capability to sense and
respond to specific triggers (dATP and Mg2+ ions).
The findings reported in this chapter can be a stepping stone in the design of novel bioinspired motors and micropumps that will have a wide range of nanotechnological applications
from sensing devices to cargo delivery vehicles. The ability of enzymes and biomotors to pump
fluid, small molecules, and particles in a directed fashion may enable the development of smart
micro- and nanoscale devices that turn on in response to specific analytes and contain
sophisticated levels of control over the location and flow rate of fluids.

4.5 Experimental

4.5.1 Preparation of Fluorescent-Labeled DNA Sample
Fluorescent-labeled DNA primer oligomer (Molecular Weight = 4402.2, TM = 53.8 °C,
100 nmole, HPLC purified, 5'-/5Cy3/TCG CAG CCG TCC A-3') and DNA template oligomer
(Molecular Weight = 6,127, TM = 62.2 °C, 25 nmole, purified by standard desalting technique, 5'AAA CCC TTG GAC GGC TGC GA-3') were purchased from Integrated DNA Technologies.
Using an UV-Vis spectrophotometer, the concentrations of stock solutions of primer oligomer (ε
= 122,100 M-1cm-1) and template oligomer (ε = 190,700 M-1cm-1) were measured as 56.92 µM
and 91.61 µM, respectively. The absorbance was recorded at 260 nm at a path length of 1 cm.
From the stock solutions, 10 µM solutions of both primer and template oligomers were
prepared in 10 mM Tris, pH 8.0 buffer. The mixture was incubated at 65 °C in a water bath for 3
minutes and allowed to cool slowly to room temperature. The resulting fluorescent-tagged DNA
sample was stored in aliquots of 50 µL at -20 °C. Wild-type T4 DNA polymerase was purified as
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previously described[73] and stored at -80 °C. Both the DNA and DNA polymerase samples were
thawed on ice before experiments were performed.

4.5.2 Single-Molecule Diffusion Measurements with Fluorescence Correlation Spectroscopy
Single-molecule diffusion measurements were designed and performed on a custom-built
microscope-based optical setup.[41] This is exactly the same optical system utilized to monitor the
diffusive movement of urease and catalase in the presence of their respective substrates, urea and
hydrogen peroxide, as described in Chapter 2. In this optical setup, the sample was positioned
with a high-resolution 3-D piezoelectric stage (NanoView, Mad City Labs). Excitation light from
a PicoTRAIN 532 nm, 80 MHz, 5.4 ps pulsed laser (High-Q Laser) was steered through an IX-71
microscope (Olympus), with an Olympus 60× / 1.2-NA water-immersion objective. The emitted
fluorescent light from the sample was focused onto a 50 µm, 0.22-NA optical fiber (Thorlabs),
after passing it through a dichroic beam splitter (Z520RDC-SP-POL, Chroma Technology). The
optical fiber acted as a confocal pinhole. The signal from the photomultiplier tube was directed to
a preamplifier (HFAC-26), which in turn was routed to a time-correlated single-photon counting
(TCSPC) board (SPC-630, Becker & Hickl), which was incorporated in the instrument.
Fluorescent species moving in and out of the diffraction-limited confocal volume induce
bursts in fluorescence acquired in first-in first-out (FIFO) mode by the TCSPC board (Figure 223A in Chapter 2). Fluctuations in fluorescence intensity arising from the diffusion of species in
and out of the observation volume were autocorrelated and fit by a multi-component 3D model
(Equation 3) to determine the diffusion time, and in turn, the diffusion coefficients of individual
species,[42, 74, 75]
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where, Ni is the average number of fluorescent molecules in the observation volume at any given
time, i defines the number of different fluorescent species in the confocal volume, τ is the
autocorrelation time, w is the structure parameter, and τ Di is the characteristic diffusion time of the
fluorescent molecules of ith species having diffusion coefficient Di passing through the confocal
volume with radius r of approximately 500 nm. The value of structure parameter in our
experiments ranges between 4 and 8. FCS measurements were performed with a 40-µW
excitation power of the laser. The optical system was calibrated before each experiment using
free Rhodamine 6G (R6G) dye (D = 2.8 × 10-6 cm2/s in water;[42] Invitrogen) in deionized water.
Autocorrelation curves were fit to Equation 3 using Levenberg-Marquardt nonlinear least-squares
regression algorithm with Origin software to determine the diffusion time, τ Di . In our
experiments, the curves were fit to a single-component 3-D diffusion model.
For single-molecule DNA polymerase diffusion measurements, 50 nM DNA polymerase
was added to 10 nM fluorescent-labeled DNA and 5 mM dATP nucleotide. The concentrations of
enzyme molecules in all the FCS measurements were identical within ±2 molecules in the
fluorescence confocal volume, and the number of molecules in the confocal volume at any given
time was less than 10. The structure parameter (w) was determined prior to measuring the
polymerase diffusion coefficient using the known diffusion coefficient of R6G, and was fixed for
all subsequent measurements. Moreover, the structure parameter was calibrated prior to each
experiment. Characteristic diffusion time of the DNA-polymerase molecular complex was the
only adjustable parameter during the fitting process.
It is important to note that the characteristic diffusion time determined using FCS is
independent of the molecular brightness of the molecule.[76] Only fluctuations in the intensity

161
contribute to the autocorrelation trace. Fluctuations in molecular fluorescence intensity due to fast
processes such as triplet state excitation occur on a time scale much smaller than the
characteristic diffusion time of the molecule and therefore do not affect the measured diffusion
time. Moreover, the triplet state contributions were not apparent in the autocorrelation curves and
therefore, were not included in the fitting equation.

4.5.3 Analysis for Statistical Significance
Student’s t-test was performed to verify the statistical significance between two data sets.
The two-tailed P value was calculated using an unpaired t-test. The degree of freedom was 2n-2
for all data sets, where n is the number of measurements for every data set. The alpha level for all
tests was chosen as 2% (0.02). When a test of significance gave a P-value lower than 0.02 (alpha
level), the results were referred to as statistically significant.

4.5.4 Viscosity Measurements
The viscosities of buffer and substrate nucleotide (2’-deoxyadenosine triphosphate)
solutions in buffer were measured using a viscometer (Brookfield).

4.5.5 Microfluidic Device Fabrication
The microfluidic device was cast in polydimethylsiloxane (PDMS, SylgardTM 184, Dow
Corning) using standard soft lithography protocols (Figure 3-15 in Chapter 3).[77] A 100-µm deep
master pattern, which contains the inverse shaped microfluidic device was created on a silicon
wafer (Silicon Quest) by spin coating a thin layer of positive photoresist, SPR-220 resist
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(Microposit). The wafer containing the photoresist was treated and structured by using
photolithography methods. This was followed by deep reactive ion etching (DRIE, Alcatel
Speeder 100 Deep Silicon Reactive Ion Etch) to generate the master stamp. The master silicon
wafer was exposed to 1H, 1H, 2H, 2H-perfluorooctyltrichlorosilane (Sigma Aldrich) in a vacuum
desiccator, to minimize adhesion of PDMS to the wafer during the peeling step. The PDMS was
prepared by thoroughly mixing the PDMS base polymer and the curing agent in a 10:1
(weight/weight) ratio. The mixture was then degased in a desiccator for about an hour, and baked
at 60 °C in an oven for 30 minutes. The PDMS was then cooled and peeled off. Pinholes acting as
inlet and outlet were drilled open with a drill press (Dremel Model 220 WorkStation), a rotary
tool (Dremel 300 Series), and drill bits (Drill Bit City). To ensure permanent bonding between
PDMS and the glass substrate, the device was sealed to a No. 1 glass coverslip (VWR) with a
high frequency generator (Model BD-10AS, Electro-Technic Products, Inc). Polyethylene tubings
(Becton Dickinson and Company) were inserted into the inlets and outlet of the microfluidic
device. Fluid flow through the microchannel was generated by syringe pumps (KDS 200 and 220,
KD Scientific).

4.5.6 Fluorescence Imaging Set-Up
Collective migration of DNA-polymerase complex molecules in the presence of a dATP
concentration gradient was characterized using fluorescence imaging. The optical setup was
comprised of an inverted microscope (Zeiss Axiovert 200 MAT) with a halogen lamp (12 V max,
100 W). Excitation light was passed through the appropriate filter cube (Zeiss) depending on the
excitation/emission wavelengths of the fluorescent tag. It was then focused on to the sample
through a 20× objective (EC Epiplan-NEOFLUAR 20×/0.5 HD DIC ∞/0, Zeiss). Fluorescence
emission was collected by the objective, passed through interference filters, and finally detected
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by a high-sensitivity Flea 3 CCD camera (FL3-U3-32S2C-CS, Point Grey) with a resolution of
2080 × 1552 pixels at 60 frames per second.

4.5.7 Analysis of Lateral Shift
Videos were recorded and analyzed using Image J software. In each experiment, the
mean fluorescence intensity was calculated from a collection of 2500-3000 images. A region of
interest (ROI) was selected along the channel and stack-averaged fluorescence intensity was
plotted as a function of distance along the width of the channel. Lateral shifts in normalized
fluorescence intensity were calculated as follows.

4.5.8 Three-Inlet Microfluidic Device
A pixel was selected inside the ROI, which was midpoint between the DNA-polymerase
complex flow region and the substrate nucleotide flow region, and its normalized fluorescence
intensity was measured in the absence of substrate. Then, in the presence of 10 mM dATP
substrate, the ROI was investigated again to find a pixel with an equivalent fluorescence intensity
to the one previously measured. The lateral distance of this new pixel from the one measured in
the absence of substrate was taken to be the lateral shift. The pixel midpoint between the
polymerase flow region and the nucleotide flow region was chosen to calculate the lateral shifts
in the experimental measurements because the DNA polymerase molecules will experience the
maximum gradient in nucleotide concentration at this point.
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4.5.9 Two-Inlet Microfluidic Device
The central pixel was selected inside the ROI and its normalized fluorescence intensity
was measured in the absence of substrate. Then, in the presence of Mg2+ cofactor ions, the ROI
was investigated again to find a pixel with an equivalent fluorescence intensity to the one
previously measured. The lateral distance of this new pixel from the center of the channel was
taken to be the lateral shift. The central pixel was chosen to calculate the lateral shifts in our
measurements because the DNA polymerase molecules will experience the maximum gradient in
cofactor concentration at this point.

4.5.10 Generation of Substrate Nucleotide Concentration Gradient
Fluorescence imaging was used to characterize the collective migration of DNApolymerase complex molecules along a substrate dATP concentration gradient. A 3-inlet
microfluidic channel with dimensions of 40 mm in length, 360 µm in width, and 100 µm in height
was used for our studies. Fluorescent-tagged DNA (200 nM) was flowed through the center inlet,
flanked by 200 nM DNA polymerase and 10 mM dATP in buffer with Mg2+ ions on one side and
buffer with Mg2+ ions on the other. As a control experiment, complex molecules were flowed
through the center inlet, flanked by buffer with Mg2+ ions on both sides. The flow rates were
generated using a syringe pump.

4.5.11 Generation of Cofactor Concentration Gradient
Fluorescence imaging was used to characterize the collective migration of DNApolymerase complex molecules along a Mg2+ cofactor concentration gradient. A 2-inlet
microfluidic channel with dimensions of 40 mm in length, 360 µm in width, and 100 µm in height
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was used for our studies. Fluorescent-tagged DNA (200 nM), 200 nM DNA polymerase, and 10
mM dATP in buffer without Mg2+ ions were flowed through one of the inlets, and buffer with 20
mM Mg2+ ions was flowed through the other inlet. As a control experiment, fluorescent-tagged
DNA, DNA polymerase and 10 mM dATP in buffer without Mg2+ ions were flowed through one
inlet, and buffer without Mg2+ ions was flowed through the other inlet. The flow rates were
generated using a syringe pump.

4.5.12 Micropump Design and DNA Polymerase Immobilization
Using an e-beam evaporator, Au was patterned on a PEG-coated glass surface
(MicroSurfaces). The surface was cleaned thoroughly with isopropanol followed by acetone and
dried under a nitrogen stream. Previously synthesized quaternary ammonium thiol was used for
self-assembled monolayer (SAM) formation on the Au surface. The ligand was dissolved in a
methanol and the surface was incubated in it overnight at room temperature under an inert
atmosphere. Later, the surface was washed several times with methanol followed by buffer and
dried under an inert atmosphere. The SAM modified surface was incubated with a DNA solution
for 4-5 hours. The negatively charged backbone of the DNA molecules bound selectively to the
Au patterned surface via electrostatic interactions. The DNA polymerase forms a complex with
the DNA molecules bound to the Au surface.

4.5.13 Particle Tracking for Monitoring Fluid Pumping Speed
To monitor the fluid flow, functionalized polystyrene microspheres (2 µm) were
introduced as tracers in our experiments. Videos were captured using an optical setup, which was
comprised of a microscope (Olympus BX60M) with a halogen lamp (100 W) and a 50× objective
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lens (LMPlanFLN 50×/0.5 BD ∞/0/FN26.5, Olympus). Videos were recorded using a CCD
camera attached to the optical microscope. For measuring fluid pumping speed, 30 particles were
tracked using PhysVis software.

4.5.14 Synthesis of Quaternary Ammonium Thiol Ligand
The quaternary ammonium thiol ligand (Figure 4-17) acted as a linker between the Au
surface and the enzyme. A previously reported procedure was followed for the synthesis of the
ligand as shown in Scheme S1 below.[78] The NMR data of the final product, 6, matched well
with that reported in the literature.
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Chapter 5

Enzyme-Powered Micropumps

5.1 Introduction
An important area of biomedical engineering is to develop bioelectronics and devices that
have the ability to actuate under specific environmental signals.[1, 2] Recently, chemical reactions
have been used to tune the materials’ properties in such a way that it can generate mechanical
force, thereby triggering actuation.[3] Such chemically induced mechanical actuations are essential
to create an autonomous response without need of any tethers or wires.[4] Moreover chemically
triggered actuation does not require any external power source, which is a key for fabricating
miniaturized devices. Nature already provides us with a wide range of chemomechanical
machinery (biological motors and pumps) to perform various tasks with a high level of
specificity.[5-7] These biological devices are found as proteins or nucleic acids and involve
mechanoenzymes that transduce chemical energy into mechanical energy through enzymatic
turnover of substrates.[8-10] By considering the working principle of biological motors research
efforts have been made to incorporate motor proteins into synthetic systems to fabricate hybridbiomotors.[11-13]
Non-mechanical nano/microscale pumps that provide precise control over flow rate
without the aid of an external power source and that are capable of turning on in response to
specific analytes in solution are needed for the next generation of smart micro- and nanoscale
devices.[14, 15] The ideal pump would enable pumping and delivery that is controlled both by the
presence and concentration of the specific analyte - substrate, a promoter (cofactor), or a related
biomarker. There has been a significant interest in fabricating biocompatible, self-powered
devices that can pump fluids and microscale insoluble objects, and tuned to respond to a variety
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of triggers. A major inspiration involved in designing artificial micropumps is their highly
efficient biological counterparts. The sodium-potassium pump functions as a signal transducer
and is responsible for the active transport of ions in cells, thereby, regulating the cellular volume
and maintaining resting potential.[16]

5.2 Motivation
In recent years, much effort has been expended in fabricating both mechanical and nonmechanical self-powered micropumps for nanotechnological applications like self-assembly, drug
delivery, among others.[14, 15] Harnessing the chemical free energy in the surrounding fuel through
catalytic turnover can attain autonomous motion at the nanoscale.[14,

15, 17-27]

Tethering these

catalytic systems to surfaces facilitate the transduction of chemical energy to the surrounding
fluid. Utilizing this, a variety of pumps have been designed and fabricated that operate on the
microscale, and function as delivery vehicles for fluid, small molecules, and colloids.[28-45] Some
of the major drawbacks in these artificial micropumps are their non-biocompatibility with respect
to the catalyst or fuel, and even the ionic strength regime in which they operate. Biocatalysts like
enzymes and proteins offer enormous potential in addressing this problem. Tapping into these
resourceful biomolecules will aid in designing the next generation, smart pumping devices that
are not only biocompatible but also offer a broad diversity.
The diffusive mobility of single-enzyme molecules has been shown to increase in a
substrate-concentration-dependent fashion and when exposed to a gradient in respective substrate
concentration, ensemble of enzyme molecules exhibits chemotaxis, as shown in Chapters 2, 3 and
4.[46] An enzyme that moves by generating a continuous surface force in a fluid should, when
fixed in place, function as a micropump moving fluid and colloids in a directed manner. In this
chapter, the design of a novel platform that combines sensing and microfluidic pumping into a
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single self-powered microdevice has been demonstrated. A prototype chemomechanical device
was developed, which uses enzyme as an engine to pump fluid in the surrounding media. These
pumps are highly substrate specific and the pumping speed can be tuned by altering substrate
concentration. Also, the pump can be triggered by adding different analytes, which in situ,
generates substrate for respective enzymes. This approach proves that any “non-motor” proteins
can be used as micropump in presence of appropriate fuel. Later in this chapter, it was further
established that enzyme-immobilized gel could be used as a scaffold for micropump where
trapped dyes inside the gel were released at a faster rate compared to normal diffusion. This
opens up an avenue for stimuli responsive autonomous drug delivery system.

5.3 Results and Discussion

5.3.1 Design of Enzyme-Powered Micropump
An enzyme that moves by generating a continuous surface force in a fluid should, when
immobilized on a patterned surface, operate as a micropump capable of moving the surrounding
fluid, small molecules and tracer particles in a directional behavior. This possibility was
examined with four different classes of enzymes. Using an e-beam evaporator, gold was patterned
on a PEG-coated glass surface. Next, the patterned surface was functionalized with a quaternary
ammonium thiol, which formed a self-assembled monolayer (SAM) on the Au surface. On
incubating the SAM-modified Au surface with enzyme, the negatively charged enzymes bound
selectively to the modified Au surface via electrostatic self-assembly, resulting in an enzyme
pattern on the glass surface (Figure 5-1). To validate the selective deposition of enzymes on
modified Au pattern, the surface was incubated with fluorescent-labeled enzymes. Then the
surface was viewed under a fluorescence microscope and fluorescence intensity on the Au pattern
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confirms the presence of enzymes on Au surface (Figure 5-2). No fluorescence signal was
observed on the PEG-coated glass surface. To demonstrate the pumping ability of immobilized
enzymes, a spacer was placed on top of the enzyme-patterned surface. A buffered solution of
substrate with suspended tracer particles was injected into the chamber and the fluid flow was
monitored with an optical microscope.

Figure 5-1: Schematic showing enzyme pattern on a surface. Au was patterned on a PEG-coated
glass surface using an e-beam evaporator. The patterned surface was functionalized with a
quaternary ammonium thiol, which forms a SAM (self-assembled monolayer) on the Au surface.
The negatively charged backbone of the enzyme molecules bound selectively to the SAMfunctionalized Au patterned surface via electrostatic assembly, resulting in an enzyme pattern on
the surface.

Figure 5-2: Fluorescence imaging of SAM-modified Au surface in the presence and absence of
fluorescent-labeled enzyme. (A) Fluorescence intensity was observed only on the Au pattern
functionalized with SAM and dye-labeled enzyme, indicating that the enzymes bind selectively to
the Au pattern and not on the PEG-coated glass surface. (B) No fluorescence intensity was
observed when the Sam-modified Au pattern was not functionalized with enzymes.
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5.3.2 Catalase-Powered Micropump
Catalase was examined as the first example of an ATP-independent enzyme-powered
micropump. Catalase enzyme, a peroxidase, is often used by cells to catalyze the decomposition
of harmful hydrogen peroxide into water and oxygen.[47] Enzymes were selectively immobilized
on the Au pattern as described before and sulfate-functionalized polystyrene microspheres (2 µm)
were used as tracer particles to analyze the fluid flow. In the presence of substrate (hydrogen
peroxide) the tracer particles moved towards the Au surface, indicating that the surrounding fluid
was pumped inwards (Supporting Video 5-1). Since the fluid flow was observed in a closed
system, by fluid continuity, fluid flow showed an outward motion when viewed up from the
surface. The fluid pumping velocity showed a substrate-concentration-dependent increase from
0.37 µm/s in 0.001 M hydrogen peroxide to 4.51 µm/s in 0.1 M hydrogen peroxide (Figure 5-3).
No fluid pumping was observed in absence of substrate (Supporting Video 5-2).

Figure 5-3: Pumping velocity in catalase-powered micropump increases in the presence of its
substrate in a concentration-dependent fashion from 0.001 M hydrogen peroxide to 0.1 M
hydrogen peroxide. Error bars represent standard deviations. The means and standard deviations
are calculated for 30 tracer particles. The pumping velocities at different substrate concentrations
are statistically different (P < 0.01).
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5.3.3 Urease-Powered Micropump
Another system was explored using urease enzyme, which belongs to the class of
hydrolases, anchored to gold surface, and the fluid flow monitored using sulfate-functionalized
polystyrene microspheres as tracers in presence of varying substrate (urea) concentrations. Close
to the glass surface, the tracer particles moved away from the Au pattern, indicating that the
surrounding fluid was pumped outwards (Supporting Video 5-3). When viewed up in the solution
(away from the glass surface), by fluid continuity, the fluid flow was inwards. As expected, the
pumping velocity increased on increasing substrate concentration from 0.24 µm/s in 0.001 M urea
to 0.80 µm/s in 0.75 M urea (Figure 5-4). No fluid pumping was observed in the absence of urea.

Figure 5-4: Pumping velocity in urease-powered micrpump increases on increasing the substrate
concentration from 0.001 M urea to 0.75 M urea. Error bars represent standard deviations. The
means and standard deviations are calculated for 30 tracer particles. The pumping velocities at
different substrate concentrations are statistically different (P < 0.01).

5.3.4 Lipase- and Glucose Oxidase-Powered Micropumps
The study on enzyme-driven fluid pumping was extended to two other enzymes of
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extreme biological relevance: lipase and glucose oxidase. Lipase (an esterase) aids in breaking
down and processing dietary lipids like triglycerides, fats, and oil in the human digestive
system.[48] On the other hand, glucose oxidase, which belongs to the class of oxidases, helps in
breaking down the sugar in cells into its metabolites. It is extensively used for monitoring the
concentrations of free glucose in blood plasma, and as biosensors in nanotechnological
applications.[49] On immobilizing lipase on the Au pattern and monitoring fluid flow in the
presence of its substrate, 4-nitrophenyl butyrate (PNB), the tracer particles moved towards the Au
surface, indicating that the surrounding fluid was pumped inwards (Supporting Video 5-4).
Likewise, in case of glucose oxidase, the tracers move in towards the enzyme-patterned surface,
when monitored in the presence of glucose saturated with oxygen (Supporting Video 5-5).
Similar to catalase and urease, the fluid pumping speed for both the enzymes increased in a
substrate-concentration-dependent fashion. In lipase-powered micropumps, the pumping speed
showed a steady increase in the presence of substrate from 0.27 µm/s in 0.001 M PNB to 0.54
µm/s in 0.5 M PNB (Figure 5-5). For glucose oxidase-driven pumps, there was a continuous rise
in fluid pumping speed from 0.24 µm/s in 0.001 M glucose to 0.79 µm/s in 1 M glucose (Figure
5-6). As expected, no fluid pumping was observed for both lipase and glucose oxidase in the
absence of their respective substrates. Also, in both these enzyme systems, when viewed up in the
solution and away from the surface, an outward motion of fluid was observed as per fluid
continuity.
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Figure 5-5: Pumping velocity in lipase-powered micropump shows a concentration-dependent
increase with substrate concentration from 0.001 M PNB to 0.5 M PNB. Error bars represent
standard deviations. The means and standard deviations are calculated for 30 tracer particles. The
pumping velocities at different substrate concentrations are statistically different (P < 0.01).

Figure 5-6: Pumping velocity in glucose oxidase-powered micropump increases in a substrate
concentration dependent manner from 0.001 M glucose to 1 M glucose. Error bars represent
standard deviations. The means and standard deviations are calculated for 30 tracer particles. The
pumping velocities at different substrate concentrations are statistically different (P < 0.01).
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5.3.5 Triggered Fluid Pumping
The newly designed enzyme-powered micropumps have the ability to sense substrate in
surrounding media and as a result it initiates fluid pumping. Using glucose and GOx, fluid
pumping was triggered by in situ generation of hydrogen peroxide (substrate for catalase) (Figure
5-7, Supporting Video 5-6). In presence of 50 mM glucose and GOx, with catalase immobilized
on the Au pattern, the fluid was pumped inwards at a speed of 1.2 µm/s. On the contrary,
pumping was not observed in absence of either glucose or GOx, or both. Thus, in principle, the
enzyme pumps can be triggered by a variety of analyte molecules, opening up the possibility of
designing enzyme based devices that act both as a sensor and a pump.

Figure 5-7: Schematic showing triggered fluid pumping in enzyme micropumps. Catalase enzyme
immobilized on the Au pattern causes fluid pumping triggered by the presence of both glucose
oxidase and glucose, which generates hydrogen peroxide in situ.

5.3.6 Spatial and Temporal Regulation of Fluid Pumping
Temporal regulation of fluid pumping speed was investigated for all four enzymepowered pumps discussed above. In case of catalase, fluid pumping was monitored at intervals of
1 min at a defined location inside the chamber. No significant change in velocity of tracer
particles was observed at each of the three different concentrations of hydrogen peroxide – 10
mM, 50 mM, and 100 mM, when monitored over a time frame of ~10 minutes (Figure 5-8 and
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Figure 5-9). Similar time-dependent studies of pumping speed with urease in 0.75 M urea,
glucose oxidase in 1 M glucose, and lipase in 0.5 M 4-nitrophenyl butyrate showed no
appreciable change in pumping velocity (Figure 5-8).

Figure 5-8: Temporal regulation of fluid pumping speed in enzyme-powered micropumps. The
fluid pumping speed monitored as a function of time at intervals of 1 minute for a total time of
~10 minutes showed no appreciable change in the speed of the tracer particles for (A) catalasepowered micropump in 50 mM hydrogen peroxide, (B) urease-powered micropump in 0.75 M
urea, (C) lipase-powered micropump in 0.5 M 4-nitrophenyl butyrate, and (D) glucose oxidasepowered micropump in 1 M glucose. Error bars represent standard deviations. The means and
standard deviations are calculated for 30 tracer particles. The pumping velocities at different time
intervals are not statistically different (P > 0.01).
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Figure 5-9: Temporal regulation of fluid pumping speed in catalase-powered micropump. The
fluid pumping speed monitored as a function of time at intervals of 1 minute for a total time of
~10 minutes showed no appreciable change in the speed of the tracer particles for catalasepowered micropump in (A) 10 mM hydrogen peroxide and (B) 100 mM hydrogen peroxide. Error
bars represent standard deviations. The means and standard deviations are calculated for 30 tracer
particles. The pumping velocities at different time intervals are not statistically different (P >
0.01).
Additionally, spatial control over fluid transport was studied in these enzyme pumps. The
fluid pumping speed was examined at intervals of distance moving away from the enzymefunctionalized Au pattern. The pumping velocities did not show any significant variations for
catalase-, urease-, glucose oxidase-, and lipase-powered pumps when monitored at substrate
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concentrations of 10 mM hydrogen peroxide, 1 M urea, 1 M glucose oxidase, and 0.5 M 4nitrophenyl butyrate, respectively (Figure 5-10). The spatio-temporal analysis shows the potential
of these smart enzyme-powered devices in pumping fluid and small molecules (or particles) over
a certain distance and time at a consistent speed.

Figure 5-10: Spatial regulation of fluid pumping speed in enzyme-powered micropumps. The fluid
pumping speed monitored as a function of distance from the enzyme pattern showed no
significant change in the speed of the tracer particles for (A) catalase-powered micropump in 50
mM hydrogen peroxide, (B) urease-powered micropump in 1 M urea, (C) lipase-powered
micropump in 0.5 M 4-nitrophenyl butyrate, and (D) glucose oxidase-powered micropump in 1 M
glucose. Error bars represent standard deviations. The means and standard deviations are
calculated for 30 tracer particles. The pumping velocities at different distance intervals are not
statistically different (P > 0.01).
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5.3.7 Mechanism of Fluid Pumping in Enzyme Micropumps
Results from fluid pumping analysis suggests that pumping velocity is directly
proportional to the reaction rate, which in turn is controlled by both substrate concentration and
inherent catalytic activity. A detailed understanding of the mechanism will allow to a priori
predicting the limits of reactive sensing and the detection limits for specific analyte/pump
combinations. While investigating the exact mechanism for the observed substrate-induced fluid
pumping by enzymes, several possible alternative causes were ruled out.

5.3.8 Non-Electrolyte Diffusiophoresis
Pumping arising from phoretic mechanisms[50,

51]

such as diffusiophoresis,[52]

osmophoresis,[53] and self-electrophoresis[54] has been demonstrated in the past for surfaceanchored catalytic particles.[35-41, 44] Symmetry breaking by anchoring of catalysts to solid surfaces
can lead to chemical gradients due to the asymmetric production or depletion of solute molecules
(charged or uncharged).[51, 55-57] Directional movement of tracers in catalase-powered pump can be
due to a non-electrolyte diffusiophoretic mechanism, which is caused by a gradient of uncharged
solute molecules.[58, 59] The enzyme tethered to the Au pattern catalyzes the decomposition of two
molecules of hydrogen peroxide to two molecules of water and one molecule of oxygen,
effectively creating more molecules around the enzyme pattern, thereby, generating an
osmophoretic force around the pattern. However, such a mechanism can be ruled out from our
observations with the inverted pump set-up. When the experimental setup for the catalase-driven
device was turn upside down such that the Au disk was on top, the direction of fluid flow relative
to the glass surface was reversed (Supporting Video 5-7). Fluid flowed outwards from the Au
pattern at the glass surface, and by fluid continuity, moved in when viewed away from the
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surface. If indeed a non-electrolyte diffusiophoretic mechanism was in operation, the direction of
fluid flow should remain the same irrespective of whether the pump device was upright or
inverted.

5.3.9 Electrolyte Diffusiophoresis
Transport of fluid in urease-, lipase-, and glucose oxidase-powered pumps indicate
towards an electrolyte diffusiophoretic mechanism, due to the generation of charged reaction
products.[58, 60] Similar to its non-electrolyte counterpart, electrolyte diffusiophoresis can be ruled
out from our observations with inverted pumps. In case of urease, the direction of fluid flow was
reversed when the experimental set-up was turned upside down (Au disk on top). Closer to the
surface the fluid flow was inwards (Supporting Video 5-8), with tracers moving outwards when
monitored away from the surface. Further, in case of both lipase and glucose oxidase, a similar
effect was observed, that is, the direction of fluid flow was reversed relative to the glass surface
in the inverted setup. The role of electrolyte diffusiophoresis in enzyme-powered pumps was
further ruled out conclusively. The zeta potential of the tracer particles has a profound effect on
electrolyte diffusiophoresis. The direction of movement depends on the charge of tracer particles,
as tracers with different charge should move in opposite directions. The negatively charged
sulfate-functionalized polystyrene tracers moved inwards towards the enzyme-tethered gold
pattern for lipase and glucose oxidase systems, and moved outwards for urease. If a
diffusiophoretic mechanism was in operation, changing the charge on tracer particles should
reverse the direction of their movement. However, on using positively charged aminefunctionalized polystyrene tracers, the direction of their movement remained exactly the same as
the negative tracers (Supporting Video 5-9 and Supporting Video 5-10). Moreover, the speed of
fluid pumping, monitored with positively charged tracers, was similar to their negative
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counterparts for all the enzyme pumps, thereby ruling out the possibility of a diffusiophoretic
mechanism (Figure 5-11).

Figure 5-11: Fluid pumping in enzyme micropumps monitored with positively and negatively
charged tracers. The fluid pumping speed monitored with positively charged aminefunctionalized polystyrene tracers and negatively charged sulfate-modified polystyrene tracers
showed no significant difference for all four enzyme-micropumps. Error bars represent standard
deviations. The means and standard deviations are calculated for 30 tracer particles. The pumping
velocities monitored with positive and negative tracers are not statistically different (P > 0.01).

5.3.10 Buoyancy-Driven Convection
Experiments showed that the flow generated by the pump changes its direction as the
device cavity was inverted. The simplest explanation for this experimental observation of fluid
pumping is a buoyancy-driven mechanism. Indeed, the reaction is exothermic and heat is
liberated for all of these enzyme-catalyzed reactions. This locally increases the temperature of the
liquid near the reaction-generating enzyme pattern, and hence, decreases its local density, giving
rise to thermal buoyancy convection. Thus, in an upright device the flow is directed upward from
the pump. In order to guarantee the fluid continuity, near the glass surface the flow is directed
towards the Au pattern. For the inverted cavity the flow direction is obviously opposite because
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the lighter fluid tries to occupy the upper layers and spreads along the glass surface away from
the Au pattern.
In case of urease, the observed effect is opposite from the expected one. Though the
enzyme catalytic reaction is exothermic, the fluid is pumped outwards in the upright device. It
was speculated that since the products of urea hydrolysis are ionic, these solvated ions could
increase the density of the fluid near the enzyme pattern. This local increase in density causes the
fluid to spread along the glass surface resulting in a buoyancy-driven convective flow, directing
the fluid away from the pattern. In the inverted setup, the denser fluid generated on the top of the
device settles down to lower layers in the cavity, and by fluid continuity drives the fluid flow
inwards near the glass surface.
To validate our hypothesis, fluid flow was monitored in the inverted device to determine
the pumping speed. For all the enzyme-powered devices, the pumping speeds in the inverted
cavities were similar to that in the upright ones, which confirms a buoyancy-driven mechanism as
a governing factor in the enzyme-generated fluid pumping (Figure 5-12). Further, the intensity of
thermal convective flow within a horizontal layer of liquid in presence of a temperature gradient
is governed by the Rayleigh number (Ra):[61]

gβ h 4 dT
Ra =
νχ dx
where, g , h,

(1)

β , ν and χ represent the gravitational acceleration, thickness of the liquid layer,

coefficient of thermal expansion, kinematic viscosity and heat diffusivity of the liquid,
respectively. The magnitude of the temperature gradient

dT
can be estimated by calculating the
dx

heat flux Q (in Jcm-2s-1), which depends on the rate and enthalpy of the chemical reaction.
Assuming the flow to be steady and small in magnitude, the speed can be scaled as:
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V:

χ
Ra f (a)
h

(2)

where, the function f(a) depends on the geometry of the micropump. Considering the radius of the
pump surface to be R, f(a) can be expressed as a function of the aspect ratio R/h. Also, if r and
ΔH are the rate and enthalpy of the reaction respectively, then the heat flux is given by:

Q=

rΔH
π R2

(3)

The flow, therefore, can be characterized by a speed given by:

V:

gβ h 3rΔH " R %
f$ '
νκπ R 2 # h &

(4)

where, κ is the thermal conductivity of the liquid. The above relation shows the dependence of
thermally driven flow on the thickness of the liquid layer and helps to negate the influence of any
other microscopic phoretic processes, where speed is rather independent of thickness. However, if
the liquid thickness (h) is gradually changed, for a fixed R, the change in the aspect ratio alters the
magnitude of f(a). It can be shown that f(a) grows from zero up to a value of 10-3, saturating
beyond d > 2h. Therefore, for d > 2h, any increase in the layer thickness h should result in an
increase in the flow speed proportional to h3. To confirm this, the liquid layer thickness was
doubled within the pump cavity and the flow speed was measured. For each different enzyme, the
speed increased approximately by a factor of 8, confirming our theoretical proposition (Figure 513). Further, assuming the values of reaction rate (r = 10-7 moles s-1), enthalpy (ΔH = 100 kJ
mole-1) and height of the cavity (h = 1 mm) to be of the same order of magnitude for all the
enzymes, the speed was determined as ~1 µm/s, an excellent agreement with the experimental
results. Interestingly, even though the Rayleigh number for our system is fairly high (~10), the
smaller magnitude of f(a) helps in keeping the flow speed linear in Ra.
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Figure 5-12: The fluid pumping speed monitored in the upright and inverted pump setups showed
no significant difference for all four enzyme micropumps. Error bars represent standard
deviations. The means and standard deviations are calculated for 30 tracer particles. The pumping
velocities monitored in upright and inverted pump setups are not statistically different (P > 0.01).

Figure 5-13: The fluid pumping speed monitored in the double-spacer (2h) setup showed an ~8
times increase as compared to the single-spacer (h) setup for all four enzyme micropumps. Error
bars represent standard deviations. The means and standard deviations are calculated for 30 tracer
particles. The pumping velocities monitored in single- and double-spacer setups are statistically
different (P < 0.01).
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5.3.11 Stimuli Responsive Autonomous Delivery
The ability of enzyme-powered micropumps to respond to an external stimulus (e.g.
substrate) and produce a change in the surrounding environment by generating fluid flows
resembles the sensitivity of triggered responses in living organisms. This property makes the
enzyme pumps a suitable candidate for applications like drug delivery, where a controlled
response to an external stimulus is required to attain a specific goal, like the administration of a
medicine. A proof-of-concept design was fabricated to demonstrate the potential ability of the
enzyme pumps as an autonomous drug delivery device. This concept was further investigated
using positively charged hydrogels as a scaffold to immobilize enzymes as well as load small
molecules, followed by powered release of captured molecules from hydrogel via a self-pumping
mechanism. Hydrogel with quaternary ammonium functional groups were synthesized and used
as the template for enzyme immobilization via an electrostatic self-assembly, similar to the
previous set up. The hydrogel also serves as a host for the free dye “guest” molecules. Many
hydrogel scaffolds have been studied in the past, which either undergo passive or non-stimuli
dependent release of a substance or cells, or that releases a substance as a response to a change in
their environment such as temperature, pH, or the application of electric and magnetic fields.[62-67]
Hydrogel scaffolds containing enzymes have been also studied, where the enzyme is either
immobilized by covalent interactions on a hydrogel film or trapped in the polymer matrix of
nanoparticles.[68, 69] Since hydrogel serves as a host for small molecules, simultaneous incubation
of the hydrogels with enzyme molecules and fluorescein dye, led to the absorption of dye
molecules in the gel network by van der Waals interactions. The release of dye molecules as a
function of time was monitored from urease-immobilized hydrogel in presence of varying urea
concentrations using an UV-Vis spectrophotometer. Release of dye molecules from the hydrogel
follows a substrate-concentration-dependent behavior (Figure 5-14). As can be interpreted from
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the dye absorbance profile, with increase in urea concentration more dye is released from the
hydrogel. This is a direct consequence of enzymatic reaction regulated fluid pumping. Currently,
this approach is being investigated with different enzymes and hydrogel systems. It is
hypothesized that the structural variation of hydrogel is a key parameter for sustained release of
molecules from the inter-cross-linked gel network.

Figure 5-14: Enzyme-powered stimuli responsive autonomous release. The release of dye
(fluorescein) molecules as a function of time, monitored from urease-anchored hydrogel in the
presence of different concentrations of urea using an UV-Vis spectrophotometer, followed in a
substrate-concentration-dependent fashion. The dye absorbance profile shows an increase in the
amount of dye released from the hydrogel with increasing urea concentration, which is a direct
consequence of enzymatic reaction-generated fluid pumping.

5.4 Conclusion
In conclusion, the first example of an ATP-independent, non-mechanical enzymepowered micropump outside the biological system has been successfully demonstrated. These
novel devices were fabricated by patterning enzymes on surfaces. The fluid pumping speed
showed a substrate-concentration-dependent increase. Catalysis-induced buoyancy-driven
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convective flow is the driving mechanism involved in enzyme-powered fluid pumping. Further,
these miniature pumps could be utilized to attain both spatial and temporal control over fluid
transport as well as delivery of colloids and small molecules. It was also shown that the presence
of certain analytes or signals could trigger these devices. Finally, a sneak peek towards the
development of a proof-of-concept device was given that acts as a stimuli-responsive autonomous
delivery vehicle.
Outside biological systems, the ability of immobilized enzymes to pump fluids and
particles autonomously with velocities that are dictated by the concentration of a specific analyte,
either a second enzyme or a chemical, may enable the development of smart, micro- and nanoscale devices that contain sophisticated levels of control over the location and flow rate of fluids
and particles. The observations shown in this chapter suggest elegant solutions to reactive sensing
and pumping in response to specific analytes. From a technological standpoint, this work
provides a novel intrinsic energy source for fluid movement that will enhance microfluidic device
design and overcome a critical barrier in the field, in which pressure driven pumps are used to
drive fluid. From an applied perspective, a simple proof-of-concept sensor based on analytetriggered pumping can be designed.

5.5 Experimental

5.5.1 Micropump Design and Enzyme Immobilization
Utilizing an e-beam evaporator, Au was patterned on a PEG-coated glass surface
(MicroSurfaces). An electron beam was used to evaporate a thickness of 90 nm of Au on the
PEG-functionalized surface, with a 10 nm adhesion layer of Cr. The surface was cleaned
thoroughly with isopropanol followed by acetone and dried by blowing nitrogen. Previously
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synthesized quaternary ammonium thiol was used for self-assembled monolayer (SAM)
formation on the Au surface. The ligand was dissolved in methanol and the surface was incubated
in it overnight at room temperature under an inert atmosphere. Later, the surface was washed
several times with methanol followed by PBS buffer, and dried under an inert atmosphere. The
SAM modified surface was incubated in an enzyme solution for 4-5 hours. The negatively
charged enzymes bound selectively to the thiol-functionalized Au-patterned surface via
electrostatic interactions. The enzyme-functionalized surface was thoroughly washed with PBS to
remove any unbound enzyme molecules from the PEG-coated glass surface. The enzymepatterened surface was covered with a secure-seal hybridization chamber (Electron Microscopy
Sciences) with dimensions of 20 mm diameter and 1.3 mm height.

5.5.2 Particle Tracking
To monitor the fluid flow, functionalized polystyrene microspheres (Polysciences Inc.), 2
µm in size, were introduced as tracers, suspended in a buffered solution of substrate, in all the
experiments. Videos were captured using two different optical setups. One setup comprised of an
upright optical microscope (Olympus BX60M) with a halogen lamp (12 V max, 100 W).
Excitation light was focused into the sample through a 50× objective (LMPlanFLN 50×/0.5 BD
∞/0/FN26.5, Olympus). Emission light was collected by the objective, passed through
interference filters, and finally detected by a high-sensitivity CCD camera at 30 frames per
second. Videos were recorded using this CCD camera attached to the optical microscope. The
other set also included an optical setup, which comprised of an inverted microscope (Zeiss
Axiovert 200 MAT) with a halogen lamp (12 V max, 100 W). Excitation light was focused into
the sample through a 20× objective (EC Epiplan-NEOFLUAR 50×/0.55 HD DIC ∞/0, Zeiss) or
50× objective (LD EC Epiplan-NEOFLUAR 20×/0.5 HD DIC 422472-9960, Zeiss). Emission
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light was collected by the objective, passed through interference filters, and finally detected by a
high-sensitivity Flea 3 CCD camera (FL3-U3-32S2C-CS, Point Grey) with a resolution of
2080×1552 pixels at 30 frames per second. Videos were recorded using this camera, connected to
the optical microscope. For measuring fluid pumping speed in each experiment, 30 tracer
particles were tracked for a 25 second time interval using PhysVis software (Kenyon College).

5.5.3 Synthesis of Quaternary Ammonium Thiol Linker
The quaternary ammonium thiol ligand (shown in Figure 5-1) acts as a linker binding the
enzyme molecules to the Au surface via electrostatic interactions. A previously reported
procedure was followed for the synthesis of the quaternary ammonium thiol ligand.[70] The NMR
data of the final product, corresponded well with that reported in the literature.

5.5.4 Fluorescent Labeling of Catalase and Enzyme Immobilization
Bovine liver catalase (Sigma-Aldrich) was labeled with an amine-reactive rhodamine dye
(Ex/Em: 552/575; Thermo Fisher Scientific). Labeling of the enzyme (4 µM) with the fluorescent
probe (40 µM) was performed in a gently stirred, room temperature in 100 mM phosphate buffer
(pH 7.2) for 2 hours. To reduce free dye molecules from the enzyme-dye conjugates, the reaction
mixture was further purified using membrane dialysis (10 kDa pores; Amicon ultra-4 centrifugal
filter unit, Millipore). The SAM-modified Au surface was functionalized with fluorescent-tagged
enzyme molecules via electrostatic assembly as mentioned in Section 5.5.1.
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5.5.5 Fluorescence Imaging
The SAM-modified Au pattern functionalized with fluorescent-labeled enzyme molecules
was viewed under a fluorescence-imaging microscope. Images were captured using an optical
setup, which comprised of an upright microscope (Olympus BX51) with a halogen lamp (100 W).
Excitation light was passed through the appropriate filter cube, depending on the
excitation/emission wavelengths of the dye, before it was focused into the sample through a 10×
objective (UPlanFL 10×/0.30 ∞/-, Olympus). Fluorescence emission was collected by the
objective, passed through interference filters, and detected by a high-sensitivity CCD camera.

5.5.6 Synthesis of Hydrogel
N-isopropylacrylamide (NIPAAm; TCI Chemical) was recrystallized from n-hexane and
vacuum dried before use. 2-(Dimethylamino)ethyl methacrylate (DMAEMA; Sigma-Aldrich)
was passed through basic alumina column and stored in a refrigerator before use. 1-Chlorobutane,
ammonium

persulfate

(APS),

N,N’-methylenebisacrylamide

(MBAm),

N,N,N’,N’-

tetramethylethylenediamine (TEMED) were purchased from Sigma-Aldrich, fluorescein from
TCI Chemical, and used as received. Chloroform, acetonitrile and DMSO were purchased from
EMD and used as received.
QDMAEMA monomer was synthesized as previously reported without modification.[71]
1-Chlorobutane (C4) (2.04 g, 0.022 mol) was added to a solution of DMAEMA (3.12 g, 0.02
mol) in a mixture of acetonitrile (20 mL) / chloroform (10 mL) and stirred in an oil bath at 40°C
for overnight. The resulting mixture was precipitated into cold diethyl ether, by adding the
mixture drop by drop to diethyl ether (200-300 mL) in dry ice, controlling the volume of ether
and mixture added. The precipitate was filtered and vacuum dried, and characterized by 1HNMR
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(Bruker 400MHz) as shown in Figure 5-15. 1HNMR (400 MHz, D2O, ppm): 6.15 (s, 1H), 5.77 (s,
1H), 4.62 (m, 2H), 3.77 (m, 2H), 3.39 (m, 2H), 3.17 (s, 6H), 1.93 (s, 3H), 1.75 (s, 2H), 1.36 (m,
2H), 0.94 (t, 3H).

Figure 5-15: 1HNMR spectra of the synthesized QDMAEMA monomer shows the corresponding
proton peaks as expected from the reported data.
Copolymerization of QDMAEMA-C4 monomer and NIPAAm was carried out by free
radical polymerization in 5 mL of water/DMSO (v/v 1:1) mixture at 35°C for 12 hours
approximately. QDMAEMA-C4 and NIPAAm were added in a 1:1 feed ratio to the mixed
solvent. MBAm was used as a crosslinker and added to the monomer mixture in a molar ratio
50:1 of total monomers to crosslinker. Polymerization was initiated by APS and accelerated by
TEMED. Prior to addition, APS (34.2 mg, 0.15 mmol) was diluted in 200 µL of deionized water
and added to the monomer mixture, with simultaneous addition of 0.15 mL of TEMED (3 drops).
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After polymerization, the hydrogel was soaked in deionized water for 120 hours to remove
unreacted reagents, with the water changed every six to eight hours.

5.5.7 Preparation of Enzyme-Functionalized, Dye-Loaded Hydrogel

Small pieces of hydrogel (1mm3) were cut and soaked overnight in a mixture of urease
(2mg/mL; 3 mL) and fluorescein dye (1 mL saturated) solution in PBS. The solution with the gels
was kept in the refrigerator overnight, and allowed to come to room temperature before the
experiments were performed.

5.5.8 Dye Release Monitored by UV-Vis
Hydrogel pieces were washed 3-4 times with fresh PBS buffer, to remove any excess
enzymes or dye molecules. The gel pieces were transferred to a UV-Vis cuvette and PBS buffer
or urea solution of varying concentrations was added in order to monitor dye release. A Beckman
DU-800 Spectrophotometer with a 6-cell sampler was used for measurements in kinetics/time
mode, with the analytical wavelength set to 488 nm (maximum absorbance wavelength of
fluorescein in PBS) and a background wavelength of 250 nm at 25 °C. Measurements were set to
be taken at periods of 1 hour for a total time duration of 18 hours. Dye release from the ureaseimmobilized hydrogels was analyzed in 0 M, 0.005 M, 0.05 M, 0.5 M and 1 M urea solutions in
PBS. UV absorbance at 488 nm was plotted as a function of time at each of these concentrations,
which gives a direct correlation between urea concentration and the amount of dye released from
the gel.
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5.5.9 Analysis for Statistical Significance
To verify the statistical significance between two data sets, student’s t-test was
performed. The two-tailed P value was calculated using an unpaired t-test. The degree of freedom
was 2n-2 for all data sets, where n (30 tracer particles) is the number of independent
measurements for each data set. The alpha level for all tests was chosen as 1% (0.01). When the
result for a test of significance gave a P-value lower than 0.01 (alpha level), such results were
referred to as statistically significant.
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Chapter 6

Perspective

6.1 An Outlook
The fast expanding field of self-powered autonomous nano and micromotors is still in its
infancy. The first examples of nano/micro-objects outside living systems that move autonomously
by converting chemical energy into mechanical force have been discovered. With minimum
“information” input (in the form of chemical or light gradients), these objects begin to display
emergent collective behavior (simple chemotaxis,[1-3] schooling,[4-7] predator/prey[4]) that were
thought to lie solely in the realm of biology. There is great behavioral richness in these abiotic
systems, both at the single-motor and at the ensemble level. Some of the scientific issues that
need to be fully elucidated going forward are as follows:
(a) What are the possible mechanisms for momentum creation and how efficient are they in
different environments?
(b) Are there optimal motor geometries for sustaining orientation?
(c) What gives rise to directional motion: Sensing, taxis, and Levy walk[8]?
(d) What are the mechanisms of mutual interaction between motors?
(e) What are the ensemble dynamics?
Clearly, a close synergy between theory and experiments is required to address most of
these issues. One of the exciting aspects of research in this area is that it draws upon the expertise
from many different fields ranging from chemistry, physics, biology to engineering.
There is now the unprecedented opportunity to probe the ultimate limits of selforganization in these dynamic systems that operate far from equilibrium. In addition, the
observation in abiotic systems of behaviors previously associated with evolution-derived
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biological processes raises an intriguing question: Are there any underlying emergent physical
rules that govern both? A striking recent observation in this regard is that momentum transfer
from active swimmers to tracer particles shows identical scaling for bacteria and Pt-Au nanorods,
meaning that the physics of particle interactions is relatively insensitive to propulsion
mechanism.[9]
Further, an object that moves by generating a continuous surface force in a fluid can, in
principle, be used to pump the fluid by the same catalytic mechanism. Thus, by immobilizing the
nano/micromotors, nano/microfluidic pumps that transduce energy catalytically have been
developed.[6,

10-27]

These pumps are capable of moving fluids and micron-scale particles

autonomously with velocities that are dictated by the concentration of the specific analyte that
turns “on” the pump.[12] The design of such autonomous microscale systems involves the
conversion of chemical sensing into microfluidic pumping without using electronics, batteries, or
other traditional means of translating a chemical detection event into a mechanical function.
Thus, one can envision self-powered non-mechanical pumps that sense a specific analyte and
deliver a cargo to a specific site in response. Such nano/microscale pumps with no moving parts
will provide precise control over flow rate without the aid of an external power source, and will
provide the foundation for the next generation of smart meso- to molecular-scale devices.
The research in this dissertation highlights the potential of enzymes as nanomotors and
micropumps. In Chapter 2, it was demonstrated that enzymes, even at the single-molecule level,
could generate sufficient force during enzymatic substrate turnover to cause its own enhanced
diffusive movement. Chapter 3 emphasizes the collective behavior of these enzyme molecules in
response to a chemical gradient. It was established that on imposing a substrate concentration
gradient, an ensemble of enzyme molecules respond to the gradient and exhibit chemotaxis.
Chapter 4 highlights the function of DNA polymerase, a biomotor responsible for DNA synthesis
and repair, as a molecular motor and micropump. Its ability to function as nanomotors and
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operate as engines in micropumps opens up the potential of studying enzymes and proteins for
similar functions. Finally, Chapter 5 involves the design of a novel micropump that utilizes
enzymes as engines. These miniature devices can pump fluid and tracer particles with varying
speeds ranging from submicron to tens of microns, and can be triggered in response to specific
signals, thereby, functioning as stimuli responsive autonomous delivery vehicles. The work
elaborated in this dissertation opens up an entirely new domain of research for powering artificial
nanomachines and micropumps. It may also enable the design of a new generation of hybrid
biodevices, which can be tuned to function inside the human body.
Though much still needs to be accomplished, we are beginning to address the grand
scientific challenge of understanding how to manipulate energy and information at the
nanoscale.[28] This will allow us to build truly intelligent systems and create technologies that
rival those of living organisms. In not too far-fetched claims, it is indeed possible to imagine a
day when intelligent machines navigate through the human body and perform challenging
tasks.[29, 30]
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