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ABSTRACT

The ovarian environment is a prime determinant of oocyte quality, which plays a
key role in determining the success of fertilization, pregnancy maintenance, embryonic
development as well as postnatal health. The essential trace metal zinc has been recently
recognized as an important factor that is necessary for completion of progression trhough
meiosis I. However, the role of zinc in controlling cumulus cell function, promoting
oocyte quality and developmental potential is not known. Using in vitro and in vivo
(dietary) zinc deficiency models, current study uncovers effects and mechanisms how
zinc is involved in ovarian function and embryonic development. In granulosa cells,
TPEN treatment altered cumulus transcripts, blocked cumulus expansion and suppressed
expansion-related transcripts Has2, Ptx3, Ptgs2, and Tnfaip6 mRNA, by inhibiting
SMAD2/3 signaling. In oocytes, a chelator N,N,N′,N′-tetrakis-(2-pyridylmethyl)ethylenediamine (TPEN) caused premature germinal vesicle breakdown and associated
spindle defects even with the presence of a phosphodiesterase 3A inhibitor. Acute dietary
zinc deficiency model confirmed the in vitro observations that oocytes failed to maintain
meiotic arrest in the absence of zinc. Longer zinc depletion (10 days) completely blocked
ovulation and compromised cumulus expansion. Additionally, preconception dietary zinc
depletion (3-5 days) dramatically disrupted histone H3K4 trimethylation and global DNA
methylation in oocytes and fertilized eggs, resulting in aberrant gene expression of
repetitive elements and oocyte transcripts. Supplementation with the methyl donor Sadenosylmethionine partially rescued the fertilization capability in zinc deficient oocytes
by restoring histone methylation. Epigenetic defects in zinc deficient oocytes further
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impaired fertilization and preimplantation embryonic development. Embryo transfer
experiments further confirmed the impact of preconception zinc deficiency on
implantation rate, placental and postimplantation development by excluding the effects of
zinc deficiency on uterus function. Collectively, these studies show that zinc is an
important factor required for regulating ovarian function and promoting oocyte quality
and developmental potential, and also provides new insights to better understand the
physiological aspects of zinc on female fertility.
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Chapter 1
Introduction
The ovaries are highly organized reproductive organs in female mammals that are
responsible for the differentiation and release of a mature egg (oocyte) and for
synthesizing and secreting female sex hormones. High oocyte quality is essential for
mammalian embryonic development because the early embryo is transcriptionally silent
and must exclusively rely on maternal factors deposited in the oocyte for early growth
and development [1]. In the ovary, follicles are the basic functional units, consisting of
an oocyte and its surrounding somatic cells (granulosa cells and theca cells). In
mammals, follicles must progress through assembly and activation of “resting”
primordial follicles, growth of preantral follicles, formation of a fluid-filled space or
antrum, selection of the preovulatory follicles and finally ovulation and luteinization.
Ovulation is regulated by several coordinated pathways that collectively stimulate oocyte
maturation and follicle rupture. At the time of follicle rupture, the mature oocyte is
released from the ovary and the remaining follicular cells luteinize to form the corpus
luteum, which is a new endocrine organ responsible for producing progesterone to
stimulate the uterus for preparation and maintenance of pregnancy. The ovarian
environment is the prime determinant of oocyte quality, but the conditions and
mechanisms promoting optimal oocyte development and maturation are not completely
known.
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Zinc is a multipurpose trace element that is an essential micronutrient for the
growth and development of microorganisms, plants and animals. Compared with other
trace elements, the effects of zinc deficiency are associated with various biochemical and
physiological changes. In the body, zinc has three major biological roles: catalytic,
structural, and regulatory functions [2]. As a cofactor for thousands of enzymes and
transcription factors, zinc is involved in various biological activities including growth and
reproduction. In females, inadequate zinc during pregnancy results in malformations and
difficult parturition in various species [3]. It has been reported that zinc deficient female
rabbits resulted in disinterest in males and lacked corpora lutea, indicating ovulation
failure. Recent data in mice show that zinc is important for completion of meiosis [4].
However, the intercellular mechanisms regulated by zinc in female reproduction,
especially ovarian function, are not completely understood.

Hypothesis
Given that total zinc content significantly increases in oocytes during in vitro
maturation and is required for completion of meiosis [5], and perturbations in zinc
availability causes defects in ovarian function and impairs embryonic development, the
following broad hypotheses will be tested:
1. Zinc is required in vivo during the periovulatory period to promote oocyte
maturation, cumulus function, and ovulation.
2. Zinc depletion before ovulation will impair fertilization and embryonic
development.
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Chapter 2
Literature review
A variety of endogenous and exogenous factors could have a profound effect on
ovarian oocyte quality and subsequent embryonic development. The quality of the egg
directly affects the rate of implantation and pregnancy outcome. In this chapter, the major
areas of investigation of processes involved in mammalian oocyte growth that impact the
production of a developmentally competent female gamete will be reviewed. More
specifically, factors that regulate ovarian follicular activation, development, ovulation
fertilization and epigenetic programing of the maternal genome will be reviewed. Special
emphasis will be placed on the role of zinc in female reproduction in general and on
oocyte processes that affect fertility.

Ovarian follicular development
The ovaries are highly organized reproductive organs in female animals that are
responsible for the differentiation and release a mature oocyte(s) for fertilization and
synthesizing and secreting female sex hormones for follicle development. In the ovary,
follicles are the basic functional units, consisting of an oocyte and its surrounding
somatic cells (including granulosa cells and theca cells). Follicles must progress through
assembly and activation of “resting” primordial follicles, further growth and selection of
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the dominant follicles before ovulation and luteinization. The mechanisms that underlie
folliculogenesis are under the influence of both intraovarian regulators (i.e. paracrine and
transcription factors) and endocrine factors (i.e. gonadotrophins).

Primordial follicle assembly and activation
As the founders of the gametes, primordial germ cells (PGCs), which are derived
from a small number of epiblast cells, appear near the base of the allantois at E7.25 in the
mouse. BMP4, BMP8B, and BMP2 have been identified as critical factors in germ cell
determination. At E12.5, PGCs migrate from allantois to the gential ridges. If they are
female PGCs, they migrate into the developing ovary. The female germ cells arrest at the
diplotene stage of meiosis I and do not resume meiosis until ovarian ovulation .
Just after birth, mouse germ cell cysts break down into individual oocytes[6]. The
process through which individual oocytes become enclosed by a layer of somatic cells
(derived from the coelomic epithelium) and assemble into primordial follicles is called
follicular assembly. During germ cell cyst breakdown, only a third of the total number of
germ cells survive and form primordial follicles, whereas the majority of the oocytes that
lack surrounding somatic cells undergo apoptosis [6]. These findings suggest that the
cysts contain two types of germ cells: cells that survive and become incorporated into
primordial follicles; and cells that undergo cell death and may function to protect or
support the surviving oocytes [7].
Since cyst breakdown and oocyte loss happen concurrently, programmed cell
death is required to separate oocyte in a cyst and for subsequent primordial follicle
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assembly [6, 8-10]. Apoptosis-related proteins from the caspase family, Bcl-2 family, and
TNF pathway, were discovered to be responsible to regulate oocyte survival and
primordial follicle endowment [11-13]. Female mice lacking “factor in the germline α”
(Figla) do not form primordial follicles and lose oocyte rapidly after birth [14]. FIGLA is
a germ-cell specific basic helix loop helix transcription factor that regulates the
expression of multiple oocyte-specific genes, such as the zona pellucid (Zp) proteins Zp1,
Zp2, Zp3 [14]. Disruption of Notch signaling can also lead to incomplete cyst break
down and a marked reduction in primordial follicle number, which indicates a functional
role of Notch signaling in promoting primordial follicle formation in rodents [15].
Aberrant breakdown of germ cell cysts can lead to the generation of muti-oocyte
follicles (MOF) which contain two or more oocytes within a follicle boundary [16].
Although the origin of MOF is unknown, ovaries from newborn mice cultured with
estradiol, progesterone, or genistein, have increased occurrence of follicles with more
than one oocyte and a reduction in primordial follicle formation, suggesting that an
important effect of these steroids in controlling primordial follicle formation is to inhibit
cyst break down into individual oocytes [17, 18]. One possibile mechansism to explain
follicle formation is that high levels of maternal and fetal steroids inhibit premature
primordial follicle assembly, but that after birth, a dramatic decrease of steroid levels
allows oocyte cyst breakdown and primordial follicle assembly to be initiated.
Once formed, the pool of primordial follicles serves as a reserve for developing
follicles and determines the total population of germ cells available to a female during the
entire reproductive lifespan[19]. However, not all primordial follicles are activated to
grow, mature and ovulate. It has been proposed that the initial follicle pool could have
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three possible fates: activation, atresia or dormancy[19]. Most primordial follicles remain
quiescent, and may be under constant inhibitory influences. Primordial follicle activation
is irreversible[20]. Many activated follicles are lost to attrition and atresia, with only less
than 1% of recruited follicles could finish maturation and reach ovulation. In humans,
primordial follicles are first observed in the ovary from approxiamately 18 weeks of
gestation. When the available primordial follicle pool becomes exhausted, reproduction
ceases and menopause occurs in women[20]. The mechanisms controlling which follicles
are activated and recruited to ovulate and which follicles remain quiescent remain
unanswered. Molecular mechanisms underlying primordial follicle activation remain
poorly understood.
Primordial follicles spontaneously activate in vitro. Culture of whole newborn
mouse ovaries showed that primordial follicles activate spontaneously without
endogenous gonadotropins, supporting the concept that the initial stages of
folliculogenesis are gonadotropin-independent[21]. The balance between dormancy and
activation of primordial follicle is maintained by both inhibitory and stimulatory
mechanisms, such that follicles are activated when inhibitory factors decrease or
stimulatory factors increase. Many studies have shown that the KIT ligand/KIT pathway
induces the phosphatidylinositol 3 kinase (PI3K) signaling pathway, which serves as the
central regulator for the activation of primordial follicles by controlling the initiation of
oocyte growth and survival[19, 22-24]. Defects in PI3K signaling contribute to apoptosis
of germ cells in fetal life [22, 24, 25]. As a negative regulator of PI3K, the phosphatase
PTEN (phosphatase and tensin homolog deleted on chromosome ten), is indispensable for
balancing cell growth and proliferation and prevention of premature activation of
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primordial follicles. Oocyte-specific PTEN deletion resulted in activating the entire
primordial follicle pool [22]. The phosphatase PTEN converts PIP2 to PIP3 which
recruits proteins containing lipid-binding domains, such as serine/threonine kinase Akt.
Activated Akt can phosphorylate the forkhead transcriptional factor (Foxo3a), which acts
as a negative regulator and plays a critical role in suppression of primordial follicle
activation. Loss of Foxo3a in oocytes shows a similar phenotype to Pten knockout
mice[23]. Thus, both PTEN and FOXO3A are essential for maintenance of the primordial
follicles in a dormant and surviving state.
The initiation of primordial follicle development from the quiescent pool involves
the proliferation of granulosa cells and increasing the size of the oocyte. Both inhibitory
and stimulatory growth factors in a paracrine and/or autocrine manner mediate this
follicular transition during early folliculogenesis. Two extracellular signaling factors
shown to inhibit primordial follicle recruitment are anti-mullerian hormone (AMH) and
chemoattractive cytokine (CXCL12) [26, 27]. In addition to mullerian duct regression
during fetal development in the male, AMH affects the early stages of follicular
development by inhibiting initial follicle recruitment and FSH-dependent growth and
selection of preantral follicles [28-30]. Although AMH is produced in the granulosa cells
of primary and growing (non-atretic) preantral follicles, suppression of primordial follicle
development by AMH is derived from developing follicles. Serum AMH levels in
clinical has become a good marker that reflects all follicles that have transitioned from
the primordial follicle pool to the growing pool and reflects overall ovarian reserve [31].
Growth factors expressed by surrounding somatic cells (granulosa and theca cells)
enhance the rate of activation of primordial follicles and stimulate the primordial to
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primary follicle transition, including KIT ligand, leukemia inhibitory factor (LIF) [32],
bone morphogenic proteins (BMP4 and BMP7), platelet-derived growth factor (PDGF),
basic fibroblast growth factor (FGF2) and the neurotrophins (NGF)[33-38]. Functional
analysis using in vitro culture models has provided the candidate regulatory factors and
determined the requirements for this critical follicle transition.

Preantral folliculogenesis
The preantral phase of folliculogenesis is independent of extraovarian hormonal
stimuli and mainly regulated by interactions between the oocyte and the somatic
compartments of the follicle and locally produced growth factors. Using elegant
reaggregation experiments, Eppig and collegues have demonstrated that the oocyte itself
plays an active and dominant role in directing the course of folliculogenesis by secreting
soluble paracrine growth factors [39].
Two oocyte-specific factors, growth differentiation factor 9 (GDF9) and bone
morphogenetic protein 15 (BMP15), are essential for preantral follicle development [40].
Both GDF9 and BMP15 belong to the transforming growth factor beta (TGF-β)
superfamily, which exert their cellular actions by binding to the transmembrane
serine/threonine kinase type II and type I receptors on the cell surface and downstream
effectors, known as Smad transcription factors [41]. So far, eight different Smad proteins
have been identified in mammals and they can be classified into three subtypes: receptorregulated Smads (R-Smad: Smad1, Smad2, Smad3, Smad5, and Smad8), commonpartner Smads (Co-Smad: Smad4), and inhibitory Smads (I-Smad: Smad6 and Smad7).
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Typically, Smad2 and Smad3 are phosphorylated and activated by GDF9, whereas
Smad1, Smad5, and Smad8 are activated by AMH and BMPs signaling [41]. These RSmads then bind to a co-partner Smad4 and translocate to the nucleus to modulate ligandspecific gene expression through interaction with distinct transcription factors, coactivators and co-repressors. As antagonists, Smad6 and Smad7, interact with activated
type I receptors and compete with R-Smads for activation by the receptors.
In GDF9-deficient female mice, there is a block from the primary one-layer
follicle stage during follicular development and results in infertility, indicating an
essential paracrine role of GDF9 in the early stages of folliculogenesis[42]. Granulosa
cells in GDF9-null ovaries exhibited an abnormal phenotype with reduced proliferation
and defects in differentiation and they failed to acquire a theca layer, suggesting GDF9
from the oocyte promotes follicular survival and growth by suppressing granulosa cell
apoptosis during transition from preantral to early antral stage [42, 43]. Additionally, the
levels of Kit ligand (Kitl) and inhibin α were significantly increased in granulosa cells
from GDF9 null ovaries, showing an oocyte-granulosa cell regulatory loop where Kitl
from granulosa cells promotes oocyte grow to reach a certain size and GDF9 from
enlarged oocyte inhbits Kitl expression in granulosa cells to slow oocyte growth[44].
BMP15, also called growth differentiation factor 9B (GDF9B), shares 52% similarity to
GDF9 in the mouse [45]. Female mice with a mutation in the Bmp15 gene are sub-fertile
whereas in sheep primary ovarian failure was observed, due to variation between species
[40, 46]. Different from GDF9, BMP15 promotes Kitl expression, which balances the
inhibition from GDF9 to control the correct growth of the follicle [47]. Both mutations in
GDF9 and BMP15 emphasize the importance of oocyte-secreted factors during
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folliculogenesis. Mouse GDF9 and human BMP15 homodimers can up-regulate cumulus
expansion-related genes (Ptx3, Has2, and Ptgs2) and promote cumulus expansion in vitro
[48]. It has been shown that recombinant GDF9:BMP15 heterodimer was the most
bioactive ligand in cumulus expansion in vitro, compared to homodimers [48].
When the follicle is activated and reaches the secondary stage of development,
theca cells are thought to be recruited to differentiate from the surrounding stromal cells
[49]. However, the exact origin of the theca cells is still questionable. The main function
of theca cells is to provide follicle structure and all the androgens required by the
developing follicles. According to the two-cell, two-gonadotropin model, in response to
luteinizing hormone [50] theca cells express key steroidogenic enzymes to produce
aromatizable androgen, which are converted into estrogen by follicle stimulating
hormone (FSH)-induced aromatase in the granulosa cells [51]. Factors and mechanisms
about theca cell recruitment and differentiation are not clear. Honda et al., isolated
putative thecal stem cells and induced them to differentiate into theca cells by treatment
with LH, insulin-like growth factor 1 (IGF1), or stem cell factor (SCF, also known as kit
ligand)[52]. Members of hedgehog family are also candidate regulators for early theca
cell differentiation and the communication between granulosa cells and developing theca
cells. Granulosa cells express hedgehog proteins which stimulate target genes Ptch1,
Ptch2, Hip1, and Gli1 expression in theca cells suggesting a direct regulatory role in
follicles [53]. The membrane protein SMO is activated if hedgehog binds to PTCH, the
signal is transduced. Observations from mice expressing dominant active SmoM2 indicate
that hedgehog pathway may be important in regulating differentiation of smooth muscle
cells in the theca externa during ovulation [54].
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Dominant follicle selection
The transition from preantral to antral follicle stage is critically dependent on
gonadotropins and oocyte-derived paracrine factors [55, 56]. During the antral cavity
formation, granulosa cells are divided into two subsets: cumulus cells, which surround
the oocyte, and mural granulosa cells, which line the wall of the follicle. FSH from the
pituitary is essential not only for stimulating granulosa cell proliferation, estradiol
production and follicle antrum formation, but also preventing granulosa cell apoptosis
and follicular atresia [57, 58]. FSHβ null mice were infertile because follicles don’t
develop beyond the large preantral stage before antral follicle formation, but all earlier
stages of follicles are observed in ovaries at 6 wk, providing the evidence that early
folliculogenesis is independent of gonadotropins [59]. Similarly, FSH receptor-knockout
mice are sterile due to lack of preovulatory follicles[60]. FSH, binding to the G proteincoupled FSH receptor (FSHR), activates adenylyl cylase (AC)/cAMP/protein kinase A
(PKA) as well as PI3K/PKB pathways, therefore regulating the expression of aromatase,
LH receptor and controlling growth and development of antral follicles [61, 62]. Insulinlike growth factor 1 (IGF1) also activates the PI3K and/or the MAPK pathway in
granulosa cells to control cell proliferation, differentiation and survival[63]. Ovaries from
IGF-1 knockout mice do not contain antral follicles and express a reduced level of FSH
receptor, which may lead to the infertility of the IGF-1 null females[64]. Depending upon
species and stage of follicular growth, IGF1 could synergize with FSH or act alone to
regulate follicular growth [62].
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FSH activity on granulosa cells is modulated by oocyte-derived factors, including
GDF9 and BMP15. Oocyte factors and FSH signal from opposite compartments[65].
GDF9 inhibits the FSH-induced cAMP production by suppressing the PKA pathway [66].
The oocyte signals arise from a central follicular location, whereas FSH signals arrive
from outside the follicle. This leads to a gradient of expression of mural and cumulus
transcripts. The observed GDF-9 inhibition of FSH-induced differentiation of granulosa
cells could explain the distinct differences between undifferentiated cumulus cells
surrounding the oocyte and more differentiated mural granulosa cells. On the other hand,
BMP-15 inhibits FSH action through reducing the number of FSH receptor. Mural and
cumulus granulosa cells must coordinate to fulfill the proper endocrine and
developmental functions.

Oocyte-cumulus cells dialogue
Bi-directional communication between oocytes and surrounding granulosa cells is
critical for the development of both follicular compartments [44]. Within growing
follicles, gap junctional-mediated intercellular communications both between oocytes and
granulosa cells and among granulosa cells themselves, appear vital for follicle growth
and development [67]. As the fundamental unit of the gap junction, the connexon is
composed of six integral membrane proteins called connexins (Cx). Knockout mouse
models lacking specific connexins identify that Cx43 and Cx37 are required for ovarian
folliculogenesis [68, 69]. Particularly, Cx43-containing gap junctions communicate
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granulosa cells whereas Cx37 form gap junctions to link the oocyte and surrounding
granulosa cells [68, 69].
Through these gap junctions, small molecular weight molecules, including ions,
metabolites, amino acids, and intracellular signaling molecules, could pass from
granulosa cells to the oocyte for oocyte maturation and survival or pass from the oocyte
into the granulosa cells to maintain granulosa cells growth and differentiation [70]. Since
oocytes poorly utilize glucose, they have to acquire pyruvate and other glycolytic
products for growth and maturation from granulosa cells which can metabolize glucose
efficiently [71]. Oocytes lack of SLC38A family of transporters for sodium-coupled
neutral amino acid, such as L-alanine, and require supply from cumulus cells and then
transfer into oocytes via gap junction [72]. Besides, cumulus cells are the source of
cholesterol for mouse oocytes because oocytes cannot uptake cholesterol directly from
external microenvironment due to lack of HDL-cholesterol and LDL-cholesterol
receptors. Thus, granulosa cells play a supporting role for oocyte development by
providing essential nutrients. Before LH surge, oocytes in preovulatory follicles maintain
meiotic arrest by an inhibitory signal from the surrounding somatic cells, by the evidence
that oocytes undergo germinal vesicle break down (GVBD) when removed from their
follicular environment. Meiosis-arresting substances within the follicle are passed
through gap junctions from granulosa cells to the oocyte, such as cyclic guanosine
monophosphate (cGMP) [73]. In vivo, disruption of gap junctions between oocytes and
cumulus cells can lead to the oocyte meiotic resumption after hCG injection[74].
On the other hand, oocytes promote the organization of the follicle, and regulate
granulosa cell proliferation and differentiation. Oocyte-secreted factors coordinate with
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FSH to regulate and determine mural granulosa cells and cumulus cells functions via
paracrine signaling, resulting in a gradient of expression of mural and cumulus transcripts
[65]. Differentiated from preantral granulosa cells, cumulus cells display distinct
phenotype from mural cells, with high rate of proliferation and low steroidogenic
capacity. Microsurgical removal of the oocyte from the cumulus-oocyte complex (COC),
which creates an oocytectomized complex (OOX), results in luteinization of the cumulus
cells, suggesting oocytes are required for preventing cumulus luteinization and maintain
cumulus cells function [75]. In the absence of GDF9 and BMP15, cumulus cells are
unable to respond to FSH and undergo mucification and expansion, indicating the
requirement of oocytes for cumulus expansion [76]. Both paracrine signaling and gap
junctional communication between oocytes and somatic cells are essential for ovarian
function.

Ovulation
Ovulation, triggered by LH surge, is a complex process of releasing a mature
oocyte surrounded by cumulus cells making it available for fertilization. The LH surge
initiates changes in the follicle that include oocyte maturation, cumulus expansion and
eventually ovulation and luteinization.
To ensure successful fertilization, immature oocytes have to undergo the process
of maturation. Oocyte maturation includes cytoplasmic and nuclear maturation, which are
critical for oocytes being competent for fertilization and development to embryos. Oocyte
cytoplasmic maturation includes the accumulation of mRNA, proteins, and nutrients that
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prepare the egg for activation and preimplantation embryonic development [77]. Nuclear
maturation involves changes in chromatin configuration, starting with germinal vesicle
breakdown (GVBD) and exiting from meiosis I until extrusion of the first polar body.
Coordination between cytoplasmic and nuclear maturation ensures oocyte developmental
competence [78].
In mammals, oocytes remain in meiotic arrest at the diplotene stage of prophase I
from the time of birth until the oocyte ovulates. In response to a LH surge, diplotenearrested oocytes resume meiosis, as evidenced by dissolution of the nuclear envelope
called GV break down (GVBD). GVBD is considered as an indicator for meiotic
maturation which is crucial for subsequent development. High levels of cAMP, produced
by granulosa cells and transported into oocytes through gap junction and in the oocyte
itself, are believed to maintain meiotic arrest before ovulation, as reduced intracellular
concentrations of cAMP in oocytes lead to reinitiating meiosis[79]. Through activation of
PKA signaling pathways, cAMP keeps maturation-promoting factor (MPF) in an
inactivate state and inhibits MAPK signaling in oocytes, thus maintaining meiotic arrest
[80]. During the cell cycle, G2 to M phase transition is regulated through the activation
and inactivation of MPF, which is a protein complex consisting of a catalytic kinase
CDK1 and its regulatory subunit cyclin B. Since MPF is maintained in an inactivate state
via phosphorylation of specific amino acid residues (Thr14 and Tyr15) within the ATPbinding loop of CDK1, a decrease of cAMP in oocytes lead to the dephosphorylation of
these residues, activation of MPF and oocytes resumption of meiosis [81]. The
WEE1/MYT1 protein kinase mediate this phosphorylation, whereas CDC25 phosphatase
activate CDK1 by dephosphorylating Thr14 and Tyr15 [82].
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It is well established that high levels of cAMP in the oocyte play a pivotal role in
preventing meiotic resumption. However, the question how to control cAMP levels in
oocytes is still unclear. In mice, cAMP is generated by activation of G protein-coupled
receptor 3 (GPR3) [83]. Removal of cumulus cells can also trigger meiosis resumption,
suggesting elevated cAMP in oocytes could be provided by cumulus cells via gap
junction. Mural granulosa cells express natriuretic peptide precursor type C (NPPC)
which binds to the natriuretic peptide receptor 2 (NPR2) receptor in cumulus cells and
generates cGMP [84]. Through gap junctions, cGMP passes into the oocyte and inhibits
PDE3A, thereby maintaining high cAMP to prevent MPF activation. Therefore,
intercellular communications between the oocyte and cumulus cells are essential for
oocyte maturation and development.
The LH surge triggers a cascade of biological events, including cumulus
expansion, oocyte maturation and ovulation. It has been shown that members of the
EGF-like growth factors (amphiregulin, epiregulin and betacellulin) serve as mediators of
LH stimulations in the follicle [85]. In vitro studies suggest that these EGF-like ligands
mimic and promote LH effects and act through activation of EGFR to induce ovulation of
mature oocytes [86]. Cumulus expansion, is characterized by secreting extensive
extracellular matrix, which is a critical step for ovulation and required for fertility [87].
At ovulation, cumulus expansion-related transcripts are increased by cumulus-expansion
enabling factors (CEEFs) secreted from fully-grown oocytes, including Has2, Ptx3,
Ptgs2, and Tnfaip6 [55, 88-90]. Some of CEEFs, such as GDF9 and BMP15, are
members of TGF-β superfamily, which can signal through SMADs pathway. Previous
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study showed that SMAD2/3 signaling is involved in cumulus expansion and regulation
of expansion transcripts [91].
At the time of follicle rupture, the mature oocyte is released from the ovary and
the remaining follicular cells luteinize to form the corpus luteum (CL). The CL is an
endocrine organ which is responsible for producing progesterone (P4) to stimulate the
uterus for preparation and maintenance of pregnancy. If fertilization does not occur, the
CL regresses and P4 production ceases, so that a new cycle can begin. The luteal cells
consist of two distinct cell populations: large luteal cells which are derived from
granulosa cells, and small luteal cells whose origin are theca cells. The transition of
follicular cells into luteal cells is an irreversible event since granulosa cells must exit
from the cell cycle by LH stimulation. In rodents, prolactin (PRL) is the major
luteotrophic hormone, which plays an important role in CL maintenance and P4
production via positive regulation of LH receptor and negative regulation of 20αhydroxysteroid dehydrogenase (AKR1C18) [92]. PRL signaling activates the Jak/Stat
pathway, especially Stat5a and Stat5b. Female mice lacking PRL are completely infertile
with absence of pseudopregnancy response [93].

Embryonic development

Fertilization
In mammals, sexual reproduction occurs via fertilization, by which sperm and egg
unite. In the fertilization process, starting with free-swimming sperm approaching eggs,
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sperm penetrate the cumulus layer first and then bind to the zona pellucida layer
surrounding the ovulated egg in the oviduct.
Although cumulus-free eggs could be fertilized in vivo, the cumulus matrix is
beneficial for fertilization as the fertilization rate is much lower after removal of the
cumulus in vitro [94, 95]. The expanded cumulus cells are embedded in a hyaluronanprotein extracellular matrix, which is degraded by sperm hyaluronidase during
fertilization [87]. PH-20 protein is found on the plasma membrane of acrosome-intact
sperm and exhibits dual functions. The first is the hyaluronan-hydrolyzing in cumulus
penetration and the second is in sperm-ZP binding activities [96]. The zona pellucida
consists of three glycosylated proteins, ZP1, ZP2, and ZP3, which are synthesized and
secreted by the oocyte. In mice, ZP3 has been recognized as a primary sperm receptor
and acrosome reaction-inducer during fertilization [97]. ZP3 knockout mice are
completely infertile as they fail to deposit a ZP around growing oocytes, whereas ZP1
null mice still are able to bind sperm and are fertile but with compromised development,
suggesting ZP1 is not required for sperm binding [98, 99].
The acrosome reaction is prerequisite for a sperm to be able to fuse with and
penetrate an egg [100]. ZP3 act as a ligand for sperm plasma membrane receptors and
promotes a transient calcium influx, which is necessary for the acrosome reaction, leads
to activation of phospholipase Cγ1 (PLC γ1), and activated PLC γ1 generates IP3 and
diacylglycerol (DAG) from PIP2 [101, 102]. At fertilization, PLC γ1 which is a spermspecific phospholipase C isoform, is delivered into the oocyte. Increased IP3 stimulates
calcium release from intracellular stores, and DAG mediates PKC activation and
phosphorylation of substrate proteins. These early events promote a subsequent calcium
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influx via transient receptor potential cation channels (TRPCs), which induces the
complete acrosome reaction. In addition to Ca2+, other intracellular ions, such as Zn2+,
concentrations are also modulated during capacitation. It has shown that zinc removal
from hamster sperm may be necessary for sperm capacitation (determined by the percent
of spermatozoa undergoing the acrosome reaction) [103]. During the acrosomal reaction,
the acrosome not only secretes enzymes, such as motilin, proteases, and glycosidases,
that help sperm penetration into the ZP, but also brings the inner acrosomal membrane to
the outside for the sperm to acquire the ability to fuse with the oocyte plasma membrane
[104, 105].
The fusion of sperm and egg is a cell-cell membrane fusion event which
culminates in sperm incorporation into the egg. In mice, sperm IZUMO1 and egg CD9,
are the two molecules most strongly implicated in the sperm-egg interaction [106, 107].
Cd9 null female mice are severely subfertile whereas male mice carrying a gene
knockout for IZUMO1 are infertile [106, 108].
Following the sperm-egg fusion, the fertilizing spermatozoon initiates a signal
transduction cascade which results in “oocyte activation”. The initial transient rise in
intracellular Ca2+ concentration appears to be critical for the cortical reaction and
resumption of meiosis. The mammalian cortical granules contain enzymes, such as Nacetylglucosaminidase, which modify ZP glycoproteins and is responsible to prevent
polyspermy by blocking sperm binding to the zona pellucida [109]. Ca2+ oscillations
within the egg also end the metaphase II arrest when the sperm chromatin is
decondensing in the oocyte cytoplasm [110]. As a remarkable component of oocyte
activation, meiosis resumption marks reentry of the oocyte into the cell cycle. Balance
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between kinases and phosphatases controls the cell cycle and plays an important role in
regulating oocyte meiosis resumption. During metaphase II arrest, MPF activity remains
high with the presence of cytostatic factor (CSF) which prevents cyclin B1 degradation.
Upon oocyte activation, MPF activity rapidly declines as Ca2+ oscillations induce the
degradation of MPF. The influx of calcium and reduction in MPF can also be triggered
with ethanol or calcium ionophore to induce parthenogenesis (egg activation without
fertilization [111]. These chemical compounds mimicking physiologic cell signaling can
cause the release of intracellular calcium, and thereby induce artificial oocyte activation
which may be useful in improving fertilization and embryo quality.
In the mouse, Ca2+ oscillations cease at the time of the male and female pronuclei
formation, and with the beginning of DNA synthesis [112]. The pronuclear formation can
be characterized by chromatin decondensation and pronuclear envelope formation. Both
pronuclei undergo one complete round of DNA synthesis before the first zygotic cell
cleavage and the DNA condensation into mitotic chromosomes [113].
Increased understanding of the signaling and remodeling events that shape the
oocyte-to-zygote transition will be critical to provide more definitive criteria for what
constitutes a "good" egg.

Preimplantation embryonic development
After fertilization, the early embryos are transported from the oviduct to the
uterus. During this period the one-celled zygote undergoes several rounds of cell division
to form a morula and then a blastocyst embryo after the formation of the fluid-filled
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blastocoel. During the first few cell divisions, the early embryo depends on maternal
mRNAs and proteins accumulated and stored in the oocyte during oogenesis until the
embryonic genome becomes active [77].
During oogenesis, oocytes accumulate large amounts of mRNA, proteins, and
nutrients, which are essential to support fertilization and achieve full embryo
developmental potential[114]. In coordinating ovarian follicle activation, growing
oocytes are transcriptionally active as the volume of the oocyte markedly increases[115].
Intensive RNA synthesis meets the requirement to provide accumulation of molecules
needed for full developmental competence. By the time the oocyte is fully grown in the
antral follicle, it undergoes global transcriptional silencing and remains silent until
embryonic genome activation [116]. Some studies have indicated that transcriptional
activity is associated with modifications in large-scale chromatin structure during oocyte
growth by DNA methylation and histone modification (reviewed below).
In the mouse, a subset of the maternal mRNAs is gradually eliminated when the
oocyte resumes meiosis. By the two-cell stage, most of the maternally supplied mRNAs
are degraded [117]. The replacement of maternally inherited mRNAs and proteins by the
new programme is called zygotic genome activation (ZGA). ZGA, which is required for
continued development, establishes a novel gene expression profile in the embryo [118].
During the maternal-to-zygotic transition, oocyte-specific transcripts (such as MSY2 and
H1FOO), which are not re-expressed in later development, are completely degraded, as
these mRNAs may be detrimental to early development after fertilization [119, 120].
Another group of transcripts which are common for both the oocyte and embryo, for
example the housekeeping gene Actin, are replenished after ZGA. Actin mRNA is
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partially degraded by the two-cell stage, but re-synthesized by the four- to eight-cell stage
and the amount increases progressively through the blastocyst stage [121]. If these
maternal transcripts are not replaced by zygotic transcripts, development would be halted
due to the inability of the embryos to execute basic cellular functions. Therefore,
selective mRNA degradation during ZGA is a prerequisite for future cell lineage
commitments and differentiation events [122].
On embryonic day 3.5 (E3.5), the fluid-filled blastocoelic cavity forms and the
developing embryo is known as a blastocyst. Blastocyst formation is crucial for
implantation and establishment of pregnancy. The blastocyst is a remarkable stage of
development as the implanted blastocyst is a starting point for development to generate a
living organism. At the late blastocyst stage, there are three distinct cell lineages in the
mouse blastocyst: the epiblast (EPI: future embryo), the primitive endoderm (PE: future
yolk sac) and the trophectroderm (TE: future placenta) [123]. Of these, only EPI gives
rise to the embryo itself, though proper segregation and development of the other two
extraembryonic lineages is necessary for the survival of the embryo [124]. Embryonic
stem cells are pluripotent cells derived from EPI, which have the capability to
differentiate into all embryonic tissues [125]. As cells differentiate in the preimplantation
embryos, the pluripotency is progressively lost and is only maintained in the epiblast and
in primordial germ cells. Adult stem cells, called “multipotent” or “unipotent”, can only
give rise to distinct cell types within that particular tissue, including hematopoietic,
mammary, mesenchymal, epithelial, neural and olfactory tissues.
Embryonic pluripotency is established and maintained by a regulatory network
centred on the core transcription factors, comprising Oct4, Sox2 and Nanog [126-129].
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Through a cooperative interaction, OCT4 and SOX2 are critically required to induce
pluripotency, whereas NANOG is a homeodomain protein that is predominantly
expressed in pluripotent cells and is necessary for early embryonic development. OCT4
and NANOG are recognized to be master transcriptional organizers of ES cell selfrenewal [130]. Thus, these transcription factors can form combinatorial complexes and
play essential roles in the regulation of pluripotency in ES cells.

Implantation
Embryos migrate to the uterus where implantation occurs. Implantation involves a
series of biological process requiring cross-talk between the blastocyst and endometrium,
and is considered as a major limiting factor for the establishment of pregnancy. To
initiate a successful pregnancy, fertilized embryos must attach to the uterine epithelium,
invade into the underlying uterine stroma and stromal cells must cease to proliferate and
begin to differentiate in a process called decidualization [131].
The window of implantation is defined as the period when the uterine
environment is receptive to implantation of the blastocyst [132]. As this time span of
receptivity is temporally and spatially restricted, the embryo fails to implant if the
coordination is out of phase. Therefore, it is important to predict the optimal time for
embryo transfer for the maximal effectiveness of assisted reproductive technologies in
women. In mice, the “window” has been shown to be under the control of the steroid
hormones estrogen and progesterone [133, 134]. The combined action of both estrogen
and progesterone is required in preparation for endometrial receptivity and embryo
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implantation. Estrogen is essential to stimulate the proliferation of the epithelial and
stromal components of the endometrium, while in contrast, progesterone inhibits
estrogen-treated cell proliferation in the secretory phase [135]. Imbalances of steroid
hormone levels and their ratios can influence the regulation of target genes, such as PRL,
estrogen receptor, and progesterone receptor, resulting in defects in implantation and
female infertility [136]. Delayed implantation causes retarded fetal-placental growth and
abnormal uterine spacing of embryos.
In mammals, the placenta is responsible for nourishing the fetus throughout
pregnancy, produces hormones which change the metabolic functions of the mother, and
serves as a protective barrier against the maternal immune system. It forms the interface
between the maternal and fetal circulation, providing the maternal supply of nutrients and
gases and transferring fetal waste products back to the mother. Defects in placenta,
including altered weight, morphology and vascular development, may change nutrient
supply and therefore influence fetal growth. A key step in placentation after implantation
is the formation of the labyrinth layer, which is designed for efficient nutrient exchange
[137]. If the labyrinth is not appropriately vascularized, the chorioallantoic interface
remains poorly branched, resulting in a decrease in oxygen and nutrient supplies and
restricted fetal growth [138]. Collectively, adequate transplacental exchange of gases and
nutrients is critical for sustaining normal fetal growth during gestation.
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Epigenetic regulation
Independent of detectable changes in gene structure, epigenetic marks are
heritable changes in gene expression. Epigenetic modifications involve DNA
methylation, histone modification and chromatin remodeling.

DNA methylation
DNA methylation, which modifies cytosines of CpG-dinucletide residues, has an
important role in a wide range of biological processes and essential for normal
development [139, 140]. In the mammalian genome, CpG-rich regions are not evenly
distributed, but tend to appear near transcription start sites, which can serve as a signal
for gene sliencing [141]. Most (about 70-80%) of CpGs are methylated and often located
in CpG poor regions, including intragenic and intergenic locations and most interspersed
repetitive elements [142]. Repetitive elements and retrotransposons comprise
approximately 45% of the human genome and are usually highly methylated which is
associated with maintenance of chromosome structure and genome stability [143, 144].
According to sequence features and genomic distributions, there are four main types of
repetitive elements: long interspersed nuclear elements (LINEs), short interspersed
nuclear elements (SINEs), long-terminal repeat (LTR) retrotransposons and (peri-)
centromeric satellites [145]. DNA methyltransferase (DNMT) are enzymes that catalyze
the transfer of a methyl group to the cytosine residue on newly synthesized DNA,
providing an epigenetic memory. Presently, of known members of DNMT family, Dnmt1
acts as a major maintenance methyltransferase, while Dnmt3a, Dnmt3b and DnmtL are
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required for genome-wide de novo methylation [139, 140]. Different from genetic
changes, DNA methylation is reversible [146]. The process of DNA demethylation is
highly active during embryonic development and stem cell differentiation [147]. The
appropriate enzyme activity is necessary to establish and maintain DNA methylation and
for proper gene expression patterns. Aberrant DNA methylation will alter gene
expression and result in loss or gain of expressionleading to a number of human diseases,
such as cancer [148].
Direct and indirect environmental changes, including diet, can modulate DNA
methylation and cancer susceptibility [149]. Epigenetic changes can be induced by
dietary factors via the supply of methyl groups required for the formation of Sadenosylmethionine [150] or changes in DNMTs activity [151]. As a source of methyl
groups, SAM is the substrate and the product of cellular methyltransferase reaction [152].
In the process of methylation, SAM is converted to S-adenosyl homocysteine [153],
which is reversibly converted to homocysteine and then to methionine. Methionine then
serves as the substrate to regenerate SAM. In this one-carbon metabolism cycle, dietary
factors that limit the use of methyl groups will further impact DNA methylation
processes, gene expression and the manifestation of diseases. The importance of dietary
methyl donor has been evaluated in rodent models that are deficient in folate, vitamin
B12, methionine, choline and zinc. All of these nutrients have been shown to be
associated with perturbed DNA methylation [154-156].
DNA methylation patterns are cell-specific [157]. In the body, all cells share the
same genetic information, but different cell types have their own distinct epigenetic
profile, such as oocytes. In the mouse female germline, germ cells start meiosis on E13.5,
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but become arrested at the diplotene stage of prophase I. During oocyte growth, maternal
epigenetic marks are gradually established on the female genome. As their size increases
until reaching germinal vesicle stage, DNA methylation in oocytes is significantly
increased, which is crucial to acquire full developmental competence [158]. Immediately
after fertilization, the DNA methylation marks of the parental gametes are erased by
demethylation in the zygote [159]. In maternal genome, DNA appears progressively and
passively demethylated, while the paternal genome is thought to become rapidly and
actively demethylated within a few hours after fertilization. During preimplantation
development, a wave of genome-wide demethylation and remethylation event occurs,
however, there is no significant change in somatic cells in total methylation content
[150].
While most DNA is demethylated following fertilization imprinted genes, in
contrast, escape demethylation, maintaining a methylated state (parental imprints)
throughout embryo development into adulthood [160]. In mammals, genomic imprinting
is defined as an epigenetic process where gene expression of certain genetic loci is
dependent on parental origin. So far, more than 70 imprinted genes have been identified
in mice (www.geneimprint.com), and two of the most intensively studied genes. Insulinlike growth factor II (IGF2) and H19, are clustered together on chromosome 7 [161].
Igf2 and H19 are reciprocally imprinted such that H19 is expressed exclusively from the
maternal allele while Igf2 is expressed from the paternal allele [162, 163]. It has been
reported that the imprinting of Igf2 and H19 are controlled by a common set of enhancers
located downstream of H19 as well as imprinting control region (ICR) located upstream
of H19 [164]. This ICR contains binding sites for the zinc finger protein CCCTC binding

28

factor (CTCF), which acts as a chromatin insulator and essential for enhancer blocking
[165]. Current studies support the insulator mechanism where the CTCF binding to
unmethylated ICR leads to silencing of Igf2 but activation of H19, while methylation of
the paternalICR prevents CTCF binding and promotes Igf2 transcription but suppresses
H19 [166, 167]. Therefore, CTCF binding is crucial to establish and maintain imprinting
of the Igf2/H19 region. DNA methylation at ICRs has been recognized to be important in
maintenance of distinct marks between the parental genomes [168].

Histone modification
Post-translational modification of core histone proteins, is another
covalent modification involved in the epigenetic regulation of gene expression. Histones
can be modified by various mechanisms, including acetylation, methylation,
phosphorylation, and ubiqitination [169]. Most of these modifications occur at the Nterminal domain of histone tails, especially histone H3 which controls chromatin
assembly on promoters. For example, di-methylation of histone H3 at lysine 4 (H3K4
Me3) is associated with transcriptionally permissive euchromatic regions of the
mammalian genome whereas tri-methylation of lysine 9 and 27 on histone H3 (H3K9
Me3 and H3K27 Me3) are correlated with transcriptional repression [170].
Similar to DNA methylation, histone acetylation and methylation also provide an
important epigenetic mechanism for the developmental control of global gene expression,
playing a key role in remodeling the oocyte genome during critical developmental
transitions. Generally, histone modifications are involved in chromatin remodeling and
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undergo dynamic changes during fertilization and preimplantation development. Unlike
DNA demethylation which ocurrs in both the maternal and paternal pronuclei, histone
modifications after fertilization occur asymmetrically with a strong preference for the
paternal pronucleus [171]. Asymmetical patterns of histone modification are necessary
due to exchange of arginine-rich protamines in sperm for maternal histone presented in
oocytes. At this stage, the histones on the paternal genome show little lysine methylation
compared with histones on the maternal genome [172]. For example, H3K9 Me3 and
H3K27 Me3 are mostly absent from paternal pronuclei, marks that are detectable in the
maternal pronucleus. Establishment and maintenance of global chromatin modification is
indispensible for oocyte and embryonic development.

Zinc in reproduction

Zinc function
Zinc, which is a multipurpose trace element, has been shown to be an essential
micronutrient for the growth and development of microorganisms, plants and animals.
After calcium, zinc is the second most abundant transition metal in living organisms,
followed by iron. It is widely distributed throughout the body. Most zinc is in the brain,
muscle, bone, skin and hair. In animals, zinc balance is primarily maintained through a
regulated rate of intestinal uptake, fecal zinc excretion, renal reabsorption through kidney
proximal tubules, including intracellular storage. In multicellular organisms, all zinc is
intracellular mostly bound to protein, and its distribution is approximately 30-40%
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nuclear, 50% in the cytoplasm, organelles and vesicles and the remainder in the cell
membrane [173]. Influx and efflux transport mechanisms control and mediate
fluctuations in intracellular labile zinc and provide an efficient homeostatic control which
presciely regulates the concentration of zinc in different cellular conpartments. The
cellular homeostasis of zinc is mediated through two classes of multipass transmembrane
protein families: the zinc-importer (ZIP) family and the zinc transporter (ZnT) family.
Both ZIP and ZnT are encoded by two solute-linked carrier (SLC) gene families, SLC39
and SLC30, respectively [174]. ZIP proteins move zinc into the cytosol from the
intracellular compartments or the extracellular fluid, whereas ZnT members transport
zinc from the cytosol into the organelles or across the plasma membranes [174]. Since
zinc has wide-ranging effects on cellular functions, disturbance of zinc homeostasis by
zinc deficiency or genetic defects leads to various types of abnormalities and diseases in
human and animal models. For example, Zip1, Zip2, Zip3 triple knockout mice cause no
overt signs of zinc deficiency but exhibit defects in embryonic morphology and growth
when fed a zinc deficient diet during pregnancy [175], while the Zip4 gene is essential for
early embryonic development in mouse as mutant Zip4 mouse embryos die during early
morphogenesis[176]. It has been found that Zip1, 2 and 3 are important in maintaining
metal zinc homeostasis in vivo and are involved in protecting against zinc deficiency,
especially during pregnancy. ZnT1 is important to regulate zinc delivery from maternal
stores to the fetus. Homozygous targeted knockout of Znt1 in mice are embryonic lethal
[177]. ZnT4 faclitates entry of zinc into secretory vesicles of mammary glands, thereby
Znt4 mutant mice have a loss of zinc in milk, which is called “lethal milk” resulting in
nursing pups death [178]. Mice lacking Znt5 survive but have multiple abnormalities in
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muscle and bone, which underscore the importance of this transporter in the body [179].
The ZnT7 gene is expressed in many mouse tissues. Znt7 knockout mice show low body
fat and diminished acquisition and distribution of dietary zinc, indicating ZnT7 is
involved in the regulation of body composition [180]. In conclusion, mutations in
members of the ZnT and ZIP families suggest their physiological functions.
As such an important nutrient, a deficiency of zinc would cause a host of health
problems. As early as 1934, Todd et al., recognized the requirement of zinc for normal
growth in rats. Later, zinc was identified to be an essential element for normal
development in chicks, pigs, and primates [181-183]. In humans, symptoms of zinc
deficiency include loss of appetite, poor growth, weight loss, difficulty with smell and
taste, poor wound healing, skin problems, hair loss, lack of menstrual cyclicity, and
depression. Typically, an adequate supply of dietary zinc depends on both its amount and
bioavailability in the diet. For example, plant based diets usually contain high levels of
phytic acid and dietary fiber, which are known to be the potent inhibitors of zinc
absorption [184]. Other factors, such as injury, may cause zinc depletionby increasing
excretion of zinc in the urine or sweat or by reducing intestinal absorption [185]. In some
physiological conditions, such as pregnancy and lactation, the need for zinc increases by
over 70% [185]. In addition to simple dietary zinc deficiency, it is important to note that
secondary zinc deficiency can result due to some diseases, physiological stressors, or
liver damage/disease [186]. A common disease state that has been related to disturbance
of zinc metabolism is diabetes by the discovery of zinc as part of the insulin complex. In
diabetic patients, serum zinc levels are approximately 40% lower than in matched
controls [187]. It has been suggested that a large amount of zinc loss from the body via
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urine in diabetic patients could result in zinc deficiency. Observations from animal
studies also showed that a diabetic state can increase the synthesis of zinc-binding protein
metallothionein (MT) in maternal liver which reduces zinc concentration in plasma and
therefore transfers inadequate zinc to the conceptus [188].
Compared with other trace elements, such as iron, the effects of zinc deficiency
are associated with various biochemical and physiological changes rather than with a
specific function. In general, zinc has three major biological roles: catalytic, structural,
and regulatory functions[189]. Zinc is the only metal that is required for the catalytic
activity of more than 300 enzymes, covering all six classes of enzymes, which influence
many cell processes [190]. As a Lewis acid, zinc contributes to its catalytic activity in
many zinc metalloenzymes. Due to its physio-chemical properties, zinc also plays
structural and regulatory roles in numerous proteins, such as transcription factors and
zinc finger proteins, which are involved in DNA replication and transcription as well as
transcriptional regulation of cellular metabolic network [191]. As an activator or an
inhibitor ion, zinc availability modulates enzymatic activity of target proteins as well as
the stability of the proteins to mediate gene expression [192]. Zinc deficiency has also
been associated with immune disfunction and chronic diseases, such as cancer, diabetes,
Alzheimer’s disease, and other age-related diseases.
However, excess zinc could be harmful, leading to both acute and chronic
toxicity. The US recommended dietary daily allowance for zinc is 15 mg/day for males
and 12 mg/day for females. Intakes of zinc in the range of 100-300 mg/day may induce
copper deficiency, impaired immune function and adverse effects on the ratio of lowdensity-lipoprotein to high-density-lipoprotein cholesterol [193-195]. The presenting
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symptoms for zinc poisoning include nausea and vomiting, epigastric pain, abdominal
cramps, and diarrhea [193].
With a huge scope for the exploration of the physiological roles of zinc, especially
“free zinc [Zn2+]”, the quest for a dynamic description of zinc distribution and
mobilization in live cells is highly desired. Fluorescence indicator dyes have been widely
applied to detect zinc concentrations in the 1-100 nM range. This technique uses a probe
molecule that recognizes Zn2+ and fluoresces upon Zn2+ binding, which is recognized as a
feasible method for real-time and real-space imaging of living cells without damaging
them [196]. Currently, a novel type of fluorescent sensor molecules has been released and
applied in ratiometric imaging of Zn2+ in living cells, including the FluoZin, FuraZin,
IndoZin and RhodZin group [197]. In addition to fluorescent sensor molecules, X-ray
fluorescence microscopy (XFM) has been employed to visualize and quantify the
distribution and concentration of cellular zinc pools [198, 199]. The purpose of these
measurements is to provide a variety of sensors to help us understand the role of Zn2+ in
biology.

Zinc and fertility
As an integral component of many molecules, zinc is involved in a variety of
biological functions including reproduction. As a cofactor of metalloenzymes involved
in DNA transcription, expression of steroid receptors, and protein synthesis, zinc acts on
the metabolism of androgen, estrogen and progesterone, together with the prostaglandins,
which are essential for germ cell maturation, fertilization, pregnancy and embryonic
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development [3]. In addition, nuclear receptors for steroids are all zinc finger proteins [3,
200].
Zinc also plays an important role in methylation, which is a central epigenetic
feature in the developmental regulation of gene expression [201]. Epigenetic processes
characterized by DNA methylation and histone modification are key regulators in
reproductive biology, and are modulated by essential nutrients in the diet [149]. Special
attention has been paid to zinc in the process of epigenetic regulation. Zinc functions as a
cofactor for DNA methyltransferase, and many methyl-DNA-binding proteins contain a
zinc-finger domain [202, 203]. Zinc is also involved in one-carbon metabolism as it
affects the availability of methyl donors, such as s-adenosylmethionine, and thus DNA
and histone methylation [149]. In particular, zinc deficiency reduces the utilization of
methyl groups from S-adenosylmethionine [150] in rat liver, resulting in global DNA
hypomethylation [204]. That is because SAM is the major methyl donor in cells and is
synthesized directly from methionine by the zinc-dependent enzymes, methionine
synthase and BHMT [205]. Thus, inadequate zinc has the potential to change methylation
patterns, and could therefore lead to infertility or birth defects.
In the male, zinc is found in the prostate and seminal fluid in high levels and zinc
levels have been identified as indicators of prostatic secretory function. Studies have
suggested that dietary zinc deficiency may influence Leydig cell synthesis of testosterone
and conversion of testosterone into dihydrotestosterone [206]. Thus, zinc deficiency in
males could disturb normal sexual development and cause hypogonadism, resulting in
poor semen quality and sperm structure, including impaired sperm motility, head
morphology and reduced viable sperm numbers [207, 208].
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In the female, zinc deficiency also causes sexual malfunctions. Inadequate zinc
during pregnancy could result in malformations and difficult delivery in the rat and lamb
[209]. Shaw et al., reported that female rabbits with severely limiting access to zinc
exhibited no interest in the males and also ovulation failure [4]. It has been demonstrated
that severe zinc deficiency in pregnant animals is associated with the teratogenic effects
with a high risk for pregnancy complications, including gross structural birth defects,
prematurity, low birth weight, and immunological abnoramlities after birth [186]. But the
intercellular mechanisms regulated by zinc that are important for female reproduction,
especially ovarian function, are not been completely understood.
Some recent studies have drawn our attention to the important role of zinc during
oocyte maturation [3, 5, 210, 211]. Synchrotron-based X-ray fluorescence microscope
provides the total zinc content in single cell analysis and reveals that intercellular zinc
concentration increases by more than 50% during oocyte maturation [5]. In vitro, using a
heavy metal chelator N,N,N′,N′-tetrakis-(2-pyridylmethyl)-ethylenediamine (TPEN), it
has reported that TPEN-treated oocytes exhibit abnormal maturation phenotypes,
including enlarged polar bodies, increased symmetric division and telophase I arrest,
suggesting zinc is required for the establishment and maintenance of the second meiotic
arrest at MII [5]. However, MAPK3/1, which is the downstream effector of the MOS
pathway, is not affected by zinc depletion, indicating that requirement of zinc is not
mediated through the MOS-MAPK pathway [212]. However, even with the presence of
potent meiotic inhibitors, TPEN-treated oocytes still resume meiosis, which is mediated
by activation of the MOS pathway [213]. Zinc homeostasis regulates the first meiotic
arrest via MOS expression, whereas zinc is involved in initate MII entry and arrest
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through modulating the cell cycle regulator EMI2, which is a zinc-binding protein [213].
By investigating the dynamics of zinc during fertilization, zinc is also found to participate
in egg activation by either fertilization or parthenogenesis and triggers a series of
coordinated events called zinc sparks [214]. Collectively, these findings suggest that zinc
regulates the progression of oocyte maturation, especially at the transitions of each
meiotic arrest point. Zinc plays a critical role for the completion of meiosis I and the
maintenance of metaphase II in mouse oocytes [5, 212, 213].
Thus, zinc is a very important element in reproductive health and zinc
supplementation may be beneficial to prevent and reduce complications during
pregnancy. Beyond meiosis I, little is known regarding the role of zinc during different
stages of follicular development. The periovulatory period is a critical transition during
follicular development. What is the role of zinc in ovarian function during this stage?
How do zinc signalling pathways control oocyte maturation, cumulus function and
ovulation? Defects in the oocyte could maternally transmit to the embryo and further as
developmental abnormalities in fetal growth and organ development through epigenetic
effects on placental and fetal genome. Nutritional deficiencies during pregnancy can
impair development and postnatal health by altering specific epigenetic marks. However,
the specific effects of zinc deficiency before versus after conception have not been
defined. These are the central questions of my research program.
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Abstract
Shortly before ovulation the oocyte acquires developmental competence and
granulosa cells undergo tremendous changes including cumulus expansion and
luteinization. Zinc is emerging as a key regulator of meiosis in vitro, but a complete
understanding of zinc-mediated effects during the periovulatory period is lacking. The
present study uncovers the previously unknown role of zinc in maintaining meiotic arrest
before ovulation. A zinc chelator (TPEN) caused premature GVBD and associated
spindle defects in denuded oocytes even in the presence of a PDE3a inhibitor (milrinone).
TPEN also potently blocked cumulus expansion by blocking induction of expansionrelated transcripts Has2, Ptx3, Ptgs2, and Tnfaip6 mRNA. Both meiotic arrest and
cumulus expansion were rescued by exogenous zinc. Lack of cumulus expansion is due
to an almost complete suppression of pSMAD2/3 signaling. Consistent with a decrease
in pSMAD2/3 signaling, TPEN also decreased cumulus transcripts (Ar and Slc38a3) and
caused a surprising increase in mural transcripts (Lhcgr and Cyp11a1) in cumulus cells.
In vivo, feeding a zinc deficient diet (ZDD) for 10 days completely blocked ovulation and
compromised cumulus expansion. However, 42.5% of oocytes had prematurely resumed
meiosis before hCG injection, underscoring the importance of zinc before ovulation. A
more acute 3 day treatment with a ZDD did not block ovulation, but did increase the
number of oocytes trapped in luteinizing follicles. Moreover, 23% of ovulated oocytes
did not reach metaphase II due to severe spindle defects. Thus, acute zinc deficiency
causes profound defects during the periovulatory period with consequences for oocyte
maturation, cumulus expansion and ovulation.
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Introduction
The periovulatory period is a critical transition during follicular development.
Until just before ovulation, the oocyte is held in prophase I arrest by the combined action
of mural and cumulus granulosa cells. Mural cells produce naturetic peptide precursor c
(NPPC) which binds to a receptor (NPR2) on the cumulus cells to increase cGMP
production [215]. Gap junctions mediate the transfer of cGMP from cumulus cells to the
oocyte where cGMP inhibits PDE3A (phosphodiesterase) activity to block cAMP
breakdown [216, 217]. Oocytes also express two G-protein coupled receptors, GPR3 and
GPR12, which generate cAMP in the oocyte [83, 218]. The combined effects of GPR3
and GPR12 activity and suppressed PDE3 activity maintain high intra-oocyte cAMP and
PKA levels. PKA blocks activation of maturation promoting factor (MPF), composed of
CDK1/Cyclin B1, thus preventing germinal vesicle breakdown (GVBD). In the somatic
compartment, granulosa cells are divided into mural or cumulus cell lineages depending
on the local microenvironment. Inside the basement membrane separating granulosa and
theca cell layers there is no vasculature. Granulosa cells along the periphery of the
follicle are exposed to higher concentrations of FSH and develop a mural cell phenotype
with high levels of Lhcgr and Cyp11a1 mRNA [91, 219]. The granulosa cells around the
oocyte are under direct stimulation of oocyte secreted factors acting, in large part,
through pSMAD2/3 [91] and pSMAD1/5/9 [220] signaling pathways to stimulate the
cumulus phenotype. Oocyte factors promote increased glycolysis [220, 221], cholesterol
synthesis [222], amino acid transport [223], expansion [91, 224, 225], expression of
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cumulus marker transcripts, including Ar, Amh, Slc38a3 and Egfr and suppression of
mural transcripts (Lhcgr and Cyp11a1) in cumulus cells [91, 226].
The LH surge initiates changes in the follicle which include oocyte maturation,
cumulus expansion and ultimately ovulation and luteinization. LH activates the
PKA/cAMP pathway to induce EGF-like peptides (EGF-LP) from mural granulosa cells,
which in turn transmit and amplify the ovulatory signal throughout the follicle by autoamplification of EGF-LP in mural and cumulus cells [85, 227-229]. This is critical since
mouse cumulus cells do not express Lhcgr mRNA (LH receptor) [91, 219]. Activation of
the EGF receptor (EGFR) by EGF-LP decreases cumulus cell cGMP production and
closes gap junctions, thus, lowering cGMP levels in the oocyte and promoting PDE3a
activation. PDE3a will then degrade cAMP and inactivate PKA which allows activation
of MPF [216, 229-231]. MPF mediates germinal vesicle breakdown and meiotic
progression until metaphase II. In cumulus cells, EGFR activation of MAPK3/1 in
conjunction with oocyte-stimulated pSMAD2/3 signaling induces expansion related
transcripts (Has2, Ptgs2, Ptx3 and Tnfaip6) and cumulus expansion [88-90, 232]. Thus,
LH-induced signals initiate a cascade of events to promote both cumulus expansion and
oocyte maturation.
Zinc is a transition metal important for reproduction. In males, zinc deficiency
leads to poor semen quality, impaired sperm motility, abnormal head morphology and
reduced number of viable sperm [207, 208, 233]. In females, dietary zinc deficiency
causes developmental problems throughout pregnancy [234-236]. Prolonged zinc
deficiency in rabbits causes decreased mating frequency and lack of CL formation [4].
Recently a role for zinc in the completion of meiosis I was demonstrated in vitro [3, 199,

41

237]. However, the zinc dependent mechanisms controlling cumulus cell function and
oocyte development during the periovulatory period are largely unknown. In this study,
using in vitro and in vivo methods, we uncover dramatic effects of acute zinc deficiency
on cumulus expansion, ovulation and regulation of GVBD.

Materials and methods

Animals
Female CD1 mice (Mus musculus) were obtained from the research colony of the
investigators. For in vitro experiments, ovaries were collected from 21-day-old mice
48 hours after I.P. injection of 5 IU PMSG (National Hormone and Peptide Program,
NIDDK). For in vivo experiments, animals (18 days) were weaned and fed treatment
diets as described below. Animals were maintained according to the Guide for the Care
and Use of Laboratory Animals (Institute for Learning and Animal Research). All animal
use was reviewed and approved by the IACUC committee at The Pennsylvania State
University.

In vitro culture of COC and oocytes
Cumulus-oocyte complexes (COCs) were collected from PMSG-primed mice (48
hours). Ovaries were collected aseptically and placed in MEM-alpha (Life Technologies,
Inc., Grand Island, NY) with Earles salts, 75 mg/L penicillin G, 50 mg/L streptomycin
sulfate, 0.23 mM pyruvate, and 3 mg/ml BSA. COC were released from antral follicles by
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gentle puncture with a syringe and needle. Fully-grown denuded oocytes (FGOs) were
isolated from COCs by gentle pipetting to remove the cumulus cells. To prevent
spontaneous resumption of meiosis, some oocytes and COC were cultured in the presence
of the PDE3A-specific inhibitor, milrinone (10 μM). In some experiments, oocytes and
COC were exposed to the membrane-permeable transition metal chelator N,N,N′,N′tetrakis (2-pyridylmethyl) ethylenediamine (TPEN). FGO (2 oocytes/ μl) or COC (1
COC/ μl) were cultured for 4-20 hours as indicated in the figure legends. For expansion
experiments, COC were cultured in bicarbonate-buffered MEM-alpha plus 10 % FBS in
the following groups: Control, EGF (10 ng/ml), TPEN (10 ∆M), EGF plus TPEN or EGF
plus TPEN and Zinc (10 μM) for 15 hours. For measuring expansion transcripts, COC
were cultured for 6 and 10 hours and COC were then frozen until RNA isolation.

Histology
For histological analysis, ovaries were fixed in 4% paraformaldehyde and
embedded in paraffin. Ovarian sections (5 μm) were stained with hematoxylin and eosin
using standard methods.

Immunofluorescence
Oocytes were fixed in microtubule stabilizing buffer (2.5 mM EGTA, 5 mM
MgCl2, 0.1 mM PIPES, 2%PFA, 2.5 mM Triton-X) for 30 minutes at 37oC. After fixing,
oocytes were washed (3×) in PBST (1%BSA) and blocked in goat serum blocking buffer
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(PBS, 2% goat serum, 1% BSA, 0.1% Triton-X and 0.05% Tween 20) for 50 minutes at
37oC followed immediately by incubation with anti-α-tubulin (1:200, Sigma), anti-γtubulin (1:200, Sigma), anti-trimethylated histone H3K4 (1:400, Cell Signaling, Beverly,
MA) and anti-acetylated histone H4K9 (1:200, Cell Signaling, Beverly, MA) for 50
minutes at 37oC. After washing (3×) in PBST, oocytes were incubated with goat antimouse IgG Alexa Fluor 488 (1:1000, Molecular probes) and phalloidin-TRITC (10
μg/ml, Sigma) for 30 minutes at 37oC followed by washing (3×) with PBST. Oocytes
were mounted in DAPI anti-fade gold (Invitrogen) on glass slides with etched rings to
prevent oocytes from being ruptured by the cover slip. Slides were imaged with an epifluorescent microscope (AxioScope 2 Plus, Leica, Bannockburn, IL) and a DP20
Olympus digital color camera and DP software or by confocal microscopy using an
Olympus Fluoview 1000 confocal microscope.

cAMP assay
Groups of 200-250 oocytes were cultured in medium with or without TPEN (10
μM) for 6 or 10 hours. At the end of each incubation period, samples were lysed in 100 μl
of 0.1M HCl on ice for 10 minutes and stored in -80oC until analyzed for cAMP content.
All samples and standards were acetylated and intracellular concentration of cAMP was
determined by EIA kit according to the manufacturer’s instructions (Cayman Chemical
Company, Ann Arbor, MI, USA).
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MPF kinase assay
The CDK1 (CDC2) kinase assay was performed as described by Ito and
colleagues [238] using the MESACUP CDK1 kinase assay kit (MBL International)
according to the manufacturer’s instructions. Briefly, ten mouse oocytes were collected at
each time point and lysed in 5 μl kinase sample buffer, containing 50 mm Tris (pH 7.5), 5
mm EDTA, 0.5 m NaCl, 50 mm 2-mercaptoethanol, 0.01% Brij 35, 25 mm βglycerophosphate, 1 mmNa3VO4, 1 mm phenylmethylsulfonyl fluoride, and 50 μg/ml
leupeptin. The lysates were incubated with 45 μl kinase assay buffer containing 25 mM
Hepes buffer (pH 7.5), 10 mM MgCl2 (MBL), 10% (v/v) mouse vimentin (MV) peptide
solution (SLYSSPGGAYC), and 0.1 mM ATP (Sigma) for 30 min at 30oC.
Phosphorylated MV peptide was detected by ELISA assay which is contained in the kit.
Results were expressed as optical density (OD) at 492 nm. Three independent groups of
oocytes were analyzed in duplicate. GV and MII oocytes served as reference samples for
cells with low and or high MPF activity.

Western blotting
Thirty-five COCs were treated with control medium or TPEN (10 μM) for 6 hours
(pSMAD2) or with control medium, EGF (10 ng/ml), TPEN (10 μM), and EGF plus
TPEN for 4 hours (pMAPK3/1). Samples were denatured and prepared for western
blotting as previously described [232]. Primary antibodies used were rabbit antipSMAD2 (1:500, Cell Signaling, Beverly, MA), rabbit anti-ACTB (1:5000, Sigma) and
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rabbit anti-pMAPK3/1 (1:1000, Sigma). The secondary antibody used was a horseradish
peroxidase conjugated goat anti-rabbit (1:2000, Invitrogen, Carlsbad, CA).

Total RNA isolation and qPCR
Total RNA was isolated from COCs using the RNAeasy micro kit (Qiagen,
Valencia, CA). Total RNA was reverse transcribed into cDNA using the Quantitek cDNA
synthesis kit (Qiagen, Valencia, CA). Quantification of cumulus and mural cell
transcripts was conducted using gene specific primers (Table 3-1) by the 2-∆∆Ct method
using Rpl19 as the normalizer as described previously [239, 240]. Only one product of
the appropriate size was identified for each set of primers and all amplification products
were sequenced to confirm specificity.

Zinc deficient diet
To investigate effects of acute zinc deficiency in vivo on periovulatory ovarian
function, 18 day-old weaned mice were housed on wire-bottom racks in polycarbonate
cages and given a control diet (29 mg zinc/kg) based on AIN76 or a zinc deficient diet
(ZDD) based on the control diet with zinc supplement omitted (<1 mg zinc/kg) for 3 or
10 days. Diets were purchased from MP Biomedicals (Solon, OH). Animals were
primed with PMSG 48 hours before the end of treatment. Oocytes and ovaries were
collected on day 3 and day 10 from 4-5 animals/group. A separate group of animals were

46

treated as above except they received an ovulatory dose of hCG (5 IU) on day 3 or 10.
Oocytes and ovaries were collected 13 hours later from 4-5 animals/group.

Statistical analysis
The percentage of oocytes undergoing GVBD was calculated for each replicate
and transformed (arcsine) before analysis. Results from GVBD, cAMP, number of
oocytes ovulated and qPCR were analyzed by either student’s t-test or two-way ANOVA
followed by Tukey's HSD post hoc test if a positive F test was detected. The JMP 7.1
statistical analysis software (SAS, Cary, NC) and Microsoft Excel were used for analysis.

Results

Zinc is required for maintenance of meiotic arrest
In experiments designed to test the effect of zinc on cumulus cell function (see
below), we observed that TPEN induced GVBD even in the presence of a PDE3a
inhibitor, milrinone. To test whether TPEN affects GVBD in denuded oocytes, we
cultured oocytes with milrinone alone, milrinone and TPEN or milrinone, TPEN and zinc
(10 μM) for 10-20 hours (Figure 3-1). Prior to 10 hours there was no difference in the
rate of GVBD between control and TPEN oocytes (data not shown). None of the control
oocytes underwent GVBD during the treatment period (N=88) (Figure 3-1A,D). At 10
hours, 80% of TPEN oocytes (N=115) had undergone GVBD and this increased to 91%,
97 and 99% by 14, 16 and 20 hours, respectively (Figure 1B, D, P<0.05). Zinc
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supplementation restored meiotic arrest and only 2% of oocytes (N=85) had resumed
meiosis by 20 hours (Figure 3-1C-D). Even though TPEN caused resumption of meiosis,
oocytes did not reach metaphase II as indicated by a lack of polar body extrusion
(Figure 3-1B). To further assess meiotic defects caused by TPEN, we analyzed spindle
morphology by immuno-fluorescence staining with anti-tubulin (α and γ), phalloidinTRITC and DAPI to stain microtubules, actin filaments and DNA, respectively. As
shown in Figure 3-2A, control oocytes were effectively maintained at the GV stage with
the chromatin in a surrounded nucleolus [50] configuration. However, TPEN-treated
oocytes resumed meiosis as indicated by GVBD and chromosome condensation, but were
unable to complete the first meiotic division (Figure 3-2B). To examine the effect of zinc
deficiency in vivo, weaned mice were fed control or zinc-deficient diet for 10 days.
Animals were primed on day 8 with PMSG to stimulate follicular development. In
animals on a zinc deficient diet, 42.5% of oocytes had undergone precocious GVBD in
the absence of an ovulatory signal (Figure 3-2C, P<0.05), while oocytes from control
mice had an intact GV (Figure 3-2C-D). Confocal immunofluorescence of oocytes from
ZDD mice showed several types of abnormal spindle configurations, including arrest at
metaphase I and late telophase (Figure 3-2E).

Effect of TPEN on cAMP concentration and MPF activation
To determine whether cAMP levels decrease in TPEN-treated oocytes, we
measured cAMP in control and TPEN oocytes before (6 hours) and during (10 hours)
GVBD. Surprisingly, TPEN caused a significant increase in cAMP in oocytes at 6 hours
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(Figure 3-2F, P<0.05), while by 10 hours, levels of cAMP did not differ between control
and TPEN oocytes (Figure 3-2F). TPEN-induced GVBD is caused by increased MPF
activity by 10-14 hours, an effect blocked by exogenous zinc (Figure 3-2G, P<0.05).

Zinc depletion causes changes in histone modification
Changes in histone modifications are associated with oocyte maturation.
Acetylation of various amino acid residues on histone H3, including lysine 9, is
decreased during maturation [241]. Consistent with the initiation of maturation,
acetylation of H3K9 was completely abolished by TPEN (Figure 3-2H), even in oocytes
that retained the SN chromatin configuration. Another histone modification,
trimethylated H3K4, is stable during oocyte maturation [242] and was not altered by
treatment with TPEN (Figure 3-2I). At least 25 oocytes from 3 different animals were
analyzed for histone modifications.

Effect of TPEN on cumulus expansion
To address whether the high intracellular zinc levels are required for cumulus
expansion, intact COCs were cultured as follows: control medium; EGF (10 ng/ml);
TPEN (10 μM); EGF plus TPEN or EGF plus TPEN and Zinc (10 μM) for 15 hours.
Cumulus cells in the control group attached to the culture dish, while EGF treatment
stimulated robust cumulus expansion (Figure 3-3A). However, TPEN treatment alone
prevented cumulus cells from attaching to the substrate and completely blocked EGF-
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induced cumulus expansion (Figure 3-3A). Supplemental zinc restored EGF-induced
cumulus expansion (Figure 3-3A). The effect of TPEN on concentration of expansionrelated transcripts differed at 6 and 10 hours (Figure 3-3B-C). At 6 hours, TPEN
effectively inhibited EGF-induction of Has2 and Ptx3, mRNA, but not Ptgs2 or Tnfaip6
mRNA (Figure 3-3B). Zinc supplementation restored both Has2 and Ptx3 mRNA, but
had no effect on Ptgs2 and Tnfaip6 mRNA (Figure 3-3B). However, at 10 hours all four
transcripts were effectively inhibited by TPEN, although Ptgs2 and Tnfaip6 mRNA were
still higher than the control group (Figure 3-3C). These time point were chosen based on
previous determination of maximum induction of expansion transcripts during in vitro
maturation [91, 240].

Effect of TPEN on pSMAD2 and MAPK3/1 activation
To determine whether TPEN affects pSMAD2 activation, COC were incubated in
medium alone (control) or with TPEN for 6 hours. After culture, 35 COC per group were
analyzed by western blot. In control COC, pSMAD2 levels were high (Figure 3-3D), but
TPEN markedly reduced pSMAD2 levels after 6 hours (Figure 3-3D). To test the effects
of TPEN on pMAPK3/1 activation, COC were treated with medium only, EGF (10
ng/ml), TPEN (10 μM) or both EGF and TPEN for 4 hours. This time point was chosen
based on robust pMAPK3/1 activation in previous reports [240]. However, unlike for
pSMAD2 activation, TPEN did not prevent EGF-induced pMAPK3/1 activation
(Figure 3-3E).
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Effect of TPEN on cumulus and mural transcripts
Since TPEN inhibited pSMAD2 activation, we sought to determine whether
cumulus and mural transcripts were altered by TPEN. In cumulus cells from COC
treated with TPEN for 20 hours, levels of Ar mRNA were much lower and levels of
Slc38a3 were undetectable (Figure 3-4F, P<0.05). Amh mRNA decreased, but was not
significantly different after TPEN treatment (Figure 3-4F). In contrast to the cumulus
transcripts, TPEN alone dramatically increased mural transcripts, Cyp11a1 and Lhcgr
mRNA, by 20-60 fold (Figure 3-4G, P<0.05).

In vivo zinc deficiency impairs oocyte maturation, cumulus expansion and ovulation
TPEN caused defects in oocyte maturation, cumulus expansion and gene
expression in vitro. To test whether zinc deficiency in vivo has similar effects, newly
weaned mice were fed a control or zinc deficient diet (ZDD) for 3 or 10 days. Animals
were fed the same amount of feed and bodyweight did not differ on day 3 (control 18.47
±0.87 g; ZDD, 17.88±1.00 g), but was slightly reduced on day 10 in the ZDD group
(control, 21.72±0.35 g; ZDD, 18.39±1.10 g, P<0.05), although this did not reduce growth
of antral follicles in ZDD animals (Figure 3-5C). To test ovulatory capacity, animals
were induced to ovulate with PMSG (48 hours) followed by hCG (13 hours). Already
mentioned was the dramatic increase in premature GVBD before an ovulatory signal in
PMSG-primed animals on a ZDD for 10 days (Figure 3-5C). In addition to promoting
GVBD in oocytes, a ZDD for 10 days completely blocked ovulation as indicated by the
near absence of oocytes in the oviduct of superovulated mice (1.0±0.8 ZDD vs 18.2±4.1
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oocytes/mouse, Figure 3-5A). Histological examination of control ovaries revealed
abundant CL (Figure 3-5B). Dramatically, animals in the ZDD group had large
unruptured follicles with no evidence of ovulation or CL formation (Figure 3-5C).
Moreover, COC within these follicles showed various degrees of expansion from fairly
normal expansion to little or no expansion (Figure 3-5C-F), even though the oocytes had
resumed meiosis (Figure 3-5F and Figure 3-2C). In animals receiving a ZDD for 3 days,
there was no difference in ovulation rate between control and ZDD mice (Figure 3-6A).
The ovaries of control animals had normal CL formation indicating ovulation had
occurred (Figure 3-6B). However, examination of ovarian sections from ZDD animals
revealed significantly more trapped oocytes in animals receiving ZDD compared to
controls (5±0.70 ZDD; 2±0.63 control, P<0.05)(Figure 3-6C-F). Moreover, while a ZDD
for 3 days did not decrease the number of ovulated oocytes, only 77% of oocytes had
reached metaphase II compared to 98% for controls (Figure 3-6G, P<0.05). Spindle
morphology was normal in control oocytes (Figure 3-6H). However, as with animals
treated with a ZDD for 10 days and oocytes treated with TPEN in vitro, ovulated oocytes
from animals treated for 3 days with a ZDD had various spindle defects including arrest
at metaphase and late telophase of meiosis I (Figure 3-6I).

Discussion
Ovulation is regulated by several coordinated pathways to stimulate oocyte
maturation, cumulus expansion and follicle rupture. The main findings of this study are
that zinc is intimately involved in controlling oocyte maturation and granulosa cell

52

function before and during ovulation. Zinc deficiency blocks cumulus cell
differentiation, cumulus expansion and follicle rupture. One important pathway disrupted
by zinc deficiency in granulosa cells is activation of pSMAD2/3. In GV-stage oocytes,
zinc deficiency causes premature resumption of meiosis, but once GVBD occurs, zinc
deficiency prevents completion of maturation and oocytes fail to reach metaphase II. The
dramatic effect of acute zinc deficiency in vivo and in vitro on both oocyte and somatic
cell function has implications for the treatments and management of human infertility and
contraception. In particular, the modulation of zinc availability during ovulation and in
vitro maturation could be used to improve oocyte fertility during assisted reproduction or
potentially as a contraceptive agent to prevent ovulation.

Zinc is required to maintain meiotic arrest before ovulation
Total zinc content increases 30-50% in oocytes during in vitro maturation [199].
Nevertheless, even with lower levels of zinc in GV oocytes we clearly demonstrate a
previously unknown role for zinc in maintaining meiotic arrest before ovulation. In
antral follicles, the oocyte remains in prophase I of meiosis due to the activity of several
reinforcing mechanisms to maintain high cAMP/PKA in the oocyte which then prevents
the activation of MPF (CDK1/Cyclin B1). In vitro, oocytes will spontaneously mature
unless cultured with PDE3a inhibitor, such as milrinone. Surprisingly, TPEN caused
GVBD in virtually all oocytes even in the presence of milrinone. Exogenous zinc
prevented GVBD indicating the effect of TPEN was zinc-specific. However, TPENinduced maturation does not occur until approximately 10 hours. This is much later than
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spontaneous maturation of denuded oocytes where 99% have undergone GVBD by 2
hours [243]. Nevertheless, TPEN induced GVBD in >90% of oocytes signifying that it
activates a robust mechanism. These results show that a zinc-dependent process is
required to maintain meiotic arrest. Interestingly, zinc is also required to maintain
metaphase II arrest [244], but the mechanism controlling arrest in GV oocytes likely
differs from MII eggs since MPF activity is low in GV oocytes, but high in MII eggs.
One zinc target protein mediating MII arrest is Early Meiosis Inhibitor 2 (EMI2), which
blocks Cyclin B1 ubiquination and degradation by inhibiting the anaphase promoting
complex (APC) [245, 246]. EMI2 contains a zinc binding region (ZBR) that is essential
for blocking APC activity during MII arrest [244, 246, 247]. In frogs and mice, mutation
of the EMI2 ZBR completely abolishes cytostatic activity [247, 248], demonstrating that
this zinc binding motif is essential for maintaining MII arrest.
Fully-grown oocytes are transcriptionally silent [249-251]. Therefore, in order for
GVBD to occur, TPEN must alter the activity of one or more intracellular proteins to
activate MPF. The increase in MPF activity by 10 hours indicates that TPEN treatment
induced a true meiotic event and not simply non-specific degradation of the GV.
Interestingly, TPEN does not seem to activate MPF by decreasing cAMP. In fact, TPEN
actually increased cAMP at 6 hours. At 10 hours cAMP was not different from control
oocytes, even though GVBD was in full swing. This was completely unexpected since
GVBD does not normally occur in the presence of high cAMP. One possibility is that
TPEN treatment causes increased production of the cAMP metabolite, 5’AMP, that will
then activate the kinase, PRKA. As with TPEN, chemical activators of PRKA can
overcome meiotic arrest maintained by milrinone with similar kinetics as TPEN [252].
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Moreover, the relative decrease in cAMP from 6 to 10 hours in TPEN treated oocytes
could generate enough 5’AMP to activate PRKA and promote GVBD as shown
previously [253]. This concept is supported in cancer cells where zinc deficiency
increases cAMP [254]. There are two ways that TPEN or zinc deficiency could increase
cAMP in oocytes. One way is by further suppressing PDE3a activity, which is normally
stimulated by zinc [255, 256] and the second is by stimulating adenylate cylase activity,
which is normally suppressed by zinc [257]. How zinc deficiency increases cAMP in
oocytes and whether this transient increase is responsible for GVBD remains unknown,
but clearly zinc is a major player in preventing meiotic resumption in oocytes.
Although GVBD occurs in TPEN-treated oocytes, meiosis does not proceed
normally. Similar to previous findings [199], TPEN caused severe spindle defects and
failure to properly segregate homologous chromosomes. Most oocytes either arrest at MI
or progress to late telophase before meiotic progression is halted. However, unlike
findings by Kim and colleagues [199], we did not observe symmetrical cell division in
oocytes treated with TPEN and milrinone. Other changes associated with maturation also
occur in TPEN-treated oocytes. For example, histone acetylation normally decreases
dramatically, while methylation is not affected in mature oocytes compared to GV-stage
oocytes [241, 242]. Our results show that TPEN treatment completely abolishes histone
H3K9 acetylation, but had no effect on histone H3K4 trimethylation. These changes
further emphasize that zinc is involved in regulation of chromatin modification, but
whether this is a direct effect on chromatin modifying proteins or an indirect result of
precocious maturation is unclear.
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The essential role of zinc in preventing premature GVBD was also demonstrated
in vivo by feeding mice a zinc deficient diet (ZDD) for 10 days. This relatively acute
period of zinc deficiency caused 42.5% of oocytes to undergo GVBD in the absence of an
ovulatory stimulus. This is a rather dramatic effect of short-term zinc deficiency and
shows how sensitive the ovary is to conditions where zinc is limiting. Perhaps zinc
transport into the oocyte is not very efficient and any decrease in follicular zinc would
quickly cause zinc deficiency in the oocyte. Spindle defects in oocytes from ZDD mice
were identical to TPEN-treated oocytes confirming that zinc is an essential factor for
maintaining meiotic arrest and for completion of meiosis I in vivo. An even shorter 3-day
ZDD treatment did not cause premature GVBD (data not shown), but did result in failure
to complete meiosis I as indicated by the absence of a polar body in 23% of ovulated
eggs. As in TPEN-treated oocytes, spindle defects after 3 days on a ZDD are consistent
with a failure to complete meiosis I. Thus, even a very acute exposure to a zinc deficient
diet (3-10 days) results in significant meiotic defects. This could be an underappreciated
source of reproductive dysfunction in individuals receiving an otherwise adequate zinc
diet or individuals suffering marginal, but prolonged zinc deficiency caused by alcoholinduced liver damage [258, 259].

Cumulus cell function is dependent on zinc
Cumulus expansion is an essential ovulatory process [260] that requires activation
of MAPK3/1 by EGF-LP and of pSMAD2/3 by oocyte-secreted factors which together
stimulate the expansion-related transcripts, Has2, Ptgs2, Ptx3 and Tnfaip6 mRNAs [91,
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224, 240, 261-263]. Significantly, TPEN completely blocked cumulus expansion, an
effect rescued by exogenous zinc. TPEN did not prevent EGF from inducing MAPK3/1
activation, but it remains to be determined whether TPEN diminishes MAPK3/1
activation. However, TPEN blocked EGF-induction of Has2 and Ptx3, but not Ptgs2 or
Tnfaip6 mRNA at 6 hours. In contrast, all four transcripts were inhibited at 10 hours.
This pattern is identical to that observed using a pSMAD2/3-specific inhibitor, SB431542
[91]. Indeed TPEN completely suppressed pSMAD2 by 6 hours. This effect alone is
sufficient to block cumulus expansion [91], but effects on other proteins cannot be ruled
out. One possible mechanism to explain how TPEN decreases pSMAD2 levels is that
zinc is required as a cofactor for pSMAD2/3 complexes to bind DNA [264, 265].
Insufficient zinc could cause pSMAD2/3 protein complexes to dissociate from the
chromatin and be targeted for degradation. The zinc transporter, SLC39A13, controls
BMP or TGFβ signaling by regulating the availability of zinc to bind SMAD proteins in
connective tissues [266], providing further support for a zinc-SMAD interaction. Other
possibilities are that zinc deficiency could directly increase pSMAD2/3 protein
degradation, decrease the kinase activity of the Type 1 receptors that phosphorylate
SMADs or potentially activate phosphatase enzymes that dephosphorylate pSMADs in
cumulus cells. Nevertheless, the novel observation that zinc-dependent mechanisms
regulate SMAD signaling in the follicle represents a clear advance in our understanding
of the regulation of this important pathway for ovarian development. These results also
suggest that zinc may be important for the action of other important regulatory factors
that signal through SMAD-mediated pathways. Many of these factors such as GDF9,
activin, TGF-beta, and BMPs act throughout follicular development. Whether
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perturbations in zinc metabolism affect development of preantral follicles is an intriguing
and open question.
A second main finding in regard to cumulus cell function is that zinc plays a
crucial role in determining the levels of cumulus versus mural cell transcripts. Cumulus
cell differentiation is driven by secreted factors emanating from the centrally located
oocyte, while the mural cell lineage develops under the influence of gonadotropins,
particularly FSH [91, 267]. A hallmark of these two cell lineages is that they express
different subsets of transcripts. Cumulus cells express Amh, Ar, and Slc38a3 mRNA at
much higher levels, while mural granulosa cells express higher levels of Lhcgr and
Cyp11a1 mRNA [91, 223]. Oocyte secreted factors acting through pSMAD2/3 signaling
pathways promote cumulus transcript levels and inhibit mural transcripts [91, 226, 263].
Consistent with a reduction in pSMAD2/3 activation in cumulus cells, TPEN caused a
decrease in cumulus cell transcripts and, surprisingly, caused a robust increase in mural
transcripts. These observations show that TPEN treatment has transcript specific effects
and does not necessarily cause global changes in the cumulus cell transcriptome.
Furthermore, zinc deficiency alters the differentiation pathway of cumulus and perhaps
mural granulosa cells by altering the potency of SMAD2/3 signaling pathways. The large
increase in Lhcgr and Cyp11a1 mRNA, as well as Star mRNA (data not shown), in
cumulus cells also suggests that zinc may have a role during luteinization, but this
remains to be determined. Both the robust suppression of expansion-related transcripts
and the decrease in cumulus cell transcript levels demonstrate the wide ranging
consequences of zinc insufficiency in cumulus cells. In future work, it will be
particularly interesting to determine whether zinc-dependent processes affect
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progesterone production and corpus luteum development. It will take some time to
identify the totality of zinc effectors in cumulus cells and oocytes, but SMAD2/3 proteins
are an important target identified in this study.

In vivo zinc deficiency causes ovulatory defects
Zinc deficiency is common in many parts of the world [268] and in certain
populations in the US [269]. Dietary zinc deficiency is known to cause developmental
problems throughout pregnancy [234, 235]. This is not surprising since zinc is a cofactor
for many proteins, including transcription factors and enzymes, important for a variety of
cellular and developmental processes [270-272]. Zinc can also impact the developmental
potential of oocytes. Dietary zinc deficiency in rats for 3 days centered on ovulation and
fertilization results in lower quality blastocyst embryos [273, 274]. In our studies,
animals received a ZDD for 3 days ending just prior to (PMSG) or after (PMSG+hCG)
ovulation. Our results show that acute zinc deficiency causes meiotic defects in ovulated
oocytes. Whether developmental potential of these oocytes is altered is an important
question that is currently under investigation. In addition to their meiotic defects, oocytes
from ZDD animals become trapped in luteinizing follicles at a higher rate suggesting that
cumulus expansion is defective. A longer 10 day ZDD treatment caused a more severe
phenotype. Cumulus expansion was limited in many cases and follicle rupture did not
occur. Nevertheless, oocytes resumed meiosis, albeit prematurely, and with severe
spindle defects. The less robust suppression of cumulus expansion caused by zinc
deficiency in vivo compared to TPEN in vitro is probably due to a milder zinc deficiency
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caused a zinc deficient diet compared to the highly permeable TPEN. Importantly, in our
studies animals received exogenous gonadotropins to stimulate follicular development.
Therefore, any defects observed are not due to lack of gonadotropin stimulation or
insufficient follicular development. The lack of follicle rupture in the ZDD group is
likely due to inhibition of matrix metalloproteases (MMPs) and/or members of a
disintegrin-like and metalloprotease thrombospondin type 1 motif (ADAMTS) family of
peptidases, both of which require zinc as a cofactor [275, 276]. In primate preovulatory
follicles, injection of a MMP inhibitor (GM6001) blocks follicle rupture with a
phenotype similar to our ZDD animals [277].
A model of zinc action during the periovulatory period is shown in Figure 3-7.
We have uncovered dramatic effects of zinc insufficiency in preventing premature
GVBD [199, 244]. In cumulus cells, we described an important role for zinc in cumulus
expansion and pSMAD2/3 signaling and in follicles showed that acute zinc deficiency
blocks follicle rupture during ovulation. Knowledge of zinc metabolism and action in the
oocyte, cumulus cells, and early embryo could lead to improved in vitro maturation
procedures for human IVF which are very inefficient (4-27% clinical pregnancy/transfer)
[278-280]. In cattle, zinc supplementation of IVM medium improves blastocyst
production from 17% to 30% [281]. Also, large influx and efflux of zinc ions during
fertilization and in early zygotes suggests a role for zinc as a signaling molecule during
early development [282]. Thus our current findings firmly establish zinc as an essential
factor for full fertility.
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Table 3-1: Primer sequences used for quantitative PCR
Gene
symbol

Forward

Reverse

Amh

AGCTGGACACCATGCCTTT

TTCGAAGCCTGGGTCAGA

Has2

GACCCTATGGTTGGAGGTGTT

ATAAGACTGGCAGGCCCTTT

Lhcgr

GGATAGAAGCTAATGCCTTTGACAAC

TAAAAGCACCGGGTTCAATGTATAG

Ptgfr

GCAGATCTCACCACCTGGA

CACTGGGGAATTATTTCCATTTATT

Ptgs2

TCCATTGACCAGAGCAGAGA

TTCTGCAGCCATTTCCTTCT

Ptx3

TGGCTGAGACCTCGGATGAC

GCGAGTTCTCCAGCATGATGA

Tnfaip6

GAACATGATCCAGGCTGCTT

GGTCATGACATTTCCTGTGCT

Rpl19

TTCAAAAACAAGCGCATCCT

CTTTCGTGCTTCCTTGGTCT
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Figure 3-1: Brightfield images and proportion of oocytes undergoing GVBD.

Brightfield images of oocytes cultured for 10, 14, 18 and 20 hours in medium containing
10 M milrinone (A), milrinone plus 10 M TPEN (B) or milrinone, TPEN and 10 M
zinc (C). Scale bar=100 m. D. Proportion of oocytes undergoing GVBD in milrinone
(M) alone, milrinone plus TPEN (MT) or milrinone, TPEN and 10 M zinc (MTZ),
Values are mean±sem. abcSignificant difference by ANOVA and Tukeys post-hoc test,
P<0.05, N=4.

63

Figure 3-2: Meiotic defects in oocytes from TPEN treatment and zinc deficient mice.
A. Spindle staining using tubulin antibodies to stain microtubules, phalloidin-TRITC to
stain actin filaments and DAPI to stain DNA in oocytes cultured in milrinone for 20
hours (control). B. Spindle staining of oocytes cultured with milrinone and TPEN (10
M) for 20 hours. C. Proportion of oocytes undergoing GVBD from mice fed a control
diet or ZDD for 10 days and primed with PMSG on day 8. D. Spindle staining of oocytes
from mice fed control diet. E. Spindle staining of oocytes from animals fed a ZDD for 10
days. F. Levels of cAMP in oocytes treated with milrinone or milrinone plus TPEN
cultured for 6 and 10 hours. G. MPF activity in oocytes treated with milrinone (M),
milrinone and TPEN (MT) or milrinone, TPEN and zinc (10 M) (MTZ) for 6, 10 and14
hours. MPF activity in GV and MII oocytes are provided as a reference. H-I.
Immunostaining for H3K9Ac and H3K4me3 in control and TPEN-treated oocytes
cultured for 20 hours. J. Negative control. A-B, D-E, scale bar=10 m. H-J, scale bar=50
m. Values are mean±sem. abcSignificant differences by ANOVA followed by Tukey’s
post hoc test. P<0.05, N=3. *Significant difference by student’s t-test (P<0.05, N=3).
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Figure 3-3: Effect of TPEN on cumulus expansion.
Panel A, Cumulus expansion in COC treated with medium only (CON), EGF (10 ng/ml),
TPEN (10 μM), EGF plus TPEN (ET), or EGF, TPEN, and zinc (ETZ) (10 μM) for 15 h.
Scale bar, 100 μm. Panel B, Levels of expansion-related transcripts Has2, Tnfaip6, Ptx3,
and Ptgs2 in COC cultured as in panel A for 6 h. Panel C, Levels of expansion-related
transcripts Has2, Tnfaip6, Ptx3, and Ptgs2 in COC cultured in control (CON), EGF,
TPEN, and EGF plus TPEN for 10 h. D, Western blot for pSMAD2 (upper band) and
actin (ACTB, lower band) in control (C) and TPEN-treated (T) COC for 6 h. E, Western
blot for pMAPK3/1 in COC treated with medium only (C, control), EGF (E, 10 ng/ml),
EGF plus TPEN (E+T), or TPEN (T, 10 μM) for 4 h. Values are mean ± SEM. a–c,
Significant differences by ANOVA followed by Tukey's post hoc test, P < 0.05; n = 4. *,
Significant difference by Student's t test, P < 0.05; n = 3–4.
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Figure 3-4: Effect of TPEN on levels of cumulus and mural marker transcripts.
F, Levels of cumulus marker transcripts (Ar, Amh, and Slc38a3) in control and TPENtreated COC cultured for 20 h. G, Levels of mural marker transcripts (Cyp11a1 and
Lhcgr) in control and TPEN-treated COC cultured for 20 h. Values are mean ± SEM. a–c,
Significant differences by ANOVA followed by Tukey's post hoc test, P < 0.05; n = 4. *,
Significant difference by Student's t test, P < 0.05; n = 3–4.
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Figure 3-5: In vivo zinc deficiency (10 d) on oocyte maturation, cumulus expansion and
ovulation.
A, Number of ovulated oocytes from mice fed a control diet or a ZDD for 10 d. Animals
were primed with PMSG on d 8 and hCG on d 10, and ovulated COC were collected 13 h
later. B, Hematoxylin- and eosin-stained sections from animals fed a control diet. Scale
bar, 500 μm. C, Hematoxylin- and eosin-stained sections from animals fed a ZDD diet.
Scale bar, 500 μm. D and E, Close-up of two large antral follicles from ZDD animals that
failed to ovulate. Scale bar, 100 μm. F, Close-up of a COC from a ZDD animal that
failed to undergo cumulus expansion, but the oocyte still matured as indicated by
condensed chromosomes. Scale bar, 50 μm. Values are mean ± SEM. *, Significant
difference by Student's t test, P < 0.05; n = 5–6.
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Figure 3-6: In vivo zinc deficiency (3 d) on oocyte maturation and ovulation.
A, Number of ovulated oocytes from mice fed a control diet or a ZDD for 3 d and primed
with PMSG on d 1 and hCG on d 3 and collected 13 h later. B-C, Hematoxylin- and
eosin-stained sections from animals fed a control diet or ZDD. Scale bar, 500 μm. D–F,
Close-up of three large luteinizing follicles on the same ovary with trapped oocytes. Scale
bar, 100 μm. G, Proportion of ovulated oocytes with a polar body from animals fed
control or a ZDD for 3 d. H, Spindle staining of ovulated oocytes from control animals
stained with antitubulin, phalloidin-TRITC, and DAPI to localize microtubules, actin
filaments, and DNA, respectively. Scale bar, 50 μm. I, Spindle staining of ovulated
oocytes from animals fed a ZDD showing examples of defective maturation in oocytes
lacking a polar body (33% of total). Scale bar, 50 μm. Arrowheads indicate location of
attached cumulus cells. Values are mean ± SEM. *, Significant difference by Student's t
test, P < 0.05; n = 4–6.

68

Figure 3-7: Model showing proposed action of zinc-dependent mechanisms in oocytes
and cumulus cells before and during ovulation.
Before ovulation, the combined effects of natriuretic peptide precursor C (NPPC) and
GPR3 and GPR12 maintain high cAMP to prevent MPF activation. NPPC binds to the
natriuretic peptide receptor 2 (NPR2) receptor and generates cGMP, which passes
through gap junctions into the oocyte and inhibits PDE3A. GPR3 and GPR12 activate
adenylate cyclase (AC) to generate cAMP in the oocyte. Zinc enters the oocyte and
cumulus cells through specific transporters. In oocytes, zinc may negatively regulate
cAMP levels by inhibiting adenylate cyclase and stimulating PDE activity. Additionally,
zinc is involved in preventing meiotic resumption by regulating MPF or downstream
processes to prevent premature GVBD. In cumulus cells, zinc is required to enable
pSMAD2/3 signaling to maintain the cumulus phenotype. After the LH surge, EGF-LP in
conjunction with zinc-enabled pSMAD2/3 signaling promotes cumulus expansion. In
oocytes, a zinc-mediated process is required for completion of meiosis I.
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Abstract
Recent findings show that zinc is an important factor necessary for regulating the
meiotic cell cycle and ovulation. However, the role of zinc in promoting oocyte quality
and developmental potential is not known. Using an in vivo model of acute dietary zinc
deficiency, we show that feeding a zinc deficient diet (ZDD) for 3-5 days before
ovulation (preconception) dramatically disrupts oocyte chromatin methylation and
preimplantation development. There was a dramatic decrease in histone H3K4
trimethylation and global DNA methylation in zinc deficient oocytes. Moreover, there
was a 3-20 fold increase in transcript abundance of repetitive elements (Iap, Line1,
Sineb1, Sineb2), but a decrease in Gdf9, Zp3 and Figla mRNA. Only 53% and 8% of
mature eggs reached the 2-cell stage after IVF in animals receiving a 3 and 5 day ZDD,
respectively, while a 5 day ZDD in vivo reduced the proportion of 2-cells to 49%. In vivo
fertilized 2-cell embryos cultured in vitro formed fewer (38%) blastocysts compared to
control embryos (74%). Likewise, fewer blastocyst and expanded blastocyst were
collected from the reproductive tract of zinc deficient animals on day 3.5 of pregnancy.
This could be due to a decrease in Igf2 and H19 mRNA in ZDD blastocyst.
Supplementation with a methyl donor [150] during IVM restored histone H3K4me3 and
doubled the IVF success rate from 17% to 43% in oocytes from zinc deficient animals.
Thus, the terminal period of oocyte development is extremely sensitive to perturbation in
dietary zinc availability.
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Introduction
Development of healthy embryos and progeny is critically dependent on the
quality of the gametes and an optimal uterine environment. The quality of the maternal
epigenome, in particular, contributes significantly to promoting optimal embryonic
development and postnatal health [283, 284]. The epigenome of the oocyte is
dramatically remodeled during oogenesis. As the oocyte nears ovulation, major changes
in chromatin structure and biochemistry take place to prepare for fertilization and
embryonic development. These changes include reorganization of the chromatin from a
non-surrounded nucleolus (NSN) to a surrounded nucleolus [50] configuration where the
chromatin becomes tightly packed around the nucleolus [285-287]. Chromatin
modifications are an important component of epigenetic programming in the oocyte.
These include methylation of histone proteins and methylcytosine residues on the DNA.
Global DNA methylation is low in early oogenesis and peaks as oocytes reach full size
[288, 289]. DNA methylation is necessary to establish imprinted (monoallelic) gene
expression [290]. Maternal imprints are established during oogenesis at selected imprint
control regions (ICR) [291, 292]. Most imprinted genes are hypermethylated on the
maternal allele, with fewer, such as the Igf2/H19 loci, hypermethylated on the paternal
allele [293, 294]. Relative hypomethylation in the growing oocyte helps to maintain a
high rate of transcription [250, 295, 296]. High transcription in oocytes is necessary to
produce and store the large quantity of maternal RNAs and proteins [297-299] that are
needed as maternal factors until embryonic genome activation. However, because of the
extensive hypomethylation, many of the transcripts produced in the oocyte are of
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repetitive sequences, such as the mouse transcript (MT) family of retrotransposons,
which accounts for up to 14% of transcripts in fully-grown oocyte [83, 300-302]. Later
in oogenesis, transcription of repetitive elements including, intracisternal A particle (Iap),
long interspersed nuclear element 1 (Line1) and short interspersed nuclear element
(SINEb) are silenced by DNA methylation [303-305]. Failure to re-methylate repetitive
elements can lead to aberrant expression and/or genome instability including the increase
in DNA double-strand breaks [306]. DNA methylation also causes global transcriptional
silencing of cellular genes in fully-grown oocyte [250, 295, 307]. Histone methylation
and acetylation are another type of epigenetic modification regulated during oocyte
growth and maturation. Acetylation of histone 3 (K9 and K18), histone 4 (K5 and K12)
increase as the oocyte nears ovulation and the chromatin rearranges into a SN
configuration [288]. Likewise di- and tri-methylation of histone H3K4 and H3K9
increases in fully-grown oocytes [288]. In the one-celled zygote, histone methylation
progressively increases in the paternal pronucleus as the paternal genome is
reprogrammed after fertilization [308-310]. Deletion of genes encoding histone or DNA
methyltransferase enzymes severely compromises oocyte development and fertility [153,
311, 312]. Thus, chromatin methylation is an important component of epigenetic
programming during oogenesis.
Zinc has recently been recognized as an important factor required for completion
of meiosis and egg activation in vitro [199, 237, 244, 313, 314] and for follicle rupture
and completion of meiosis in vivo [313]. Numerous studies have shown that zinc
deficiency during pregnancy causes abnormal embryo and fetal development and poor
progeny health [234-236]. In other tissues, zinc deficiency decreases histone and DNA
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methylation [315, 316]. However, the consequence of zinc depletion during the final
period of oogenesis on chromatin methylation, fertilization and preimplantation
development has not been examined. Thus, given that, 1) zinc deficiency is known to
decreased chromatin methylation in other tissues and 2) chromatin methylation is
increasing in the oocyte during antral follicular development, we hypothesize that
preconception zinc deficiency will decrease chromatin (DNA and histone) methylation
and impair fertilization and preimplantation development. The findings provide evidence
in support of this hypothesis and establish the period of final oocyte growth as a critical
transition in oocyte epigenetic programming that is sensitive to perturbation in whole
body zinc homeostasis.

Materials and methods

Animal model of zinc deficiency
Female CD1 mice (Mus musculus) were obtained from the research colony of the
investigators. To study effects of acute in vivo zinc deficiency before ovulation on
oocyte epigenetic programming and embryonic development, newly weaned 18 day old
mice were housed on wire-bottom racks in polycarbonate cages and given a control diet
(29 mg zinc/kg) based on AIN76 (MP Biomedicals, Solon, OH) or a zinc deficient diet
(ZDD), which is the same diet as the control with zinc omitted from the mineral mix (<1
mg zinc/kg). Diets were given for 3 or 5 days before ovulation. A 5 day treatment was
chosen because in previous [313] and preliminary work (data not shown, longer
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treatments with a zinc deficient diet cause a decrease in ovulation. A 3 day treatment was
used in some experiments to show a dosage effect of a shorter dietary treatment. Animals
were primed with 5 IU eCG (National Hormone and Peptide Program, NIDDK) 2 days
before the end of the dietary treatment period. Fully-grown GV stage oocytes were
collected by gentle puncture of follicles with 25 ga needles. To collect mature eggs,
animals were primed with eCG for 48 hours and induced to ovulate with 5 IU hCG.
Ovulated oocytes were collected from the oviduct 13 hours later. To examine embryonic
development, animals were induced to ovulate with eCG/hCG and bred to a fertile male.
Only animals with a mating plug on the morning after mating were used for subsequent
analyses. Preimplantation embryos were flushed from the reproductive tract on days 1.5
(2 cell) and 3.5 (blastocysts). Importantly, at the time of hCG, animals receiving a zincdeficient diet were switched back to a control diet for the duration of the experiment. To
examine fertilization ability in vitro, female mice were superovulated at the end of a 3 or
5 day dietary treatment as described above. Ovulated oocytes were recovered from the
oviduct and fertilized in vitro as described previously [317]. Briefly, expanded cumulusoocyte complexes were released from the oviduct and directly transferred to fertilization
dish containing sperm (~10X106/ml) collected from the tail of the epididymis of a fertile
male. The medium used was MEM with 3 mg/ml BSA as described previously [317].
Complexes were incubated for 5 hours, washed of excess sperm and cultured for an
additional 20 hours (24 hours total). At the end of culture, the proportion of 2-cell
embryos was determined as a measure of fertilization. Pronuclear stage embryos were
collected 8 hours after fertilization in vitro. Animals were maintained according to the
Guide for the Care and Use of Laboratory Animals (Institute for Learning and Animal
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Research). All animal use was reviewed and approved by the IACUC committee at The
Pennsylvania State University.

Immunofluorescence
Immunofluorescence staining of control and zinc-deficient oocytes and fertilized
eggs was conducted essentially as described previously [313, 318]. Briefly, COC were
collected from eCG-primed mice (48 hours) and manually denuded by gentle pipetting to
remove the cumulus cells. Oocytes and embryos from in vitro fertilization experiments
were fixed immediately in 4% PFA for 30 minutes. After fixing, oocytes and embryos
were permeabilized with PBS (0.05% Tween and 0.5% Triton-X) for 15 min at room
temperature followed by washing (3×) in PBST (1% BSA)and then blocked in goat
serum blocking buffer (PBS, 2% goat serum, 1% BSA, 0.1% Triton-X and 0.05% Tween
20) for 1 hour followed immediately by incubation with anti-trimethylated histone H3K4
(1:400, Cell Signaling) or anti-dimethylated histone H3K4 (1:400, Cell Signaling) for 1
hour. For 5-methylcytosine (5-Mec) detection, oocytes and embryos were fixed for 15
min with 4% PFA and treated with 2N HCl for 30 min and then neutralized with TrisHCl (PH=8) for 15 minutes. After washing in PBST, cells were immunostained with
antibody against 5-methylcytosine (1:200, Calbiochem) for 1 hour. After washing in
PBST, oocytes and embryos were incubated with goat anti-rabbit IgG Alexa Fluor 594 or
goat anti-mouse IgG Alexa Fluor 546 for 1 hour followed by washing with PBST and
was mounted in DAPI anti-fade gold (Invitrogen) on glass slides with etched rings to
prevent them from being ruptured by the cover slip. Slides were imaged with a
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fluorescent microscope (AxioScope 2 Plus, Leica, Bannockburn, IL). Fluorescence
intensity was determined with Image J software. All values within a replicate were
normalized to the average integrated pixel density of the control oocytes.

Isolation of total RNA and qPCR
Total RNA was isolated from 40-50 oocytes and 10 blastocysts using the
RNAeasy micro or mini kits (Qiagen, Valencia, CA), respectively. Total RNA was
reverse transcribed into cDNA as described previously [240] using the Quantitek cDNA
synthesis kit (Qiagen, Valencia, CA ). Quantification of Gdf9, Bmp15, Figla, Zp3,
Nobox, Igf2, H19, Ddx4, Nr4a1 and Pou5f1 mRNAs was conducted using gene specific
primers (Table 4-1) and Rpl19 mRNA as the normalizer as described previously [239,
313]. Only one product of the appropriate size was identified for each set of primers and
all amplification products were sequenced to confirm specificity. Primers for repetitive
elements (Iap, Line1, Sneb1, Sineb2 and Mt) were validated previously [319].
Experiments were repeated 3-5 times and values shown are the mean ±SEM.

Statistical analysis
Results from ovulation rate, the number of 2-cell stage embryos, blastocysts and
qPCR were analyzed by either student’s t-test or two-way ANOVA followed by Tukey's
HSD post hoc test if a positive F test was detected. Proportional data was transformed
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(arcsine) before analysis. The JMP 7.1 statistical analysis software (SAS, Cary, NC) and
Microsoft Excel were used for analyses.

Results

Zinc deficiency causes epigenetic defects in oocytes
To establish that oocyte epigenetic programming is altered in zinc deficient
oocytes, we used immunofluorescence staining and measurements of nuclear
fluorescence intensity in GV-stage oocytes from control and zinc deficient animals to
measure differences in chromatin methylation. Dimethylation of H3K4 was not altered
by a 5 day treatment with a zinc deficient diet (Figure 4-1A). However, little or no
staining was observed for trimethylated histone H3K4 in zinc deficient oocytes (Figure 41B). To determine if DNA methylation might also be affected by zinc deficiency, an
antibody against 5-methylcytosine (5-MeC) was used to detect global DNA methylation.
Surprisingly, DNA methylation was also dramatically reduced in zinc deficient oocytes
compared to control oocytes (Figure 4-1C).

Preconception zinc deficiency causes aberrant gene expression in oocytes
Epigenetic defects, particularly reduced DNA methylation could interfere with
global transcriptional silencing and/or silencing of repetitive elements in oocytes. The
expression of several highly abundant and important oocyte transcripts was measured by
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qPCR as an indirect measure of transcriptional silencing. Concentration of Gdf9 and
Figla mRNA were decreased by ~50% and while Zp3 mRNA was only moderately
decreased ((P=0.08), Figure 4-2A) in zinc deficient oocytes. The concentration of Bmp15
and Nobox mRNA were not altered by zinc deficiency in oocytes. In contrast, there were
significant increases in concentrations of transcripts for various repetitive elements. Iap
transcripts increased more than 20 fold while Line1, Sineb1 and Sineb2 transcripts
increased 2-3 fold in zinc deficient oocytes. In contrast, Mt transcripts did not differ in
zinc deficient oocytes compared to controls (Figure 4-2B).

Fertilization potential in vitro is decreased by preconception zinc deficiency
To test for detrimental effects of zinc deficiency (3 or 5 day) on fertilization that
are independent of effects on the oviduct and uterus, the fertilization potential of control
and zinc-deficient oocytes was determined in vitro. Ovulation rate did not differ in either
control of zinc deficient groups treated for 3 or 5 days (Figure 4-3A). However,
fertilization rate (proportion of mature eggs that progress to the 2-cell stage) was
dramatically decreased in the ZDD group from 70% to 52% in the 3 day treatment group
and from 83% to 8% in the 5 day treatment group (Figure 4-3B-D). The dramatic
collapse in fertilization rate after a 5 day zinc deficient treatment in fertilized eggs was
caused by a failure to reach metaphase II (no polar body, 79%) or by a failure of
pronucleus fusion (pronuclei present, 21%) (Figure 4-3E-F).
To determine if chromatin methylation is altered by zinc deficiency in fertilized
eggs, oocytes from control or zinc-deficient animals (5 days) were fixed 8 hours after
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fertilization in vitro. Embryos were immunostained with an antibody recognizing
H3K4me3. Embryos from control animals showed the typical dimorphic pattern of
intense immunostaining for H3K4me3 in the maternal pronucleus with little staining
evident in the paternal pronucleus (Figure 4-4). The fertilized zinc deficient eggs
showed disorganized chromatin characteristic of meiotic failure. However, the sperm
nucleus did manage to enter the oocyte indicating that some early steps in fertilization
still occur in zinc deficient oocytes.

In vivo fertilization and blastocyst development is impaired by preconception zinc
deficiency
In contrast to the dramatic decrease in fertilization rate in vitro, fertilization in
vivo was not as dramatically affected by zinc deficiency. In vivo fertilization rate was
95% in control animals, but was reduced to 49% in ZDD animals (Figure 4-5A-B).
However, the 2-cell embryos from zinc deficient animals were less competent than
control embryos. Embryos were cultured in KSOM medium to determine the rate of
blastocyst formation. Only 38% of 2-cell embryos from zinc deficient animals reached
the blastocyst stage after in vitro culture compared to 74% of control embryos (Figure 45C-D). To test if blastocyst development in vivo is also affected, animals were fed a
control diet or zinc deficient diet for 3 and 5 days before ovulation and mated to a fertile
male as above. On day 3.5 after mating, embryos were flushed from the reproductive
tract. There was no difference in the total number of embryos recovered from the
reproductive tract in either experiment (3 day, control 38±5, ZDD 46±8; 5 day, control

80

19±3, ZDD 19±2; N=4-5). However, the proportion of blastocyst and expanded
blastocysts were reduced, while the proportion or non-blastocyst (one cell to morula) and
early blastocysts were increased in zinc deficient animals (Figure 4-6). The decrease in
proportion of blastocysts and expanded blastocysts could be related to a much lower level
of Igf2 mRNA in zinc deficient blastocyst embryos (Figure 4-7). Expression of the
linked transcript, H19, was also decreased in zinc deficient embryos, but the nonimprinted transcripts, Ddx4 (vasa) and Nr4a1 were not affected by zinc deficiency in
blastocyst embryos (Figure 4-7). Importantly, transcripts analyzed in Figure 4-7 were
measured in fully-formed blastocyst embryos from control and ZDD animals. Thus, the
decrease in Igf2/H19 mRNA is not due to an obvious difference in developmental stage.

Supplementation with SAM during IVM restores histone H3K4me3 and improves
fertilization potential of zinc deficient oocytes
The dramatic decrease in chromatin methylation in oocytes from animals
receiving a zinc deficient diet is alleviated by supplementation with the methyl donor sadenosylmethionie [150]. Mice were given a zinc deficient diet for 5 before ovulation.
The COC were collected from animals primed with eCG and were cultured in MEMalpha medium alone (control), medium only (ZDD) or medium supplemented with 100
μM SAM (ZDD+SAM) for 24 hours. At the end of culture, oocytes were fixed and
immunostained for histone H3K4me3. As expected, control oocytes had robust
H3K4me3, but zinc deficient oocytes did not (Figure 4-8). However, zinc deficient
oocytes cultured with SAM had levels of H3K4me3 similar to control oocytes (Figure 4-
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8). To test if SAM can increase the proportion of zinc-deficient oocytes progressing to
the 2-cell stage, COC were collected from eCG-primed animals fed a control or zinc
deficient diet for 5 days and matured in vitro. Control embryos have a high fertilization
rate of 95% which was reduced to 19% in zinc deficient oocytes (Figure 4-9). However,
zinc deficient oocytes matured in the presence of SAM had a 45% fertilization rate
(Figure 4-9).

Discussion
Nutritional deficiencies during pregnancy can impair development and postnatal
health by altering specific epigenetic marks [320-324]. Previously, we reported that
dietary zinc deficiency caused multiple problems in ovarian function during the
periovulatory period, including failure to complete meiosis and a lack of cumulus
expansion and ovulation [313]. The experimental design and findings of the current
study are summarized in Figure 4-10 and show that maternal zinc deficiency during a
very narrow window just before ovulation disrupts oocyte epigenetic programming
including a decrease in DNA and histone methylation and associated increase in
expression of repetitive elements. These epigenetic defects along with previously shown
meiotic defects [313] severely compromise fertilization and preimplantation embryonic
development. However, whether zinc deficiency acts directly on the oocyte or indirectly
through other mechanisms to decrease chromatin methylation in the oocyte is not known.
In vitro supplementation with s-adenosylmethionine, a methyl donor, restored histone
methylation and improved fertilization rate of zinc deficient eggs. Our challenge now is
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to fully uncover the precise pathways and proteins affected by zinc deficiency that lead to
decreased oocyte developmental potential. Understanding these zinc-mediated
mechanisms will provide new insights into the regulation of oocyte quality and fertility.
Experiments using dietary zinc deficiency during early pregnancy have produced
mixed results on fertility. In rats fed a zinc deficient diet on days 1-4 of gestation, fewer
blastocyst embryos formed [273] suggesting delayed growth. However, an earlier study
from the same group, using a similar treatment period (day 1-5 of gestation), found that a
zinc deficient diet caused only minor effects on fertility and embryonic development at
birth [325]. In mice, a zinc deficient diet given one day before mating to one day after
mating (3 days) did not disrupt blastocyst development [274]. These observations in
rodents suggest that any defect induced by short-term (3-4 days) dietary zinc deficiency
in early pregnancy can be rescued by subsequent restoration of dietary zinc. In contrast
to these earlier studies, treatment with a zinc deficient diet during the 3-5 days before
conception caused a dramatic decrease in maturation, fertilization and preimplantation
development. Previous work clearly shows that zinc is essential for completion of
meiosis I [199, 237, 313]. In the present study, we show a decrease in the fertilization
rate of 25% and 90% after a 3 and 5 day treatment with a zinc deficient diet. Much of
this decrease is due to a failure to complete meiosis, but the observed incidence of
pronuclear formation (21%) and the appearance of partially decondensed sperm heads in
the cytoplasm of fertilized zinc deficient eggs suggests that early steps in fertilization can
still occur. Similarly, oocytes matured in the presence of a zinc chelator, TPEN, and
fertilized in vitro progressed to the pronuclear stage and exhibited calcium oscillations,
but did not divide to form 2-cell embryos [199]. Clearly zinc deficient eggs, whether in
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vivo or in vitro, can undergo early stages of fertilization but become arrested before the 2cell stage. The pronuclear stage arrest in zinc deficient oocytes could also be the result of
premature egg activation. Normally, zinc increases during maturation and is required for
establishment of metaphase II arrest. At fertilization, zinc is actively exported from the
egg which allows resumption of the cell cycle and egg activation [282, 326].
Interestingly, our results show that zinc deficient eggs are more susceptible to
fertilization failure in vitro than in vivo. What causes this difference in fertilization
potential is unknown, but does suggest that women with marginal or acute zinc
deficiency may have lower success rates during ART procedure and may benefit from
additional zinc supplementation. In addition to meiotic and fertilization defects, zinc
deficient oocytes have reduced developmental competence to the blastocyst stage after
fertilization. On day 1.5 after mating, only 43% of 2-cell embryos form zinc deficient
eggs reached the blastocyst stage when cultured in vitro compared to 95% of controls
embryos. On day 3.5 after mating there were fewer blastocyst and expanded blastocysts
in zinc deficient animals compared to controls suggesting a slower rate of development.
The decreased expression of the growth promoting gene, Igf2 could account for some of
the defects in preimplantation development, but how dietary zinc deficiency results in
decreased Igf2/H19 expression in the embryo remains to be determined. Collectively,
these results firmly establish that preconception zinc status is an important determinant of
maturation, fertilization and preimplantation development.
The findings support the hypothesis that preconception dietary zinc deficiency
decreases oocyte developmental potential, but the mechanism responsible for this effect
is unknown. The decrease in oocyte H3K4me3 could account for many of the defects
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observed in zinc deficient oocytes. Recently, the lysine methyltransferase protein, mixed
lineage leukemia 2 (MLL2), was shown to catalyze the trimethylation of H3K4 in
oocytes [311]. Deletion of MLL2 in oocytes abolished both tri- and dimethylation, but
not monomethylation of H3K4. These epigenetic changes were associated with ovulation
failure, lack of transcriptional silencing, increased expression of repetitive elements, and
infertility. This phenotype is remarkably similar to our dietary model of zinc deficiency
where there is ovulation failure [313], a decrease in H3K4 trimethylation and an increase
in expression of repetitive elements (present study). MLL2 is a zinc binding protein
[327] and could be directly affected by a lack of zinc in the oocyte. However, this
hypothesis remains to be tested directly.
Methylation of DNA on cytosine residues is another epigenetic modification that
is important for oocyte programming and was decreased by dietary zinc deficiency.
DNA methylation is low in growing oocytes, but increases steadily as the oocyte nears
ovulation [288, 289]. High levels of DNA methylation are established at imprinting
control regions of imprinted loci [290]. DNA methylation is also essential for
suppression of repetitive elements in the oocyte [303, 305]. Failure to silence repetitive
sequences can cause aberrant expression of nearby genes [328] and/or genome instability
[306]. For example, methylation of the intracisternal A-particle (Iap) prevents
inappropriate expression of the nearby Agouti gene. However, IAP becomes active when
hypomethylated and drives ectopic expression of the Agouti gene and associated increase
in obesity and other metabolic defects in mice [329, 330]. In the oocyte, repetitive
elements often serve as alternative promoters for other genes [83, 300-302]. Global
DNA methylation was decreased significantly in zinc deficient oocytes and this likely
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contributed to the failure to repress transcription of repetitive elements. On the other
hand, the lack of dramatic effects on cellular transcripts (Figure 4-4A) suggests that a
global transcriptional de-repression did not occur in zinc deficient oocytes. Further
studies using transcriptional run-on assay, a direct measure of transcriptional activity, are
needed to determine the effects of zinc deficiency on global transcription in the oocyte.
Nevertheless, aberrant gene expression caused by increased activity of repetitive
elements together with decreased DNA and histone methylation could be a major cause
of developmental failure of zinc deficient oocytes.
An open question is how does dietary zinc deficiency causes methylation defects
in the oocyte. Methylation of DNA and histone proteins requires the biosynthesis of the
universal methyl donor, s-adenosylmethionine or [150] [152]. During methylation
reactions, SAM is converted to S-adenosyl homocysteine [153], which is reversibly
converted to homocysteine and then to methionine. Methionine then serves as the
substrate to regenerate SAM. The recycling of homocysteine to SAM is under control of
two zinc-dependent enzymes, betaine-homocysteine methyltransferase (BHMT) and 5methyl tetrahydrofolate homocysteine methyltransferase (MTR) [152, 331]. BHMT and
MTR catalyzed the transfer of methyl groups to homocysteine to re-generate methionine.
This is the key step in the re-cycling of SAM from methionine. Both SAH and
homocysteine are potent inhibitors of methylation reactions [332-334]. Therefore, the
efficient conversion of homocysteine to methionine is essential to prevent build-up of
these inhibitory metabolites. Inhibition of BHMT decreases SAM and increases
homocysteine concentration in the liver [335], thus not only decreasing methyltransferase
substrate [150], but also increasing a potent inhibitor of methyltransferase activity [153].
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Similarly, zinc deficiency decreases DNA and histone methylation in the liver [315, 316],
possibly by limiting SAM availability for methylation reactions and/or increasing
inhibition by SAH/homocysteine. The full complement of enzymes involved in
methionine and SAM biosynthesis are expressed in oocytes [32, 336]. We propose a
working hypothesis that zinc deficiency inhibits production of SAM in the oocyte
resulting in reduced methylation capacity and hence reduced DNA and histone
methylation. Another possibility is that SAM produced in the liver, which is a major site
for SAM biosynthesis, could supply SAM to the oocyte through the circulation. Thus, it
is equally possible that zinc deficiency could inhibit hepatic SAM biosynthesis and thus
indirectly affect SAM concentration in the oocyte. Further work is needed to distinguish
between these two possibilities. Regardless of whether SAM in the oocyte is produced
locally or originates from the liver, supplementation of oocytes from zinc deficient
animals with SAM during maturation restored histone methylation and greatly improved
fertilization success. Thus, SAM depletion appears to be one way that dietary zinc
deficiency degrades oocyte quality. There is evidence in the literature that regulation of
SAM/SAH metabolism has a significant effect on fertility. High homocysteine
concentrations in follicular fluid are associated with decreased oocyte developmental
potential in women undergoing assisted reproduction [337, 338] and in women with
PCOS [339]. Whether high follicular fluid SAH concentrations are associated with
epigenetic alterations is not known, but certainly warrants further research.
Zinc deficiency is common in many parts of the world [268] and in minority and
poor populations in the US [269]. Impaired liver function or liver damage caused by
alcoholism also results in systemic zinc deficiency [258, 259]. Our findings show that
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acute dietary zinc deficiency before ovulation dramatically decreases oocyte quality and
developmental potential and is associated with defects in epigenetic programming
possibly caused by local or systemic SAM depletion.

These observations and the

previously shown effects of zinc deficiency on the meiotic cell cycle [199, 282, 313, 314,
340] could lead to improved methods of assisted reproductive procedures by modulating
zinc and/or SAM availability during oocyte maturation and fertilization. The present
findings add further evidence that even transient dietary deficiencies can affect fertility.
Future research will examine how zinc deficiency leads to reduces SAM biosynthesis and
whether other metabolic pathways are affected. Finally, it will be very interesting to
determine the impact of preconception zinc deficiency on postimplantation development
and postnatal health.
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Table 4-1: Primer sequences used for quantitative PCR
Gene symbol

Forward

Reverse

Igf2

AGGGGAGCTTGTTGACACG

GGGTATCTGGGGAAGTCGTC

H19

CATGTCTGGGCCTTTGAA

TTGGCTCCAGGATGATGT

Ddx4

CCCATTGTATTAGCAGGACGA

GCGACTGGCAGTTATTCCAT

Nr4a1

CACAGCTTGGGTGTTGATGT

GCTCCTTCAGACAGCTAGCAA

Gdf9

CTACAATACCGTCCGGCTCT

CAAGTGTTCCATGGCAGTCA

Bmp15

ACACAGTAAGGCCTCCCAGA

GATGAAGTTGATGGCGGTAAA

Figla

ACAGAGCAGGAAGCCCGTA

GTCAGAGGGTCTGCCACTGT

Nobox

AGGGACGTTCCTGGCAGT

GCTGCTTGCTTGGTAGTCCT

Iap

ACAAGAAAAGAAGCCCGTGA

GCCAGAACATGTGTCAATGG

Line1

GAGACATAACAACAGATCCTGA

AACTTTGGTACCTGGTATCTG

Sineb1

GTGGCGCACGCCTTTAATC

GACAGGGTTTCTCTGTGTAG

Sineb2

GAGATGGCTCAGTGGTTAAG

CTGTCTTCAGACACTCCAG

Mt

TGTTAAGAGCTCTGTCGGATGTTG

ACTGATTCTTCAGTCCCAGCTAAC

Rpl19

TTCAAAAACAAGCGCATCCT

CTTTCGTGCTTCCTTGGTCT
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Figure 4-1: Effect of zinc deficiency on chromatin methylation in GV-stage oocytes.
Representative images and nuclear fluorescence intensity of histone H3K4 dimethylation
(H3K4me2) (A), histone H3K4 trimethylation (H3K4me3) (B) and DNA methylation
(C) in GV stage oocytes from animals receiving a control or zinc deficient diet (ZDD) for
5 days. Red=methylated histone or 5-methylcytosine, Blue=DNA (DAPI). *P<0.05, N=34 (10-20 oocytes/replicate). Scale bar = 50 μm.
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Figure 4-2: Effect of zinc deficiency on transcript expression in GV-oocytes.
(A). Relative (fold change) concentration of oocyte-specific transcripts (Gdf9, Bmp15,
Zp3, Figla, and Nobox) in control and ZDD oocytes. (B). Relative (fold change)
concentration of repetitive elements (Iap, Line1, Sineb1, Sineb2 and Mt) in control and
ZDD oocytes. *P<0.05, #P=0.08, N=4 (10 oocytes/replicate).
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Figure 4-3: Effect of zinc deficiency on in vitro fertilization.
The number of ovulated oocytes (A), proportion of 2-cell embryos (B) and representative
images (C-D) 24 hours after in vitro fertilization from animals receiving a control or zinc
deficient diet (ZDD) for 3 or 5 days. Defective meiosis (E) and pronuclear arrest (F) in
ZDD fertilized eggs. *Significant difference by student’s t-test, P<0.05, (N=4; 50-60
eggs/replicate). Proportions of 2-cell embryos were transformed (arcsine) before
analysis. Scale bar = 50 μm (panels C-D) and 100 μm (panels E-F).
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Figure 4-4: Effect of zinc deficiency on histone H3K4 trimethylation in fertilized eggs.
Representative images of fluorescent immunostaining for histone H3K4 trimethylation 8
hours after in vitro fertilization of ovulated eggs from animals receiving a control or zinc
deficient diet (ZDD) for 5 days. (N=3, 10-20 oocytes/replicate). Red=trimethylated
histone, Blue=DNA (DAPI), Green=Actin. Scale bar = 50 μm.
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Figure 4-5: Effect of zinc deficiency on in vivo fertilization and blastocyst formation.
Proportion of 2-cell embryos (A), representative images (B) of embryos recovered on day
1.5 of pregnancy from animals receiving a control or zinc deficient diet for 5 days.
Proportion of blastocyst embryos (C) and representative images (D) of 2-cell embryos in
panel A, cultured for 3 days in KSOM medium. *Significant by student’s t-test, P<0.05,
N=4-5 animals. Scale bar = 250 μm (panel B), 500 μm (panel D).
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Figure 4-6: Effect of zinc deficiency on preimplantation development in vivo.
A. Proportion of embryos at different developmental stages including, non-blastocysts
(single cell to morula), early blastocyst, blastocyst and expanded blastocyst collected
from control and 3 day ZDD groups on 3.5 days after mating. B. Representative images
of embryos from the 3 day treatment group. C. Proportion of embryos collected at
different developmental stages collected from animals in the 5 day treatment group. C.
Representative images of embryos from the 5 day treatment group (Control and ZDD).
*Significant by student’s t-test, P<0.05, N=4-5 animals/group. Scale bar = 100 μm.
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Figure 4-7: Effect of zinc deficiency on blastocyst gene expression.
Relative (fold change) concentration of Igf2, H19, Ddx4 and Nr4a1 mRNA in blastocyst
embryos recovered from animals receiving a control and ZDD for 5 days. Relative levels
of mRNA measured by qPCR using the 2-ddct method. *Significant difference by
student’s t-test, P<0.05, N=4 (10 blastocysts/replicate).
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Figure 4-8: Effect of SAM supplementation on histone methylation.

A. Immunostaining for histone H3K4me3 in GV oocytes from animals receiving a
control or zinc deficient diet (ZDD) and cultured in medium alone (Control and ZDD) or
medium containing 100 μM SAM (ZDD+SAM) for 24 hours. *Significant difference by
ANOVA followed by Tukey’s HSD test, P<0.05, N=3 replicates with 10-15
oocytes/group. Scale bar = 50 μm.
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Figure 4-9: SAM rescue during IVF.
Proportion of 2-cell embryos (A) and representative images (B) of in vitro matured and
fertilized oocyte from control, ZDD and ZDD animals supplemented with SAM (100
μM) during IVM (16 hours). *Significant difference by ANOVA followed by Tukey’s
HSD test, P<0.05, N=3 replicates with 20-30 COC/group. Scale bar = 50 μm.
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Figure 4-10: Schematic showing timing of treatment in relation to endpoints examined.
Dietary treatments were applied to growing oocytes just entering antral stage of
development around 18 days of age. Treatments were stopped 48 hours after the end of
eCG, which encompasses the period of antral follicular growth. Effects on maturation,
fertilization and preimplantation development were determined. Previous research
showed that TPEN treatment disrupts completion of meiosis I, but effects of in vivo zinc
deficiency on fertilization and preimplantation development have not been reported.
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Chapter 5
Postimplantation embryonic and placental defects result from acute preconception
zinc deficiency

Abbreviated Title: Preconception zinc and embryo

Keywords: zinc, embryo, implantation
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Abstract
The ovarian environment is the prime determinant of oocyte quality, but the
conditions and mechanisms promoting optimal oocyte development and maturation are
not completely known. Recent findings show that acute zinc depletion before conception
causes severe defects in oocyte maturation, chromatin methylation, fertilization and early
embryonic development. However, the effects of preconception zinc depletion on postimplantation development are not known. In the present study, using an in vivo model of
acute dietary zinc deficiency, postimplantation embryos were collected on day 10.5 of
pregnancy from animals receiving a control or zinc deficient diet (ZDD) for 5 days
preceding ovulation (preconception). At the time of ovulation all animals were switched
to control diets. On day 10.5 of pregnancy, live embryos from ZDD animals were 31%
smaller than control embryos of the same age. In addition, a 5 day pre-conception zinc
deficiency caused significant postimplantation embryo loss. Over 46% of implantation
sites in the ZDD group, but only 2% of sites in the control group contained either no
embryo or an embryo undergoing resorption. In addition to overall smaller size, 41% of
ZDD embryos showed delayed closure of the neural tube. Decreased fetal growth could
be related to defective placenta development and decreased efficiency of nutrient transfer
to the developing fetus. Histological examination of the placenta revealed a 27.83%
decrease in the thickness of the fetal placental layer in ZDD animals compared to
controls. To exclude the effect of zinc deficiency on the uterus as a major cause of poor
fetal development, morphologically normal blastocysts recovered from superovulated and
mated control or ZDD animals were transferred to pseudopregnant recipient females (1112 blastocysts/transfer). On day 10.5 of pregnancy, only 33% of ZDD embryos had
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successfully implanted compared to 74% of control embryos. However, even if
successful implantation did occur, embryos from ZDD were 40% smaller than controls.
Additionally, the yolk sac in ZDD embryos was disorganized and less vascularised
compared to well-organized vascular network of yolk sacs in control embryos. Taken
together, these results strongly suggest that feeding a zinc deficient diet for just 5 days
before ovulation (preconception) dramatically disrupts postimplantation embryonic
development through uterine-independent mechanisms.

102

Introduction
One challenge in human in vitro maturation is to provide an optimal culture
environment to produce an oocyte which is healthy and developmentally competent. As
an important starting point of embryonic development, oocyte quality plays a key role in
determining the success of fertilization, pregnancy maintenance, early embryonic
survival, and later fetal development [341]. Defects in the oocyte could be maternally
transmitted to the embryo and further as developmental abnormalities in fetal growth and
organ development through epigenetic effects on the placental and fetal genome. The
ovarian follicular environment in which oocytes grow and mature is the prime
determinant of oocyte quality. Through maturation, the oocyte gradually and sequentially
acquires the competence to be fertilized and undergo embryogenesis. Oocyte nuclear and
cytoplasmic maturation appear to be susceptible to any perturbation in its environment
[341]. Environmentally induced maternal epigenetic modifications, which may result
from preconception diet, can modulate gene expression profile and contribute to the
regulation of embryonic development [342]. Appropriate establishment of DNA
methylation imprints in oocytes is essential for embryogenesis and early fetal
development [1]. Dynamic DNA methylation changes depend on DNA methyltransferase
activity to establish oocyte-specific genomic imprints as well as unique methylation
patterns of repetitive elements [343]. During oogenesis, DNA methylation increases
dramatically until oocytes reach the germinal vesicle stage when oocytes become
transcriptionally silent, but after fertilization, global DNA methylation levels decrease to
erase most of the methylation patterns from the gametes until the blastocyst stage [288].
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Shortly after implantation, the methylation is re-stored when a wave of de novo DNA
methylation actively proceeds. The activity of enzymes involved in DNA methylation
patterns for methylation and demethylation could be affected by dietary deficiencies,
since the S-adenosylmethionine [150] needed for DNA methylation is derived greatly
from dietary methyl group intake [344]. SAM, which is the universal methyl donor for
methylation, is converted to S-adenosyl homocysteine [153] during the process of
methylation. Therefore, nutritional factors affecting the supply of SAM or the removal of
SAH may influence DNA methylation, and further epigenetic deficiencies. With respect
to SAM metabolic pathway, a “methylation diet” which SAM is derived from, including
zinc, may have an impact on methylation [205].
As an essential trace element in animal and human nutrition, zinc has recently
received increased attention as a key regulator not only in ovarian function, but also in
oocyte epigenetic programming [5, 212, 345, 346]. We have shown that zinc deficiency
for 3-5 days before conception severely causes multiple defects in oocyte maturation,
cumulus expansion and ovulation [346]. In addition to ovulatory defects, preconception
zinc deficiency also dramatically decreased oocyte quality and preimplantation
development in vivo by disrupting both maturation and epigenetic programming of the
oocyte [345]. Consistent with in vivo studies, in vitro culture experiments also suggested
that periconceptional zinc depletion could affect development of 2- and 4- cell mouse
embryos [347]. Embryos recovered from mice fed a zinc-deficient diet for 3 days in
culture media supplemented with zinc does not improve blastocyst development [347],
however, oocytes from zinc deficient animals for 5 days could partially rescue
fertilization by SAM supplementation in maturation media [345]. Thus, zinc in the
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preconceptional diet is critical to establish the period of final oocyte growth as an
important regulator in oocyte epigenetic programming, which cannot be recovered by
subsequent supplementation [345].
Given findings that preconception zinc status is an important determinant of
maturation, fertilization and preimplantation development [345, 346], we now evaluated
the impact of preconception zinc deficiency on postimplantation development and
postnatal health. The findings will trigger new research at the intersection of nutrition and
reproduction and may eventually translate into clinical recommendations for improved
reproductive health in women.

Materials and methods

Animal model of zinc deficiency
Female CD1 mice (Mus musculus) were obtained from the research colony of the
investigators. To study effects of acute in vivo zinc deficiency before ovulation on oocyte
epigenetic programming and embryonic development, newly weaned 18 day old mice
were housed on wire-bottom racks in polycarbonate cages and given a control diet
(29 mg zinc/kg) based on AIN76 (MP Biomedicals, Solon, OH) or a zinc deficient diet
(ZDD), which is the same diet as the control with zinc omitted from the mineral mix
(<1 mg zinc/kg). Diets were given for 4 or 5 days before ovulation. A 5 day treatment
was chosen because in previous [346] and preliminary work (data not shown), longer
treatments with a zinc deficient diet cause a decrease in ovulation. A 4 day treatment was
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used to show a shorter dietary effect on later postimplantation experiments. Animals were
primed with 5 IU eCG (National Hormone and Peptide Program, NIDDK) 2 days before
the end of the dietary treatment period and and induced to ovulate with 5 IU hCG.
Importantly, at the time of hCG, animals receiving a zinc-deficient diet were switched
back to a control diet for the duration of the experiment. To examine embryonic
development, animals were induced to ovulate with eCG/hCG and bred to a fertile male.
Only animals with a mating plug on the morning after mating were used for subsequent
analyses. Postimplantation embryos were collected from the uterus on days 10.5, 12.5
and 15.5 of pregnancy. Preimplantation embryos were flushed from the reproductive tract
on day 3.5 and used for embryo transfer. In embryo transfer experiments,
pseudopregnancy in 8 week old CD1 female mice was induced by mating with
vasectomized CD1 males and vaginal plug-positive females were used as recipients.
Morphologically normal day 3.5 blastocysts from control or ZDD animals were
transferred into the uteri of day 2.5 pseudopregnant recipients using a Non-Surgical
Embryo Transfer device (Paratechs) (11-12 blastocysts per transfer). On day 10.5 of
pregnancy, rates of implantation, resorption and development of fetuses were evaluated
by sacrificing the foster mother. E10.5 embryos were collected and kept at -80oC until
DNA methylation analysis. Animals were maintained according to the Guide for the Care
and Use of Laboratory Animals (Institute for Learning and Animal Research). All animal
use was reviewed and approved by the IACUC committee at The Pennsylvania State
University.
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Histology
For histological analysis, placentas were fixed in 4% paraformaldehyde and
embedded in paraffin. Tissue sections (6 μm) were stained with hematoxylin and eosin
using standard methods.

Magnetic resonance imaging (MRI) analysis
Embryos from embryonic day 15.5 were fixed in 4% paraformaldehyde in
phosphate buffer saline overnight and then perfused with a contrast agent (Gd-DTPABSA in gelatin) at 4°C until MRI analysis. MRI experiments were performed using a
horizontal bore 7T magnet with a 12-cm diameter gradient set and a Varian Direct Drive
console. Images were segmented with Avizo Standard 6.3.1 software (Mercury Computer
Systems Inc., Merignac Cedex, France).

Statistical analysis
Results from implantation sites, thickness of fetal placentalayer , implantation rate
in embryo transfer, fetus length, and fetus weight were analyzed by either student’s t-test
or two-way ANOVA followed by Tukey's HSD post hoc test if a positive F test was
detected. Proportional data was transformed (arcsine) before analysis. The JMP 7.1
statistical analysis software (SAS, Cary, NC) and Microsoft Excel were used for
analyses.
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Results

Zinc function is necessary for early postimplantation embryo development (E10.5)
Zinc has been shown as an important factor required for preimplantation
development [156]. To further elucidate the function of zinc during postimplantation
embryonic development, using an in vivo model of acute dietary zinc deficiency, embryos
were collected on day 10.5 of pregnancy from animals receiving a control or zinc
deficient diet (ZDD) for 5 days preceding ovulation (preconception). At the time of
ovulation all animals were switched to control diets. On day 10.5 of pregnancy, live
embryos from ZDD animals were 31% smaller than control embryos of the same age
(Figure 5-1A). Moreover, a 5 day pre-conception zinc deficiency caused significant
postimplantation embryo loss. Over 46% of implantation sites in the ZDD group, but
only 2% of sites in the control group contained either no embryo or an embryo
undergoing resorption (Figure 5-1B). In addition to overall smaller size, 41% of ZDD
embryos showed delayed closure of the neural tube (Figure 5-1C). These observations
support a critical role of zinc during early postimplantation development.

Acute zinc depletion before ovulation disrupts mid-gestational fetal development
(E12.5)
Since 5 days treatment with zinc deficient diet before ovulation causes growth
restriction and embryo loss in early postimplantation, we next examined the impact of
zinc depletion with shorter treatment (4 days) before ovulation on the mid-gestational
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fetal growth and development. At E12.5, all observed ZDD embryos exhibited a growth
delay compared with control groups. Although fetal growth retardation in ZDD groups
varies with the severity, on average there was a 13% decrease in the crown-rump length
of ZDD embryos compared to the body sizes of controls (Figure 5-2A). At this stage,
34% of embryos were lost, compared to only 7% in the control group (Figure 5-2B). As
in the previous experiment, there was a developmental delay in the ZDD embryos, which
had shorter limb buds and a larger 4th ventricle, characteristic or growth retardation,
indicating that loss of zinc before ovulation significantly retards mid-gestational fetal
development (Figure 5-2C).

Preconception zinc depletion results in growth and developmental delay in late
postimplantation embryo development (E15.5)
To determine whether preconception zinc depletion has the same effect in older
fetuses, we assessed wet weight and length of surviving E15.5 fetuses. Similar results
were obtained when embryos were collected on day 15.5 of pregnancy. On day 15.5 of
pregnancy, live embryos from ZDD animals weighed 23% less (Figure 5-3A) and the
crown-rump length was 10% less than control embryos of the same age (Figure 5-3B). In
addition, a 4 day pre-conception zinc deficiency caused significant postimplantation
embryo loss. Over 50% of implantation sites in the ZDD animals contained either no
embryo or an embryo undergoing resorption. In contrast, only 9% of implantations were
lost in the control animals (Figure 5-3C). Consistent with smaller size, embryos from
ZDD animals were not as developed. Facial features were less defined and limbs were
shorter than control embryos (Figure 5-3D).
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To gain a more detailed understanding of the defects in ZDD embryos and
improve visualization of the morphology in both ZDD and control embryos, high-field
magnetic resonance imaging (MRI) was used for detailed comparison of morphological
phenotypic differences by allowing analysis of embryos in any plane and by facilitating
three-dimensional image reconstruction. Formalin-fixed E15.5 embryos were scanned
using MRI. Embryos from control animals (Figure 5-4 top) showed a clear anatomical
detail in sagittal (left) and horizontal (right) views. However, there were variable
cerebellar defects in embryos from ZDD animals on day E12.5. After organ
segmentation, three-dimensional reconstructions of the hearts in embryos from ZDD
animals had a much smaller size than the control (Figure 5-5). Besides heart, ZDD
embryos had an undeveloped and abnormal portion of the lung and liver (Figure 5-5).

Zinc deficient animals have less developed and thinner fetal placenta
Decreased fetal growth could be related to defective placenta development and
decreased efficiency of nutrient transfer to the developing fetus. At E12.5, placental
weight was significantly reduced in fetus from ZDD animals as compared to control fetus
(Figure 5-6A). Histological examination of the placenta revealed a 11.27% decrease in
the thickness of the fetal side of the placenta in ZDD animals compared to controls
(Figure 5-6B). Due to the reduced area of the fetal placenta, the ratio of the maternal
decidua to fetal placentawas accordingly increased in ZDD placentas when compared
with control placentas (Figure 5-6C). In addition, the fetal side of the placenta was
retarded and appeared more compact structure than placentas from control animals
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(Figure 5-6D). Thus, mid-gestational lethality could result from defects in placental
development.

Preconception zinc deficiency impairs implantation of blastocysts in vivo
Deficiencies in embryonic development and survival may result from the poor
oocyte quality and/or from defects in uterine environment or function. To exclude the
effect of zinc deficiency on the uterus as a major cause of poor fetal development,
morphologically normal blastocysts recovered from superovulated and mated control or
ZDD animals were transferred to pseudopregnant recipient females (11-12
blastocysts/transfer). After transferring blastocysts to recipients, only 13% of ZDD
embryos had successfully implanted compared to 43% of control embryos on day 10.5 of
pregnancy. The rate of live embryos from ZDD animals was also significantly lower than
from control animals (Figure 5-7B). However, even if successful implantation did occur,
embryos from ZDD were 40% smaller than controls (Figure 5-7A,D). Additionally, the
yolk sac in ZDD embryos was disorganized and less vascularised compared to wellorganized vascular network of yolk sacs in control embryos. These observations from
embryo transfer experiments indicate that preconception zinc deficiency reduce
implantation potential of blastocysts and embryo survival rate.
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Discussion

The final stage of oocyte growth and development is very sensitive to perturbation
in dietary zinc availability [345, 346]. Variation in dietary levels of zinc, affecting the
supply of methyl groups, can alter DNA and histone methylation and gene expression
[205]. In this study, we confirmed previous findings that maternal zinc deficiency before
ovulation (preconception) results in defects in fertilization and preimplantation
embryonic development [345]. The present findings extend our previous research and
show that preconception dietary zinc deficiency leads to growth and developmental delay
in postimplantation embryonic development, defects in fetal placenta development, and
decreased implantation rate. Our finding underscores the importance of preconception
nutrition and supplementation, especially zinc, to help women of reproductive age
improve pregnancy outcomes and minimize the health risks to both mothers and infants.
Zinc is a transition metal that acts as a cofactor for hundreds of enzymes and
proteins involved in many biological processes [189, 348]. As such it is not surprising
that zinc is required during gestation for proper embryonic development. It has been
known for some time that prolonged maternal zinc deficiency leads to abnormal fetal
development and low birth weight in various species including humans [234-236, 349351]. However, the specific effects of zinc deficiency before versus after conception and
on the ovary versus other reproductive tissues have not been defined. In our previous
study, fertilization and preimplantation development get disrupted by preconception zinc
deficiency, due to aberrant epigenetic programming and meiotic failure in zinc deficient
oocytes [345]. As is evident from prior studies, there is a dosage effect for dietary zinc
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deficiency treatment, since longer treatments (5 days) cause more deleterious defects in
ovulation, fertilization and preimplantation development [345, 346]. To examine the
impact of preconception zinc deficiency on later stage (E12.5 and E15.5) of
postimplantation development, animals received a milder zinc deficiency treatment (4
days) and embryos were harvested on day 12 or 15 of pregnancy. In agreement with
previous observations, current findings show that a similar length (4-5 days) of dietary
zinc deficiency given before ovulation caused a significant growth delay in post
implantation embryos as late as days 10-15 of pregnancy. In addition to delayed
development, preconception zinc deficiency caused a very significant increase in postimplantation embryo loss. Up to 50 % of implantation sites in zinc deficient animals
contained no embryo or an embryo undergoing resorption. This could be related to
slower development or other defects that limit embryo viability possibly caused by
epigenetic defects in the embryo or placenta. Intrauterine growth retardation and embryo
loss are not surprising, because delayed embryonic development likely starts at the
earliest stages—blastocyst formation [345]. This may be due to a delay in upregulation of
growth promoting genes such as Igf2 in blastocysts from zinc deficient oocytes as found
in previous studies [345]. This is the first clue that epigenetic regulation of Igf2, an
imprinted locus, may be defective in zinc deficient embryos.
Defects in postimplantation fetuses produced in vivo from ZDD animals could be
resulted from poor oocyte quality and/or compromised uterus function. The possibility
that preconception zinc deficiency altered uterine receptivity is ruled out by embryo
transfer experiments. Embryo loss after implantation further confirms previous finding
that lack of zinc during the final stage of oocyte growth significantly lower oocyte
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developmental potential. It is noticeable that in previous studies, only a small proportion
of in vivo produced embryos on E3.5 from ZDD animals were blastocysts and expanded
blastocysts [345]. For comparison of implantation rate, although embryo transfer
experiments in current study only selected morphological normal blastocysts with similar
size, implantation failure and severe embryo loss indicate those “normal” blastocysts
from ZDD animals with poor quality. Just as we have tested in previous studies, levels of
imprinted genes Igf2 and H19 in those “normal” and fully-formed blastocyst embryos
from ZDD animals were dramatically reduced as compared to control groups [345]. H19
is highly sensitive to changes in methylation levels [352]. Aberrant imprinted expression
of Igf2 and H19 could be due to perturbation of imprinted cofactors and/or imprinted
control region (ICR), which requires the proper binding of the 11-zinc-finger protein
CTCF [353]. It is possible that preconception zinc deficiency interrupts CTCF function,
since the protein CTCF contain structural motifs that need zinc to maintain its structural
integrity and function [354]. However, this hypothesis remains to be tested directly.
At E10.5, E12.5, and E15.5, a decline in fetal viability and reduced fetal length
and weight from ZDD animals could be contributed from abnormal placental
development and abnormal placental function. ZDD placentas have a reduced fetal
placental layer and poor fetal vasculature development, which probably further decreases
the maternal-fetal exchange surface area. Alterations in placenta transport function can
directly affect nutrient supply to fetus, leading to growth restriction. Abnormal placental
development and smaller fetal size could be resulted from impaired epigenetic regulation
of ZDD oocyte and zygote. Another striking outcome in postimplantation embryos from
ZDD animals is a significant perturbation in early yolk sac vascular development. The
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vascular defect in ZDD yolk sac appears to be small and pale. As another extraembryonic
tissue, yolk sac provides a circulation system to deliver nutrients to nourish embryos and
help maintain pregnancy [355]. Defects in extraembryonic tissues (placenta and yolk sac)
as seen in ZDD animals could be related to dysfunction or mutation in some zinc finger
transcription factors, such as GATA6 [356], ZFP568[357], and KLF14 [358]. In addition,
epigenetic reprogramming in postimplantation embryos is indispensible for embryonic
development, as embryonic DNA methylation patterns become established through
lineage-specific de novo mehtylation in blastocysts after implantation with the action of
maintenance methyltransferase activity [359]. Previous studies clearly demonstrate that
the vital requirement of zinc during the final stage of oocyte growth is critical for
establishment of methylation and maternal store of transcriptions in fully-grown oocytes
[345]. After fertilization, DNA methylation is dynamically regulated to control
expression levels of developmentally important genes that are essential for embryo
development [360]. Due to the functional dominance of maternal imprinted control
regions during the embryonic development, failure to silence repetitive sequences by
inadequate zinc can cause developmental perturbations in both embryonic and
extraembryonic tissues [360].
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Figure 5-1: Effect of zinc deficiency on fetal development on e10.5.
Fetal weight (A), and fetal loss (B) on e10.5 in receiving control or a zinc deficient diet
(ZDD) for 5 days before ovulation. (C) Brightfield images of fetal development from
control and ZDD (5 days) animals. *Significant difference by student’s t-test, P<0.05,
N=4-5 litters.
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Figure 5-2: Effect of zinc deficiency on fetal development on e12.5.
Fetal length (A) and fetal loss (B) on e12.5 in receiving control or a zinc deficient diet
(ZDD) for 4 days before ovulation. (C) Brightfield images of fetal development from
control and ZDD (4 days) animals. *Significant difference by student’s t-test, P<0.05,
N=4-5 litters. Scale bar = 1 cm.

117

Figure 5-3: Effect of zinc deficiency on fetal development on e15.5.
Fetal weight (A), fetal length (B) and fetal loss (C) on e15.5 in receiving control or a zinc
deficient diet (ZDD) for 4 days before ovulation. (D) Brightfield images of fetal
development from control and ZDD (4 days) animals. *Significant difference by
student’s t-test, P<0.05, N=4-5 litters. Scale bar = 1 cm.
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Figure 5-4: Magnetic resonance imaging (MRI) scan of e15.5 embryos.
Slice from MRI scan of for e15.5 embryos from control and ZDD (4 days) animals.
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Figure 5-5: Magnetic resonance imaging (MRI) organ segmentation.
Three-dimensional reconstructions of the hearts (red), lungs (green), and livers (brown)
for e15.5 embryos from control and ZDD (4 days) animals.
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Figure 5-6: Effect of zinc deficiency on placenta development.
Placental weight (A), area of fetal placenta (B) and the ratio of maternal decidua to fetal
placenta(C) on e12.5 in receiving control or a zinc deficient diet (ZDD) for 4 days before
ovulation. (D) Hematoxylin- and eosin-stained placenta sections from animals fed a control
diet or ZDD. *Significant difference by student’s t-test, P<0.05. Scale = 100 m.
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Figure 5-7: Effect of zinc deficiency on fetal development on e10.5 after embryo
transfer.
Fetal length (A), implantation rate (B) and uterus image (C) on e10.5 in receiving control
or a zinc deficient diet (ZDD) for 5 days before ovulation after embryo transfer. (D)
Brightfield images of fetal development at e10.5 from control and ZDD (5 days) animals
after embryo transfer. *Significant difference by student’s t-test, P<0.05.
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Chapter 6
Summary and future studies

Summary

Zinc deficiency is common in many developing countries due to low zinc intake.
It also can develop with aging or be associated with other health problems, including
cancer, autoimmune disease and diabetes. As an essential trace element, zinc is involved
in numerous biological processes for its structural and catalytic roles. Recently, zinc has
been identified as an important factor for the completion of meiosis I in oocytes during in
vitro maturation. However, the studies completed in this thesis project dramatically
expand the scope of zinc action in ovarian function to include the control of meiotic
arrest and epigenetic programing of the oocyte before ovulation and the response of
somatic cells to the LH surge during ovulation. These effects are shown to occur in vitro
and more importantly in vivo after short-term zinc deficiency and have important
implications for reproductive health and the optimization of assisted reproductive
technology procedures.
The first study of this dissertation found that zinc is intimately involved in
controlling oocyte maturation and somatic cell function before and during ovulation. In
vitro culture using a zinc chelator, TPEN, caused increased MPF activity and subsequent
GVBD. Importantly meiosis resumed in spite of the precesnce of a PDE3a inhibitor
(Milrinone). This suggests that a zinc-mediated mechanism is important in the GV-stage
oocyte to prevent MPF activation and resumption of meiosis. However, once GVBD
ocurrs, the lack of zinc in TPEN-treated oocytes causes defects in spindle formation and
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meiotic failure. The findings also showed that zinc is important for completion of
meiosis during ovulation in vivo. This is the first time that an acute dietary treatmen has
been shown to affect oocyte competence to complete maturation.
In addition to effects on the oocyte, zinc is also needed for functioning of the
somatic compartment. In vitro, TPEN treatment reduced cumulus gene expression,
increased mural gene expression and and suppressed cumulus expansion. These
responses to TPEN are very similar to effects caused by inhibiting the phosphorylation of
SMAD2/3 [65]. Indeed, treatment of cumulus-oocyte complexes with TPEN also causes
a complete ablation of SMAD2/3 phosphorylation indicating that zinc is required for
SMAD signaling activity. Cumulus expansion is also inhibited in vivo by feeding a zinc
deficient diet. Moreover, follicue rupture is also inhibited with application of a zinc
deficient diet for 10 days. The role of zinc on somatic cell function of the ovary
undoubtedly goes beyond an effect on SMAD activation. However, SMAD proteins are
essential for follicular development and there are numerous ligands such as BMPs,
GDF9, activin, and AMH that activate SMAD proteins in the ovary. Therefore, the
finding that zinc is required for SMAD activation in the ovary is potentially an important
new finding that could improve reproductive health, particularly around the time of
ovulation.
Zinc is also important for developmental events following ovulation. The ablity
of oocytes treated with TPEN to complete fertilization and support embryonic
development is almost completely abolished. Part of the reason for this is the severe
chromosomal defects that occur in zinc deficient oocytes. To further examine whether
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developmental potential of these oocytes is altered, the second study of this dissertation
utilized the same in vivo model of acute dietary zinc deficiency. Preconception ZDD
treatment dramatically disrupted oocyte chromatin methylation and caused aberrant
expression of oocyte transcripts and repetitive elements. Fertilization and blastocyst
development was impaired by disrupting both maturation and epigenetic programming of
the oocyte. In vitro supplementation with a methyl donor restored histone methylation and
improved fertilization rate of zinc deficient eggs, suggesting zinc potentially regulates
methylation in oocytes. To determine the impact of preconception zinc deficiency on
postimplantation development and postnatal health, the third study of this dissertation extended
previous research and showed that acute zinc depletion before ovulation led to growth and

developmental delay in postimplantation embryonic development, defects in fetal
placental development, and decreased implantation rate.
Collectively, the abrupt decrease in oocyte quality is undoubtedly mediated
through alterations in the follicular microenvironment. The observations showing that
zinc deficiency has detrimental effects on ovarian function have significant potential for
improving success of assisted reproduction by modulating zinc availability during in vitro
fertilization. The present in vivo findings add further evidence that dietary deficiencies
can affect fertility. The dramatic decrease in embryonic development and increase
pregnancy loss after a few days of maternal dietary deficiency adds further evidence that
the disruption in gametogenesis is a significant source of developmental problems.
The dramatic effect of acute zinc deficiency in vivo and in vitro on ovarian
function has implications for the treatments and management of human infertility and
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contraception. In particular, the modulation of zinc availability during ovulation and in
vitro maturation could be used to improve pregnancy rates during assisted reproduction
or potentially as a contraceptive agent to prevent ovulation. An understanding of the
biological processes that create a “good egg” is important to the fertility management
options of women to ensure the healthiest pregnancies possible. Our new insights
regarding the role of preconception zinc status and epigenetic programming of the oocyte
and embryo will trigger new research at the intersection of nutrition and reproduction and
will eventually translate into clinical recommendations for improved reproductive health
in women.

Future studies
Based on studies presented in this dissertation, zinc has been identified as an
important regulator in ovarian function. The following studies are ongoing to continue to
understand the role of zinc in the ovary and the implications for reproductive health.

Effects of zinc on DNA methylome in mouse embryo
Zinc serves as an important cofactor for methyltransferases, which catalyze the
important epigenetic modification. Since the level of zinc directly regulate SAM:SAH
ratio, preconception dietary zinc deficiency cause aberrant epigenetic programming in
both oocytes and fertilized eggs [345]. Using methylated DNA chromatin
immunoprecipitation coupled with high-through sequencing, DNA methylation profiling
of mouse embryos from control and ZDD animals will be compared.
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Zinc-mediated signals in the transition from preantral to antral follicle
Acute zinc deficiency caused by TPEN treatment can impair somatic cell function
during the periovulatory period through interruption of pSMAD2/3 activation, including
blocking cumulus expansion and failure to maintain cumulus cell transcripts [346].
However, zinc-dependent mechanisms involved in preantral-antral follicle transition are
still unknown. In vitro growth of preantral follicles under low zinc condition (DTPA) will
be tested to determine changes in oocyte growth or fertility and effects on cumulus cell
function. As a parallel experiment, the effect of zinc deficiency in vivo during the
preantral to antral transition on cumulus-oocyte complex development will be examined.

Effects of aging on zinc homeostasis in the egg
Aging is the most important determinant of egg quality, but the mechanisms
responsible for the age-related increase in aneuploidy and alternations in chromatin
modification are not clearly defined. Since aged population is more susceptible to zinc
deficiency, we hypothesize that age-related zinc deficiency may be the important factor
responsible for age-associated decrease in oocyte quality and decline in fertility. Changes
in zinc accumulation in ovulated oocytes from young versus old mice have been detected
suggesting that the zinc transport network is disrupted in aged oocytes potentially
contributing to increased rates of chromosomal segregation problems.
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