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ABSTRACT
Nucleobase-pKa shifting is important in expanding the structural and catalytic
range in RNA ribozymes. RNA is built from only four similar heterocyclic nucleotides
with pKas of < 4.5 and > 9. Moreover, nucleotide pKa values shift further from neutrality
in typical base pairs. Thus, nucleotides seem to lend themselves neither to electrostatic
nor general acid-base catalysis of biologically relevant reactions.

However, seven

naturally occurring ribozymes have been discovered and several artificial ribozymes
synthesized that are capable of catalyzing phosphodiester-bond synthesis and cleavage,
aminoacylation

of

RNA,

glycosidic

and

amide

bond

formation,

hydroxyl

phosphorylation, alkylation, acyl transfer, and Diels–Alder reactions. To achieve these
functions, nucleobase pKas are shifted by attaining complex structures with specific
microenvironments.
The HDV and leadzyme ribozymes serve as models throughout this dissertation
highlighting the importance and complexity of understanding nucleic acid catalysis.
These ribozymes have in vivo significance in that HDV is a human pathogen and the
essential sequence of leadzyme has been found throughout eukaryotic genomes leading to
implications of its function in lead toxicity. A number of methodologies are used in this
dissertation.

A novel application of chip electrophoresis with capillary sample

introduction is developed to measure ribozyme kinetics. Additionally, rational mutant
design, enzymatic structure mapping, pH-dependent PAGE, and CD, UV-absorbance,
and fluorescence spectroscopy are used to investigate ribozyme folding pathways and
nucleobase pKa perturbation.
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To obtain a suitable construct for biophysical studies, the G11C/U27∆ HDV
ribozyme double mutant was prepared in an effort to destabilize known alternative
pairings—Alt 1, Alt 2, Alt 3, and Alt P1—while leaving the catalytic core intact
(Chapter 2.1). However, biphasic kinetics and antisense oligonucleotide response trends
opposing those of the well–studied G11C mutant were observed, suggesting that new
alternative pairings with multiple registers, termed ‘Alt X’ and ‘Alt Y’, had been created.
Inclusion of biologically relevant concentrations of Na+ realized the goal of monophasic,
fast–folding kinetics (kobs ≈ 60 min–1).

A model is developed wherein Na+, which

destabilizes secondary and tertiary structures in the presence of Mg2+, facilitates native
folding by destabilizing multiple alternate secondary structures with a higher–order
dependence. Thus, design of a highly reactive HDV ribozyme sequence uncovered
facilitation of RNA folding by alternate pairings and near physiological ionic strength.
In Chapter 4.1, continuous analysis of a fluorescene-labeled leadzyme reaction is
demonstrated using completely automated capillary sample introduction onto a
microfabricated chip with an array of separation lanes, laser-induced fluorescence
detection and differing lead concentrations. The automated results are in agreement with
rates determined by conventional, more labor intensive, manual sample collection and
PAGE analysis. This work demonstrates the potential of this method to provide valuable
kinetic information for other, more complex, biologically relevant RNA and protein
enzymes.
Specific measurements of critical ribozyme features, such as nucleobase pKa, are
of even greater interest than the global molecular characteristics. In Chapter 3.1, a
simple method for determining nucleobase pKa values by indirect labeling is developed
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and used to demonstrate a pKa of neutrality in dsDNA using optimal nearest-neighbor
partners and lower temperature. Such pKa values expand the catalytic repertoire of
nucleic acids at physiological pH.
C75 of the HDV ribozyme has been proposed to be involved in both the general
acid-base mechanism and coupled to conformational changes in the folded ribozyme.
Because of this, pH-dependent structural changes are followed by CD, UV-absorbance,
and pyrene fluorescence spectroscopy (Chapter 5.1). In addition, non-denaturing PAGE
is employed over a broad pH range to further elucidate linked structure formation.
Unfortunately, the spectra of each method were complicated by the presence of the ‘nontargeted’ nucleotides. In conclusion, these methods are not effective reporters of subtle
changes associated with this single protonation. These efforts demonstrate that changes
in structure coupled to the protonation state of C75 in the pre-cleaved HDV ribozyme are
subtle. This thesis highlights the importance of rational mutant design, describes the use
of Na+ as a denaturant, and demonstrates combining these two points to achieve a
homogeneous, pre-cleaved, folded ribozyme population suitable for biophysical studies,
which uncovered only a subtle structural change upon protonation of C75 and suggested
that the large rearrangements previously reported may have been the result of stable
misfolded structures.

vi
TABLE OF CONTENTS
Chapter 1 Introduction ................................................................................................1
1.1 Importance of nucleobase pKa in nucleic acid function..................................1
1.2 Secondary structure influence on tertiary fold and function ..........................3
1.3 The hepatitis delta virus..................................................................................7
1.4 Catalytic RNA ................................................................................................11
1.4.1 Overview ..............................................................................................11
1.4.2 HDV ribozyme mechanism ..................................................................12
1.4.3 Roles of metal ions in RNA..................................................................15
1.4.4 Evidence for pKa shifting and general acid-base catalysis in RNA......16
1.5 Format of Dissertation ....................................................................................18
1.6 References.......................................................................................................21
Chapter 2 Design of a highly reactive HDV ribozyme sequence uncovers
facilitation of RNA folding by alternative pairings and physiological ionic
strength .................................................................................................................27
2.1 Abstract...........................................................................................................27
2.2 Introduction.....................................................................................................28
2.3 Materials and Methods ...................................................................................32
2.3.1 Preparation of mutant RNA..................................................................32
2.3.2 Ribozyme kinetics and data fitting .......................................................33
2.3.2.1 Hand-mixing kinetics .................................................................33
2.3.2.2 Urea and ionic strength dependence of the activity of mutant
RNAs...............................................................................................33
2.3.2.3 Rapid-quench kinetics ................................................................34
2.3.2.4 Data fitting..................................................................................35
2.3.3 Enzymatic structure mapping of the oligonucleotide models ..............35
2.3.4 Ionic-strength dependence of Alt 3’s TM ..............................................36
2.4 Results.............................................................................................................38
2.4.1 Background on mutant rationale ..........................................................38
2.4.2 G11C/U27∆ kinetics and the effect of antisense oligonucleotide
length......................................................................................................39
2.4.3 Enzymatic structure mapping of oligonucleotide models of burstphase folding intermediates....................................................................46
2.4.4 Kinetic studies of the quadruple mutant: G10C/ U27∆/
C14A/G81U ...........................................................................................51
2.4.5 Effect of urea on G11C/U27∆ and U27∆ kinetics................................52
2.4.6 Effect of ionic strength on G11C/U27∆ and U27∆ kinetics................. 56
2.5 Discussion.......................................................................................................58
2.5.1 Alternative pairings as folding guides: Phylogenetic conservation .....58

vii
2.5.2 Alternative pairings as folding guides: Comparison to modeling
studies.....................................................................................................64
2.5.3 Facilitation of folding by physiological ionic strength: Expectations
for tertiary and secondary structure........................................................66
2.5.4 Facilitation of folding by physiological ionic strength: A statistical
thermodynamic framework ....................................................................70
2.6 Acknowledgements.........................................................................................77
2.7 References.......................................................................................................78
Chapter 3 Simple Method for Determining Nucleobase pKa Values by Indirect
Labeling and Demonstration of a pKa of Neutrality in dsDNA............................84
3.1 Abstract...........................................................................................................84
3.2 Introduction.....................................................................................................84
3.3 Materials and Methods ...................................................................................87
3.3.1 Preparation of DNA Samples ...............................................................87
3.3.2 NMR Conditions ..................................................................................91
3.3.3 Fitting of the Data.................................................................................94
3.4 Results.............................................................................................................95
3.5 Conclusions.....................................................................................................99
3.6 Acknowledgements.........................................................................................99
3.7 References.......................................................................................................100
Chapter 4 Continuous Monitoring of Enzyme Reactions on a Microchip:
Application to Catalytic RNA Self-Cleavage.......................................................103
4.1 Abstract...........................................................................................................103
4.2 Introduction.....................................................................................................104
4.3 Materials and Methods ...................................................................................106
4.3.1 Microfabrication ...................................................................................106
4.3.2 Sieving Matrix Preparation...................................................................107
4.3.3 Instrumentation.....................................................................................108
4.3.4 Automated Injection Method................................................................108
4.3.5 Manipulator ..........................................................................................109
4.3.6 RNA Cleavage Reactions .....................................................................110
4.3.7 Traditional Gel Electrophoresis............................................................ 110
4.3.8 Data Analysis........................................................................................111
4.4 Results and Discussions..................................................................................112
4.4.1 Leadzyme Overview.............................................................................112
4.4.2 Capillary Sample Introduction for RNA Self-cleavage Kinetic
Assays on Chips .....................................................................................114
4.4.3 On-line Measurement of Accelerated Leadzyme Self-cleavage
Reaction..................................................................................................117
4.4.4 Channel-to-channel Reproducibility with Automated Injection via
the Capillary Interface ............................................................................120

viii
4.4.5 Comparison of the Chip Array to Traditional Electrophoresis ............122
4.5 Conclusions.....................................................................................................126
4.6 Acknowledgements.........................................................................................127
4.7 References.......................................................................................................128
Chapter 5 Efforts towards pKa Measurements in Functional RNAs........................... 133
5.1 Abstract...........................................................................................................133
5.2 Introduction.....................................................................................................134
5.3 Materials and Methods ...................................................................................141
5.3.1 Synthetic Oligonucleotides...................................................................141
5.3.2 Pre-cleaved Active-site Model .............................................................142
5.3.3 Spectroscopy Conditions ......................................................................145
5.3.3.1 CD ..............................................................................................146
5.3.3.2 Absorbance.................................................................................147
5.3.3.3 Fluorescence...............................................................................147
5.3.4 Native Gel Conditions ..........................................................................148
5.4 Results and Discussion ...................................................................................150
5.5 Acknowledgements.........................................................................................164
5.6 References.......................................................................................................165
Appendix A Method for assigning double-stranded RNA structures.........................170
A.1 Abstract..........................................................................................................170
A.2 Introduction....................................................................................................171
A.3 Materials and Methods...................................................................................176
A.4 Results............................................................................................................177
A.5 Conclusions....................................................................................................177
A.6 Acknowledgements........................................................................................178
A.7 References......................................................................................................178

ix
LIST OF FIGURES
Figure 1.1: Nitrogenous nucleobase and sugar-phosphate backbone pKas.................2
Figure 1.2: Common secondary and tertiary interactions in folded RNA ..................6
Figure 1.3: Rolling-circle replication in HDV............................................................8
Figure 1.4: Secondary structure of the genomic HDV ribozyme ...............................10
Figure 1.5: Proposed general acid-base mechanism of HDV ribozyme.....................14
Figure 2.1: Native pairings are selected from an ensemble of alternative pairings....30
Figure 2.2: G11C/U27∆ with AS(-30/-7) self-cleavage kinetics are strongly
biphasic. ................................................................................................................41
Figure 2.3: A monotonic dependence of self-cleavage rate on AS oligonucleotide
length. ...................................................................................................................42
Figure 2.4: Enzymatic structure mapping of oligonucleotide models of burstphase G11C and G11C/U27∆ folding intermediates............................................ 48
Figure 2.5: Dependence of self-cleavage rate on the presence of 2 M urea. ..............54
Figure 2.6: Dependence of self-cleavage rate on ionic strength.................................57
Figure 2.7: Alignment of the genomic HDV ribozyme nucleotides 14 – 29
representing the Alt 3 alternative fold. .................................................................63
Figure 2.8: Alt 3 model oligo melting transition curves as a function of Na+
concentration in the absence () and presence () of 1 mM Mg2+.....................69
Figure 3.1: Representative NMR spectra highlighting downfield-shifted
phosphorothioate resonances. ...............................................................................86
Figure 3.2: DNA oligonucleotides with arrows indicating locations of
phosphorothioates. ................................................................................................89
Figure 3.3: Titration curves for data in Table 3.1. ......................................................92
Figure 3.4: Additional titration curves........................................................................93
Figure 3.5: Titration curves tracking the change in chemical shift with pH for
DNA2 A* peak 1 (●), DNA2 A* peak 2 (ο), and DNA2 A* ctrl peak 1 (♦). ...... 98

x
Figure 4.1: 30 nucleotide leadzyme secondary structure............................................113
Figure 4.2: Representative data collected during a single reaction. ...........................116
Figure 4.3: Accelerated leadzyme reaction with automated introduction. ................. 119
Figure 4.4: Leazyme cleavage reaction with 100µM Pb2+. ........................................121
Figure 4.5: Leadzyme cleavage by traditional PAGE method. ..................................124
Figure 4.6: Observed kinetic rate constant comparisons. ...........................................125
Figure 5.1: Examples of structures involving ionized bases.......................................136
Figure 5.2: Secondary structures of WT and two-piece genomic HDV ribozymes. ..140
Figure 5.3: Cleaved HDV ribozyme active-site can accommodate the -1
nucleotide..............................................................................................................144
Figure 5.4: Native gel-shift assay demonstrates complex formation and
activation...............................................................................................................152
Figure 5.5: CD spectroscopy to detect protonation-coupled structure formation.......154
Figure 5.6: Absorbance-monitored titrations to detected protonation-coupled
structure formation................................................................................................157
Figure 5.7: Pyrene fluorescence monitors structure change with pH titration. ..........159
Figure 5.8: Separation of various NMR1 complexes using native gels of differing
pH. ........................................................................................................................163
Figure A.1: Sequencing of RNase V1 structure mapping products............................173

xi
LIST OF TABLES AND SCHEMES
Table 2.1: AS oligonucleotide length dependence of kobs for G11C, U27∆, and
G11C/U27∆. .........................................................................................................41
Table 2.2: Urea and ionic strength dependence of kobs for G11C, U27∆, and
G11C/U27∆. .........................................................................................................55
Table 2.3: Alternative pairings facilitate folding of the hepatitis delta virus
ribozyme ...............................................................................................................60
Table 3.1: Parameters from fits to pH titrations ......................................................... 89
Table 3.2: Parameters from fits to pH titrations at additional temperatures...............90
Table 5.1: RNAs can utilize Class I and Class II protonation sites to gain
functionality..........................................................................................................138

Scheme 2.1: Model for folding and reaction of G11C/U27∆. ....................................72

xii
ABREVIATIONS

2′-OMe

2' methoxy of ribose

-30/99

An RNA with a 5’-end of -30 and a 3’-end of 99 with respect to the cleavage site

Alt 23’ and Alt X3’

Guanosines 38 to 40 of the HDV ribozyme

Alt A

Alternate pairing not found in the native ribozyme conformation; A is a variable

Alt A3’

3’-strand of the pairing Alt A; A is a variable

Alt Y3’

Guanosines 80 to 82; AS, antisense

APS

Ammonium persulfate

AS(-30/-3)

Antisense DNA oligonucleotide complementary to HDV nucleotides -30 to -3

AS(-30/-3’)

Antisense DNA oligonucleotide complementary to HDV nucleotides -30 to –7 and
non-complementary to nucleotides –6 to –3 with four adenosines at these positions

AS(-30/-7)

Antisense DNA oligonucleotide complementary to HDV nucleotides -30 to -7

Bis

bisacrylamide

CD

Circular Dichroism

EDTA

Ethylenediaminetetraacetic acid

EPPS

4-(2-Hydroxyethyl)piperazine-1-propanesulfonic acid

HBV

Hepatitis B virus

HDV

Hepatitis delta virus

HEPES

4-(2-Hydroxyethyl)-1-piperazineethanesulfonic acid

MOPS

3-N-morpholino propansulfonic acid

N

Native or active ribozyme conformation

NMR1

Non-cleavable, two-piece HDV ribozyme complex with deoxy-U at -1 and
G10C:C85G:U27D:C44U:G73A

NMR1a

Piece 1 of NMR1; HDV ribozyme's -1 to 51; U-1dU: G10C:U27D:C44U and nts 47
to 52 mutated to CCUCC

NMR1a.r

NMR1a with riobU at -1

NMR1b

Piece 2 of NMR1; HDV ribozyme's 64 to 85 with G73A and nts 64 to 70 mutated to
GGAGG.

xiii
NMR1b-Pyr

NMR1b with a 3' pyrene on a 6-carbon linker

NMR1bU

NMR1b with C75U

NMR1r

NMR1 with riboU at -1

NMR1U

NMR1 with C75U

P

Product or self-cleaved ribozyme;

PAGE

Polyacrylamide gel electrophoresis

PNK

Polynucleotide kinase

Pyr-NMR1a

NMR1a with a 5' pyrene on a 6-carbon linker

TE

10mM Tris, 1mM EDTA (pH 7.5)

TEMED

N,N,N',N'-tetramethylethenediamine

Tris

Tris(hydroxymethyl)aminomethane;2-Amino-2-(hydroxymethyl)-1,3-propanediol

WT

Wild-type

WTQ-NMR1

NMR1 with wild-type quartet; C44:G73

WTQ-NMR1a

NMR1a with wild-type quartet; C44

WTQ-NMR1b-Pyr

NMR1b-Pyr with wild-type quartet; G73

WTQ-NMR1U

WTQ-NMR1 with C75U

xiv
ACKNOWLEDGEMENTS

The Thesis Guide states that this Acknowledgements section “is used to express
the author’s professional and personal indebtedness.”

There are several individuals

whom have conveyed faith in my abilities as a conscientious ‘technician’ and a curious
‘investigator,’ which has fostered my self-confidence in the scientific questions I ask and
an intelligence to guide my research down a successful path. I pray that I’ve been able to
show my appreciation of each through personal interactions over these last six trying
years. However, when all is said and done, I have the greatest professional and personal
indebtedness to Mom and Dad, Elizabeth and Clifton Brown. I am most grateful for their
learning and growing along with me, for working so hard to ensure that the only thing I
have to worry about is studying hard and completing this thesis, and for always being
there for me. Thank you so much.

xv
While we look not at the things which are seen, but at the things which are not
seen: for the things which are seen are temporal; but the things which are not seen are
eternal.
— 2 Corinthians 4:18
Fortune favors the prepared mind.
— Louis Pasteur
Don’t waste clean thinking on dirty enzymes.
— Arthur Kornberg
Even a great idea explained poorly can sound like a bad idea.
— Rick Russell
Beg for forgiveness, not permission.
— C. Robert Mathews
You mean, you’re a scientist?
— Unknown

xvi

This volume is respectfully dedicated to all of those who have ever said:
“Good question. Hmm, now let’s see. Which one did come first?”

Chapter 1
Introduction

1.1 Importance of nucleobase pKa in nucleic acid function
The ability to shift the pKa of nucleobases is important to extending the range of
structure and catalysis found in RNA ribozymes. Where proteins have 20 natural amino
acids with pKas ranging from ~3.5 to ~12.5 and sulfur-containing, aromatic, and aliphatic
side chains from which to build complex structures with multiple functions, nucleic acids
only have four nucleotide building blocks (barring modifications), two with imino pKas
~4 and two ~9 (Figure 1.1).1 This structural simplicity would seemingly hinder complexstructure formation as it makes RNA prone to misfolding where bases find the wrong
pairing partner. Moreover, nucleotide pKa values shift even further from neutrality in a
typical Watson-Crick base pair owing to the stability conferred by basepairing.2-4
Although favorable for the hydrogen-bond donor-acceptor interactions occurring in
Watson-Crick base pairs, these pKas lend themselves to neither electrostatic nor general
acid-base catalysis at a physiological pH of 7.2.3

Finally, the negatively charged

phosphodiester backbone itself tends to inhibit structure compaction.
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Figure 1.1: Nitrogenous nucleobase and sugar-phosphate backbone pKas.
(Left) The four nitrogenous bases are shown in their typical tautomeric forms that lead to
W-C basepairing. The pKa values for the imino protons and the protonation states
dominant at pH 7.0 of adenosine (A), uridine (U), guanosine (G), and cytidine (C)
ribonucleotides are shown.1,5
(Right) Representative sugar-phosphate backbone.
Average pKas of ionizable groups are marked. The pKa of the 2'-hydroxyl is dependent
on the base identity and has been estimated to be between 12.3 and 14.9 by NMR
experiments and theory.6-8 The negative charge on the nonbridging phosphate oxygens is
delocalized, yielding the very acidic pKa of ~1, which is only slightly affected by
oligomerization.1 Due to its high pKa the 5'-oxygen is believed to require stabilization,
such as by metal ions or a general acid, to assist its function as the oxyanion leaving
group. This figure also appeared in reference 3.
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Although the negative charges along the RNA backbone are conducive to metal
cation recruitment, which will be highlighted later, nucleobase pKas that are shifted via
establishment of specific microenvironments are important for electrostatic stabilization
of folded RNAs. Raising the pKa of A and C above eight, while at a physiological pH of
~7, would make them positively charged and carrying an additional proton, which is
comparable to lysine or arginine. Lowering the pKa of G or U below six, again at
physiological pH of ~7, would leave them deprotonated and negatively charged, thus
functioning like aspartic or glutamic acids. These protonations would enable charge
neutralization for folding RNA, providing additional metal-ligands, and even participate
in electrostatic catalysis by stabilizing building charge in the transition state of a reaction.
As for general acid-base catalysis, RNA is again at a disadvantage. In general, a
pKa near neutrality facilitates proton transfer as pKa’s near biological pH strike a
compromise between a good population of the functional form of the acid or base while
maintaining reasonable acidity or basicity.3,9 In this situation, the nucleobase would act
in a histidine-like fashion, shuttling a proton to or from reaction components. Thus, pKa
shifting in nucleic acids can play important roles in achieving both complex structure and
function.

1.2 Secondary structure influence on tertiary fold and function
The folding pathway of small, single-domain proteins has been described as a
simple, mechanistically uniform process that depends on a search for a topologically
native-like transition state structure rather than determined by the fine details of
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sequence.10,11 In such proteins, a lack of strong correlation between length and folding
rates, which also seem to be unaffected by mutations that do not alter native state
structure or stability, has also been reported.10 As opposed to two-state folding proteins,
which initially lack long range contacts and are predominately unstructured, RNA
molecules are known to quickly adopt stable, non-native or inactive structures that reduce
the maximal level of activity.12-16
RNA folding follows a strong hierarchy in that the primary structure, the
nucleotide sequence, enables stable secondary structures that can then lead to tertiary
structure formation. Because secondary structures are independently stable as loops,
bulges, and helices, folding intermediates are common along the RNA folding
pathway.14,16,17 These intermediates enhance the rate of folding if they are compatible
with the final, native or active conformation. However, they can easily be detrimental to
proper folding as stable, alternative pairings that are not found in the native conformation
and lead to slower observed folding rates.

Examples of this will be discussed in

Chapter 2.1.
RNA secondary structure comprises both base pairing and base stacking. Base
pairing is governed by hydrogen bonding and, although they are similar heterocycles, the
differing arrangement of hydrogen-bond donors and acceptors on four nitrogenous bases
provides for specific partnering. In a typical A-form RNA helix, Watson-Crick (WC)
base pairs dominate, that is, adenosine (A) pairs with uridine (U) and cytidine (C) pairs
with guanosine (Figure 1.2).

However, there are numerous non-WC base pairing

interactions that stabilize RNA structures as well, including Hoogsteen, wobble, and
reverse interactions. Base pairing is also primarily a co-planar interaction, where the
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nitrogenous bases interact in an end-to-end fashion. Base stacking, however, does not
involve base-base hydrogen bonding, but rather is the favored interaction of the ‘flat’
sides of the bases in aqueous solution.18 Such interactions can lead to intercalations,
helix and stem-loop stabilization, and the favorable influences described by nearestneighbor rules.1,19,20 Using long-range base pairing, protonated bases, and base-sugar
interactions, secondary structural motifs can then be assembled into a variety of tertiary
interactions including pseudoknots, base triplets and quartets, and ribose zippers
(Figure 1.2).21-23 See reference 18 for a compilation of the variety of secondary and
tertiary structures found in RNA.
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Figure 1.2: Common secondary and tertiary interactions in folded RNA
All examples shown are taken from the cleaved HDV ribozyme crystal structure.24
Watson-Crick base pairs match adenosine (A) with uridine (U) and guanosine (G) with
cytidine (C). G can also form a wobble pair with U. Shown as part of the quartet, such a
G-C pair (café con leche line) forms a reverse Hoogsteen pair (magenta line) with a C+,
which in turn hydrogen bonds to an A. Nucleobases form favorable stacking interactions
with the “flat” base-faces as illustrated by the unpaired 3′-A stacked on a helix. The P1.1
pseudoknot involves long-range base pairs formed with two Cs of the P3-pairing loop and
two distal Gs; paired regions are boxed. A ribose zipper involves consecutive 2’hydroxyls interacting with distal hydroxyls or even N3 of A. Hydrogen bonding is shown
by dashed lines for illustrative purposes only.
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1.3 The hepatitis delta virus
The hepatitis delta virus (HDV) is a human pathogen found co-infecting chronic
hepatitis B virus (HBV) patients as a satellite virus. Individuals infected with HBV
experience worsened symptoms of the disease and are at greater risk of developing
cirrhosis if superinfected with HDV. The HDV genome consists of a circular RNA of
~1.7 kb that codes for a single protein, the delta antigen, and is replicated by a rollingcircle mechanism (Figure 1.3).

Because of extensive self-complementarities, the

resulting circular genome likely exists as an unbranched partial duplex.25 A catalytic
ribozyme comprises a contiguous stretch of 85 nucleotides and undergoes cis-cleavage
during replication, yielding a unit-length, linear form of either the genomic or
antigenomic RNA.

The genomic and antigenomic ribozymes have been shown by

various biochemical methods to have nearly identical secondary structures and cleavage
mechanisms. The pre-cleaved ribozyme crystal structure has been solved in the presence
of various metals and utilizing functional mutations.26 Additionally, there is a crystal
structure of the self-cleaved form of the genomic ribozyme that we believe to be
representative of the active structure.24,27,28

The comparison of this structure to the

former shows a significant conformational change in the RNA after cleavage and loss of
a catalytically important divalent metal ion. The investigations in this dissertation are
aimed at understanding the ability of RNA to achieve the active folded conformation
from a multitude of misfolds, and the mechanism of catalysis of this ribozyme.
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Figure 1.3: Rolling-circle replication in HDV
The linearized HDV genome is diagramed at the top with genomic numbering indicated.29
Genomic (+) HDV is transcribed using host Pol II RNA polymerase, forming
concatameric antigenomic (-) RNA. This transcript is self-cleaved into genomic-length
RNAs by the antigenomic ribozyme (blue) and circularized. Antigenomic HDV (-) codes
for the only known gene-product, the δ-antigen (sequence shown in box; yellow), and is
the transcription template for the genomic RNA, which is self-cleaved by the genomic
ribozyme (orange) (crystal structure of cleaved form shown).24
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The HDV ribozyme is one of the few catalytic RNAs directly linked to a human
disease. The highly studied, self-splicing introns are not found in humans or other
animals. Smaller self-cleaving replicon-associated ribozymes have been found primarily
in plant satellite viruses, and a few newt and salamander nuclear genomes.28,30 Thus, the
HDV ribozyme is unique in that it serves as a mammalian ribozyme model and has an
intriguing mechanism. Understanding the mechanism in detail may ultimately lead to
new catalytic and non-catalytic targets for therapeutics.
The secondary-structure models for the HDV ribozyme have two pseudoknots as
distinguishing features. It has been reported that 85 contiguous nucleotides, including a
single nucleotide immediately 5′ to the cleavage site, are required for activity
(Figure 1.4). In addition, the particular nucleotide in the -1 position has only small
effects on the reaction rate. Owing to extensive biochemical and structural
characterization, it is now possible to engineer shorter constructs with comparable
activity for use in biochemical and NMR studies.24,28
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Figure 1.4: Secondary structure of the genomic HDV ribozyme
Wild-type nucleobases of the genomic ribozyme number from +1 to 84 using ribozyme
numbering convention, which places the cleavage site (indicated by arrow) between -1
and +1; -1 is 688 with respect to origin. This genomic sequence is from a human isolate
of HDV (GenBank accession number M28267)29 and is color-coded by native pairings –
pairings found in the active fold. (Graphic modified from reference 31.)
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1.4 Catalytic RNA

1.4.1 Overview
In 1982, the first catalytic RNA, or ribozyme, was reported.32 Other naturallyoccurring ribozymes were soon discovered,33 and beginning in the early 1990s,
nonnatural ribozymes were identified through SELEX, an in vitro selection process by
which individual RNA molecules that perform a specified function are isolated from a
library of 1013–1015 sequence variants and amplified by PCR in iterative cycles.34-38
RNA serves a variety of functions in the body including the mobilization and
interpretation of genetic material.

Recently, new drug therapies have employed

ribozymes in the treatment of disorders ranging from infectious diseases to cancers.39
Continuing recognition of the similarities between catalysis by RNA and proteins has
heightened interest in the discovery of new ribozyme mechanisms, classes, and
applications.40
Through Investigations of viral replication, RNA evolution, and SELEX, nucleic
acids have been found to be capable of catalyzing the synthesis and cleavage of
phosphodiester bonds, stimulating aminoacylation of RNA, promoting glycosidic and
amide bond formation, hydroxyl phosphorylation, alkylation, acyl transfer, and carrying
out Diels–Alder reactions.41,42

With manipulation of reaction conditions, namely

extremely high pressure, it was reported that natural tRNA has the ability to catalyze this
last reaction. An RNA that undergoes autolytic cleavage in the presence of Pb2+, the
leadzyme, has also been isolated by SELEX.43-48

Although discovered by in vitro

selection, the leadzyme has apparent in vivo importance as it is a small ribozyme that was
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inspired by observed, lead-catalyzed cleavage of tRNA and whose essential sequence has
been found throughout eukaryotic genomes.49 The leadzyme was used as an ideal model
system to demonstrate the capabilities of our separation technique to probe RNA enzyme
kinetics in Chapter 4.1.
There are seven naturally occurring ribozymes that have been described. The four
smaller, ~40 to 150 nucleotides, ribozymes include the hammerhead, hepatitis delta virus,
Neurospora Varkud satellite (VS), and the hairpin ribozyme. These ribozymes catalyze
self-cleavage of the phosphodiester-sugar backbone using a 2′-oxygen to nucleophilicly
attack the 3′-neighboring phosphorous and resulting in a 2′,3′-cyclic phosphate and a 5′hydroxal.

The three larger ribozymes catalyze intermolecular cleavage of specific

substrates and these ribozymes are the Group I and II introns, which actually catalyzes
both the cleavage and ligation reactions of self-splicing, and RNase P, which processes
precursor tRNA and exists in vivo primarily as a ribonucleoprotein.50 Thus, ribozymes
not only have the ability to catalyze a diverse array of chemical reactions, but actually
play central active roles in biochemistry. The HDV ribozyme will serve as the central
ribozyme model throughout this dissertation to highlight and investigate the difficulty,
complexity, and importance of understanding mechanisms of catalysis by nucleic acids.

1.4.2 HDV ribozyme mechanism
The RNA enzyme (ribozyme) of the hepatitis delta virus (HDV) catalyzes selfcleavage of a specific backbone phosphodiester bond by a general acid-base catalyzed
mechanism yielding products with 2′, 3′-cyclic phosphate and 5′-hydroxyl termini
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(Figure 1.5).27,51 Based on reactivity-pH profiles, positioning of the leaving group in the
crystal structure, and imidazole rescue experiments, cytosine 75 of the ~85-nucleotide
ribozyme has been proposed to act as the general acid in this mechanism and to have a
pKa perturbed from 4.2 to near neutrality.24,27,51-54 A hydrated metal hydroxide at the
active site has also been proposed to act as the general base. This hypothesis is supported
by studies of ribozyme activation by various alkaline earth and transition metal hydrates,
activation by cobalt hexahydrate but not by cobalt hexammine, 2′-5′/3′-5′ cleavage site
metal specificity switches, and the presence of a conserved GU wobble pair at the active
site.24,27,28,52,55-58
Although rate-pH studies and the crystal structure of the HDV ribozyme support
involvement of C75 in active-site chemistry, direct measuring of a shifted pKa in the
precleaved ribozyme has not been accomplished. In addition, the proposed hydrated
metal hydroxide is missing from the crystal structure of the cleaved ribozyme presumably
because the crystal structure is missing critical metal-binding ligands at the active
site.24,52 The research discussed herein investigated the folding pathway of the HDV
ribozyme. Additionally, it pursued measurement of nucleobase pKa perturbation in this
ribozyme by applying a host of biochemical, physical, and spectroscopic techniques.
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Figure 1.5: Proposed general acid-base mechanism of HDV ribozyme.
The proposed general base, a hydrated magnesium hydroxide, abstracts the proton H,
allowing the nucleophilic 2′-O to attack the backbone phosphate, releasing the leaving
group. The general acid, C75, protonates the 5′-O leaving group. H-bonds a and b are
inferred from N-O distances of 2.8 Å and 3.0 Å, respectively, in the self-cleaved
ribozyme crystal structure.24,27 H-bond c has been proposed to be present in the active,
pre-cleaved ribozyme.53 See Figure 5.3 for an alternate model. Figure modified from
reference 27. See also references 3 and 53.
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1.4.3 Roles of metal ions in RNA
Metal ions are critical in RNA structure and function. Cations can serve to reduce
the strong electrostatic repulsion of backbone phosphates, allowing closer packing.
Monovalent and divalent ions have been shown to influence tertiary stability and
biological activity in RNAs including tRNA, the hammerhead and hairpin ribozymes,
Tetrahymena group I intron, group II intron, and ribonuclease P.59 Diffuse binding,
outer-sphere, and inner-sphere complexes describe modes of ion binding to RNA and
DNA. The ion and its phosphate ligand maintaining their individual solvation shells,
sharing their solvation shells, or making direct contact, respectively, define such
complexes. The effect of ionic strength on the thermal denaturation of nucleic acids
exhibits stabilization resulting from non-specific, long-range electrostatic interactions of
diffuse binding—the type attributed to counterion delocalization around nucleic acids.56,59
This characteristic will become important to the discussion in Chapter 2.1 (Sections 2.5.3
and 2.5.4). Alternatively, site binding of metals has been described as the trapping of
ions in pockets of negative electrostatic potential, created by molecular surface
irregularities.59 These binding pockets can carry metal-ion specificity. For example,
there is a preference for K+ and Na+ monovalent ions in the structure and stability of
DNA G quartets.60-62

Ion-specific binding has also been demonstrated for catalytic

RNAs.56,63
The details of specific metal ion-RNA interactions are of interest for a fuller
understanding of ribozyme activation and inhibition. However, an interesting new view
of the roles of ions was revealed by the research dissertated in Chapter 2.1. That view
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placed Na+ in the role of Nature’s urea, that is, Na+ serves to enhance HDV ribozyme
catalysis through diffuse binding by destabilizing the multitude of alternative pairings
and allowing the native structure to be more easily sampled. See Chapter 2.1 for details.
So, rather than investigating specific binding sites, the research here investigated the
positive effects of proper Na+ concentrations in a background of Mg2+ to gain accelerated
ribozyme folding.
Metal ions can act as the general base for deprotonation or the Lewis acid for
charge stabilization. Magnesium ions have been shown to aid transition state formation
in the hammerhead ribozyme by stabilizing a building anionic charge

64-66

. Of direct

relevance to this dissertation, a pentahydrate magnesium hydroxide has been proposed to
act as a general base in the mechanism of self-cleavage in the HDV ribozyme by
deprotonating the 2'-oxygen of U(-1) to form the nucleophilic oxyanion.27 This role in
active-site chemistry is based on functional evidence, such as interpretation of pHreactivity profiles and C75+-Mg2+ anti-cooperative interactions.27

The experiments

presented in Chapter 5.1 were guided by these relationships and took advantage of the
effects of metal concentrations.

1.4.4 Evidence for pKa shifting and general acid-base catalysis in RNA
In order for RNA bases to be useful for catalysis by proton transfer, they need to
have an atom with a pKa near biological pH that is not involved in base pairing. In
protein enzymes, histidine is the likely candidate since free histidine has a pKa of ~6 for
its imino nitrogen. Regarding the pKas of the free nucleosides, there are no obvious
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candidates for this type of chemistry as these pKa values are all at least two pH units
away from neutrality (Figure 1.1).2 However, evidence that imidazole can rescue a C75U
mutation in the genomic HDV ribozyme, or the equivalent C76U change in the
antigenomic HDV ribozyme, suggested that C75 is ‘histidine-like.’27,51 Moreover, a
C75A mutation gave a ∆pKa consistent with the unperturbed ∆pKa of C and A, supporting
involvement of C75 in general acid-base chemistry.27,51
Unlike guanine and uracil, which switch from a neutral to negative charge upon
deprotonation of their imino nitrogens, the charge on adenine and cytosine shifts from
neutral to positive upon protonation. This is a favorable characteristic, as neither the
deprotonated nor the protonated imine give rise to electrostatic repulsions with the nearby
negatively charged RNA backbone.

Fascinatingly, adenine was proposed to play a

critical role in ribosome chemistry or structure with a shifted pKa of 7.6.67-69
Additionally, the crystal structure of a hairpin ribozyme-inhibitor complex suggests that
nucleobases, and not metals, act as the catalytic general acid and base.70 Thus, the
investigations reported here have broad implications for RNA catalysis and ‘RNA World’
hypotheses.
Perturbation of pKas can be affected by local environment such as that created by
charge positioning. The negatively charged phosphate backbone and positively charged
bound metals are two examples of prevalent, reasonable contributors to local
environment that may perturb pKas of RNA sugar and base groups.2 From the cleaved
ribozyme crystal structure, the 3.0 Å proximity of the exocyclic amine (N4) of C75 to a
non-bridging oxygen of phosphate C22 is sufficient to support H-bonding
(Figure 1.5).24,27,52 Although the active-site may be distorted in the presence of EDTA,
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N4 of C75 is also found to be 2.3 Å from a non-bridging oxygen of the scissile phosphate
in a pre-cleaved crystal structure.26 Such a hydrogen-bonding network (Figure 1.5) may
perturb the pKa of C75’s ring imino nitrogen. Additionally, from the cleaved-ribozyme
crystal structure, the N3 of C75 is ideally positioned to have donated a proton to the G1
leaving group of the 5’-oxygen. Thus, it is hypothesized that the scissile phosphate of G1
may also play a role in influencing the pKa of C75.27,53,71 This dissertation explores a
variety of methods and considerations to determining this value.
Understanding this mechanism in detail may ultimately lead to new catalytic and
non-catalytic targets for therapeutics. There are growing pharmaceutical fields that are
interested in using ribozymes for drug delivery or gene therapy. Understanding the
mechanism of the HDV ribozyme will allow researchers to design potential drug
candidates and delivery systems not only for the treatment of HDV patients but also for a
variety of other ailments such as cancer, viral infections, arthritis and cardiovascular
diseases.72

1.5 Format of Dissertation
This thesis research begins with the design of a kinetically simplified and
maximally reactive HDV ribozyme construct for in vitro mechanistic and structural
studies (Chapter 2.1). Here, it is found that inclusion of physiological concentrations of
Na+ and Mg2+, combined with rational mutant design, allowed the goal of monophasic,
fast–folding (kobs ≈ 60 min–1) kinetics to be realized. A model is developed wherein Na+,
which destabilizes secondary and tertiary structures in the presence of Mg2+, facilitates
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native folding by destabilizing the multiple alternative secondary structures with a
higher–order dependence. Thus, design of a highly reactive HDV ribozyme sequence
uncovered facilitation of RNA folding by alternate base pairings and physiological ionic
strength.
Then, with a better appreciation for the effects of rational sequence design and
solution ionic strength on ribozyme folding and catalytic-rate acceleration, I became
interested in collaborating with Dr. Andy Ewing’s research group to develop an enhanced
separations-based method for analysis of ribozyme cleavage reaction kinetics
(Chapter 4.1). As a way to automate and simplify the tedious process of collecting and
quenching reaction aliquots at various time points and then fractionating by PAGE,
continuous analysis of the leadzyme reaction is demonstrated herein using completely
automated capillary sample introduction onto a microfabricated chip with an array of
separation lanes and laser-induced fluorescence detection.

The fluorescein-labeled

leadzyme was monitored in the presence of differing lead concentrations, and the
automated results are in agreement with rates determined by conventional, laborintensive, manual sample collection and PAGE analysis. This work demonstrates the
potential of this method to provide valuable kinetic information for other, more complex,
biologically relevant RNA and protein enzymes. Unfortunately, due to a laboratory
move, the instrument was decommissioned and continuous monitoring of enzyme
reactions on a microchip was not applied to catalytic RNA self-cleavage by the more
complex HDV ribozyme.
However, this was an excellent segue to the concluding experiments of this
dissertation. Optimization of the chip gel conditions illuminated achieving adequate
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resolving power through careful attention to reaction solvent, running buffer, and gel
uniformity. It also served as an introduction to the power and ease of fluorescent label
use for observing ribozyme catalysis. These two points were applied in the research of
Chapter 5.1.
Specific measurements of critical ribozyme features, such as nucleobase pKa, are
of even greater interest than the global characteristics. Shifted nucleobase pKas have
been separated into two classes—non-transferable Class I and transferable Class II. A
simple method for determining nucleobase pKa values by indirect labeling is developed in
Chapter 3.1 and used to demonstrate a pKa of neutrality in dsDNA using optimal nearestneighbor partners and lower temperature. This new
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P NMR application makes use of

phosphorothioate substitutions to shift specific phosphorus peaks downfield by ~50 ppm,
away from the envelope of backbone phosphate resonances. The method was effective
for reporting the near-neutral pKa of a Class I A+•C basepair in a simple DNA hairpin
using optimal nearest-neighbor partners and lower temperature. Such pKa values could
expand the catalytic repertoire of nucleic acids.
Finally, great efforts were made towards pKa measurements in the much more
complex, pre-cleaved HDV ribozyme (Chapter 5.1). Spectroscopic methods such as CD
and fluorescence have been routinely used to report on structural changes in folded
nucleic acids. C75 of the HDV ribozyme is proposed to be both involved in the general
acid-base mechanism and coupled to local and global conformational changes in the
folded ribozyme. Because of this, CD, UV-absorbance, and fluorescence spectroscopy
were applied to follow pH-dependent structural changes. Additionally, non-denaturing
PAGE was employed over a broad pH range to further elucidate any link between
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protonation and structure formation. Unfortunately, each were found too complicated by
the presence of the ‘non-targeted’ nucleotides and, in conclusion, are not appropriate
reporters of any change associated with C75 protonation in the pre-cleaved HDV
ribozyme. Also, these efforts demonstrated that structural change coupled to C75’s
protonation state in the pre-cleaved HDV ribozyme is subtle at best.
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Chapter 2
Design of a highly reactive HDV ribozyme sequence uncovers facilitation of RNA
folding by alternative pairings and physiological ionic strength
[Published, in part, as a paper titled “Design of a highly reactive HDV ribozyme
sequence uncovers facilitation of RNA folding by alternative pairings and physiological
ionic strength” by Trevor S. Brown, Durga M. Chadalavada, and Philip C. Bevilacqua in
Journal of Molecular Biology (2004) 341, 695-712.1 T.S.B. & D.M.C. contributed
equally to this work.]

2.1 Abstract
The hepatitis delta virus (HDV) ribozyme is a self-cleaving RNA that resides in
the HDV genome and regulates its replication. The native fold of the ribozyme is
complex having two pseudoknots. Earlier work implicated four non-native pairings—Alt
1, Alt 2, Alt 3, and Alt P1—in slowing pseudoknot formation. The goal of the present
work was the design of a kinetically simplified and maximally reactive construct for
in vitro mechanistic and structural studies. The initial approach chosen was site-directed
mutagenesis in which known alternative pairings were destabilized while leaving the
catalytic core intact. Based on prior studies, the G11C/U27∆ double mutant was
prepared. However, biphasic kinetics and antisense oligonucleotide response trends
opposite those of the well-studied G11C mutant were observed suggesting that new
alternative pairings with multiple registers, termed ‘Alt X’ and ‘Alt Y’, had been created.
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Enzymatic structure mapping of oligonucleotide models supported this notion. This led to
a model wherein Alt 2 and the phylogenetically conserved Alt 3 act as ‘folding guides’,
facilitating folding of the major population of the RNA molecules by hindering formation
of the Alt X and Alt Y registers. Attempts to eliminate the strongest of the Alt X pairings
by rational design of a quadruple mutant only resulted in more complex kinetic behavior.
In an effort to simultaneously destabilize multiple alternative pairings, studies were
carried out on G11C/U27∆ in the presence of urea or increased monovalent ion
concentration. Inclusion of physiological ionic strength allowed the goal of monophasic,
fast-folding (kobs≈60 min-1) kinetics to be realized. To account for this, a model is
developed wherein Na+, which destabilizes secondary and tertiary structures in the
presence of Mg2+, facilitates native folding by destabilizing the multiple alternative
secondary structures with a higher-order dependence.

2.2 Introduction
The hepatitis delta virus (HDV) is a 1.7 kb satellite RNA of hepatitis B virus
(HBV) that increases the severity of hepatitis infections in humans.2-4 Replication of
HDV involves a double rolling circle process. Within both the genomic and anti-genomic
RNAs of HDV lies a stretch of ≈85 contiguous nucleotides comprising a ribozyme that
undergoes self-cleavage and generates unit-length monomers from the concatameric
product of rolling circle replication.2,5 Ribozymes in the genomic and antigenomic RNAs
adopt similar structures, which is the basis for their shared function.6 A crystal structure
of the cleaved genomic ribozyme has been solved7 and is believed to depict accurately
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the active structure of the pre-cleaved RNAs based on extensive biochemical studies
carried out both before and after determination of the structure.8-11 Recently, structures of
a C75U version of the pre-cleaved ribozyme have been solved.12 These structures support
the vast majority of the interactions in the pre-cleaved ribozyme, although they suggest
some new interactions at the active site. FRET studies support a conformational change
between pre- and post-cleaved ribozymes, as well.13,14 These crystal structures have
greatly aided the interpretation of mechanistic data as well as the rational design of
mutants that either do not affect the native structure or restore it via compensatory
changes.11
RNA molecules are known to adopt non-native structures, which can reduce the
maximal level of activity.15,16 One such class of non-native structures involves alternative
pairings between ribozyme and flanking sequence. For example, in the case of the
antigenomic HDV ribozyme, a stretch of four nucleotides downstream of the 3’-end
interacts with the catalytic domain, creating a pairing termed ‘P2a’ that enhances or
inhibits the ribozyme activity depending on ionic strength.17 In the self-splicing
Tetrahymena RNA, sequence upstream of the intron mediates a switch between inactive
and active conformations.18 For the genomic HDV ribozyme, both upstream and
downstream flanking sequences facilitate or inhibit native ribozyme folding depending on
the length.10,11,19 Enzymatic structure mapping and site-directed mutagenesis experiments
on the genomic ribozyme permitted the identification of four alternative pairings that
attenuate self-cleavage activity: Alt 1, Alt 2, Alt 3, and Alt P1 (Figure 2.1), where Alt 1
and Alt 2 involve primarily ribozyme-flanking sequence interactions, and Alt 3 and Alt
P1 are mediated by ribozyme-ribozyme interactions.

Figure 2.1: Native pairings are selected from an ensemble of alternative pairings.
The structure is color-coded by the native fold, ‘N’, pairings, which are based on the crystal structure of the cleaved ribozyme and
extensive mutagenesis experiments and shown in the right-hand structure.5,7,9-11 Alternative pairings are boxed and named. Only
the native structure can self-cleave to give products, P. Intermediate structures I1 and I2, which are highly populated by WT and
G11C, respectively, are based on biochemical experiments and are oriented in a native-like fold;10,11 actual juxtaposition is
unknown. Intermediate IXY includes a combination of Alt X and/or Alt Y pairings not found in the native fold and is highly
populated in G11C/U27∆ at low ionic strength. Rearrangements of some of the Alt X/Alt Y triplets are accompanied by changes
in P1 (see Figure 2.4). The native pairing is depicted with the wild-type sequence. Ribozyme sequence is in upper case and
flanking sequence in lower case. Negative values are used for nucleotides upstream of the cleavage site, indicated by the solid
black arrow in the native fold. Part of P4 and the flanking sequence are depicted as dots for simplification. Loop of Alt 3 is
indicated by LAlt 3. Mutated or deleted residues are highlighted in larger, outlined font. Red lines represent binding sites of
antisense oligonucleotides; a solid line denotes AS(-30/-7) and a broken line denotes AS(-30/-3).10,11 Hydrogen bonding within
Alt 2 prevented by AS(-30/-3) is in gray. Italic, lower-case Roman numerals mark the 5'-most nucleotide for the series of possible
Alt X and Alt Y triplet pairing registers, boxed in gray.
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We sought to design a ribozyme sequence that would fold homogeneously into
the native, reactive fold upon an appropriate renaturation. Such a sequence might aid
high-resolution structural as well as mechanistic studies on the full-length ribozyme. In
addition, such a construct might improve understanding of the contributions of
conformational heterogeneity to ribozyme folding and improve ribozyme therapeutics by
increasing the rate of the reaction. Based on the reasoning that a homogeneous population
of native RNA molecules should obey monophasic kinetics with the fastest rate possible,
we report here kinetic analysis of various mutants designed to eliminate all four
alternative pairings. Success of the approach ultimately involved a combination of
rational site-directed mutagenesis and increased monovalent ion concentration, and led to
the finding that certain alternative pairings can facilitate RNA folding.

2.3 Materials and Methods

2.3.1 Preparation of mutant RNA
The –30/99 genomic HDV RNA used in this study was transcribed from pT7
-30/99 using phage T7 polymerase, as described.10 This transcript contains 30 nucleotides
upstream of the cleavage site and 15 nucleotides downstream of the 3’ end of the
ribozyme (Figure 2.1). Transcripts are BfaI run-offs that contain ribozyme and viralderived RNA sequence only. All mutant plasmids were generated from pT7 -30/99 using
the QuikChange kit (Stratagene) as described.10
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2.3.2 Ribozyme kinetics and data fitting

2.3.2.1 Hand-mixing kinetics
Reactions were performed as described earlier. A typical self-cleavage reaction
contained ≈2 nM 5’-end labeled RNA, 25 mM HEPES (pH 8.0), 10 mM MgCl2, and
10 µM of an AS oligonucleotide as appropriate;20 10 µM AS oligonucleotide is saturating
and is in the plateau region of an AS-response curve.10 The RNA was renatured at 55 °C
for 10 min in TE (10 mM Tris, 1 mM EDTA, pH 7.5), and placed at room temperature
for 10 min. Buffer was added followed by the addition of the appropriate AS
oligonucleotide. The sequences of AS(-30/-7) and AS(-30/-3) are published.11
AS(-30/-3’) is 5’AAAATAAGAAAGGATGGAACGCGGACCCCCACAC. The mixture
was incubated at 37°C for 2 min without MgCl2, an aliquot was removed, and selfcleavage was initiated by the addition of MgCl2 to 10 mM. The reaction was quenched by
removing a 4 µL aliquot at a specific time, and adding 4 µL of a 95 % (v/v) formamide
loading buffer/40 mM EDTA quench. For all kinetic experiments, the quenched samples
were fractionated on a denaturing 5 % (w/v) polyacrylamide gel. The gels were dried and
then quantified by a Phosphorimager (Molecular Dynamics).

2.3.2.2 Urea and ionic strength dependence of the activity of mutant RNAs
The dependence of self-cleavage activity on urea and Na+ concentration was
conducted by hand-mixing and rapid-mixing as follows. The RNA was renatured as
described above, followed by the addition of HEPES to 25 mM (pH 8.0), and the
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appropriate AS oligonucleotide. Urea dependence experiments were carried out by the
addition of urea to 2 M. Ionic strength dependence measurements were carried out by the
addition of NaCl to 0.2 M. In both cases, the mixture was incubated at 37°C for 2 min
without MgCl2, an aliquot was withdrawn as the zero time-point, and self-cleavage was
initiated by the addition of MgCl2 to 10 mM.

2.3.2.3 Rapid-quench kinetics
Rapid-mixing experiments were performed at 37 °C on an RQF-3 chemical
quench-flow apparatus (KinTek Co.). The RNA was renatured in TE at 55 °C and mixed
with buffer and the appropriate AS oligonucleotide, all to give 2X concentrations. An
aliquot was withdrawn to serve as the zero time-point. The reaction was initiated by rapid
mixing with a 2X solution of MgCl2. Final conditions for the self-cleavage reaction were
25 mM HEPES (pH 8.0), 10 µM AS oligonucleotide, and 10 mM MgCl2. Urea or ionic
strength dependence measurements were done by including 1X urea or NaCl,
respectively, in both syringes. The reaction was quenched by rapid mixing with 0.5 M
EDTA to a final concentration of 0.3 M, and placed on solid CO2. Aliquots were
fractionated on a denaturing 10 % polyacrylamide gel. To assure that biphasic kinetic
data, in which early time points were collected by rapid-quench and later time points by
hand-mixing, were not caused by switching between techniques, we collected 15 s, 30 s,
45 s, and 60 s points by both techniques; this was done on a reaction with a half-life near
1 minute. The data from the two techniques were in very good agreement.
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2.3.2.4 Data fitting
Plots of fraction product versus time were fit to the single-exponential equation:

fc = A + Be

−kobs t

2.1

where fc is the fraction of precursor ribozyme cleaved, kobs is the observed first-order rate
constant for ribozyme cleavage for the non-burst phase, t is time, A is the fraction of the
ribozyme cleaved at completion, A + B is the burst fraction (present under some of the
reaction conditions). Presumably, the burst fraction also obeys exponential behavior, but
was not observed nor pursued in these studies and thus, was not included explicitly in
Equation 2.1. The first time-point was taken at 15 seconds for hand-mixing and 0.1
second for rapid-mixing experiments. In cases of double exponential kinetic behavior,
each phase was fit separately to Equation 2.1. Kinetic parameters were obtained using
non-linear, least squares fitting by Kaleidagraph v3.51 (Synergy Software).

2.3.3 Enzymatic structure mapping of the oligonucleotide models
The sequence of synthetic oligonucleotide models were as follows: G11C(1/37) is
5’GGCCGGCAUGCUCCCAGCCUCCUCGCUGGCGCCGGCU;

G11C(1/40)

is

5’GGCCGGCAUGCUCCCAGCCUCCUCGCUGGCGCCGGCUGGG;
G11C/U27∆(1/37) is 5’GGCCGGCAUGCUCCCAGCCUCCUCGCGGCGCCGGCU;
G11C/U27∆(1/40)

is

5’GGCCGGCAUGCUCCCAGCCUCCUCGCGGCGCCGGC-

UGGG (Dharmacon, Inc).
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Enzymatic structure mapping experiments used RNase T1 (0.01 U/µL), RNase
V1 (100 µU/µL), and RNase A (0.5 ng/mL) stocks obtained from Ambion and diluted
with 50 % glycerol. RNase T1 and A digestions were compared to denaturing T1 and
hydrolysis ladders. RNase V1 digestions, on the other hand, were compared to a PNKtreated RNase T1 ladder in order to correct for RNase V1 digestion products having a
phosphate-free 3’-terminus (see A.1).21 Enzymatic digestions were performed on 3 nM,
PAGE-purified, 5’-end labeled RNA at 37°C in ‘Structure Mapping Buffer’ (10 mM Tris,
pH 7.0, 10 mM MgCl2, and 100 mM KCl, Ambion). Model RNA oligonucleotides were
renatured at 90°C for 2 min and allowed to cool to room temperature over 10 min on the
benchtop before use. All native enzymatic structure mapping experiments were incubated
at 37 °C for 10 min. To prevent cleavage from occurring under subsequent denaturing,
unfolded conditions, cleavage reactions were stopped using ‘Inactivation/Precipitation
Buffer’ (Ambion) prior to preparing for loading. Controls were also carried out in which
the inactivation buffer was added before incubation with the ribonuclease, and no
cleavage was observed (data not shown). The dried sample pellets were dissolved in ‘Gel
Loading Buffer II’ (Ambion) and fractionated on a 20 % PAGE/7 M Urea sequencing
gel. The alkaline hydrolysis ladder was made by heating 3 nM G11C(1/40) in hydrolysis
buffer (50 mM Na2CO3/NaHCO3, pH 9.0; 1 mM EDTA) at 90 °C for 5 min.

2.3.4 Ionic-strength dependence of Alt 3’s TM
Thermal melting curves of the Alt 3 oligonucleotide model in the presence of
various concentrations of NaCl and MgCl2 used a synthetic oligonucleotide of sequence

37
5’CCAGCCUCCUCGCUGG (Dharmacon, Inc). Absorbance data versus temperature
were collected at 260 nm in, primarily, 0.5 cm path-length cuvettes using a Gilford
Response II spectrophotometer fit with a six-position thermoset holder. Average
oligonucleotide concentrations were 2.6-8.4 µM per combination of NaCl and MgCl2 and
samples were buffered with 25 mM HEPES, pH 7.0. NaCl concentrations were 0, 10, 50,
100, 125, 250, 500, 750, and 1500 mM in the presence or absence of 1 mM MgCl2.
These thermal melting curves were fit to a two-state model as there was a single
transition, presumably from folded (F) to unfolded (U), for the melting of the Alt 3
hairpin. Although a single transition is not synonymous with only two-states, it is
consistent with a two-state model. TM was calculated from the observed absorbance at
temperatures ranging 5-95 °C using a set of parametric equations for a non-linear least
squares fit with linear baselines solved simultaneously in Kaleidagraph v3.51 (Synergy
Software)22,23

A=

AF K + AU
1+ K

2.2

AF and AU are linear fits of the folded and unfolded absorbance data at low and high
temperatures, respectively, and K=[U]/[F]. TM is obtained from the van’t Hoff
relationship between the equilibrium constant, K, and the temperature, T:

K =e

∆H 0 1 1
(
− )
R TM T

2.3
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2.4 Results

2.4.1 Background on mutant rationale
To introduce the rationale for design of the mutants, a brief summary of prior
HDV RNA folding studies is provided here. In all cases, the crystal structure was used to
guide the design of mutants,7 which were chosen to not alter the native structure or
catalytic residues. As described above, a wild-type genomic ribozyme transcript
containing 30 nucleotides upstream of the cleavage site has four alternative pairings and
severely attenuated self-cleavage activity.10 Individual disruption of any of these four
pairings, in which catalytic residues and native pairings were left unchanged, has been
shown to result in faster self-cleavage.10,11 For example, disruption of Alt 1 by AS(-30/-7)
resulted in the majority of the -30/99 wild-type ribozyme molecules reacting 1,300-fold
faster, with 30% reacting 92,000-fold faster. Enzymatic structure mapping of the Alt 1trapped -30/99 construct revealed two intermediate structures, I1 and I2, both of which
contain P4 and Alt 3; I1 also contains Alt P1, whereas I2 contains Alt 2 and the native P1
(Figure 2.1). 10,11,24 The G11C mutant disrupts Alt P1 in I1 while allowing for a restored,
albeit bulged, P2; this mutation leads to monophasic kinetics with a kobs similar to that for
the wild-type burst phase.10,20 These findings suggested that reaction of G11C originates
from I2, with Alt 2 and Alt 3 pairings present (Figure 2.1). In support of this model, a
lengthened AS oligonucleotide that disrupts Alt 2, AS(-30/-3), increased the cleavage rate
for G11C 2-fold.10,11
Upon initial inspection, residue U27 appeared as though it should not be
important to ribozyme function: it is extruded and disordered in the crystal structure;7 it
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can be chemically modified on its Watson-Crick face;25 and it is not present in the
antigenomic ribozyme.5 Thus, it was surprising to find that deleting U27 led to a large
fraction of the molecules self-cleaving during transcription.11 U27 is centrally located in
Alt 3, suggesting that its deletion might weaken Alt 3, and therefore that Alt 3 might
inhibit self-cleavage for at least some fraction of the ribozyme molecules. Based on these
observations, we instigated efforts to design a ribozyme sequence in which all of the four
alternative pairings were absent. The approach initially chosen was the rational design of
double and higher-order site-directed mutants, and the initial assay was rapid-quench
kinetics looking for monophasic and maximally fast kinetic traces.

2.4.2 G11C/U27∆ kinetics and the effect of antisense oligonucleotide length
The G11C and U27∆ mutations were combined in a double mutant in an effort to
simultaneously exclude Alt P1 and weaken Alt 3, while variable length AS
oligonucleotides were used to eliminate either Alt 1 or both Alt 1 and Alt 2. Self-cleavage
of G11C/U27∆ in the presence of AS(-30/-7) exhibited biphasic kinetics wherein the
burst phase had a very fast kobs of 51.2 min-1 that corresponded to 36 % of the reactive
population, while the slow phase had a kobs of 0.13 min-1 that corresponded to the other
64% (Figures 2.2 and 2.3; Table 2.1). Apparently, G11C/U27∆ exists as an equilibrium
mixture of at least two different conformations. The burst phase may reflect a population
of molecules that lack Alt 3 and thereby fold rapidly to the native state. Self-cleavage of
G11C under the same reaction conditions gave a monophasic profile with a kobs of only
6.3 min-1 (Figure 2.3; Table 2.1). Since the burst phase for G11C/U27∆ is ~8-fold faster
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than kobs for G11C, and the G11C and U27∆ changes do not affect catalytic residues, it is
concluded that the intrinsic rate of native ribozyme cleavage is at least 51.2 min-1.
Experimental efforts then focused on increasing the fraction of molecules with a kobs
≥ 51.2 min-1.
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Figure 2.2: G11C/U27∆ with AS(-30/-7) self-cleavage kinetics are strongly biphasic.
Kinetic trace for Mg2+ (10 mM) initiation of G11C/U27∆ plus AS(-30/-7) self-cleavage.
The x-axis was broken to accommodate burst and slow phases. The data are a
combination of values obtained by rapid quench (up to axis break) and hand-mixing
(after axis break) methods. The first transient was complete before the start of the second,
so each transient was fit separately using Equation 2.1 . Constants for the burst phase
were A = 0.32, B = -0.28, and kobs = 50.4 min-1, and constants for the slow phase were A
= 0.84, B = -0.51, and kobs = 0.12 min-1. These values are for a single set of experiments
and are similar to the average values reported in the text and Table 2.1.

Table 2.1: AS oligonucleotide length dependence of kobs for G11C, U27∆, and
G11C/U27∆.
RNA

(-30/-7)a

(-30/-6)a

(-30/-5)a

(-30/-4)a

(-30/-3)a

(-30/-3’)b

G11Cc

6.3 (100 %)

8.1 (100 %)

9.6 (100 %)

12.0 (100 %)

12.2 (100 %)

10.2 (100 %)

U27∆, burstc
U27∆, slow

41.1 (37 %)
0.08 (63 %)

32.8 (43 %)
0.06 (57 %)

29.1 (38 %)
0.06 (62 %)

24.6 (39 %)
0.2 (61 %)

25.2 (38 %)
0.28 (62 %)

22.4 (32 %)
0.1 (68 %)

G11C/U27∆, burstc
G11C/U27∆, slow

51.2 (36 %)
0.13 (64 %)

45.9 (36 %)
0.14 (64 %)

40.2 (40 %)
0.28 (60 %)

22.2 (41 %)
0.36 (59 %)

19.2 (38 %)
0.65 (62 %)

37.5 (36 %)
0.35 (64 %)

All values are observed rate constants, kobs in units of min-1. Amplitudes of burst and slow phases, where present, are provided
in parentheses, and are normalized for the 10 – 15 % of the population that was non-reactive. For G11C: data were well fit
with a single exponential equation. Average values of two to five trials are reported. For U27∆ and G11C/U27∆: data
required double exponential equations to get good fits. Observed rate constants for each phase are provided in the table.
Average values of two to three trials are reported.
a
Antisense oligonucleotides that base pair to the HDV nucleotides given in parentheses.
b
Antisense oligonucleotide that base pairs to the HDV nucleotides –30 to –7 and non-complementary to nucleotides –6 to –3,
with four adenosines at these positions
c
Determined by rapid quench.
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Figure 2.3: A monotonic dependence of self-cleavage rate on AS oligonucleotide length.
AS oligonucleotides ranging in size from -30/-7 to -30/-3 were used to initiate selfcleavage. The x-axis provides the 3’-most nucleotide of the ribozyme to which the given
AS oligonucleotide base pairs. Plot of kobs versus AS length for (a) G11C (b) U27∆, and
(c) G11C/U27∆. The left-hand y-axis for (b) and (c) is kobs for the burst phase (•), while
the right-hand y-axis is kobs for the slow phase ({).
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In order to develop a rational approach for increasing the fraction of native folded
molecules, we considered the nature of the slow phase, which comprised ≈65% of the
molecules. One possibility is that the slow phase reflects RNA molecules with
unanticipated alternative folds that have to rearrange prior to achieving the native fold.
Since the G11C kinetics were monophasic, one possibility is that U27∆-mediated
destabilization of Alt 3 resulted in new misfolds such as the Alt Y registers shown in IXY
(Figure 2.1). (Alt X, described below, is not possible here, since Alt 2, which sequesters
Alt X3’, should still be formed in the presence of AS(-30/-7); this is verified by
experiments described below.) Indeed, the kinetic behavior of the U27∆ single mutant
was found to be nearly identical to G11C/U27∆ (Figure 2.3; Table 2.1), supporting the
notion that the observed kinetic effects stem primarily from the U27∆-mediated
destabilization of Alt 3. The consequences of destabilizing Alt 3 are severe since kobs for
the slow phases of G11C/U27∆ and U27∆ are 50 and 80-fold slower than for G11C, and
the slow phase represents the majority of the ribozyme molecules. Importantly, this
finding supports the notion that an alternative pairing, here Alt 3, serves to facilitate
native folding of the majority of the ribozyme molecules. Isambert and Siggia refer to
such pairings as ‘folding guides’ (see 2.5).26 It is noteworthy that this behavior arises
from facilitation by transitory structures involving ribozyme sequence rather than
flanking sequence only or exogenously added oligonucleotides; the latter two processes
are already well established.10,27-29
Alt 2 involves interactions between upstream-flanking nucleotides and three
essential guanines, G38-G40 (Figure 2.1).10 Next, we tested the effects of breaking Alt 2
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on the reactivity of G11C/U27∆ and U27∆; this was accomplished by carrying out
reactions in the presence of the 5’-end lengthened AS oligonucleotide, AS(-30/-3).
Reaction kinetics of G11C/U27∆ in AS(-30/-3) remained distinctly biphasic.
Surprisingly, lengthening the AS oligonucleotide affected the two rates in opposite
directions (Figure 2.3; Table 2.1). The rate for the slow phase increased 5-fold, while the
rate for the burst phase decreased 3-fold. Since both the slow and the burst phases were
influenced by AS(-30/-3), it is inferred that both populations of ribozyme molecules
originate from Alt 2-containing species. Curiously, although the rates of the burst and
slow phases were affected by the AS oligonucleotide, their amplitudes were not. This
finding supports the presence of two distinct populations of ribozyme molecules that do
not readily interconvert.
The response of the slow and burst phases to AS oligonucleotide length may
reflect the presence and absence of the aforementioned Alt Y pairing, respectively. As
with AS(-30/-7), the G11C/U27∆ and U27∆ mutants behaved similarly when AS(-30/-3)
was used (Figure 2.3; Table 2.1). The observation that breaking Alt 2 slows self-cleavage
by the burst-phase was surprising since nucleotides upstream of -1 are not required for
ribozyme activity,30 and in a previous study on G11C, AS(-30/-3) accelerated the rate
two-fold over AS(-30/-7).11 Importantly, these findings suggest that another alternative
pairing, here Alt 2, can act as a folding guide, facilitating native folding of a
subpopulation of ribozyme molecules.
To further establish Alt 2 in facilitating the burst phase for G11C/U27∆ and
U27∆, the 5’-end of the -30 AS oligonucleotide was lengthened incrementally from -7 to
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-3. Additionally, AS(-30/-3’), which is complementary to -30 to -7 and noncomplementary to -6 to -3 with four adenosines at these positions, was prepared as a
control. As expected, rates for the burst and slow phases displayed monotonic
relationships with AS oligonucleotide length with opposing slopes (Figure 2.3;
Table 2.1). This behavior supports the model wherein longer AS oligonucleotides
stimulate the slow phase but inhibit the burst phase of G11C/U27∆ and U27∆.
The reaction rates observed in the presence of AS(-30/-3’) with the four noncomplementary nucleotide overhang were predicted to be nearly equal to those obtained
with AS(-30/-7). In qualitative agreement, the rates observed with AS(-30/-3’) for G11C
and the slow phases of U27∆ and G11C/U27∆ were significantly slower than those
obtained in the presence of AS(-30/-3) (Table 2.1); nevertheless, these rates were not as
slow as for (-30/-7). This may be because stacking or steric exclusion by the four
adenosines partially destabilizes Alt 2.
In summary, the kinetics results described in this section suggest that two
alternative pairings, Alt 2 and Alt 3, have the surprising role of acting as folding guides,
facilitating native folding of the ribozyme. In order to develop a molecular basis for these
observations, we turned to enzymatic structure mapping on a series of oligonucleotide
models.
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2.10.3 Enzymatic structure mapping of oligonucleotide models of burst-phase
folding intermediates
Lengthening of the 5’-end of the antisense oligonucleotide reduced the rate of the
G11C/U27∆ burst-phase population. One possible basis for this is that disrupting Alt 2 in
the presence of a destabilized Alt 3 opens the possibility for new alternative
conformations. To test this idea, enzymatic structure mapping of oligonucleotide models
that mimic folding intermediates was pursued.
To mimic various folding intermediates of the ribozyme, the following
oligonucleotide models were chosen: G11C(1/37), G11C(1/40), G11C/U27∆(1/37) and
G11C/U27∆(1/40). These oligonucleotides allow the effect of U27∆ on the stability of
Alt 3 to be tested. In addition, 1/37 was designed to reflect using AS(-30/-7), while 1/40
was designed to reflect using AS(-30/-3), which releases G38-G40; thus, these
oligonucleotides also allow the effect of disrupting Alt 2 to be tested. Since secondary
structure interactions in RNA are strong and local, and because the stable and
independently folding P4 brackets the 3’ end of these oligonucleotides in the full-length
ribozyme, it appears reasonable to use these oligonucleotides to model the effects that
breaking Alt 2 and Alt 3 might have on local structures that accumulate during folding.
Lastly, since the slow phase appears to involve Alt Y, which requires nucleotides 80-82,
the observed secondary structures should reflect primarily burst phase behavior.
The structures of the four oligonucleotide models were probed by limited
enzymatic digestions under the conditions similar to those used in kinetics experiments.
RNases T1 and A were used to probe single-stranded G and pyrimidine residues,
respectively, while RNase V1 was used to probe double-stranded regions and nucleotides
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stacked on the ends of helical regions.31 RNase T1 digestion of G11C(1/37) revealed only
a single strong cleavage, after G10. RNase A digestion yielded cleavages after C7, U9,
U20, C21, and U23. Digestion by single strand specific ribonucleases at C7, U9, and G10
is consistent with a single stranded region joining P1 and Alt 3, while U20, C21, and U23
digestions are consistent with LAlt 3 in I1 and I2 (Figures 2.1 and 2.4). Limited RNase V1
digestion of G11C(1/37) resulted in cleavages after C3-A8, C14-C15, G25-U27, and
G31-C33. Double-strand-specific digestions of C3-A8 and G31-C33 support the presence
of P1 with a 3’-end stacked A8, while digestions of C14-C15 and G25-U27 support Alt 3
(Figure 2.4). These single- and double-stranded digestions also coincide well with the
previously reported structure of I2.10,11,24 Free energy minimization using the
experimental digestions as constraints gave the secondary structure shown in
Figure 2.4(b), which has P1 and Alt 3 present.32 That model G11C(1/37) has the same
secondary structure as I2 in the full-length ribozyme10 supports G11C(1/37) being a valid
model of folding intermediates found in the context of the full-length ribozyme.
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Figure 2.4: Enzymatic structure mapping of oligonucleotide models of burst-phase G11C
and G11C/U27∆ folding intermediates.
The secondary structures of four 5’-end labeled oligonucleotide models were determined
using ribonucleases T1 (G-specific), A (C, U-specific), and V1 (double strand-specific).
(a) Lanes numbered “1” are for G11C(1/37), see panel (b); lanes numbered “2” are for
G11C(1/40), see panel (b) including gray box; lanes numbered “3” are for
G11C/U27∆(1/37), see panel (c); and lanes numbered “4” are for G11C/U27∆(1/40), see
panel (c) including gray box. Composite of two denaturing gels (20% PAGE/1x TBE/7M
urea) aligned by the two outer-most lanes on each side, where “OH-” is an alkaline
hydrolysis ladder of oligonucleotide model G11C(1/40) and “*” is an RNase T1 digestion
of oligonucleotide model G11C(1/37). Left-side numbering refers to selected bands
produced by limited digestions with RNases T1 and A. Positions of P1, Alt 2, and Alt 3
pairings, as well as the Alt X3’ region, are delineated by vertical lines and labeled. Rightside numbering applies to the RNase V1 lanes as assigned by co-migration with
comparable 3'-OH markers (see A.1).21 As models G11C/U27∆(1/37) and
G11C/U27∆(1/40) have a U27 deletion, bands representing nucleotides above 27 migrate
with the preceding nucleotide of models G11C(1/37) and G11C(1/40) (adjustments are
given in red). For panels (b) and (c), a key for strong and medium cleavages is provided.
The size of the symbol reflects the intensity of the cleavage. (b) Single- and doublestranded cleavages of G11C (1/37) and G11C (1/40) models mapped to a single
secondary structure, also consistent with free energy minimization using mfold 3.1.32 The
G11C change is noted with a larger, outlined font. (c) Single- and double-stranded
cleavages of G11C/U27∆(1/37) and G11C/U27∆(1/40) models. Data for
G11C/U27∆(1/37) could be explained by the upper model. Data for G11C/U27∆(1/40),
on the other hand, were not consistent with a single secondary structure; two models are
shown that together account for its observed cleavages. Alt Xiii is shown, although the
cleavages are consistent with an ensemble of Alt X pairings. RNase T1 digestion at G6
and G25 of model G11C/U27∆(1/40) are shown as ‘moderate’ based on comparison to
control lane (data not shown). Green symbols represent cleavages found in
G11C/U27∆(1/40) but not G11C/U27∆(1/37). The G11C mutation is again indicated and
the U27 deletion is noted with a ‘∆’ in larger, outlined font. Positions of possible Alt X
pairings are boxed and marked using the same notation as in Figure 2.1.
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Limited ribonuclease digestions of G11C(1/40) were carried out and revealed the
same cleavage pattern for nucleotides 1-37 as found for G11C(1/37). In addition, G38G40 were found to be single stranded. As G11C(1/40) mimics the breaking of Alt 2 by
AS(-30/-3), the lack of any significant conformational changes supports Alt 3 functioning
to limit conformational heterogeneity in the absence of Alt 2.
The third oligonucleotide model, G11C/U27∆(1/37), was designed to test the
destabilization of Alt 3 in the presence of Alt 2. Many of the digestions in this
oligonucleotide were similar to those in G11C(1/37). For example, C7, G10, U20, C21,
and U23 were cleaved by RNases T1 and A. Likewise, C3-A8 and G31-C33 were
cleaved by RNase V1, supporting the presence of P1 with a 3’-end stacked A8. However,
new digestions by RNases T1 and A were also revealed. In particular, single-strand
specific digestions were found at C15, G17, C18 and G25, while RNase V1 digestions at
G25 and C26 were absent. These data directly support the destabilization of Alt 3 in
G11C/U27∆(1/37).
The fourth oligonucleotide model, G11C/U27∆(1/40), was designed to mimic the
intermediate that lacks both Alt 2 and Alt 3. Enzymatic mapping gave all of the
digestions present in G11C/U27∆(1/37), along with several new digestions. RNase T1
moderately digested G residues 2, 5, 6, 10, 25, 28, 29, and 31, indicating they are single
stranded at least some of the time in the presence of G38-40. Residues A16-C19, U23,
G38, and G39, on the other hand, were cleaved by RNase V1. These cleavages support a
conformational change in which G38-40 base pair with a stretch of pyrimidines. Eight
three-nucleotide pyrimidine stretches, numbered i-viii, are found in this oligonucleotide
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and comprise the Alt X registers (Figures 2.1 and 2.4(c)). The strongest Alt X interaction,
involving Alt Xiii, is drawn explicitly as a possible alternative state in Figure 2.4(c); this
state is similar to one predicted from modeling studies (see 2.5).26 The structure mapping
data, although not fully consistent with either individual state, are largely consistent with
an average of these two states.
Since G11C/U27∆(1/40) mimics the effect of a lengthened AS oligonucleotide in
the absence of Alt 3, the presence of this conformational change further supports Alt 3
functioning to limit conformational heterogeneity. On the basis of these results, we next
attempted to achieve fast, monophasic kinetics by eliminating with a quadruple mutant
the strongest of the candidate Alt X pairings.

2.10.4 Kinetic studies of the quadruple mutant: G10C/ U27∆/ C14A/G81U
The quadruple mutant, G10C/U27∆/C14A/G81U, was designed to disrupt the
strongest of the candidate Alt X registers, Alt Xiii, as well as Alt P1 and Alt 3 based on
the following rationale: G10C, which acts kinetically identically to G11C as a single
mutant in Mg2+-induced reactions,11 was chosen to eliminate Alt P1 and extend and
stabilize native P2; U27∆ was chosen to destabilize Alt 3; and C14A and G81U were
chosen to disrupt the CCC:GGG Alt Xiii register, while restoring a full-length P2. (The
related C14G/G81C double mutant has been shown to have fast co-transcriptional
kinetics.11) This quadruple mutation resulted in a kinetic profile that was even more
complex than that for G11C/U27∆, having three phases in the presence of AS(-30/-7)
(data not shown). The multiplicity of Alt X and Alt Y registers made available upon
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simultaneously breaking Alt 3 and Alt 2 may preclude mutagenesis of a single register as
a viable option for simplifying the kinetics. We therefore shifted the approach for
attaining fast, monophasic kinetics from site-directed mutagenesis to the testing of agents
that can affect multiple pairings simultaneously.

2.10.5 Effect of urea on G11C/U27∆ and U27∆ kinetics
Chemical denaturants such as urea promote the unfolding of proteins and can be
used to probe the energetics and kinetics of protein folding.33,34 In RNA, urea also
promotes unfolding of secondary and tertiary structures and has been used to probe RNA
folding pathways.35 In a number of cases, urea has been shown to facilitate the overall
rate of RNA folding, presumably by destabilizing alternative pairings.11,18,36 Our earlier
kinetic studies on reactions that contained G11C AS(-30/-7) revealed a two-fold
acceleration upon the addition of 2 M urea.11 In contrast, addition of 2 M urea to
reactions that contained G11C AS(-30/-3), for which Alt 2 is already broken, did not lead
to an acceleration. Based on these observations, the acceleration by urea was attributed to
the breaking of the short Alt 2 pairing.
The effect of 2 M urea on the biphasic G11C/U27∆ reaction profile was first
investigated in the presence of AS(-30/-7) (Figure 2.5(a)). The slow and burst phase
reactions exhibited opposite dependencies on urea, similar to their dependencies on AS
length. In the presence of 2M urea, the slow phase was accelerated 11-fold, while the
burst phase was retarded 2.6-fold. That the two phases have similar responses to urea and
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AS length supports the earlier interpretation for G11C that 2 M urea serves to break
selectively the short Alt 2 pairing.11
The effects of urea on G11C/U27∆ in the presence of AS(-30/-3) were also
examined and gave similar trends as in the presence of AS(-30/-7). Urea acceleration of
the slow phase in AS(-30/-3) suggests that the slow phase is still limited by alternative
pairings, as expected given its slow rate. Curiously, urea addition retarded the burst phase
in AS(-30/-3), even though its rate was also suboptimal (i.e. <51.2 min-1) and therefore
likely occupied with alternative foldings. Qualitatively similar results were obtained for
U27∆ (Table 2.2). These data show that inhibition by urea, although consistent with trapfree folding, does not necessarily prove that an optimal rate has been obtained. To
provide a more biologically relevant denaturant, we next examined the effect of
monovalent ions in the presence of divalent ions.
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Figure 2.5: Dependence of self-cleavage rate on the presence of 2 M urea.
Upper (a) and lower (b) panels give kobs in the presence of AS(-30/-7), and AS(-30/-3),
respectively. Urea was either absent (black bars) or present at 2M (gray bars) prior to
Mg2+-initiation of the reaction. U27∆ and G11C/U27∆ kinetics were biphasic in both the
absence and presence of urea, and are labeled ‘burst’ and ‘slow’. Relative amplitudes of
each phase are provided, and were normalized by the percent complete.
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Table 2.2: Urea and ionic strength dependence of kobs for G11C, U27∆, and G11C/U27∆.
RNA
G11Cb
U27∆, burstb
U27∆, slow
G11C/U27∆, burstb
G11C/U27∆, slow

AS(-30/-7)a
0 M urea
2 M urea
6.3 (100 %) 16.2 (100 %)
41.1 (37 %) 21.3 (40 %)
0.08 (63 %) 0.67 (60 %)
51.2 (36 %) 19.8 (40 %)
0.13 (64 %) 1.44 (60 %)

AS(-30/-3)a
0 M urea
2 M urea
12.2 (100 %) 14.4 (100 %)
25.2 (38 %)
8.1 (39 %)
0.28 (62 %)
2.0 (61 %)
19.2 (38 %)
12.2 (40 %)
0.65 (62 %)
3.5 (60 %)

G11Cb
U27∆, burstb
U27∆, slow
G11C/U27∆, burstb
G11C/U27∆, slow

0.2 M Na+
0 M Na+
6.3 (100 %) 16.2 (100 %)
41.1 (37 %) 57.6 (100 %)
0.08 (63 %)
None
51.2 (36 %) 63.0 (100 %)
0.13 (64 %)
None

0 M Na+
12.2 (100 %)
25.2 (38 %)
0.28 (62 %)
19.2 (38 %)
0.65 (62 %)

0.2 M Na+
19.8 (100 %)
25.5 (100 %)
None
19.2 (100 %)
none

All values are observed rate constants, kobs, in units of min-1. Amplitudes of burst and slow phases, where present, are provided
in parentheses, and are normalized for the 10 - 15% of the population that was non-reactive. For G11C: data were well fit
with a single exponential equation. Average values of two to five trials are reported. For U27∆ and G11C/U27∆: data
required double exponential equations to get good fits. Observed rate constants for each phase are provided. Average values of
two to three trials are reported. A monophasic reaction profile was observed in the presence of Na+ with the percent complete
between 79% and 85 %. The reaction was complete in 20 s, thus the observed rate constants in the presence of Na+ were
included in the burst phase row.
a
Antisense oligonucleotides that base-pair to the HDV nucleotides given in parentheses.
b
Determined by rapid quench.
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2.10.6 Effect of ionic strength on G11C/U27∆ and U27∆ kinetics
It is well established that in the presence of divalent ions, monovalents such as
Na+ often serve to facilitate the overall rate of RNA folding.17,37-39 We have observed Na+
acceleration of the self-cleavage activity of the genomic HDV ribozyme under both cotranscriptional and Mg2+-initiated conditions.19,40 We therefore tested the effects of
monovalent ion concentration on the reaction rate in the presence of various alternative
pairings. As with 2 M urea, addition of 0.2 M Na+ to the AS(-30/-7) G11C reactions led
to a 2-fold acceleration, consistent with previous studies.40 However, unlike urea,
addition of 0.2 M Na+ to the AS(-30/-3) G11C reactions, in which Alt 2 is already
broken, also led to a modest acceleration (1.6-fold) in kobs (Table 2.2, Figure 2.6). Based
on these observations it is clear that Na+ and urea, while both being denaturants in the
presence of Mg2+ (see 2.5), affect the reaction differently, with Na+ stimulating the
reaction under conditions where urea either has no effect on or inhibits activity.
The effect of 0.2 M Na+ on the biphasic G11C/U27∆ reaction profile was also
investigated (Figure 2.6). Strikingly, in the presence of either AS(-30/-7) or AS(-30/-3),
addition of Na+ led to the elimination of the slow phase with the entire population of
active RNA molecules cleaving at rates of 60 and 19.2 min-1, respectively
(Figure 2.6(c)). In effect, the slow phase was accelerated by Na+ 480-fold in the presence
of AS(-30/-7) and 30-fold in the presence of AS(-30/-3).
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Figure 2.6: Dependence of self-cleavage rate on ionic strength.
Panels (a) and (b) give kobs in the presence of AS(-30/-7), and AS(-30/-3), respectively.
NaCl was either absent (black bars), or present at 0.2 M (gray bars) prior to Mg2+ initiation of the reaction. U27∆ and G11C/U27∆ kinetics were biphasic in the absence of
any added Na+, labeled ‘burst’ and ‘slow’. Relative amplitudes of each phase are provided,
and were normalized by the percent complete. However, addition of 0.2 M NaCl resulted
in a monophasic reaction profile with the percent complete in 20 s between 79 and 85 %;
thus, no slow phase rate is reported. (c) Kinetic trace for G11C/U27∆ plus AS(-30/-7) selfcleavage in 10 mM MgCl2 and 0.2 M NaCl obtained by the rapid quench method. The
transient was fit using Equation 2.1 giving constants of A = 0.86, B = -0.81, and kobs = 63
min-1. These values are for a single set of experiments and are similar to the average values
reported in the text and Table 2.2.
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2.5 Discussion
The goal of this study was design of an HDV ribozyme sequence that favors
homogeneous folding into the native, reactive fold under ion-induced refolding
conditions. Such a sequence is expected to be a useful tool for kinetic studies, possibly
allowing the effects of folding and cleavage on absolute and relative rates to be separated.
This construct may also prove useful for structural studies, especially solution based
methods such as NMR, which seek to have the majority of the molecules in the native
fold. In the course of these studies the surprising observation that certain alternative
ribozyme pairings act as folding guides and facilitate folding was made. In addition, it
was found that near-physiological ionic strength (≈0.2 M Na+) facilitates folding of the
ribozyme. The combination of physiological ionic strength and rational elimination of all
alternative pairings, except the Alt 2 folding guide, allowed the goal of monophasic, fastfolding (kobs ≈ 60 min-1) kinetics to be realized. This combination of approaches may be
useful in promoting optimal activity in other RNA molecules as well.

2.11.1 Alternative pairings as folding guides: Phylogenetic conservation
The tendency of RNA to form alternative pairings that compete with native
pairings has been well documented.10,11,15,16,18,41 Previous studies from our lab established
that the genomic HDV ribozyme can assume at least four different alternative pairings
(Figure 2.1). Moreover, individual weakening of any of the four pairings has been shown
to facilitate self-cleavage.10,11 Thus, it came as a surprise to find that the elimination of
certain combinations of alternative pairings, while leaving catalytic residues and native
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pairings intact, inhibited self-cleavage. These observations indicated that removal of
alternative pairings can be strongly non-additive, a principle seen for both larger and
smaller nucleic acid systems,42-44 and suggested that in certain contexts alternative
pairings can facilitate RNA folding.
The facilitation of ribozyme activity by alternative pairings can be divided into
activity promoted by Alt 2 or Alt 3 (Table 2.3). Facilitation by Alt 3 is suggested by the
weakening of Alt 3, via deletion of U27, resulting in the majority (≈63%) of the
ribozymes reacting 50-80 fold slower than the G11C ribozyme in the presence of
AS(-30/-7) and 20-40 slower in the presence of AS(-30/-3). That deletion of U27 disrupts
Alt 3 is directly supported by structure mapping experiments on model oligonucleotides
(Figure 2.4).

60
Table 2.3: Alternative pairings facilitate folding of the hepatitis delta virus ribozyme
Representative Reactiona

kobs (min-1)b

Alt 2

Alt 3 Alt X

Alt Y

Fold-Decreasec

A. Facilitation of slow phase folding by Alt 3
G11C + AS(-30/-7)d
U27∆ + AS(-30/-7), slow
G11C/U27∆ + AS(-30/-7), slow

6.3 (100 %)e
0.08 (63 %)h
0.13 (64 %)h

+f
+
+

+
–
–

–g
–
–

–
+
+

—
79
48

G11C + AS(-30/-3)d
U27∆ + AS(-30/-3), slow
G11C/U27∆ + AS(-30/-3), slow

12.2 (100 %)e
0.28 (62 %)h
0.65 (62 %)h

–
–
–

+
–
–

–
–
–

–
+
+

—
44
19

B. Facilitation of burst phase folding by Alt 2

a

G11C + AS(-30/-7)
G11C + AS(-30/-3)

6.3 (100 %)e
12.2 (100 %)e

+
–

+
+

–
–

–
–

—
0.5

U27∆ + AS(-30/-7), burst
U27∆ + AS(-30/-3), burst

41.1 (37 %)h
25.2 (38 %)h

+
–

–
–

–
+

–
–

—
1.6

G11C/U27∆ + AS(-30/-7), burst
G11C/U27∆ + AS(-30/-3), burst

51.2 (36 %)h
19.2 (38 %)h

+
–

–
–

–
+

–
–

—
2.7

Reaction conditions are provided for the mutant that best exemplifies the alternative pairings structural model.
All values are observed rate constants, kobs in units of min-1. Amplitudes of burst and slow phases, where present, are
provided in parentheses, and are normalized for the 10 - 15 % of the population that was non-reactive.
c
In each grouping, fold-decrease upon deleting the alternative pairing was calculated by dividing the reference kobs by the
current kobs.
d
Antisense oligonucleotides that basepair to the HDV nucleotides given in parentheses.
e
Data were well fit with a single exponential equation. Average values of two to five trials are reported.
f
Presence of an alternative pairing is represented by +.
g
Absence of an alternative pairing is represented by –.
h
Data required double exponential equations to get good fits. Observed rate constants for each phase are provided in the table.
Average values of two to three trials are reported.
b
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Facilitation of folding by Alt 2, on the other hand, is suggested by the breaking of
Alt 2, via the 5’-end lengthening of the AS oligonucleotides, resulting in ≈2-3 fold
decreased activity for the burst phase of U27∆-containing ribozymes (Figure 2.3). The
structural basis for this appears to be that the opening of Alt 3 allows for the formation of
Alt X pairings with a released P1.13’ (Figure 2.4). Examination of Table 2.3 indicates that
disruption of Alt 2 disfavors activity only when other alternative pairings are absent
before its deletion; i.e. deletion of Alt 2 favors activity when Alt 3 or Alt Y is present.
This suggests the intriguing possibility that the ribozyme is incapable of folding without
assuming some alternative pairing. Because Alt 2 appears to assume a facilitator role
under a more limited set of conditions than Alt 3, we focus the remainder of this part of
the Discussion on Alt 3.
Initially, the presence of U27 in the genomic ribozyme appeared paradoxical. In
the self-cleaved form of the genomic ribozyme, U27 is disordered in the crystal structure
and accessible to modification on its Watson-Crick face in solution.7,25 Moreover, U27 is
absent in the antigenomic ribozyme.5 Together, these data suggested that U27 did not
play a role in the chemical step. Observation that deletion of U27 led to the majority of
the molecules reacting very slowly (Table 2.1) thus raised the interesting possibility that
U27 has been conserved for folding reasons alone.
We compared the genomic and antigenomic sequences of 21 HDV isolates in the
ribozyme-containing region to look for conservation of Alt 3 (Figure 2.7). Alignment of
the genomic isolates revealed little variation in ribozyme sequence, although the extent of
variability increased markedly in the flanking regions (not shown). The slight variability
within the genomic ribozyme was limited to three regions: LAlt 3, Alt 33’, and the stable
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and catalytically non-essential P4.5 Changes in LAlt

3

were present in only 4 of the 21

isolates and were restricted to a single insertion between positions 22 and 23, and three
U23C changes. These changes do not interfere with pairings in the native ribozyme and
do not disrupt the potential for Alt 3 formation.
Changes in Alt 33’, which occurred in only 3 of the 21 isolates, were at positions
26 and 27, both of which are disordered in the crystal structure.7 It is curious that the
same two changes, C26U27 to U26C27, were found in 2 of the 3 isolates. Perhaps Alt Y3’
is shifted to a less debilitating register with these changes. In any case, conservation of
Alt 3 in 18 of the 21 isolates is consistent with it having an important role.
Alignment of the antigenomic versions of the 21 sequences provided no support
for an antigenomic counterpart of Alt 3 (data not shown). This raises the question
whether the antigenomic ribozyme employs a different strategy for facilitating folding.
As mentioned, Been and co-workers established the presence of an extended P2 pairing
in the antigenomic ribozyme, termed ‘P2a’, that enhances ribozyme activity at
physiological ionic strength.17,45 One possibility is that the enhanced stability of the
extended P2 shifts the population of ribozyme molecules toward the native fold,
precluding the need to facilitate folding by an alternative pairing. Use of an extended
native fold to facilitate ribozyme folding has been recently proposed for the hammerhead
ribozyme.46
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Figure 2.7: Alignment of the genomic HDV ribozyme nucleotides 14 – 29 representing
the Alt 3 alternative fold.
Genomic sequences (Gen.) were downloaded from GenBank; see reference 10 for
accession numbers. The 14 – 29 stretch was aligned to maximize sequence conservation,
allowing for insertions and deletions. Gen. 1 - * represents isolates 1 – 8; 13 – 16; 18 –
20, and were identical in the aligned region. For isolates not in Gen. 1 - *, concurrence is
indicated by a dot, deviation is indicated by the appropriate nucleotide, and i and d refer
to insertions and deletions, respectively.
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2.11.2 Alternative pairings as folding guides: Comparison to modeling studies
Isambert and Siggia published a study modeling the folding pathway of the HDV
ribozymes using a kinetic Monte Carlo technique.26 Their study has been remarkable for
capturing experimental features of the folding pathway, published both before and after
the modeling. For instance, they predicted that initiating folding from a random coil state
should result in only ≈30% of the ribozyme molecules being fully active, which was
consistent with our findings on Mg2+-initiated folding of the wild-type ribozyme.10 They
also suggested that co-transcriptional folding of the ribozyme, especially at slow
transcription rates, should be more efficient than Mg2+-induced refolding, and this too
was borne out by studies in which the rate of transcription was varied.19
Relevant to the present experiments, Isambert and Siggia postulated that certain
non-native pairings, which they refer to as ‘folding guides,’ could form transiently,
preventing more severe misfolds from forming.26 Notably, they proposed that the first 40
nts of the ribozyme would partition between the Alt 3- and Alt Xiii-containing species,
and that the Alt 3-containing state would be the most active and populated (≈85%). As
presented above, our kinetic and structure mapping data are fully consistent with the
presence of these two states (Figure 2.4). (Isambert and Siggia refer to Alt 3 and Alt Xiii
as ‘P5’ and ‘P7’, respectively; we prefer the ‘Alt’ notation, as used for other catalytic
RNAs10,18 to distinguish native and non-native pairings.) Moreover, disruption of Alt 3,
by deletion of U27, resulted in the majority of the ribozymes adopting new misfolded
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structures with severely compromised activities. Our data thus provide experimental
support for Alt 3 acting as a folding guide.
Isambert and Siggia proposed that the major misfold that would form without Alt
3 would be similar to our Alt Xiii register,26 and structure mapping on G11C/U27∆(1/40)
was consistent with this notion (Figure 2.4). Nevertheless, experiments on a quadruple
mutant that should have disrupted both Alt 3 and Alt Xiii while restoring P2 did not lead
to monophasic, fast-folding kinetics. Isambert and Siggia performed similar mutations in
silico and also suggested that multiphasic behavior would be found. The precise nature of
the misfolds formed upon disrupting both Alt 3 and Alt Xiii are not entirely clear;
however, the fact that there are 8 three-nucleotide pyrimidine stretches and 2 GGG
stretches in the full-length ribozyme suggests the potential for many Alt X and Alt Y
misfolds.
A question arises as to why Alt 3 leads to simpler kinetic profiles than Alt X and
Alt Y. One possibility is that since Alt 3 leaves the 5’ portion of P25’ unpaired, P2 may be
able to partially form in the presence of Alt 3. This situation is not possible for many of
the Alt X and Alt Y registers. The coexistence of a partially formed P2 and Alt 3 may
allow for a strand invasion, or ‘zipping-unzipping’, mechanism, which leads to a lower
energetic barrier for folding.11,24,26 Nevertheless disruption of Alt 3 did lead to a very fast
transient, suggesting that, at least for ion-induced folding, a faster folding sequence could
be attained without Alt 3. In an effort to identify such a sequence, we turned to an
approach that destabilizes all alternative pairings at once.
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2.11.3 Facilitation of folding by physiological ionic strength: Expectations for
tertiary and secondary structure
Folding of the genomic HDV ribozyme is decidedly not two-state. Alternative
secondary structures run the gamut from the extensive Alt 1 and Alt P1 pairings to the
shorter Alt 2, Alt 3, Alt X and Alt Y pairings. Moreover, many of these pairings are
mutually compatible, especially Alt X and Alt Y which can exist in multiple registers,
which leads to the possibility for myriad states. Despite several attempts, we were unable
to eliminate all of the alternate pairings at once using site-directed mutagenesis. Indeed,
our experiments suggest that certain mutations serve only to swap alternative pairings
(Table 2.3). Supporting this idea, kinetic profiles of the mutant sequences in the absence
of increased monovalent ion concentration generally revealed multiple phases, and
structure mapping revealed multiple alternative pairings (Figures 2.2, 2.3, 2.4, 2.5, 2.6).
Despite kinetic complexity, mutagenesis experiments in low ionic strength were
encouraging in that they revealed subpopulations of ribozymes with very fast rate
constants, approaching or exceeding 1 s-1 (e.g. Figure 2.2). This indicated that the
intrinsic rate of cleavage by a native folded ribozyme is at least this fast, and that, in
principle, the entire population of ribozymes could react this fast. The value of 1s-1 is the
fastest measured rate constant for genomic ribozyme self-cleavage of which we are
aware, although extrapolations have predicted similar values47,48 and values as large as
≈ 0.4 s-1 have been measured for the antigenomic ribozyme.49 These comparisons support
1s-1 being close to the intrinsic rate constant for cleavage, although it is possible that its
value is even larger since the fraction native, although increased, may not be unity (see
below).
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Because of the complexity of the alternative pairings, we turned to experimental
methods that affect multiple pairings simultaneously, using the additives urea and
increased monovalent ion concentration. Increased ionic strength to physiological
concentration together with site-directed mutagenesis of non-catalytic residues ultimately
led to the desired activity of a monophasic and fast-reacting rate profile, consistent with a
single population of well-folded ribozyme. The sequence with these characteristics was
G11C/U27∆ with AS(–30/–7), which still has Alt 2 present as a folding guide.
There are several reports of monovalent ion concentrations affecting genomic
ribozyme activity. The wild-type genomic ribozyme has more efficient co-transcriptional
folding in the presence of physiological ionic strength,19 and the G11C mutant has a bellshaped dependence on NaCl.40 This latter behavior indicates that NaCl can both stimulate
and inhibit cleavage activity depending on conditions. We described two classes of
divalent ion binding sites for the native ribozyme, one of which is an inner-sphere site for
which Na+ could compete.40 Thus, it appears that NaCl can disfavor tertiary stability in
the genomic ribozyme.
Increased ionic strength in the physiological range also has the general effect of
destabilizing secondary structures in the presence of divalent ions. This has been
documented by a number of experimental studies;50-52 also, of more direct relevance to
the short alternative structures in the HDV ribozyme, an oligonucleotide model of Alt 3
consisting of nucleotides C14 to G29 shows an 8 °C decrease in TM upon increasing the
concentration of NaCl from 0 to 500 mM in the presence of 1 mM Mg2+ (Figure 2.8). To
describe this behavior, Manning has offered the following explanation, which is based on
counterion condensation rather than mass action.50,53,54 The random coil of a nucleic acid
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has a much greater average axial charge spacing than the double helix (≈2.4-fold), which
results in the random coil having a proportionately reduced charge density. As a result,
divalent ions associate preferentially with the double helix, resulting in the random coil
having a greater fraction of the negative charge of each phosphate remaining unsatisfied.
Hence, when monovalent ions are introduced into the system, they preferentially interact
with the random coil and, as a consequence, destabilize the double helix; physiological
concentrations of monovalent ions are ineffective at competing with divalent ions
associated with the double helix due to the large loss in entropy that would be required.
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Figure 2.8: Alt 3 model oligo melting transition curves as a function of Na+ concentration
in the absence () and presence () of 1 mM Mg2+.
The Alt 3 model oligo (inset) is shown numbered, colored, and oriented as in Figure 2.1.
The data points are the average TMs calculated from multiple UV260 melting curves of
≥2.6 µM RNA in 25 mM HEPES, pH 7.0. Trend lines were drawn by hand for illustrative
purposes.
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In summary, increasing concentrations of monovalent ions are expected to
destabilize both secondary and tertiary elements, although for different molecular
reasons: Na+ destabilizes tertiary structure relative to secondary structure primarily by
competing for site-bound Mg2+ ions, while Na+ destabilizes secondary structure relative
to the random coil by preferentially associating with the random coil. (Depending on the
relative charge densities of tertiary and secondary structure, it is also possible that Na+
could destabilize tertiary structure by a similar, general mechanism, preferentially
associating with secondary structure.) Given its general nature, destabilization of
secondary structure by Na+ is expected to occur with complete disregard to whether the
pairing is native or non-native. Based on this reasoning, increased monovalent ion
concentration, in the presence of divalent ions, can be considered a general denaturant.
This suggests that physiological ionic strength could act much like a conventional
chemical denaturant such as urea, and, under the right conditions, stimulate ribozyme
activity. An alternative model in which Na+ helps fold the RNA into a more native-like
intermediate that facilitates the binding of Mg2+ ions is also possible, and even mutually
compatible with the model above. Similar models have been advanced for other RNAs,55
and the HDV ribozyme is active in 0.2 M NaCl with no Mg2+.40

2.11.4 Facilitation of folding by physiological ionic strength: A statistical
thermodynamic framework
In an effort to understand the physical basis for the acceleration of activity by
physiological ionic strength and urea, we present a statistical thermodynamic model.
Such models are especially helpful for describing non-two-state systems.56,57 Each of the
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states of the system is given a Boltzmann weight, and the intrinsic rate of the reaction is
modulated by the fraction of molecules occupying the native fold. This formalism is
related to an approach recently used to describe reactivity of RNAs with different
ionization state.58 It should be noted that the following model assumes rapid equilibrium
among the alternative pairings, which is likely to be true for a large ensemble of short
alternative pairings such as Alt X and Alt Y. However, this assumption may break down
for larger pairings, which have kinetic trapping as their main features. In practice, it may
be the case that many systems will share attributes of rapid equilibrium and kinetic
trapping models.
Scheme 2.1(a) provides a simple model for G11C/U27∆ in which an ensemble of
alternative pairings competes with native secondary structure, which is in turn linked to
the native, catalytically active tertiary structure. This model assumes that the folding of
RNA is hierarchical, as is generally the case, with secondary structure remaining intact
upon the formation of tertiary structure;59,60 hierarchical folding results in thermodynamic
linkage between secondary and tertiary structure formation.57 According to this scheme,
the observed rate constant for cleavage, kobs, is the product of the rate-limiting step for the
reaction, kcat, and the fraction of molecules having the native tertiary fold, f3. Based on
the fast rate, as well as the pH and solvent isotope dependence of the related G11C
construct,20,61 it is likely that kcat equals kchem. We did not test for the rate-limiting step of
each mutant, thus it remains possible that it is different for each mutant. Nevertheless, the
importance of each pairing affecting the rate of cleavage is captured by our treatment of
the data. The arguments presented below are not dependent on kcat being equals kchem, and
therefore kcat is used for the rate limiting step to be general.
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Scheme 2.1: Model for folding and reaction of G11C/U27∆.
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kobs = f3 kcat

2.4

The fraction of molecules with the native tertiary fold is given by
f3 = K2K3/(1 + Kalt1 + Kalt2 + Kalt1Kalt2 + … + K2 + K2K3)

2.5

where K2 and K3 are the equilibrium constants for secondary and tertiary structure
formation, respectively, and Kalti is an equilibrium constant for folding of alternative
pairing, Alti.
The denominator forms the partition function, Q, for the system, and all the terms
in it besides the last two can be considered part of a sub-partition function, Σalt, that
describes the overall Boltzmann weight toward misfolding.
Q = ΣAlt+ K2 +K2K3

2.6

kobs = (K2K3 / Q) kcat

2.7

Substituting, we have

The dependence of kobs on a denaturant Z, where Z could be [Na+] in the presence
of Mg2+, or [urea], can then be determined from the derivatives of the natural logs, which
are linear with free energy
∂ln kobs/∂ln Z = ∂ln K2K3/∂ln Z – ∂ln Q/∂ln Z + ∂ln kcat/∂ln Z

2.8

This equation is general and should serve to describe the dependence of kobs on
any denaturant in the solution. The last term in Equation 2.8 will be assumed to be small
since the active site is buried and probably free from the influence of the added agent.

74
First, we will consider the effect of Z on kobs in the absence of alternative pairings.
In this case, Q, referred to as Qno alt, reduces to the typical value for linked secondary and
tertiary structure 40,56
Qno Alt= 1 + K2 +K2K3

2.9

Four cases need to be considered. In the first one, both secondary and tertiary
structures are assumed to be stable (i.e K2, K3>>1). Under these conditions, ∂ln kobs/∂ln Z
≈ 0, and kobs should not vary with denaturant concentration. This occurs despite
∂ln K2/∂ln Z and ∂ln K3/∂ln Z both being negative (see above) because f3 persists at
values close to unity in the presence of the denaturant. For the second case, stable
secondary and unstable tertiary structure are considered (i.e. K2>>1, K3<<1). Under these
conditions, ∂ln kobs/∂ln Z ≈ ∂ln K3/∂ln Z <0, and kobs should decrease with increasing
concentration of denaturant. For the third and fourth cases, unstable secondary structure
is considered (i.e. K2<<1, for example at high temperature). For the third case, very stable
tertiary structure is considered, (i.e. K3 >> 1/K2), which gives ∂ln kobs/∂ln Z ≈ 0. This
occurs since secondary and tertiary structures are linked, and tertiary structure is stable
enough to compensate for intrinsically unstable secondary structure. In the fourth case,
tertiary structure is not stable enough to compensate for the unstable secondary structure
(i.e. K3 << 1/K2 ). Under these conditions, ∂ln kobs/∂ln Z ≈ ∂ln K2/∂ln Z + ∂ln K3/∂ln Z.
Since both terms on the right are negative, kobs should show the greatest sensitivity to
denaturant for this case. In summary, in the absence of alternative pairings, all four
limiting cases lead to the expectation that a denaturant will have either no effect on kobs,
or reduce its value; in no instance is a denaturant predicted to stimulate the reaction.
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Next the effect of denaturant on kobs in the presence of alternative pairings is
considered. For simplicity, we assume that the alternative pairings are mutually
compatible and independent, which leads to the simplified ΣAlt expression,
n Alt

Σ Alt = ∏ (1 + K Alt i )

2.10

i =1

which is similar to that previously reported;11 nAlt is the total number of alternative
pairings (Scheme 2.1(b)). In reality, some of the alternative pairings in the HDV
ribozyme are not mutually compatible and independent, but this does not affect the
general conclusions reached regarding the algebraic sign of the dependence of kobs on
denaturant. If the Boltzmann weight for the alternative pairings is significantly larger
than for native pairings (i.e. ΣAlt>> K2, K2K3) then kobs ≈ (K2K3 /ΣAlt) kcat . This leads to
the following dependence for kobs on Z,
∂ln kobs/∂ln Z ≈ ∂ln K2K3/∂ln Z – ∂ln ΣAlt/∂ln Z.
A further assumption is made, namely that all the alternative pairings have similar
strengths, which leads to the form

ΣAlt= (1 + KAlt)nAlt

2.11

Although, an oversimplification for the present system, this still allows trends in
behavior to be discerned, and leads to the expression

∂ln kobs/∂ln Z ≈ ∂ln K3/∂ln Z + ∂ln K2/∂ln Z – nAlt ∂ln KAlt/∂ln Z

2.12

Importantly, since ∂ln KAlt/∂ln Z is negative, Equation 2.12 allows for the
possibility of acceleration of kobs by the denaturant under certain conditions. Importantly,
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the second term shows a higher order dependence, or statistical effect, wherein its value
is approximately proportional to the number of alternative pairings; thus, the larger the
number of alternative pairings, the more sensitive the system should be to acceleration by
denaturant. A free energy diagram depicting this effect is shown in Scheme 2.1(b). Since
the genomic HDV ribozyme has a large number of secondary structural alternative
pairings, this may be the origin of the acceleration by physiological ionic strength.
Further studies will be necessary to quantitatively assess the magnitudes of each of the
derivatives in Equation 2.12, but it is clear that the larger the number of pairings, the
greater the extent to which a denaturant should facilitate cleavage.
The magnitude of the first term on the right side of Equation 2.12, ∂ln K3/∂ln Z,
may be sensitive to denaturant type. In particular, tertiary structure may be more sensitive
to urea than monovalent ion concentration. This possibility is supported by the fact that
the m-value, which represents the sensitivity of free energy to urea concentration, is
proportional to the change in solvent accessible surface area upon RNA unfolding, which
is large for tertiary unfolding.35 The sensitivity of tertiary free energy to monovalent ion
concentration is unclear at present; its value should reflect differences in the interactions
of Na+ with tertiary and secondary structures. Overall, the inability of urea to promote
optimal kinetic activity relative to Na+ (Table 2.2) may reflect the greater sensitivity of
tertiary structure to urea than Na+.
Increased ionic strength has been shown to promote rapid and efficient native
folding of larger RNAs, as well.17,37-39,62 In particular, the Mg2+-dependent folding of the
group I intron and its P4-P6 domain are accelerated by physiological ionic strength. In
these cases, the stimulatory role for Na+ has been attributed largely to competition
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between monovalent and divalent counterions, which destabilizes alternative tertiary
structures.37-39,62 The experiments presented herein suggest an additional model for the
acceleration of RNA folding by Na+ in the presence of Mg2+: destabilization of
alternative secondary structures, which can result in an increase in the fraction of
molecules with the native tertiary fold. The molecular basis for this model is the
preferential association of monovalent ions with the random coil rather than competition
between monovalent and divalent ions.
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Chapter 3
Simple Method for Determining Nucleobase pKa Values by Indirect Labeling and
Demonstration of a pKa of Neutrality in dsDNA

[Published, in part, as a communication titled, “Simple Method for Determining
Nucleobase pKa Values by Indirect Labeling and Demonstration of a pKa of Neutrality in
dsDNA” by Ellen M. Moody, Trevor S. Brown and Philip C. Bevilacqua in Journal of
the American Chemical Society (2004) 126, 10200-10201.1 EMM & TSB contributed

equally to this work.]

3.1 Abstract

Phosphorothioates were substituted into double-stranded DNA to study
protonated Class I A+•C basepairs by 31P NMR. The method was effective in reporting
the A+•C pKa. pKa values near 7.0 were found and suggested that nearest-neighbor
interactions can drive a pKa in dsDNA to neutrality. Such pKa values could expand the
catalytic repertoire of nucleic acids.

3.2 Introduction

Nucleobases can have shifted pKas, which have been separated into two classes.2,3
Class I sites involve the loaded proton in hydrogen bonding, such as a wobble A+•C
basepair, and therefore it is unavailable for proton transfer. Class II sites do not involve
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the loaded proton in hydrogen bonding and thus, it is free to partake in proton transfer as
in general acid/base catalysis.3
Free nucleobases have pKas of 3.5 and 4.2 for N1 of adenine and N3 of cytosine,
respectively, and 9.2 and 9.7 for N1 of guanine and N3 of thymine.4 These values shift
even further from neutrality in a typical Watson-Crick basepair owing to the stability
conferred by basepairing.2,3,5

However, numerous folded state pKas are perturbed

towards neutrality for RNA and DNA, with values ranging from 3.8 to 6.6.5-9 pKas

shifted towards neutrality can participate in RNA and DNA catalysis.2,3,10
We wanted to develop a simple approach for determining pKas in folded DNA
and RNA molecules and investigate the extent to which basepairing can shift pKas.
Phosphorothioates were substituted into dsDNA to study Class I A+•C basepairs by

31

P

NMR. This substitution shifts the phosphorus peak downfield by ~50 ppm (Figure 3.1).
We found that these peaks had a pH-dependent change in chemical shift that was
presumably caused by a change in local structure upon A+•C basepair formation.
Phosphorothioate substitutions have also been used to assign

31

P spectra,11 monitor ion

binding in the hammerhead ribozyme, and yield a higher field shift upon addition of Cd2+
ions.12,13 They also have been used to identify inner-sphere metal ion coordination in a
tetraloop.14
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Figure 3.1: Representative NMR spectra highlighting downfield-shifted phosphorothioate
resonances.
Spectra are referenced to an internal TMP standard set to 0 ppm. The inset is a blow-up of
the boxed region and displays the lowest and highest pH spectra in the titration of DNA2
A* at 19°C.
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3.3 Materials and Methods

3.3.1 Preparation of DNA Samples

DNA oligonucleotides were synthesized, de-blocked and desalted by the
manufacturer (Integrated DNA Technologies).

Oligonucleotides were dialyzed into

sterile, distilled, deionized water as described.15 The DNA sequences were DNA1 *A:
5'-CG*AGAATTCCCG;

DNA1

C*:

5'-CGAGAATTCC*CG;

CGCA*GGACGCAGTCCCGCG; DNA2 C*:
DNA2 AG*:

DNA2

A*:

5'-CGCAGGACGCAGTCCC*GCG;

5'-CGCAG*GACGCAGTCCCGCG and DNA2 A* ctrl:

5'-

CGCA*GGACGCAGTCCTGCG, where * indicates the position of the phosphorothioate
substitution.

Electrospray mass spectrometry confirmed the phosphorothioate

substitution in DNA2 A*. The secondary structures in Figure 3.2 were confirmed by
mfold 3.1 16,17 with the smallest ∆∆Go37 equal to 3.3 kcal/mol, calculated as the difference

between the optimal and first suboptimal predicted secondary structures.

Self-

complementary DNA1 was predicted to have a ∆Go37 of +1 kcal/mol in forming any
intra-strand secondary structure, thus supporting duplex over hairpin formation. A single
set of two

31

P peaks for all sequences at all pH values is consistent with a single

secondary structure. All experiments were conducted without addition of a buffer and in
the background of 100 mM KCl to maintain constant and physiologically-relevant ionic
strength throughout the titrations, which involved addition of small amounts of KOH or
HCl. NMR samples were 100 mM KCl and 5% D2O. DNA concentrations ranged from
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640 µM to 2.5 mM, and the oligonucleotides were renatured prior to the start of each
experiment by heating to 90°C for 3 minutes and cooling on bench top for 10 minutes.
An internal coaxial tube containing 1% trimethyl phosphate (TMP) in 5% D2O was used
as a reference and set to 0 ppm. The pH values were determined using a Accumet 3 mm
micro combination electrode with a calomel reference or a Mettler Toledo 3 mm diameter
AgCl reference electrode using a Corning 430 or Accumet Basic AB15 meter. The pH
was determined both before and after the NMR experiment; values agreed within 0.05 pH
units and were averaged for each point. All sequences were titrated from low to high pH
by the addition of 0.1 M KOH, with the exception of DNA1 C* and DNA2 C*, which
were titrated from high to low pH by adding 0.05 M HCl.

The pH values were

determined at 30°C for all data in Table 3.1, expect DNA1 C*, which was determined at
room temperature (~20°C) and mathematically corrected to 31°C. The pH values for
NMR data at additional temperatures were determined at room temperature (~23°C) for
all sequences except DNA2 AG*, which was determined at 33°C (Table 3.2).

89

Figure 3.2: DNA oligonucleotides with arrows indicating locations of phosphorothioates.
The Rp/Sp pKas are provided. Boxes enclose the A+•C basepair and its nearest neighbors.
A) DNA1 B) DNA2 C) DNA2 ctrl.
Table 3.1: Parameters from fits to pH titrations
Sequence
DNA1 C*

DNA2 C*

DNA2 A*
DNA2 AG*
a

Peaka

∆δ (ppm)b,c

pKac

nc

1

0.29±0.01

1.26±0.13

6.56±0.04

2

0.43±0.01

1.32±0.10

6.57±0.03

1

0.197±0.005

1.25±0.09

6.84±0.03

2

0.196±0.005

1.37±0.10

6.93±0.03

1

0.381+0.004

1.11+0.04

6.87+0.02

2

-0.372+0.006

1.15+0.06

6.65+0.02

1

-0.082±0.005

0.88±0.15

6.93±0.08

2

-0.049±0.004

0.98±0.23

6.90±0.10

b

Peak 1 is the more downfield shifted phosphorothioate peak. Calculated as the difference between high and low pH.

Values of ∆δ, n, and pKa were obtained from non-linear curve fitting to Equation 3.1. NMR conditions were 31°C
for DNA1 and 30°C for DNA2 in 100 mM KCl. pH values were determined at 30-31°C. Data at these and additional

c

temperatures are given in Figure 3.3, Figure 3.4, and Table 3.2.
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Table 3.2: Parameters from fits to pH titrations at additional temperatures
Sequence
DNA1 C*

DNA2 C*

DNA2 A*

DNA2 AG*

a

Peaka

∆δ (ppm)b,c

nc

pKac

Temperature (°C)

1

0.45±0.01

0.89±0.06

6.64±0.03

23

2

0.6±0.02

1.01±0.08

6.63±0.03

23

1

0.306±0.007

0.98±0.07

7.08±0.03

14

2

0.243±0.005

1.26±0.09

7.00±0.03

14

1

0.367+0.006

1.05+0.05

7.17+0.02

19

2

-0.404+0.007

0.92+0.04

7.00+0.02

19

1

-0.127±0.002

0.94±0.05

6.94±0.02

14

2

-0.035±0.003

0.9±0.3

7.2±0.1

14

Peak 1 is the more downfield shifted phosphorothioate peak. bCalculated as the difference between high and low pH. cValues
of ∆δ, n, and pKa were obtained from non-linear curve fitting with Equation 3.1. The NMR spectrometer temperatures are
reported here (see also 3.1).The average ∆pKa at these lower temperatures (0.42) is similar to that at 30°C (0.29).
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3.3.2 NMR Conditions

The NMR titrations in Table 3.1 and Figure 3.3 were carried out at 31°C for
DNA1 C*, as per Wang et al.,18 and at 30°C for all DNA2 sequences for comparison.
The NMR spectra for additional temperatures (Table 3.2 and Figure 3.4) were collected
at 23°C for DNA1, 19°C for DNA2 A* and 14°C for DNA2 C*, DNA2 AG* and DNA2
A* ctrl. The chemical shift of the Rp and Sp phosphorothioate resonances were followed
as a function of pH. NMR data were collected on a Bruker AMX2-500 spectrometer
using a 5 mm broadband probe with a 31P frequency of 202.46 MHz and a 90o pulse of 20
µsec.

31

P spectra were acquired with a spectral width of 23,809 Hz, a recycle delay of

3 s, and proton decoupling (WALTZ-16).19 Proton decoupling was employed to prevent
splitting that would result from the protons on C5′ and C3′. Data were processed using
XWINNMR (Bruker). 32k data points were collected and the FIDs were zero-filled to
64k and apodized using 10 Hz line broadening.
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Figure 3.3: Titration curves for data in Table 3.1.
A) DNA1 C* at 31°C, B) DNA2 C* at 30°C, C) DNA2 A* at 30°C, and D) DNA2 AG*
at 30°C. Both Peak 1 (the most downfield shifted peak; filled circles) and Peak 2 (open
circles) are shown. The chemical shifts are reported relative to TMP (0 ppm). Data are
fit with Equation 3.1 and pKa and n values for panels A-D are provided in Table 3.1.
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Figure 3.4: Additional titration curves.
A) DNA1 C* at 23°C, B) DNA2 C* at 14°C, C) DNA2 A* at 19°C, D) DNA2 AG* at 14°C,
E) DNA2 A* ctrl at 14°C, and F, G, H) DNA1 *A at 23°C. Both peak 1 (the most
downfield shifted peak; filled circles) and peak 2 (open circles) are shown. The reported
chemical shifts are relative to TMP (0 ppm). In panels A – D, the data are fit with
Equation 3.1. Panel E data are fit with a straight line. Panel F data are fit with Equation 3.1
using the slope of the data below pH 5.93 to represent the dependence of δP on pH. Panel G
and H are DNA1 *A data ≥ pH 6.33 fit with Equation 3.1 with a lower baseline that is either
variable or fixed at the chemical shift value observed at pH 6.33 (51.344 ppm), respectively.
In these two panels, only peak 1 is fit, but peak 2 data are shown for comparison. pKa and n
values for panels A-D are provided in Table 3.2. pKa and n values for panels F, G, and H are
6.46+0.03, 6.8+0.1, and 6.89+0.06, respectively, and 1.5+0.1, 1.7+0.7, and 2.0+0.4,
respectively. Because of the uncertainty in DNA1 *A n values, caused by the low pH
baseline, these pKa data are treated only qualitatively.
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3.3.3 Fitting of the Data

Chemical shift (δ) versus pH data were fit to Equation 3.1, which is the
Henderson-Hasslebalch equation adapted for fast chemical exchange on the NMR time
scale, to obtain the pKa value, n, δP and ∆δ,

δ = δP +

∆δ
1 + 10 n ( pK − pH )

3.1

where ∆δ=δU-δP, δU and δP are the chemical shift values of the unprotonated and
protonated states (in ppm), respectively, and n is a Hill constant reflecting the number of
proton binding sites. This equation assumes infinite cooperativity between multiple sites,
if present.

A value of n near unity is consistent with one proton binding site, or

independent sites. The values of pKa, n, and ∆δ from fits of data collected at 30°C and
31°C are provided in Table 3.1. As a control, the slope of the linear fit of DNA2 A* ctrl
was used as a baseline correction to Equation 3.1 in fitting peak 1 of DNA2 C* at 14°C;
this was done to test the possible effect on the resultant pKas. The curve fits yielded pKa
values of 7.08 ± 0.03 without a correction, 6.99 ± 0.02 with a lower baseline correction,
7.18 ± 0.03 with an upper baseline correction, and 7.08 ± 0.02 with a correction to both
baselines. This demonstrates that sloping baselines as seen in DNA2 A* ctrl do not affect
the calculated pKa value by more than ± 0.1.
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3.4 Results

To test the method, we chose a self-complementary DNA duplex sequence
(DNA1) with a published observed pKa of 6.6, determined by 1H and 15N NMR 18. The
phosphorothioate (*) was incorporated 3' of C10 (DNA1 C*) or 5' of A3 (DNA1 *A)
(Figure 3.2A). The chemical shifts of the Rp and Sp resonances were followed as a
function of pH, with referencing to an internal TMP standard.

The Rp and Sp

diastereomers were not separated since their resonances did not overlap. This provided
pKas from two substitutions in a single experiment. Within error, these peaks gave the
same pKa values.

Fitting data for DNA1 C* to a Henderson-Hasselbalch equation

adapted for fast chemical exchange on the NMR time scale (see 3.3.3) gave pKa values of
6.56 + 0.04 and 6.57 + 0.03 (Table 3.1, Figure 3.2), which are in good agreement with the
published value of 6.6.18 Jones and coworkers reported a pKa in D2O based on an
uncorrected pH meter reading. A correction of a pH meter reading and a back correction
for a pH titration on cytidine yields a similar pKa.20 Because of this, we make a direct
comparison of our pKa with the pKa reported by Jones and coworkers. Values of the Hill
coefficient were 1.26 + 0.13 and 1.32 + 0.10, suggesting that the A+•C basepairs act
independently, as expected.
For DNA1 *A, peak 1 had a significant slope at pH values lower than 6, while
peak 2 showed little change throughout the titration (Figure 3.4). The origin of these
effects is unclear at present, but phosphorothioates at other positions did not show this.
Data for DNA1 *A peak 1 were fit with three different baseline methods, which gave
pKas ranging from 6.46 to 6.89, in agreement with results from DNA1 C*.
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The next sequence investigated, DNA2, was a DNA hairpin with a stable loop and
closing basepair 21,22 and contained a single A+•C basepair in the center of the stem. This
sequence was also designed to have more stable nearest-neighbor interactions than DNA
1, which should favor the equilibrium constant for folding and a more shifted pKa.
Nearest neighbor calculations using GC or AT in place of the AC favored DNA2 over
DNA1 by a ∆∆Go37 of -0.33 (GC) and -0.15 kcal/mol (AT).23

These differences

correspond to ∆pKas of 0.24 and 0.11 with respect to DNA1. In addition, SantaLucia and
coworkers calculated nearest-neighbor parameters of internal AC mismatches in DNA at
pH 5 and 7 and found that the contribution of an AC was strongly dependent on its
nearest-neighbors.24 They reported a ∆Go37 difference for the nearest neighbors in DNA2
and DNA1 of -0.56 kcal/mol (1M NaCl at pH 5.0), which corresponds to a ∆pKa of 0.40
at 37°C. Overall, these three calculations predict that DNA2 should have a higher pKa
than DNA1.
As in DNA1 C*, the phosphorothioate was first incorporated 3' of the C of the
A+•C basepair, in DNA2 C*. Fitting the pH dependence of the two DNA2 C* resonances
gave n values of 1.25 + 0.09 and 1.37 + 0.10, respectively, and pKas of 6.84 + 0.03 and
6.93 + 0.03, suggesting that nearest-neighbor interactions can drive a pKa in dsDNA to
neutrality (Table 3.1).
In order to ensure that placement of the phosphorothioate was not responsible for
shifting the pKa, the experiment was repeated with two other label placements. First,
incorporation 3' of A4 of the A+•C basepair, DNA2 A* (Table 3.1, Figures 3.2B and 3.3),
gave n values of 1.11 + 0.04 and 1.15 + 0.06 and pKa values of 6.87 + 0.02 and 6.65 +
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0.02, similar to those determined for DNA2 C*. Second, the label was moved an
additional basepair away from the A+•C, in DNA2 AG*, which gave n values of 0.88 +
0.15 and 0.98 + 0.23 and pKa values of 6.93 + 0.08 and 6.90 + 0.10, similar to those for
DNA2 A* and DNA2 C*.

The change in chemical shift for DNA2 AG* was

considerably smaller than that for DNA2 A* and C* (Table 3.1), |δave| of 0.07 versus 0.38
and 0.20, consistent with a smaller structure perturbation at this remote position upon
protonated basepair formation. Similarity among the six pKa values for DNA2 C*, A*
and AG* strongly supports the label not causing the pKa shift.
As a last control, the AC was changed to an AT, in DNA2 A* ctrl. As expected,
the plot of the downfield-shifted resonances versus pH no longer had a sigmoidal shape
and could be fit with a straight line (Figures 3.4 and 3.5).
At 30-31°C, the average pKas for DNA1 and DNA2 were 6.56 and 6.85,
respectively, giving a ∆pKa of 0.29, which is in agreement with that predicted from
nearest-neighbor parameters.

Lowering the temperature to 14-19°C gave a higher

average pKa value for DNA2 of 7.06 (Table 3.2 and Figure 3.4), which further supports
folding providing a critical driving force for pKa shifting.

98

Figure 3.5: Titration curves tracking the change in chemical shift with pH for DNA2 A*
peak 1 (●), DNA2 A* peak 2 (ο), and DNA2 A* ctrl peak 1 (♦).
Chemical shift values are with respect to TMP. Data for DNA2 A* were fit to
Equation 3.1, while data for DNA2 A* ctrl were fit to a linear equation (R=0.98).
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3.5 Conclusions

Phosphorothioate incorporation combined with

31

P NMR provides a simple

method for determining pKa values in structured DNA molecules.

pKa values of

neutrality were promoted by favorable nearest-neighbor partners and lower temperature.
Numerous DNA enzymes have been prepared in vitro,25 and pKas of 7 could confer
several catalytic strategies upon these enzymes, including electrostatic catalysis.2,3 In the
future, indirect labeling with a phosphorothioate could be used to measure shifted pKas in
RNA and DNA molecules with complex structures, including Class II sites that involve a
structural change upon protonation.
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Chapter 4
Continuous Monitoring of Enzyme Reactions on a Microchip: Application to
Catalytic RNA Self-Cleavage

[Published as a paper titled, “Continuous Monitoring of Enzyme Reactions on a
Microchip: Application to Catalytic RNA Self-Cleavage” by Tracy L. Paxon, Trevor S.
Brown, Hsiao-yu Nancy Lin, Sam J. Brancato, Elizabeth S. Roddy, Philip C. Bevilacqua

and Andrew G. Ewing in Analytical Chemistry, (2004) 76, 6921-6927.1 ]

4.1 Abstract

Kinetic analysis of RNA enzymes, ribozymes, typically involves the tedious
process of collecting and quenching reaction time points and then fractionating by
polyacrylamide gel electrophoresis (PAGE). As a way to automate and simplify this
process, continuous analysis of a ribozyme reaction is demonstrated here using
completely automated capillary sample introduction onto a microfabricated device with
laser-induced fluorescence detection. The method of injection is extremely reproducible
thereby standardizing data analysis. A 30-nucleotide ribozyme model, the self-cleaving
lead-dependent ribozyme, leadzyme, which cleaves into a 24-mer and a 6-mer in the
presence of Pb2+, was end-labeled with fluorescein (FAM) and used to demonstrate the
potential of this technique. After manually initiating the cleavage reaction by Pb2+
addition, reaction samples were automatically injected directly into the parallel separation
lanes of the chip via a capillary at specified time intervals, thus eliminating the need for
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additional sample-handling steps. The FAM-labeled leadzyme was monitored for 60 min
to ascertain kinetic information. The effect of lead acetate concentration on cleavage
rates was also studied, and the results are in agreement with rates determined by
conventional hand-mixing/PAGE analysis. This work demonstrates, through the use of a
simple ribozyme model, the potential of this method to provide valuable kinetic
information for other, more complex, biologically relevant RNA and protein enzymes.

4.2 Introduction

Recently, new drug therapies have employed catalytic RNAs, ribozymes, in the
treatment of disorders ranging from infectious diseases to cancer.2 The applications of
these RNA catalysts can be expanded as kinetic information is ascertained. These kinetic
studies should provide the basis for understanding the mechanism of cleavage, thus
furthering our fundamental knowledge of these important compounds.
The most common method for assaying ribozyme kinetics has been based upon
polyacrylamide gel electrophoresis (PAGE). This assay involves removing aliquots from
a cleavage reaction at a series of time points, quenching, and separating them in parallel
on a slab gel. Unfortunately, this method is very labor intensive and typically requires
the tedious collection of samples at predetermined time points such that samples are
stagnant for the duration of the experiment until separation and analysis can be
performed. This method is time-consuming and typically involves the use of radiography
for detection, though fluorescence is sometimes employed. In some instances, HPLC has
been used to quantify amounts of ribozyme substrate and cleavage fragments.3 However,
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HPLC does not offer high throughput or continuous analysis of a cleavage reaction.
Alternatively, the cleavage and folding kinetics of various ribozyme reactions have been
monitored in real time through base-specific quenching or enhancement of labeled
substrates.4,5 The drawback to these fluorescence methods is the inability to directly
relate a change in fluorescence intensity to bond cleavage, and the possibility that bond
cleavage might be spectroscopically silent.

Other spectroscopic methods such as

fluorescence resonance energy transfer (FRET) have been applied to RNA systems and
have provided kinetic information on the hammerhead ribozyme.6-9 However, FRET, in
addition to suffering from problems similar to the other techniques, requires the use of
two fluorescent tags and, therefore, two modifications of the RNA.
Capillary electrophoresis (CE) with automated capillary sample introduction onto
a multichannel microchip is an ideal technique for continuous monitoring of enzyme and
ribozyme reactions.

Conventional CE provides fast separation times, small sample

requirements, and has been reviewed extensively for a variety of applications;10 however,
conventional CE is a serial technique, which significantly limits throughput. Capillary
array electrophoresis, in which separations are performed on an array of parallel silica
capillaries, was introduced by Mathies11 and subsequently used to perform high-speed,
high-throughput DNA sequencing12,13 and fragment sizing.14 The miniaturization of
capillary electrophoresis onto a microchip increased performance by reducing analysis
times and reagent volumes.15-18

Since then, extensive work has been performed in

microchips for the analysis of a variety of substances including amino acids,19 small drug
molecules,20 peptides,21 oligonucleotides,22 proteins,23,24 and DNA fragments.25 Initial
microchip separation devices consisted of a single separation channel; however, recent
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developments take advantage of the ability to multiplex separation channels on
microchips to achieve high-throughput separations.25-34 The ability to multiplex channels
on a microchip coupled to capillary sample introduction for the analysis of DNA has been
previously demonstrated in the Ewing group.35,36

In this chapter, experiments that

provide a novel application of chip electrophoresis with capillary sample introduction is
described for analysis of ribozyme cleavage reaction kinetics.
An automated capillary sampling device has been used to transfer sample from a
single reaction vial to a microfabricated chip with an array of separation lanes. Previous
work employed electrokinetic injection via hand-toggling a power supply for the analysis
of discrete plugs of sample,36 and methods to monitor the progression of a protein
enzyme catalyzed DNA digest in real time utilizing pressure injection by hand-toggling a
manual valve apparatus.35 Here, for the first time, this injection method was completely
automated through the integration of an air-actuated valve, providing extremely
reproducible sample injections and ultimately more consistent data.

Additionally, this

methodology was applied to the study of ribozyme reactions to examine the reaction
kinetics and divalent ion dependence of the self-cleaving, lead-dependent leadzyme.

4.3 Materials and Methods

4.3.1 Microfabrication

The separation devices were fabricated using traditional lithography techniques at
the Penn State Nanofabrication facility as described previously.36

Borofloat glass
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(Technical Glass Products, Mentor, OH) was used to make the chips for these
experiments. Each chip consisted of five parallel channels, 500 µm wide, 250 µm deep,
spaced 5 mm apart. The top plate was etched with the channels and subsequently
thermally bonded to the bottom plate of the same dimensions in a programmable oven
(Vulcan 3-3130, Ney Dental, Inc., Bloomfield, CT). The temperature was ramped to
650 ºC, held at that temperature for 4 h, and then gradually cooled to room temperature.
With the bonding of the top plate, a chip with end-on access to the separations lanes was
created.

4.3.2 Sieving Matrix Preparation

The bonded chips were filled with linear polyacrylamide (LPA) solutions using a
water aspirator system.

The 3.8% (w/v) LPA solution was prepared by dissolving

acrylamide powder (ICN Biomedicals, Aurora, OH) in 30 mM tris–borate buffer
containing both 15 mM EDTA and 7 M urea for metal chelation and denaturing purposes,
respectively. Polymerization was initiated with 10% ammonium persulfate (Aldrich,
Milwaukee, WI) and catalyzed with N,N,N′,N′-tetramethylethylenediamine (ICN
Biomedicals, Aurora, OH). After degassing the LPA, the chip was filled and suspended
between two buffer reservoirs containing the same solution as the chip.
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4.3.3 Instrumentation

The automated capillary sample introduction and detection system have been
described previously.36 Briefly, an argon ion laser (Coherent, Santa Clara, CA) was used
as an excitation source for laser-induced fluorescence detection. The beam was sent
through a series of optics to shape it into a line that was focused across the width of the
chip approximately 6-6.5 cm from the point of injection. A power supply (Bertan,
Hicksville, NY) was used to apply 1.0 kV across the chip for electrophoresis. A fusedsilica capillary (50-µm inner diameter, 150-µm outer diameter, ~45 cm in length,
Polymicro Technologies, Phoenix, AZ) was used to transfer sample from the reaction vial
into each of the lanes. Reaction aliquots, which contained the 5′-fluorescein (FAM)labeled leadzyme precursor (30-mer) and 5´ product (6-mer) as well as unlabeled 3′product, were deposited into the LPA-filled lanes via the capillary, separated by gel
electrophoresis, and excited as they passed through the laser line.

The resulting

fluorescence was collected with a liquid nitrogen-cooled CCD camera (Photometrics,
Tuscon, AZ) at a rate of 1 s-1.

Data were compiled using MAPS 2.0 software

(Photometrics) and viewed using Transform 3.4 (Fortner Software LLC, Sterling, VA).
Analysis was performed using Excel (Microsoft Corp., Redmond, WA) and
KaleidaGraph (Synergy Software, Reading, PA).

4.3.4 Automated Injection Method

A six-port air actuated valve (Valco Instruments Co. Inc., Houston, TX) was
integrated into the injection system to provide reproducible, two-second pressure
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injections (nitrogen gas) of sample from a glass vial, through the capillary, and into the
chip. The capillary was inserted into the vial through a septum in a Teflon tee so that the
tip was submerged in the sample.

A Labview (National Instruments, Austin, TX)

program, written in-house, was used to close the valve, for each injection. The Labview
programs and CCD camera were started immediately after the capillary was pressurized.
The entire process, from the addition of the initiating reagent, lead acetate, to the first
injection into the chip could generally be accomplished in 53 s.

4.3.5 Manipulator

A computer-controlled micromanipulator (SD Instruments, Inc., Grants Pass, OR)
was used to move the sample introduction capillary from one lane to another across the
chip, as previously described.36 Initial alignment of the capillary with the first lane was
achieved by manual adjustment of the manipulator. A Labview (National Instruments,
Austin, TX) program, written in-house, was used to insert the tip of the capillary into
successive lanes on the chip for each injection and return to lane 1 after a complete pass
of five lanes. The maximum velocity used in these experiments enabled the manipulator
to make one injection per 14 s into each of the five lanes. To avoid overlap of injections
in each lane, the capillary remained at the first lane for an additional 2–5 min before
restarting the Labview program for additional passes. The manipulator and injection
programs were coupled together such that, as the manipulator placed the capillary tip into
a separation lane, a pressure injection occurred simultaneously.
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4.3.6 RNA Cleavage Reactions

RNA was obtained 5′-end labeled with FAM (λex= 494 nm, λem= 525 nm) from
Dharmacon, Inc. (Lafayette, CO). The sequence of the strand was as follows: 5′(FAM)GCGACC^GAGCCAGCGAAAGUUGGGAGUCGC-3′, where (^) represents the
site of self-cleavage.

The RNA was deprotected according to the manufacturer’s

instructions. The sample was reconstituted in 15 mM MOPS (Sigma, St. Louis, MO), pH
7.0 at 25 °C, to a concentration of 0.75 mM as determined spectrophotometrically.37,38
The RNA was diluted to 4.4 µM in 15 mM MOPS and frozen in 50-µL aliquots. Before
use, the RNA was renatured by heating to 90 oC for 2 min and cooling to room
temperature (25 °C) on the benchtop for 10 min. A 10× lead acetate solution (2 µL) was
then added to 18 µL of this RNA solution that was prepared in a small centrifuge tube
placed inside the glass vial to be pressurized.

Reaction temperature was room

temperature (~25 °C) in these experiments.

4.3.7 Traditional Gel Electrophoresis

For the purpose of collecting data by traditional PAGE assays, reactions were
initiated in a similar fashion by the addition of 2 µL of a 10× lead acetate solution to 18
µL of a 4 µM RNA solution in 15 mM MOPS (Sigma), pH 7.0 at 25 °C. The RNA was
renatured as above before use.

Reaction samples (2-µL aliquots) were removed at

predetermined times and quenched by mixing with an equal volume of formamide
loading buffer containing 40 mM EDTA. These samples were immediately frozen by
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submerging in dry ice. After completing time point collection, the samples were allowed
to thaw at room temperature before loading and fractionating a 2-µL sample of each on
10% polyacrylamide/8.3 M urea/1× Tris–Boric Acid–EDTA (TBE) gels. The gels were
then dried and quantified using a Typhoon imager (Amersham Biosciences, Inc.) set to
fluorescence mode, 400 V, normal sensitivity, with the 526 short-pass filter and green
(532 nm) laser line excitation.

Resulting band intensities were quantitated using

ImageQuant software (Amersham Biosciences, Inc.). KaleidaGraph (Synergy Software)
was used to plot and fit data.

4.3.8 Data Analysis

Cleavage-reaction data were fit to Equation 4.1 (also Equation

2.1;

KaleidaGraph, Synergy Software),
f*P = *P/*SM0 = A + B exp(-kobs t)

4.1

where f*P is the fraction of total leadzyme cleaved, A is the extent of reaction, B is a term
that accounts for any burst phase by the relationship fburst = A + B, kobs is the observed
first-order rate constant for leadzyme cleavage, and t is time. By plotting fraction cleaved
versus time, the data could be fit to the single-exponential equation. Equation 4.1 is
derived from the following simple reaction model,
*SM Æ *P1 + P2
where * represents the 5′-FAM label, SM is starting material leadzyme, P1 is the 5′product 6-mer, and P2 is the 3′-product 24-mer.
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4.4 Results and Discussions

4.4.1 Leadzyme Overview

An RNA molecule that undergoes autolytic cleavage with Pb2+, the leadzyme, was
previously isolated by an in vitro selection method.39-44

The small size, excellent

reactivity at room temperature, ease of labeling, and easily manipulated rates led to the
choice of the leadzyme as an ideal model system to demonstrate the capabilities of our
separation technique to probe RNA enzyme kinetics. These experiments utilized a small,
30-nucleotide, one-piece version of the leadzyme that exhibits self-cleavage six bases
from its 5′ end (Figure 4.1). In the presence of Pb2+, the leadzyme self-cleaves between
C6 and G7 through in-line attack by the 2′-OH of C6.

This design allowed ideal

separation and fluorescence detection of both intact leadzyme starting material (30-mer)
and 5′-cleavage product (6-mer). A decrease in 30-mer concentration was observed
coincident with an increase in 6-mer (see Figure 4.3) following addition of Pb2+.
Importantly, the leadzyme cleavage rate is sensitive to Pb2+ concentration, and therefore,
kinetic rates could be easily tuned to optimal values for our apparatus.44
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Figure 4.1: 30 nucleotide leadzyme secondary structure.
Sequence of lead-dependent ribozyme is shown.39 RNA is 5′-labeled with fluorescein (*)
and self-cleaves in the presence of Pb2+ to afford labeled 6-mer and unlabeled 24-mer
products. The cleavage site is indicated by the arrow.
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4.4.2 Capillary Sample Introduction for RNA Self-cleavage Kinetic Assays on Chips

Capillary sample introduction was used here as an effective tool to elucidate
kinetic information from the leadzyme self-cleavage reaction. A unique advantage of the
technique described herein is that the sampling device is independent of the separation
device. Therefore, the separation of one time point sample does not have to be completed
in order to start the next. Consequently, faster sampling and a more continuous analysis
of the cleavage reaction is accomplished.
In this method, the capillary acts as a transfer device, carrying sample from an
ongoing reaction to a microfabricated chip. As the sample enters the chip, the reaction is
quenched on-line using excess EDTA (15 mM), which chelates the Pb2+ required for
cleavage. The quench efficiency is confirmed by the fact that curve fitting with a single
exponential goes through the origin, therefore, each injection into the chip captures a time
point during the reaction.

The progress of the leadzyme cleavage reaction was

continuously monitored for 60 min. The fraction of leadzyme cleaved with time was
plotted and fit with Equation 4.1 and compared to rate constants from traditional manual
experiments that involve hand-collected reaction aliquots.
The output from a leadzyme cleavage reaction in the presence of 2 µM lead
acetate measured with capillary sample introduction and chip separation is illustrated in
Figure 4.2. Figure 4.2A is a reconstructed plot of the fluorescent signal collected by the
CCD camera during the course of the experiment. The spatial resolution of the chip is
represented by pixel number and is retained in these images, allowing data to be collected
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from all five lanes simultaneously. The leadzyme reaction is initiated at time 0, and
“injection time” reported refers to the length of time between initiation and when the
sample moves into the channel. Once inside the channel, the sample must migrate to the
detection beam, which takes a certain amount of time. The length of time the sample
spends in the channel plus the injection time defines “separation time”. Data illustrated
in Figure 4.2A were obtained by depositing the reacting leadzyme from the sample-filled
capillary into each lane beginning at the far right (lane 1). The manipulator moves from
right to left, depositing sample and returning to repeat the process after injecting into lane
5. The first, sixth, eleventh, and so forth, injections can therefore be represented by
taking a cross section of lane 1. The injections are staggered in time because there is a
constant chip potential throughout the experiment. Upon injection, analyte plugs begin
migrating toward the laser line for detection. In this experiment, sample injections began
68 s after the reaction was initiated. The manipulator deposited sample every 14 s across
the five lanes, and paused for 300 s before repeating to ensure that separations do not
overlap in a given lane. The manipulator is moved across the chip 16 times, which
produces 80 separations in ~85 min.

Decreasing the pause time between injection

sweeps, or increasing the number of channels would increase throughput for the analysis
of faster reactions. Figure 4.2B shows an expanded view of a single separation as
highlighted by the box in Figure 4.2A. The top band, marked with an asterisk, represents
the 6-mer cleavage product, while the lower band represents uncleaved 30-mer.
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Figure 4.2: Representative data collected during a single reaction.
A) Reconstructed plot of a 2 µM lead acetate cleavage reaction with manual injections
illustrating separation time vs. pixel number across the width of the chip. The shaded bar
represents fluorescence intensity collected by the CCD. Sampling capillary was moved
from right (lane 1) to left (lane 5) depositing sample in each channel and returning to the
lane 1 to repeat the process. Separation conditions: 3.8 % LPA, 30 mM tris-borate, 15
mM EDTA, 7 M Urea, 1.0 kV separation potential, ~6 cm separation distance. B)
Expanded view of a single separation as highlighted by the box in (A). Asterisk
highlights 5′product (6-mer). C) Cross-section through lane 3 of (A) illustrating intensity
vs. separation time of the cleavage reaction. Asterisk highlights 5′product (6-mer)
intensity increasing over time. Box corresponds to highlighted boxes in (A) and (B).
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The electropherogram resulting from lane 3 of Figure 4.2A is depicted as a cross
section of intensity versus time in Figure 4.2C. A clear change in sample composition is
observed as the reaction progresses. In the presence of Pb2+, the leadzyme is cleaved and
the 30-mer peak diminishes over time, as the smaller, faster migrating 6-mer peak
marked with an asterisk increases. Slight variation in total peak intensity is observed in
Figure 4.2C due to manual injections that were used in this experiment only. Initial
studies herein were carried out using the manual injection scheme presented by Roddy et
al.;35 however, current studies indicate less peak variability with automated injections
(Figure 4.3) and all subsequent data were collected using automated injections. The
variation associated with manual injections was not a particular concern in our data
analysis as the ratio of product versus total RNA in each injection was used to quantitate
reaction progress.

4.4.3 On-line Measurement of Accelerated Leadzyme Self-cleavage Reaction.

Next, an experiment using automated capillary sample introduction into a
microfabricated chip was performed using a higher, 10 µM, Pb2+ concentration to
accelerate the rate and examine the Pb2+ dependence of the reaction (Figure 4.3). Under
these conditions, the leadzyme reached completion in only 60 min (Figure 4.3A). Again,
the first peak in each doublet set of peaks represents the *6-mer concentration while the
second peak is indicative of the 30-mer concentration. Raw data (Figure 4.3A) were
plotted as peak height versus injection time in Figure 4.3B. Product formation and
starting material loss show mirror image behavior. The presence of only two peaks is
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consistent with a simple cleavage reaction, as well as the absence of side reactions, RNA
degradation, and alternative conformations.
Data from this 10 µM Pb2+ reaction lead to a faster rate constant (k = 0.045 min-1)
and higher extent of reaction (76%) (Figure 4.3C) than 2 µM Pb2+ (k = 0.03 min-1 and
<20% cleaved). The exponential nature of the reaction made it necessary to collect a
greater number of initial data points. Some observed variability may be attributed to
slight variations in the surface characteristics of each channel.
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Figure 4.3: Accelerated leadzyme reaction with automated introduction.
A) Cross-section through lane two of a leadzyme reaction in the presence of 10 µM lead
acetate illustrating fluorescence intensity vs. separation time. Asterisk highlights 5′product
(6-mer). Separation conditions are the same as Figure 4.2 . B) Plot of peak height for the
6-mer and 30-mer bands vs. injection time for the experiment shown in (A). C) Plot of
fraction cleaved vs. time of injection. Peak heights have been used to obtain the fraction
cleaved by dividing the 6-mer by the sum of 6-mer and 30-mer. Each time the injection
process is repeated, an additional five consecutive time points are collected; thus a cluster
of points are observed. Each cluster of 5 data points represents five consecutive injections
as the capillary makes a single pass across the five individual lanes depositing sample in
each lane as it moves. Values for the kinetic fit equation were: A = 0.76; B = -0.77; kobs =
0.045 min-1; t1/2 = 15.4 min. All injections were monitored with an external clock and the
first set of peaks corresponds to an injection made 53 s after the reaction was initiated.
Subsequent injection passes started at 4, 8, 12, 24, 36, and 60 min.
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4.4.4 Channel-to-channel Reproducibility with Automated Injection via the
Capillary Interface

With the integration of an air-actuated valve for automated capillary sample
introduction, a significant improvement in channel-to-channel and injection-to-injection
reproducibility is observed for all concentrations examined. When standard injections of
leadzyme in the absence of Pb2+ were performed using the automated capillary sample
introduction, peak heights varied by less than 1.9 ± 0.5%. This is much smaller than the
4.3 ± 3.0% variation observed when injections were performed by toggling a manual
valve (data not shown).
Figure 4.4A shows the reconstructed plot of the first 30 min of a leadzyme
cleavage reaction performed in the presence of 100 µM Pb2+. Pressure injections were
performed in each lane as described using the automated injection scheme.
Electropherograms from lanes 1 and 2 consisting of the first 30 min (4
injections/channel) of the reaction are shown in Figure 4.4B. It is clear from these two
sample traces that excellent channel-to-channel reproducibility has been achieved,
although a slight difference in resolution is noticed. We believe this resolution difference
is due to slight differences in surface characteristics of each channel as a result of wet
etching during fabrication. For 100 µM Pb2+, the reaction reaches ~50% cleavage before
the second set of injections can be made.
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Figure 4.4: Leazyme cleavage reaction with 100µM Pb2+.
A) Reconstructed plot of time vs. pixel number across the width of the chip. The
capillary was moved from right (lane 1) to left (lane5) depositing sample into each
channel individually. B) Raw data from separation lanes one (bottom) and two (top) of a
leadzyme cleavage reaction in the presence of 100 µM lead acetate. ‘SM’ peak
highlights the depletion of 30-mer starting material as the reaction progresses. C) Plot of
fraction leadzyme cleaved vs. injection time which shows that 50 % cleavage is reached
by the time of the second injection. The 0 time point was obtained by running the
leadzyme reaction in the absence of Pb2+ (electropherogram not shown). Separation
conditions are the same as Figures 4.2 and 4.3 . Values for the kinetic fit equation were:
A = 0.78; B = -0.60; kobs = 0.37 min-1; t1/2 = 1.9 min.
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It is important to include all of the channels when determining fast reaction
kinetics in order to obtain a sufficient number of data points prior to 50% cleavage. We
show that the increased channel-to-channel reproducibility makes it possible to examine
and compare data from different channels. Although comparing separate channels is not
as critical for these leadzyme experiments because we can use a ratio of the two peaks
within a single injection, channel-to-channel reproducibility becomes increasingly
important in experiments where a single peak is observed and peak ratios are not
possible. Focusing on the first four injections in each lane allows one to examine the
cleavage reaction as it progresses. Comparing the first injection (lane 1) to the second
injection (lane 2) in Figure 4.4B, a slight increase in 6-mer (peak 1) and a corresponding
decrease in 30-mer (peak 2) is observed. The second set of peaks seen in lane 1 represent
the sixth injection. By the time this injection was made, the reaction had proceeded to
~52% cleaved (Figure 4.4C). After only 25 min, this reaction reached completion with
~78% of the initial sample cleaved as shown by the leveling of the data in Figure 4.4C.

4.4.5 Comparison of the Chip Array to Traditional Electrophoresis

Reactivity at each concentration of Pb2+ was also examined by traditional gel
electrophoresis for comparison and validation of the new automated method. First the
2 µM Pb2+ leadzyme reaction was examined (Figure 4.5). The reaction was initiated and
aliquots were removed at various time points for a total of 60 min.

The reaction

proceeded to <20% in the course of both this PAGE experiment and the automated
method (Figure 4.2). Analysis of 2 µM Pb2+ data by traditional PAGE methods provided
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a rate constant similar to that determined by the automated capillary sample introduction
and chip separation method (Figure 4.6 ).
This PAGE method is quite labor-intensive as it is not an on-line method. Sample
collection, gel separation, and drying took ~2–3 h.

Through the use of automated

capillary sample introduction and microchip gel electrophoresis, the time required per
experiment has been reduced to the length of time of the enzymatic reaction under
investigation, 1 h for these experiments. This decrease in experiment time has been
achieved by collecting and separating samples simultaneously. No further preparation is
necessary once the separations are complete. Additionally, the automated separation
system allows many experiments to be performed serially, thus eliminating the time
required to set up each individual experiment, and making this a valuable highthroughput separation technique for RNA analysis. Overall, the automated separations
system increased throughput by at least 2–3 times as compared to traditional gel
electrophoresis.
Next, we examined reaction kinetics under a range of Pb2+ concentrations both to
confirm the reported bell-shaped dependence of the leadzyme and to, again, compare the
agreement of the two methods.44 The automated experiments corroborate nicely with
PAGE analysis (Figure 4.6) and exhibit the known bell-shaped dependence on Pb2+
concentration. All kobs values collected by the traditional and automated methods were in
good agreement, differing by 2-fold or less. Importantly, by showing that comparable
values are obtained with both techniques, PAGE analysis has validated the automated
results.
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Figure 4.5: Leadzyme cleavage by traditional PAGE method.
Hand-collected time points for 2µM Pb2+ cleavage reaction separations with 10 % PAGE
/ 1x TBE / 7 M Urea. Uncleaved, starting material (SM, upper band) as well as 5′cleavage product (*5′-P, lower band) were visualized and digitized using a Typhoon
imager and quantitated using ImageQuant software (Molecular Dynamics). Time of the
data point collection is provided across the top of the gel.
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Figure 4.6: Observed kinetic rate constant comparisons.
Data collected using the automated gel electrophoresis system (□) compared to data
collected using traditional PAGE methods(●). Leadzyme has a bell-shaped dependence
on Pb2+ concentration.44 Each automated gel electrophoresis reaction was performed a
minimum of three times for each Pb2+ concentration. The kobs was determined as
described in section 4.3 for each of the five lanes, and data from 10-15 total lanes were
averaged. The average ± the standard error of the mean (S.E.M.) is reported for each
Pb2+ concentration. Any data from individual lanes exhibiting baseline irregularity due to
bubbles in the gel were excluded from the average. All kinetic information obtained by
traditional PAGE is an average of two experiments ± S.E.M.
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4.5 Conclusions

Using a simple ribozyme model, the leadzyme, it has been shown that capillary
sample introduction into a microfabricated chip is a promising technique for monitoring
the cleavage, and therefore the reaction kinetics, of ribozymes. The ability to inject
multiple times from a single reaction vial without additional sample handling steps,
including sample cleanup, significantly reduces experimental time and improves
reproducibility.

Reasonable sampling rates are achieved, and channel-to-channel

reproducibility has been enhanced through the integration of an air-actuated valve for
injection.

Additionally, automated capillary sample introduction requires very little

sample in terms of ribozyme and total reaction volume. The current limitation to this
technique is the 53 s dead time between the reaction initiation and the time of the first
data point. Kinetic rate constants were determined for the moderately slow leadzyme
model system. These data further show that the leadzyme is very sensitive to Pb2+
concentration, and correlate well with published trends.44 Future work will involve the
integration of a chip with an increased number of channels for a more thorough analysis
of early time points. Additionally, the lag time between reaction initiation and capillary
loading is under investigation to enable this technique for even faster kinetic reactions.
This technique should be suitable not only for the analysis of the leadzyme, but also for
future analysis of more complex RNA and protein enzymes.
The ability to monitor complex ribozyme reactions in the laboratory is especially
important since they represent more realistic models of what occurs in vivo. In addition,
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the ability to monitor multiple products is critical for future studies of more complex
systems, and this technique provides a new way of continuously monitoring such
dynamic processes. Continuous analysis of the products of a ribozyme cleavage reaction
contributes to the fundamental understanding of ribozyme cleavage, stability, and
structure, thereby enhancing practical knowledge for the use of ribozymes in the clinical
setting. It is clear that the automated capillary sample introduction into a microfabricated
chip separation technique presented in this paper is capable of monitoring ribozyme
cleavage reactions and shows great promise for the analysis of more complex biological
samples.
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Chapter 5
Efforts towards pKa Measurements in Functional RNAs

5.1 Abstract

Although the pKas of free nucleobases suggest that their functional groups would
not be useful for general acid-base biochemistry, it is now known that the bases of folded
nucleic acids can have pKa values perturbed toward physiological pH. The ribosome,
leadzyme, and hepatitis delta virus ribozyme are three examples of catalytic ribonucleic
acids that have been shown to have nucleobases with pKas shifted towards neutrality. It
is of great interest to have methods to measure specifically such pKas in large, functional
RNAs. Spectroscopic methods such as CD and fluorescence have been routinely used to
report on structural changes in folded nucleic acids. C75 of the HDV ribozyme is
proposed to be both involved in the general acid-base mechanism and coupled to local
and global conformational changes in the folded ribozyme. Because of this, we have
applied CD, UV-absorbance, and fluorescence spectroscopy to follow pH-dependent
structural changes. Additionally, we have employed non-denaturing PAGE over a broad
pH range to further elucidate any link between protonation and structure formation.
These efforts demonstrated that any structure coupled to C75’s protonation state in the
pre-cleaved HDV ribozyme is subtle at best and not resolvable by non-denaturing PAGE.
Such methods are complicated by the presence of the other nucleotides and, thus, may be
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more appropriate for reporting global changes, rather than subtle change associated with
a single protonation.

5.2 Introduction

At physiological pH of ~7, the pertinent pKas of free nucleobases are
approximately 4 and 9. This suggests that they would not be well suited for general acidbase catalysis of biological processes. However, it is now known that folded nucleic
acids can have microenvironments that perturb nucleobase pKa values toward neutrality.
Bases with such shifted pKas thus gain utility for both electrostatic and general acid-base
catalysis.
We are interested in measuring shifted pKas of individual nucleobases in large,
functional RNAs. We recently described two types of proton-binding sites: Class I and
Class II (Figure 5.1).1 In Class I, the loaded proton is involved in the hydrogen bonding
interactions of a base pair. This proton can be thought of as unavailable for transfer
because of steric exclusion preventing access, energetic penalties associated with
structure loss, and lack of coordination to reaction components. Thus, Class I protons are
not obvious candidates for general acid-base chemistry. However, these protonation sites
carry a positive charge and could therefore serve as counter-ions for structure formation
or anionic transition state stabilization, thereby conveying ribozyme function.
Nucleobase pKa-shifting in this class is highly coupled to structure formation. With Class
II sites, the loaded proton is not involved in base pairing and is thus available for
participation in general acid-base chemistry. Additionally, the loaded proton can serve to
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introduce a cationic charge to the folded molecule as with Class I. The pKas of bases in
this class are often shifted as a result of hydrogen bonding interactions with the other
faces of the base and local regions of high electrostatic potential induced by the negative
phosphodiester backbone or recruitment of metal ions.1 Such interactions lead to a
redistribution of electron density within the nitrogenous base and can stabilize positively
charged, protonated A and C or negatively charged, deprotonated G and U.
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Figure 5.1: Examples of structures involving ionized bases.
All structures arise because of protonation of N1 of adenosine or N3 of cytosine, and are
due to pKas being perturbed toward neutrality. (A) Class I structures, in which the added
protons (red) are sequestered in base pairing.2-11 The loaded proton does not have the
ability to engage in general acid-base catalysis, but may be able to exert rate acceleration
via electrostatic catalysis. These pKa shifts arise because of coupling of protonation to base
pair formation. (B) Class II structures, in which the added protons (red) are not engaged in
base pairing.12-15 These protons are free to transfer and, thus, have the ability to engage in
general acid-base catalysis. (See also Table 5.1 for additional examples. Figure modified
from reference 1.)
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Several RNAs utilize such protonation sites to gain functionality. The ribosome
and the hairpin, lead-dependent, and hepatitis delta virus ribozymes are four examples of
catalytic ribonucleic acids that have been shown to have nucleobases with pKas shifted
towards neutrality (Table 5.1). The catalytic site of the ribosome is now known to
comprise only RNA.16

Several methods have been used to attempt specific base

assignment of the observed pKa in the ribosome, which has been measured as high as 6.8
to 7.5.17,18 The research of Fedor’s group supported the role of G8 in the mechanism of
the hairpin ribozyme as providing a positive charge to the active site for electrostatic
catalysis in a Class II manner.19 Legault and Pardi used NMR spectroscopy to measure
and assign a pKa of 6.5 for A25 in the lead-dependent ribozyme (see also Figure 4.1.) In
this case, the loaded proton seems to be involved in a Class I interaction with C6.5 As a
final example, C75 of the hepatitis delta virus (HDV) ribozyme has been proposed to act
as the general acid in bond cleavage with an observed pKa ≥8.0 in low concentrations of
magnesium.12 The role of C75 in donating the proton to the 5′-oxygen leaving group in a
Class II manner was further clarified by the recent work of Das and Piccirilli through the
use of leaving-group hyperactivation and nucleotide analogues.20 Thus, it is of great
interest to have methods to measure specifically such pKas in large, functional RNAs, and
it is the measuring of C75’s pKa in the pre-cleaved HDV ribozyme that will be the focus
of this chapter.
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Table 5.1: RNAs can utilize Class I and Class II protonation sites to gain functionality.
Attributed
Nucleotide(s)
A2450:C2063;
A2453:C2499

Ribozyme

Observed pKa

Potential Class

Ribosome

6.8 – 7.017,18

Hairpin

6.4 – 7.619

G8

Class II

Leadzyme

6.55

A25

Class I

HDV

6.0 - ≥ 8.012,20-22

C41; C75

Class I; Class II

Class I
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CD, UV-absorbance and fluorescence spectroscopic methods have been routinely
used to report on structural changes in folded nucleic acids.23,24 Cytosine 75 (C75) of the
HDV ribozyme has been shown to be critical to its general acid-base catalytic
mechanism.12,25 Additionally, local and global conformational changes appear to be
coincident with self-cleavage.26,27

Thus, we planned to apply these spectroscopic

techniques to report any pH-dependent structural changes that are dependent on C75, and
therefore, desired a ribozyme sequence that would fold homogeneously into the native,
reactive structure.
Chapter 2.1 described our findings of monophasic, fast-folding kinetics in the

HDV ribozyme through increased ionic strength, with a proper combination of sitedirected mutagenesis.28 Using these conditions, NMR1 was designed as a non-cleavable,
two-piece model with G10C:U27∆ mutations (Figure 5.2). The G10C mutation yields
effects kinetically identical to G11C as a single mutant in Mg2+-induced reactions.29 It
should also be noted that these mutations were made in the background WT isolate
sequence used for all of previous characterization studies done by our laboratory; it has a
G85 that extends P2 when paired with the G10C mutation. Additionally, C44U:G73A
mutations were employed to potentially remove the need for C41 protonation in the
quartet formation, a structural feature at the top of P4 seen in the ribozyme crystal
structures.27,30,31 This mutation pair was based on unpublished data from our research
group. In accordance with Chapter 2.1 and in addition to the use of rationally designed
mutants, baseline ionic strength for the following experiments included 100 mM NaCl
and 1 mM MgCl2.
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Figure 5.2: Secondary structures of WT and two-piece genomic HDV ribozymes.
(A) (Reproduced here from Figure 1.4 for convenient comparison.) Wild-type, genomic
sequence is color-coded by native pairings – pairings found in the active fold.
Nucleotides that have been changed for the model are encircled. (Graphic modified from
reference 32.) (B) Two-piece model of the HDV ribozyme (NMR1) is composed of two
oligonucleotides: NMR1a and NMR1b. Important mutations in NMR1 are shown in
bold and include: G10C:C85G:U27∆:C44U:G73A. Note that G85 is shown in both (A)
and (B) as it is not required in a minimal ribozyme sequence, but is WT to the isolate
sequence primarily used in the characterization studies from our laboratory.
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5.3 Materials and Methods

5.3.1 Synthetic Oligonucleotides

The sequence of synthetic oligonucleotide models were as follows: NMR1a is
5′dUrGGCCGGCAUCGUCCCAGCCUCCUCGCGGCGCCGGCUGGGCAAUAUCCUCC and NMR1a.r, Pyr-NMR1a, and WTQ-NMR1a are the same sequence except with
a ribo-U in the first position (bold nucleotide), a 5′-pyrene on a 6-carbon linker, or a U to
C mutation (italic nucleotide), respectively; and NMR1b is 5′GGAGGAUAGCGAAUGGGACG and NMR1bU, NMR1b-Pyr, and WTQ-NMR1b-Pyr are the same
sequence except with a C to U mutation (bold nucleotide), a 3′-pyrene on a 6-carbon
linker, or an A to G mutation (italic nucleotide) and a 3′-pyrene on a 6-carbon linker,
respectively.
NMR1a, NMR1a.r, Pyr-NMR1a, WTQ-NMR1a, NMR1b, and NMR1bU were
ordered from Dharmacon, Inc. and deprotected according to manufacturer. Pyr-NMR1a
had been desalted post-synthesis by manufacturer. Another exception within this would
be the NMR1b used for initial CD wavelength scans, which was transcribed from a fullduplex DNA that had 2'-methoxy ribose (2′-OMe) substitutions at the two 5′-most
nucleotides of the template strand (Integrated DNA Technologies, Inc., top strand;
QIAGEN Operon Technologies, Inc., bottom strand).33,34 As this transcript was only
used in a single set of preparative experiments and was intended for an alternative
research path, it will not be discussed further. NMR1b-Pyr and WTQ-NMR1b-Pyr were
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purchased from TriLink BioTechnologies and were post-synthetically deprotected and
HPLC purified by manufacture. The final pellet of each of these oligonucleotides was
brought up in water.

5.3.2 Pre-cleaved Active-site Model

A deoxyribo-U was chosen for the -1 position so as to: (i) return the scissile
phosphate that we feel is critical to pKa shifting; (ii) remove the 2′-hydroxyl nucleophile,
thereby preventing self-cleavage; (iii) and avoid any electrostatic repulsion that may
destabilize the pre-cleaved folded state when terminating with only a phosphate. A (-1)
nucleoside was desired over simply including a 5′-phosphate as phosphate monoesters
have a pKa near 6, which would further complicate experiments. A ribo-U at this position
(U(-1)) was also obtained so as to test for activity of the trans complex. The active-site
seems to be able to accommodate the -1 nucleoside and scissile phosphate according to
modeling (Figure 5.3).
Although pre-cleaved crystal structures with a C75U mutation or lacking divalent
metals are available, this model was built using the cleaved HDV ribozyme crystal
structure (Protein Data Bank ID 1CX0) as we believe this form of the active site is more
appropriate as there are possibilities for key hydrogen bonding presented by cytosine that
would not be possible in uridine (Figure 5.3B; also see Figure 1.1).27,30

The U(-1)

nucleoside was modeled into the active-site using DS ViewerPro 5.0 (Accelrys, Inc.) to
copy a UG from another portion of the crystal structure and overlay the ribose of this G
with that of G1 at the active site. The torsion angles around the phosphate (α and ζ) were
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then rotated to avoid steric conflict.

The model resulted in the O2 atom of C75

interacting with the scissile phosphate’s Rp phosphoryl oxygen, an atom suggested to be
involved in a critical hydrogen bond by the loss of Mn2+ rescue.35 As an alternative to the
hydrogen-bonding network shown in Figure 1.5, the cytosine may adopt the iminol
tautomeric form, which allows the O2 atom to donate a hydrogen bond to the nonbridging oxygen.

Such a tautomer could participate in chemistry via 5-coordinate

phosphorane intermediate,1 which Breslow and Anslyn implicate to be critical in simple
phosphodiester cleavage reactions catalyzed by imidazole buffer36,37 or cyclodextrin38,39.
Participation could involve proton transfer or hydrogen bonding to the phosphorane,
which has recently been shown to be important in phosphodiester bond cleavage in model
systems.40
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Figure 5.3: Cleaved HDV ribozyme active-site can accommodate the -1 nucleotide.
(A) The arrow points to a uridine -1 modeled (DS ViewerPro 5.0) into the cleavedribozyme active-site (PDB ID 1CX0 from reference 30). The ribozyme is shown as its
soft surface and colored by atom charge. U(-1) is shown in CPK colored by atom. (B)
Active-site hydrogen-bonding network suggested by modeling and induced by the
iminol tautomer of C75+.1 Dashed lines indicate hydrogen bonding. See Figure 1.5 for
an alternative model. Standard atom color scheme is used.
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5.3.3 Spectroscopy Conditions

As in 3.3.1, all experiments were conducted without addition of a buffer and in
the background of approximately 100 mM NaCl to maintain constant and
physiologically-relevant ionic strength throughout the titrations, which involved addition
of small amounts of NaOH or HCl. 1 mM or 10 mM MgCl2 was also included to insure
proper ribozyme folding, provide any mechanistically relevant metal, and investigate the
inverse dependence of the observed pKa on divalent metal as previously reported.12 RNA
concentrations were: 2 µM NMR1a with 2.2 µM NMR1b or NMR1bU for CD; 0.4 µΜ
NMR1a with 0.44 µΜ NMR1b or NMR1bU for UV-absorbance; and 2.0 µΜ pyrenelabeled piece versus 4.0 µΜ unlabeled piece for fluorescence.
The oligonucleotides were annealed and then renatured prior to the start of each
experiment.

The annealing involved combining all solution components except MgCl2

and heating to 90 °C for two minutes before cooling on bench top for ten minutes. The
renaturation included addition of MgCl2 and heating to 50 °C for ten minutes before
cooling on bench top for ten minutes. This last step was used in all kinetics experiments
on one-piece ribozymes as well.
The cuvette was allowed to equilibrate to temperature for five minutes before
beginning titration. After which, pH values were determined using an Accumet 3 mM
micro combination electrode with a calomel reference or a Mettler Toledo 3 mM
diameter AgCl reference electrode using a Accumet Basic AB15 meter. These values
were determined both before and after each experimental measurement; values agreed
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within 0.08 pH units and were averaged for each point. The pH values were determined
at the same temperature as the experiment, typically 25 or 37 °C, and while the cuvette
remained in the respective spectrometer to minimize variations amongst scans. CD and
UV-absorbance experiments employed 1 M HCl to adjust initial pH and then basifying
with 0.05 M to 1 M NaOH. Fluorescence experiments were titrated from high to low pH
by adjusting with 1 M NaOH and then acidifying with 0.5 M to 1 M HCl; in both cases,
the amount added for each pH step was kept mostly around 0.2 µL, and occasionally as
high as 1.2 µL. Manual mixing of added acid or base was achieved by using a Pipetman
set to half the total sample volume.

5.3.3.1 CD

Circular Dichroism monitored experimental data were acquired on an AVIV
62DS CD spectrometer with a 2 nm bandwidth and using 2 mL samples in a 1 cm cell.
Initially, wavelength scans from 320 nm to 220 nm were recorded for NMR1 in the
presence of 100 mM NaCl and 10 mM MgCl2 at pH 5.10 and pH 8.87; a maximum
change in ellipticity was observed at 270 nm. Thus, the CD-monitored pH titrations were
recorded with a 5 min time-average of 2 sec intervals with 2 sec integration time of
ellipticity and dynode voltage measurements at 270 nm for each pH point. Magnetic
stirring was used during pH and signal measurement.
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5.3.3.2 Absorbance

UV-absorbance monitored experimental data were acquired on a Beckman
Coulter DU 650 spectrophotometer using 1.5 or 2 mL samples in a 1 cm cell. Jacketed
cell-holder was kept at 37 °C using an external water bath and circulator. Wavelength
scans from 320 nm to 220 nm were recorded at each pH point. The spectrometer was
blanked using a reference sample of the same composition as each particular experiment
with substitution of deionized water for the RNA. pH dependence at any individual
wavelength was analyzed using Microsoft Excel.

5.3.3.3 Fluorescence

Fluorescence emission monitored experimental data were acquired on a Jobin
Yvon FluoroLog-3-11 fluorometer using 1.5 mL samples in a 4 cm-excitation-pathlength,
1 cm-emission-pathlength cell. Emission-wavelength scans from 360 nm to 440 nm were
recorded at each pH point using standard right-angle emission collection, 329 nm
excitation, 1 nm increments, 1 s integration time, 950 V detector high voltage, and 5 nm
excitation and emission slit widths (band pass). These settings placed the water Raman
peak at ~370 nm with a maximum intensity of ~105,000 cps. However, we focused on a
pyrene emission peak at 377 nm at which the water Raman has an intensity of
~50,000 cps (data not shown) while the concentrations of label used in these experiments
yield >80,000 cps at their lowest, pH-dependent emission.
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Thermal denaturation measurements were recorded every 5 °C from 20 °C to
90 °C, inclusive. Other instrument settings were the same as described for emissionwavelength scans. Experimental temperatures were maintained using a jacketed cellholder connected to an external water bath and circulator (NESLAB RTE-111) that was
monitored and regulated by the fluorometer controller (DataMax; SpectrAcq SoftwareV.4.13b; Temperature Controller Software-V.1.0 RS-232). The Tm of 64 °C reported in
5.4 was obtained by nonlinear least squares fitting to a two-state model using a set of

parametric equations defined in Kaleidagraph v3.51 (Synergy software) – Equation 2.2
and Equation 2.3.41 Linear baselines with nonzero slopes were permitted in this fit.
Magnetic stirring was used during pH measurement. Each wavelength scan was initiated
≥15s after stirring was stopped to minimize scatter from any accumulating dust particles
by allowing time for them to settle.

5.30.4 Native Gel Conditions

Oligonucleotides were 5’-end labeled by T4 PNK (New England Biolabs Inc.,
Beverly, MA) using γ-32P-ATP (PerkinElmer Life and Analytical Sciences, Boston, MA)
and standard kinase procedures.

Labeling was followed by G-25 size-exclusion

Sephadex Quick Spin column purification (Roche) and by scintillation counting
quantitation (Beckman Coulter LS 7500 and 6500). Oligonucleotides were renatured as
described in 5.3.3.
Non-denaturing polyacrylamide gels testing NMR1- and NMR1r-complex
formation were 15% acrylamide:bis (29:1), 33 mM Tris-base, 66 mM HEPES, 0.1 mM
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EDTA (pH 7.0), 10 mM MgCl2 (1xTHEM10), 0.1% APS, 0.1% TEMED, and run at
30°C. The temperature was maintained by circulating water through coils submerged in
the rear buffer well, which covers the entire gel back. For this set of experiments, the
32

P-labeled oligonucleotide was present at 0.4 nM concentration, as a tracer to 0.4 µΜ of

the same unlabeled oligonucleotide and all of which will be referred to as labeled. The
unlabeled complementary component of either NMR1r or NMR1, the cleavable and noncleavable complexes respectively, was added at 0, 0.5, 1, 2, 3, and 4 times this 0.4 µΜ
concentration and is referred to as unlabeled.

Oligonucleotides were renatured as

described in 5.3.3 and then made ~8% glycerol before loading. Gels were pre-run for
2 hrs to equilibrate composition and temperature; buffer wells were re-mixed before
beginning run.
Non-denaturing polyacrylamide gels for the pH-dependent gel shift assay were
10% acrylamide:bis (29:1), 100 mM NaCl, 1 mM MgCl2, 0.1% APS, 0.1% TEMED and
varied in buffer content depending on the pH of the gel: 80 mM β-alanine, 40 mM acetic
acid and an additional 0.1% APS and 0.1% TEMED for pH 4.4; 25 mM histidine and
30 mM MOPS for pH 6.6; 35 mM HEPES for pH 7.4; and 32 mM Tris and 30 mM EPPS
for pH 8.1.42 43 mM imidazole was also used as the pH 7.4 buffer, both with and without
35 mM HEPES, to yield similar results. Note, when HEPES is absent, secondary bands
proximal the wells were also absent (data not shown). Running buffers matched the gel
buffers and were manually exchanged every ten minutes. In this set of experiments, the
32

P-labeled oligonucleotide was present at 0.2 µΜ concentration, as a tracer to 2.0 µΜ of

the same unlabeled oligonucleotide.

The unlabeled complementary component was
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present at 4.0 µM concentration—a two-fold excess. Oligonucleotides were annealed
and renatured as described in 5.3.3 and then made ~8% glycerol before loading. Gels
were pre-run for 30 minutes and maintained at 37°C as described. Temperature and pH
of buffers was monitored approximately every ten minutes while paused using an IQ
Scientific Instruments, Inc. handheld pH/mV/temperature meter Model IQ150 fit with a
ISFET stainless steel NMR pH probe, PH47-SS.

5.4 Results and Discussion

While preparing for spectroscopic experiments to elucidate pH-dependent
structure change associated with C75, we decided to use a two-piece construct that would
allow convenient and efficient mutation of C75. We designed a two-piece, trans-acting
model ribozyme with a short piece 2 containing C75 that could be easily substituted by
other oligonucleotides, i.e. one containing the C75U mutation (Figure 5.2). To verify
ribozyme complex (NMR1) formation, piece 1 (NMR1a) and two (NMR1b) were
combined, renatured and run on a native gel (Figure 5.4).

A native-gel shift was

observed for the two-piece model, which indicates the formation of NMR1. Complete
shifting of the labeled strand was observed at 1:1 stoichiometry for all oligonucleotide
combinations, which included 5′-labeled piece 1, 5′-labeled piece 2, dU(-1), rU(-1), C75,
or C75U. Although trans-acting HDV ribozymes have previous precedent,35 we wanted
to verify the viability of this construct, thus the inclusion of the 2′-hydroxyl nucleophile
of a ribo-U at the -1 position, rU(-1).
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Complex NMR1r, which is formed between NMR1a.r with rU(-1) and NMR1b
with a C75 yielded evidence of functional ribozyme formation (Figure 5.4A, set I).
Additionally, complex NMR1rU, which has the C75U mutation through substitution of
NMR1bU for piece 2, shows formation and inactivation as expected (Figure 5.4A, set
III). Complex formation in both cases was also seen when the radiolabel was on piece 2
(compare Figure 5.4A, set II and IV, respectively).
The non-cleavable complex (NMR1; Figure 5.4B), inactivated by removing the
nucleophile with dU(-1), was used as the ‘baseline’ complex for the majority of the
following experiments. Figure 5.4B shows that the ribozyme forms in trans with this
inactivation alone (NMR1; sets I and II) and in combination with the C75U mutation
(NMR1U; sets III and IV).

Figure 5.4: Native gel-shift assay demonstrates complex formation and activation.
In each set, 32P 5′-end labeled oligonucleotide is indicated in italic. The ratio of the unlabeled to 0.4 µΜ labeled oligonucleotides is
shown at the top of each lane. Here, the band labels down the side of each gel are generic: “Cleaved U(-1)” indicates the 5’ U cleaved
from piece 1; “NMR1b” is the 20 nucleotide piece 2; “NMR1a” is the 51 nucleotide piece 1; and “NMR1” is the trans-ribozyme
complex. “U” indicates a C75U mutation (A) NMR1r complexes have a ribo-U at the -1 position, NMR1a.r, and either C75 in sets I
and II or a C75U in sets III and IV. (B) NMR1 complexes have a deoxyribo-U at the -1 position, NMR1, either C75 or C75U as in A.
Gels were 15% acrylamide:bis (29:1), 1x THEM10, and run at 30 °C.
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As the protonation of interest is expected to lead to hydrogen bond formation
between N3 of C75 and O5′ of G1, we expect some structural change to be associated
with protonation (Figure 1.5 ). Additionally, Walter’s group has found a small, local
structural compaction at the active site that is coincident with a large, global extension of
a trans-acting HDV ribozyme upon cleaving.26 Thus, we pursued pH titrations monitored
by methods that are sensitive to shape in hopes of obtaining a sigmoidal titration curve.
Circular dichroism is a common spectroscopic technique used to detect structural features
in large molecules. In the case of RNA, examples of small hairpin motifs and large
functional RNAs have demonstrated feasibility.24,43 Here, we are simply interested in
detecting a change in structure and thus, looked for spectral features that changed in a
predicted manner—i.e. a change with protonation in the C75 construct not observed in
the C75U construct.
A CD spectrum of NMR1 in the presence of 10 mM NaCl and 1 mM MgCl2 at
37 °C (Figure 5.5, blue trace) was carried out and we observed: (i) a large increase in
ellipticity with pH from pH ~4.5 (lowest point collected) to pH ~6.5, (ii) a small increase
between pH 7 and 8 that titrates primarily over ~2 pH-units as expected for a single
protonation, and (iii) a decrease observed in the control above pH 9.7 (carried out for
C75U; Figure 5.5, yellow trace).
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* *
*
Figure 5.5: CD spectroscopy to detect protonation-coupled structure formation.
Data points are the five-minute time-average of the ellipticity measured at 270 nm.
“NMR1U” is the NMR1 complex with a C75U mutation. Ionic strength and temperature
of each experiment is indicated. Arrows point to possible protonation-coupled structure
formation. Titrations started at the “*”. The blue trace is the result of a forward then
reverse titration.
Thermal denaturation of secondary structure gives a decrease in ellipticity like
acid denaturation.44 Thus, observation i is consistent with stabilization of the 2° structure
and suggests this region is reporting acid denaturation. This also suggests observation iii
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is reporting alkaline denaturation since ellipticity decreases with increasing pH..
Additionally, observation ii is consistent with loss of tertiary structure24,44 and was not
present in the C75U control. As the C75U control does not show the small increase
between pH 7 and 8, this spectral feature may be indicative of a 3° change associated
with C75. As CD makes use of elliptically-polarized light, we were concerned that any
observable change upon C75 protonation was being complicated by other processes also
detected by this spectroscopic technique. As only a small change was observed, we next
turned to the use of simple UV-absorbance in hopes of elucidating the pH-dependent
transition specific to C75.
Following the thermal unfolding of nucleic acids by monitoring nucleobase UV
absorbance is a fairly common method for determining Tms of various structures. As the
change in absorbance is a reflection of the hyperchromic effect, we expected any
structure formation that is associated with the protonation of C75 would be detectable by
this method. Using NMR1 (Figure 5.6, solid diamonds) in the presence of 10 mM NaCl
and 1 mM MgCl2 at 37 °C (Figure 5.6, red traces), a rather “noisy” transition was
observed between pH ~4.5 and ~7. However, this change in absorbance is virtually
nonexistent in the titration curve of the C75U control (Figure 5.6, open diamonds), which
suggested a dependence on C75.

Such a hypochromic effect upon acidification is

consistent with tertiary folding.

Finally, when the magnesium concentration was

increased to 10 mM (yellow trace), this transition for NMR1 seems to shift towards lower
pH and possibly combine with another transition. A shift towards lower pH-dependence
is expected for the catalytically important protonation as it was previously observed that
an increase in magnesium concentration leads to a decrease in the observed pKa for the
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HDV ribozyme.12 This was presumed to be due to an electrostatic repulsion between an
active-site magnesium and the positively-charged, protonated C75. Although wavelength
scans were collected, representative titrations at a single wavelength, 220 nm, are shown.
In principle, it is useful to inspect the titrations at various wavelengths because pH affects
each NMP differently. However, as absorbance is also reporting on all bases in the
complex, it seems that this method, like CD, reflects a complicated set of subtle
rearrangements, helical fraying, and acid or alkaline denaturations.
absorbance still did not leave us with a clear measure of C75’s pKa.

Thus, simple
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Figure 5.6: Absorbance-monitored titrations to detected protonation-coupled structure
formation.
All experiments have 10 mM NaCl and were recorded at 37°C. Traces in red include
1 mM MgCl2 while the yellow includes 10 mM MgCl2. “U” indicates a C75U mutation.
Arrow indicates possible lowering of a shifted pKa due to electrostatic repulsion of Mg2+
and C75+. Data were collected at 220 nm and were normalized at pH ~9.5. Data points
are connected for illustrative purposes only.
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Next, we turned to fluorescence as a spectroscopic method that tends to yield
large, state-dependent signal changes. For this set of experiments, NMR1a was ordered
with a 5′-pyrene label (Pyr-NMR1a; Dharmacon, Inc.) or NMR1b was ordered with a 3′pyrene label (NMR1b-Pyr) and as either C75 or C75U (TriLink BioTechnologies).
Using the NMR1b-Pyr, we found that NMR1 complex formation leads to a decrease in
fluorescent emission when monitored at 377 nm with 329 nm excitation (Figure 5.7).
This is opposite in direction to observations reported for pyrene-monitored substrate
binding and Mg2+-induced folding of the Tetrahymena Group I intron.45,46 Also, using 2aminopurine as a fluorescent reporter, an increase in fluorescence was observed for
substrate binding and folding of a three-piece HDV ribozyme.26

However, our

observation was further demonstrated with fluorescence-monitored thermal melts of
NMR1b-Pyr in the absence and presence of NMR1a. The former melt showed a gradual
decrease in fluorescence, presumably due to increased collisional quenching with
increased temperature (Figure 5.7A). A loss of more than 1 million counts per second (or
a six-fold decrease) of emission intensity was observed at 20 °C upon complex
formation.

For the complex, a smooth, unfolding curve was found with raising

temperature that yields a Tm of 64 °C (Equation 2.2) and coincides with the melting curve
of NMR1b-Pyr for temperature points 80, 85, and 90 °C. These observations show
successful complex formation with a decrease in pyrene fluorescence.

Figure 5.7: Pyrene fluorescence monitors structure change with pH titration.
Experiments contain 100 mM NaCl and were recorded at 377 nm emission with 329 nm excitation. (A) Thermal denaturation of the 3′end pyrene-labeled NMR1b strand alone (open diamonds, ) vs. NMR1 complex (closed diamonds, ). Experiments also included
1 mM MgCl2. (B) pH titrations of the NMR1 complex comparing 5′ vs 3′ pyrene labels (“Pyr-” and “-Pyr” respectively) and 1 mM vs.
10 mM [MgCl2]. These experiments were recorded at 37°C (except an experiment at 25°C as indicated). “WTQ” indicates
oligonucleotides with the wild-type quartet, i.e. C44:G73. Plots are normalized at pH 7.
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Unfortunately, gleaning information from the pH titrations pertaining to the
particular protonation of interest proved complicated (Figure 5.7B). Using NMR1-Pyr
and an analogous complex having the WT quartet (C44:G73), WTQ-NMR1-Pyr, we did
observe increases in fluorescence below pH 3.6 and above pH 8.0 consistent with acid
and alkaline denaturation. This NMR1-Pyr trace was measured in the presence of 10 mM
MgCl2 and the WTQ-NMR1-Pyr was in the presence of 1 mM MgCl2, while both had
100 mM NaCl and were maintained at 37 °C.
These two traces also exhibit a relatively large emission intensity increase from
pH ~3.5 to ~5.5 before remaining level to pH ~8.0. This transition is shifted toward
higher pH for NMR1 with a lower magnesium concentration, 1 mM, at 25 °C. At this
lower magnesium concentration, moving the pyrene label from the 3′-end of piece 2 to
the 5′-end of piece 1 at 37 °C also led to alkaline denaturation at a slightly lower pH.
A single piece 2, WTQ-NMR1b-Pyr, was also titrated as a control, and it too
showed a large increase in emission from pH ~4 to ~7. This was unexpected as pyrene
itself does not have a pKa in the range and the lack of acid denaturation between pH 2 and
4 confirms absence of secondary structure.
All in all, we conclude that pyrene end-labeling is not appropriate for this
investigation as it also yielded a pH-dependent change in fluorescence for the single
piece 2, WTQ-NMR1b-Pyr. To try to get a sense of the scale of the pH-dependent
structural change that some studies suggested would be large26,27 but our data so far
suggested might be small, we turned to a pH-dependent native gel-shift assay.
Using a variety of buffers designed for PAGE in specific pH regions,42 we carried
out a series of native gels at different pHs in hopes of seeing a difference in migration of
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the C75 complex relative to the C75U complex (Figure 5.8). We did observe a large
change in migration of piece 2 alone (NMR1b) relative to the NMR1 complex when
comparing pH 4.4 and pH 6.6 (Figure 5.8A and B, red boxes). However, we feel that
NMR1b may be a poor ‘marker’ as it is expected to be rather unstructured, which means
the nucleobases are solvent exposed and subject to facile de/protonation. At low pH, i.e.
pH 4.4, this would cause adenines and cytosines to become positively charged, and thus,
the oligonucleotide exhibits anomalously retarded migration. However, we are confident
that the various complexes are formed on gels of pH 6.6, 7.4, and 8.1 as there is a relative
change in the migration of NMR1a.r, which is larger and may have some self structure,
when NMR1b or NMR1bU is present (Figure 5.8B, C, and D, first lane versus second or
third lane in blue boxes). In addition to the gel-shift showing complex formation, the
NMR1a.r oligonucleotide appears to be cleaved in the presence of NMR1b, and not
NMR1bU, as evidenced by a relative loss of counts for this NMR1r complex on all four
gels (Figure 5.8A, B, C, D, second versus third lane of yellow and blue boxes).
Unfortunately, on 10% polyacrylamide (29:1) gels with 100 mM NaCl and 1 mM MgCl2
at pH 4.4, 6.6, 7.4, and 8.1, the two complexes, NMR1 and NMR1U, exhibited identical
migration (Figure 5.8A, B, C, D, second versus third lane of yellow and blue boxes).
Thus, we conclude that any structural change that may occur upon protonation of the
active-site C75 is subtle at best.

The large global changes and coincident local

rearrangements that were observed with a cleavable substrate using fluorescence
resonance energy transfer26 may be the result of multiple changes in the structure of the
HDV ribozyme. However, a lack of striking circular dichroism, UV-absorbance, and
fluorescence spectral differences between pH titrations of a ribozyme with the WT C75
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and one with the C75U mutation suggests that such large-scale changes were not likely
reporting the protonated state of the catalytically critical cytosine 75 in the hepatitis delta
virus ribozyme.

Protonation of this nucleobase may lead to subtle active-site

rearrangements that convey catalysis. Such structural changes may be similar to the
movement of the uridine at position 75 upon imidazole-rescue of the non-cleavable C75U
pre-cleaved crystal.27
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Figure 5.8: Separation of various NMR1 complexes using native gels of differing pH.
32

P 5′-end labeled oligonucleotide is indicated in italic. The band labels down the side of
each gel are generic as in Figure 5.4. Boxes are for comparisons in text. These nondenaturing gels are 10% acrylamide:bis (29:1), 100 mM NaCl, and 1 mM MgCl2. with
running buffers of pH and composition indicated. Gels were run at 37 °C.
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In summary, the literature has made clear the importance of shifted nucleobase
pKas in functional RNAs. Shifting pKas seems to be coupled to structure formation in a
quite complicated way. Thus, circular dichroism, absorbance and fluorescence do reveal
some pH-dependent structural change, but may lack the ability to resolve the specific
protonation event that conveys function.
Additionally, PAGE with varying pH has the ability to resolve the change in
migration due to protonation of a relatively unstructured oligonucleotide, NMR1b, with
respect to the same oligonucleotide in a complex, NMR1. However, it lacks the ability to
resolve the protonation event associated with C75; the protonation essential to HDV
ribozyme function. Any structural change that may occur upon protonation, and in the
absence of cleaving, is subtle and not resolvable by PAGE.
Finally, future directions of this research may involve phosphorus NMR
spectroscopy of a phosphorothioate-substituted oligonucleotide.

Such a method can

report a specific pKa revealed by subtle structural changes coupled to protonation (See
Chapter 3.1). This may be a methodology useful for determining the pKa of C75 in the
pre-cleaved, genomic HDV ribozyme, and a great future direction of the continuing
efforts of our lab.

5.32 Acknowledgements

I would like to thank: Phil Bevilacqua for continuing guidance through out these
final projects; Durga Chadalavada for giving me an understanding of the importance of
ration mutant design and the effects of ionic strength; Ellen Moody for direction on the

165
use of CD; Nate Siegfried for lending to my understanding of structure-coupled pKa
shifting and the contributions of cooperativity; Rieko Yajima for many stimulating
conversations regarding considerations for the design of an ideal ribozyme constructs;
Juliette Lecomte for help full guidance and insight regarding fluorescence spectroscopy;
the entire Bevilacqua group, past and present, for your reflections on various
experimental designs and results; and finally, various members of the scientific
community who gave me encouraging feedback during the 2005 RNA Society Meeting.
This work was supported by a Camille Dreyfus Teacher-Scholar Award (Philip C.
Bevilacqua), a NRSA Individual Fellowship from the NIH (Trevor S. Brown) and an
Alfred P. Sloan Scholarship (Trevor S. Brown).

5.33 References

1.

Bevilacqua, P. C., Brown, T. S., Nakano, S. & Yajima, R. (2004). Catalytic roles
for proton transfer and protonation in ribozymes. Biopolymers 73, 90-109.

2.

Cai, Z. P. & Tinoco, I. (1996). Solution structure of loop a from the hairpin
ribozyme from tobacco ringspot virus satellite. Biochemistry 35, 6026-6036.

3.

Butcher, S. E., Allain, F. H. T. & Feigon, J. (1999). Solution structure of the loop
B domain from the hairpin ribozyme. Nature Structural Biology 6, 212-216.

4.

Legault, P. & Pardi, A. (1994). In-Situ Probing of Adenine Protonation in Rna by
C-13 Nmr. Journal of the American Chemical Society 116, 8390-8391.

5.

Legault, P. & Pardi, A. (1997). Unusual dynamics and pK(a) shift at the active
site of a lead-dependent ribozyme. Journal of the American Chemical Society
119, 6621-6628.

6.

Gao, X. L. & Patel, D. J. (1988). G(Syn).A(Anti) Mismatch Formation in DNA
Dodecamers at Acidic Ph - Ph-Dependent Conformational Transition of G.A

166
Mispairs Detected by Proton Nmr. Journal of the American Chemical Society
110, 5178-5182.
7.

Carbonnaux, C., Vandermarel, G. A., Vanboom, J. H., Guschlbauer, W. &
Fazakerley, G. V. (1991). Solution Structure of an Oncogenic DNA Duplex
Containing a G.A Mismatch. Biochemistry 30, 5449-5458.

8.

Leonard, G. A., Booth, E. D. & Brown, T. (1990). Structural and Thermodynamic
Studies on the Adenine Guanine Mismatch in B-DNA. Nucleic Acids Research
18, 5617-5623.

9.

Knitt, D. S., Narlikar, G. J. & Herschlag, D. (1994). Dissection of the Role of the
Conserved G-Center-Dot-U Pair in Group-I Rna Self-Splicing. Biochemistry 33,
13864-13879.

10.

Pilch, D. S. & Shafer, R. H. (1993). Structural and Thermodynamic Studies of
D(C3t4c3) in Acid-Solution - Evidence for Formation of the Hemiprotonated
Ch+.C Base Pair. Journal of the American Chemical Society 115, 2565-2571.

11.

Quigley, G. J., Ughetto, G., Vandermarel, G. A., Vanboom, J. H., Wang, A. H. J.
& Rich, A. (1986). Non-Watson-Crick G.C and A.T Base-Pairs in a DNAAntibiotic Complex. Science 232, 1255-1258.

12.

Nakano, S., Chadalavada, D. M. & Bevilacqua, P. C. (2000). General acid-base
catalysis in the mechanism of a hepatitis delta virus ribozyme. Science 287, 14931497.

13.

Rich, A., Davies, D. R., Crick, F. H. & Watson, J. D. (1961). The molecular
structure of polyadenylic acid. J Mol Biol 3, 71-86.

14.

Chou, S. H., Cheng, J. W., Fedoroff, O. Y., Chuprina, V. P. & Reid, B. R. (1992).
Adjacent G-a Mismatch Base-Pairs Contain B(Ii) Phosphodiesters in Solution.
Journal of the American Chemical Society 114, 3114-3115.

15.

Maskos, K., Gunn, B. M., Leblanc, D. A. & Morden, K. M. (1993). Nmr-Study of
G.A and A.A Pairing in (Dgcgaataagcg)2. Biochemistry 32, 3583-3595.

16.

Nissen, P., Hansen, J., Ban, N., Moore, P. B. & Steitz, T. A. (2000). The
structural basis of ribosome activity in peptide bond synthesis. Science 289, 920930.

17.

Katunin, V. I., Muth, G. W., Strobel, S. A., Wintermeyer, W. & Rodnina, M. V.
(2002). Important contribution to catalysis of peptide bond formation by a single
ionizing group within the ribosome. Mol Cell 10, 339-346.

18.

167
Okuda, K., Seila, A. C. & Strobel, S. A. (2005). Uncovering the enzymatic pK(a)
of the ribosomal peptidyl transferase reaction utilizing a fluorinated puromycin
derivative. Biochemistry 44, 6675-6684.

19.

Kuzmin, Y. I., Da Costa, C. P. & Fedor, M. J. (2004). Role of an active site
guanine in hairpin ribozyme catalysis probed by exogenous nucleobase rescue.
Journal of Molecular Biology 340, 233-251.

20.

Das, S. R. & Piccirilli, J. A. (2005). General acid catalysis by the hepatitis delta
virus ribozyme. Nature Chemical Biology 1, 45-52.

21.

Wadkins, T. S., Shih, I. H., Perrotta, A. T. & Been, M. D. (2001). A pH-sensitive
RNA tertiary interaction affects self-cleavage activity of the HDV ribozymes in
the absence of added divalent metal ion. Journal of Molecular Biology 305, 10451055.

22.

Oyelere, A. K., Kardon, J. R. & Strobel, S. A. (2002). pK(a) perturbation in
genomic Hepatitis Delta Virus ribozyme catalysis evidenced by nucleotide
analogue interference mapping. Biochemistry 41, 3667-3675.

23.

Walter, N. G., Harris, D. A., Pereira, M. J. & Rueda, D. (2001). In the fluorescent
spotlight: global and local conformational changes of small catalytic RNAs.
Biopolymers 61, 224-242.

24.

Pan, T. & Sosnick, T. R. (1997). Intermediates and kinetic traps in the folding of a
large ribozyme revealed by circular dichroism and UV absorbance spectroscopies
and catalytic activity. Nature Structural Biology 4, 931-938.

25.

Perrotta, A. T., Shih, I. & Been, M. D. (1999). Imidazole rescue of a cytosine
mutation in a self-cleaving ribozyme. Science 286, 123-126.

26.

Harris, D. A., Rueda, D. & Walter, N. G. (2002). Local conformational changes in
the catalytic core of the trans-acting hepatitis delta virus ribozyme accompany
catalysis. Biochemistry 41, 12051-12061.

27.

Ke, A., Zhou, K., Ding, F., Cate, J. H. & Doudna, J. A. (2004). A conformational
switch controls hepatitis delta virus ribozyme catalysis. Nature 429, 201-205.

28.

Brown, T. S., Chadalavada, D. M. & Bevilacqua, P. C. (2004). Design of a highly
reactive HDV ribozyme sequence uncovers facilitation of RNA folding by
alternative pairings and physiological ionic strength. J Mol Biol 341, 695-712.

29.

Chadalavada, D. M., Senchak, S. E. & Bevilacqua, P. C. (2002). The Folding
Pathway of the Genomic Hepatitis Delta Virus Ribozyme is Dominated by Slow
Folding of the Pseudoknots. J Mol Biol 317, 559-575.

168
30.

Ferre-D'Amare, A. R., Zhou, K. & Doudna, J. A. (1998). Crystal structure of a
hepatitis delta virus ribozyme. Nature 395, 567-574.

31.

Wadkins, T. S., Perrotta, A. T., Ferre-D'Amare, A. R., Doudna, J. A. & Been, M.
D. (1999). A nested double pseudoknot is required for self-cleavage activity of
both the genomic and antigenomic hepatitis delta virus ribozymes. Rna 5, 720727.

32.

Chadalavada, D. M., Knudsen, S. M., Nakano, S. & Bevilacqua, P. C. (2000). A
role for upstream RNA structure in facilitating the catalytic fold of the genomic
hepatitis delta virus ribozyme. J Mol Biol 301, 349-367.

33.

Luptak, A., Ferre-D'Amare, A. R., Zhou, K., Zilm, K. W. & Doudna, J. A. (2001).
Direct pK(a) measurement of the active-site cytosine in a genomic hepatitis delta
virus ribozyme. J Am Chem Soc 123, 8447-8452.

34.

Kao, C., Zheng, M. & Rudisser, S. (1999). A simple and efficient method to
reduce nontemplated nucleotide addition at the 3 ' terminus of RNAs transcribed
by T7 RNA polymerase. Rna-a Publication of the Rna Society 5, 1268-1272.

35.

Fauzi, H., Kawakami, J., Nishikawa, F. & Nishikawa, S. (1997). Analysis of the
cleavage reaction of a trans-acting human hepatitis delta virus ribozyme. Nucleic
Acids Res 25, 3124-3130.

36.

Anslyn, E. & Breslow, R. (1989). On the Mechanism of Catalysis by
Ribonuclease - Cleavage and Isomerization of the Dinucleotide Upu Catalyzed by
Imidazole Buffers. Journal of the American Chemical Society 111, 4473-4482.

37.

Breslow, R. & Labelle, M. (1986). Sequential General Base Acid Catalysis in the
Hydrolysis of Rna by Imidazole. Journal of the American Chemical Society 108,
2655-2659.

38.

Anslyn, E. & Breslow, R. (1989). Proton Inventory of a Bifunctional
Ribonuclease Model. Journal of the American Chemical Society 111, 8931-8932.

39.

Anslyn, E. & Breslow, R. (1989). Geometric Evidence on the Ribonuclease
Model Mechanism. Journal of the American Chemical Society 111, 5972-5973.

40.

Lonnberg, T. & Korhonen, J. (2005). Hydrolysis of 2 ',3 '-O-methyleneadenosin-5
'-yl bis-5 '-O-methyluridin-3 '-yl phosphate: The 2 '-hydroxy group stabilizes the
phosphorane intermediate, not the departing 3 '-oxyanion, by hydrogen bonding.
Journal of the American Chemical Society 127, 7752-7758.

169
41.

Nakano, S., Cerrone, A. L. & Bevilacqua, P. C. (2003). Mechanistic
characterization of the HDV genomic ribozyme: classifying the catalytic and
structural metal ion sites within a multichannel reaction mechanism. Biochemistry
42, 2982-2994.

42.

McLellan, T. (1982). Electrophoresis buffers for polyacrylamide gels at various
pH. Anal Biochem 126, 94-99.

43.

Proctor, D. J., Schaak, J. E., Bevilacqua, J. M., Falzone, C. J. & Bevilacqua, P. C.
(2002). Isolation and characterization of a family of stable RNA tetraloops with
the motif YNMG that participate in tertiary interactions. Biochemistry 41, 1206212075.

44.

Moody, E. M., O'Connell, W. & Bevilacqua, P. C. (unpublished data).

45.

Bevilacqua, P. C., Li, Y. & Turner, D. H. (1994). Fluorescence-Detected Stopped
Flow with a Pyrene Labeled Substrate Reveals That Guanosine Facilitates
Docking of the 5' Cleavage Site into a High Free Energy Binding Mode in the
Tetrahymena Ribozyme. Biochemistry 33, 11340-11348.

46.

Silverman, S. K. & Cech, T. R. (1999). RNA tertiary folding monitored by
fluorescence of covalently attached pyrene. Biochemistry 38, 14224-14237.

Appendix A
Method for assigning double-stranded RNA structures

[Published as a paper titled “Method for assigning double-stranded RNA
structures” by Trevor S. Brown and Philip C. Bevilacqua in BioTechniques (2005) 38,
368-372.1]

A.1 Abstract

Double-stranded RNAs are involved in a wide-range of regulatory processes in
vivo, so an accurate method of assigning dsRNA regions is needed. Double-stranded

RNA-specific ribonuclease RNase V1 cleaves the phosphodiester backbone leaving a
2’,3’-hydroxyl termini. Traditionally, limited nuclease digestions are fractionated on a
polyacrylamide gel and bands are assigned by comparison to co-migrating markers. For
most ribonucleases, these include a hydrolysis ladder, which cleaves after every
nucleotide, and a denaturing RNase T1 ladder, which cleaves after guanosines. However,
because these ladders carry a 3’-terminal phosphate, they compare inaccurately to RNase
V1 products. Nuclease S1 digestions yield 3’-hydroxyl products that can replace the
hydrolysis ladder, but a sequence-specific ladder is not available. To fill this void, we
prepared a ladder composed of 5’-end labeled oligonucleotides with 3’-hydroxyl termini
by utilizing the 3’-phosphatase activity of T4 Polynucleotide Kinase (PNK) to remove the
3’-terminal phosphate from RNase T1 and RNase A products. These modified ladders co-
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migrated with RNase V1 products and highlighted greater migration retardation than
commonly assumed. RNase V1 products were offset by two nucleotides from 3’-terminal
phosphate counterparts for shorter products, and one nucleotide for longer products. This
method proved valuable for accurately identifying double-stranded regions in a longer
RNA.

A.2 Introduction

Secondary structural motifs of RNA are composed of single- and double-stranded
regions. Double-stranded RNA (dsRNA) participates in the antiviral functions of the
interferon-induced protein kinase PKR, gene regulation, and gene silencing, or RNA
interference (RNAi).2-5 Thus, it is important to have accurate methods for identifying
double-stranded segments of RNA. Structure mapping with ribonuclease V1 (RNase V1),
a double-stranded RNA-specific ribonuclease that also cleaves stacked single-stranded
regions, is a common approach for detecting double-stranded segments.6-10 However, it
has been uncertain how to assign bands.
Standard enzymatic structure mapping involves limited digestion of an endlabeled RNA with various nucleases that are structure- or sequence-specific. Most
commonly, the 5’-end of the RNA is radiolabeled, and digestion reactions are
fractionated by denaturing polyacrylamide gel electrophoresis (PAGE) alongside
hydrolysis and sequencing ladders. The hydrolysis ladder enables numbering of bands,
while a sequencing ladder, such as an RNase T1 digestion (G-specific), enables
assignment of bands (Figure A.1). If the RNA is 5’-end labeled, then both ladders
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comprise labeled products with a 3’-terminal phosphate, as with many of the commonly
used ribonucleases (e.g.: RNases T2, A, U2, Phy M, and CL3). Conversely, RNase V1
leaves a 3’- terminal hydroxyl.6-10
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Figure A.1: Sequencing of RNase V1 structure mapping products.
Lanes labeled “OH-” are an alkaline hydrolysis under denaturing conditions. Remaining
lanes show limited digestions of 5'-end-labeled 39mer under native conditions using
RNases T1 (G-specific), V1 (dsRNA-specific) and A (C,U-specific). Lanes T-1 and T-2
are standard denaturing and native RNase T1 digestions, respectively. Lane T-3 is an
ethanol precipitated fraction of T-2 that was subsequently treated with T4 PNK to remove
the 3’-terminal phosphate. Lanes V-1 and V-2 are native digestions using 0.002 and
0.0001 U/µL RNase V1, respectively, showing a range of bands with a 3’-terminal
hydroxyl. Lanes A-1 and A-2 are native digestions, where A-1 is an ethanol precipitated
fraction of A-2 that was subsequently treated with T4 PNK to remove the 3’-terminal
phosphate. Sequence assignments of bands are shown along the sides of the gel. The left
side provides assignments for the RNase T1 lanes (PNK-treated band assignments are
indicated by a blue dot “●”), while the right side provides assignments for the RNase A
lanes (PNK-treated band assignments are indicated by a red dot “●”). A ‘P’ following a
nucleotide indicates that it has a 3’-terminal phosphate, while an ‘OH’ indicates absence
of a 3’-terminal phosphate. The upper portion of the gel is reproduced at the top of the
figure using a higher maximal intensity scale to allow details of this region to be
discerned.
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Assigning structured regions digested by RNase V1 has been problematic. In
some instances, the lengths of labeled RNase V1 products have been estimated by
comparison to fragments produced by non-sequence specific nucleases that leave the
same termini, such as nuclease S1 or Mung Bean nuclease, combined with comparison to
sequence-specific ribonucleases that leave the incorrect termini, such as RNase T1.8,11-13
However, this provides minimal confidence in assignments since the relative
electrophoretic gel mobility of various oligonucleotides with a 3’-terminal phosphate
versus hydroxyl is unknown. While it has been demonstrated that short (< 10 nt) RNase
V1 products have reduced mobility relative to RNase T1 products,14,15 it is not obvious
that the migration of these products should differ by only one nucleotide, as is commonly
assumed. Moreover, since removal of the 3’-terminal phosphate has a large effect on
charge but a minimal effect on size and shape, we reasoned that it might affect the
mobility of even longer oligonucleotides (e.g. ≥ ~40 nt). Herein, we describe a simple
method that produces appropriate RNase V1 sequencing ladders from T4 PNKmodification of RNase T1 and RNase A digests.
In addition to phosphorylating the 5’ hydroxyl terminus of DNA or RNA, T4
Polynucleotide Kinase (PNK) has a non-sequence-specific 3’-phosphatase activity that
can remove a 2’, 3’, or 2’,3’-cyclic phosphate.16-18 We found T4 PNK useful for
converting RNase T1 and RNase A sequencing ladders into ladders with 3’-terminal
hydroxyls.

A

synthetic,

39

nucleotide

RNA

(Dharmacon,

Lafayette,

CO),

5’GGCCGGCAUGCUCCCAGCCUCCUCGCGGCGCCGGCUGGG, was chosen for
study since it contains double and single-stranded segments and is long enough to allow
terminal phosphate effects on electrophoretic mobility of short (<10 nt) and long (>20 nt)
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products to be determined. This oligonucleotide (39mer) mimics a folding intermediate of
the HDV ribozyme (see 2.4.3).19 The 39mer was 5’-end labeled and subjected to limited
digestions under native conditions by RNases T1, V1 and A, and denaturing conditions
by RNase T1 and alkaline hydrolysis (Figure A.1). In certain instances, the RNase T1 and
A digestions were followed by T4 PNK treatment.

A.3 Materials and Methods

The 39mer was deblocked according to the manufacturer’s instructions, and
desalted on a C18 Sep-Pak Cartridge (Waters Co., Milford, MA). The resulting RNA
pellet was suspended in 1x TE (10 mM Tris, pH 8; 1 mM EDTA) and 5’-end labeled by
T4 PNK (New England Biolabs Inc., Beverly, MA) using γ-32P-ATP (PerkinElmer Life
and Analytical Sciences, Boston, MA). The labeled 39mer was PAGE purified (10%
polyacrylamide (29:1)/7.0 M Urea/1x TBE) and structure mapped with RNases T1 (0.01
U/µL), V1 (0.002 and 0.0001 U/µL), and A (1 ng/mL). The RNA was heated to 90°C for
2 min and cooled on bench top for 10 min followed by addition of RNA Structure Buffer
(Ambion, Inc., Austin, TX). Titrations of nucleases (Ambion, Inc.) were carried out to
find the optimal single-digestion conditions. Digestion reactions were stopped using
Inactivation/Precipitation Buffer (Ambion, Inc.), precipitated, and dissolved in sterile
water. To afford complete removal of the 3’-terminal phosphate, digestion products (2.4
nM) were incubated with T4 PNK (1 U/µL; T4 PNK Buffer) at 37ºC for 30 min. T4 PNK
treatment was also performed in situ with RNase T1, which allowed for partial
elimination of the 3’-phosphate-terminated species (data not shown). Other conditions for
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driving complete removal of the terminal phosphate have been described.15,16,18 All
samples were fractionated on a 20% polyacrylamide (29:1)/7M Urea/1x TBE gel
(Figure A.1 ).

A.4 Results

Comparing T4 PNK-treated (lanes T-3 and A-1) to -untreated (lanes T-2 and A-2)
digestions revealed that the migrations of products are retarded in treated lanes
(Figure A.1). Next, we compared the RNase V1 digestions (lanes V-1 and V-2) to the T4
PNK-treated digestions. In all cases where a comparison was possible, RNase V1
products co-migrated with bands in treated lanes. Moreover, it is worth noting that, in
many instances, bands in the hydrolysis ladder do not align with bands in the RNase V1
or T4 PNK-treated lanes. This effect is particularly noticeable for G1, C3, C4, G6, C7,
A8 and G10 (Figure A.1).

A.5 Conclusions

The aforementioned assumption that short RNase V1 products migrate one
nucleotide slower than RNase T1 and hydrolysis products would have led to incorrect
labeling of several bands: G10 as C11 and G6 as C7 in lane T-3, for example. Also,
slower electrophoretic mobility of the T4 PNK-treated samples is found not only for
shorter digestion products, but also for products longer than 30 nucleotides (Figure A.1).
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In summary, T4 PNK-modified RNase T1 and RNase A ladders enable definitive
assignment of the products of an RNase V1 digestion. Modification of RNases T1 and A
digestion products is a simple and efficient method that should be extendable to other
ribonucleases such as RNase U2 (A-specific). This approach should lead to increased
accuracy in the identification of biologically significant dsRNA structures. Indeed, very
recently a PNK–treated RNase T1 ladder was used to align Dicer and RNase III–digested
RNAs.20
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