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ABSTRACT

Most of the genetic information needed to direct cellular processes is encoded in the
chromosomal DNA of the eukaryotic cell, which needs to be highly organized to fit inside the
cell nucleus while remaining accessible to cellular factors. This is accomplished through the
association of DNA with proteins to form chromatin fibers. At the primary level, DNA is
wrapped around an octamer of core histone proteins, forming the nucleosome. Additional levels
of compaction (higher-order structures) result from interactions between core histone tails, linker
histone proteins, cations, and architectural proteins. The goal of this thesis was to develop an
experimental approach to determine the individual contributions of various chromatin
components in the overall formation and regulation of higher order structures. This approach
utilized a high affinity nucleosome binding DNA sequence to construct reconstituted chromatin
arrays that position nucleosomes with single nucleotide precision. Using these reconstituted
chromatin arrays, chromatin higher order structures were tested for interactions both within
(folding) and between (self-association) arrays, through biochemical assays such as
sedimentation velocity experiments using analytical ultracentrifugation and reversible selfassociation assays.
By using the reconstituted array system to alter translational and rotational nucleosome
settings, we observed a negative correlation between linker DNA length and chromatin folding.
This relationship was not strictly linear, indicating that for short linker DNA lengths (≤177 bp)
typical of lower eukaryotes, rotational settings were important for compact chromatin structure.
However, alterations to the rotational setting of chromatin arrays with linker DNA ~200 bp
iii

(typical of higher eukaryotes) did not reveal any alterations to chromatin higher order structure,
leading to the possibility that long linker DNA can absorb variations in rotational settings.
Additional studies evaluated chromatin higher order structure in the presence of high
mobility group (HMG) architectural proteins. For HMGA1, which has been implicated in
chromatin condensation in vivo, we found that it was not sufficient to alter chromatin structure in
vitro. In contrast, for HMGN5, which has been shown to unfold constitutive heterochromatin in
vivo, we observed that it was sufficient to unfold chromatin fibers in vitro and that both its
nucleosome binding domain and acidic C-terminal domain were necessary for impairing linker
histone dependent chromatin folding.
We also examined chromatin folding in a set of experiments where core histone tails
were subjected to enzymatic conversion of arginine to citrulline by the PAD4 enzyme. These
experiments revealed that citrullination of several residues of core histones was sufficient to
impair linker histone dependent chromatin folding. In addition, we discovered that linker histone
H5 was citrullinated by PAD4 but this citrullination was not required for chromatin unfolding.
We argue that understanding the role of individual components of chromatin to the
overall structure is important in dissecting the complex interactions relating chromatin structure
to genetic and epigenetic regulation. Specific factors and interactions revealed in our studies
may be targeted by DNA- and protein-modifying factors to alter chromatin structure and restore
defects in gene expression associated with impaired cell differentiation and cancer.
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Chapter 1
Introduction to chromatin higher order structure and its role in gene regulation.

Chromatin is the term given to the complex of DNA and all of its associated proteins.
The DNA encodes all the information needed to direct cellular processes, and this large
amount of information requires organization that allows it to fit inside the nucleus while still
remaining easily accessible to cellular factors. Determining how DNA is organized and
manipulated in the formation of chromatin structures is necessary to understanding DNAdirected processes such as transcription, repair, and replication. DNA is repeatedly wound
around histone octamers to make nucleosome arrays, which are then compacted into 30 nm
chromatin fibers and, ultimately, into chromosomes.

Chromatin compaction above the

nucleosomal level, referred to as higher order structures, remains poorly characterized
despite the important role it plays in the cell.
Chromatin organization can be subdivided into several hierarchical structural levels,
starting with the primary level consisting of DNA wound around nucleosomes (“beads-on-astring”) and proceeding through several levels of higher-order packing until forming the most
compact structures observed in mitotic chromosomes (Figure 1.1). Higher order structures
can form within a chromatin fiber (folding) or between chromatin fibers (self-association).
Chromatin compaction is aided by linker histones, which bind to nucleosomes to form
structures referred to as chromatosomes. The various levels of higher order structures taken
together are essential to fit roughly two meters of DNA into the average 6 µm diameter of a
mammalian cell nucleus.
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Figure 1.1 Model of the levels of chromatin structure. The primary level of chromatin structure consists of
DNA wrapped around the nucleosome (grey circles). The secondary level refers the 30 nm fiber, which is aided
through the binding of linker histone (small black circles). Further compaction results in tertiary and quaternary
structures, and ultimately the compact mitotic chromosome. [Image modified from (Alberts, Johnson et al.
2008) and those provided by Sergei Grigoryev.]

The structure of chromatin is dynamic, with many factors, such as nucleosome
positioning, histone tail modifications, histone variants and architectural proteins
contributing to the formation of open or compact structures. This chapter will provide an
introduction to the terminology used to describe chromatin structures, factors involved in
forming these structures, and the role of chromatin structure in regulating cellular processes.
Chromatin compaction plays a crucial role in gene regulation, and through this relationship
has a large impact on various cellular functions.

2

1.1 Overview of chromatin higher order structure
As shown in Figure 1.1, chromatin is organized in various degrees of compaction.
This section will discuss the different levels of chromatin structure as well as important
characteristics of chromatin structural components, including core histone proteins and the
linker DNA connecting nucleosomes that form the foundation of chromatin.

1.1.1 Primary structure: the nucleosome
The primary structure of chromatin consists of DNA wound around core histone
octamers, which are separated by 20 to 100 bp of linker DNA, creating the appearance of
“beads-on-a-string” that measure roughly 10 nm in diameter. The nucleosome is composed
of an octamer of core histone proteins, containing two copies each of histone H2A, H2B, H3
and H4. The histone octamer wraps ~147 bp of DNA in a left-handed super-helix of ~1.6
turns to create the nucleosome core. Crystal structures reveal the H3-H4 tetramer is at the
center of the nucleosome core, with two H2A-H2B dimers located at the sides(Luger, Mader
et al. 1997; Davey, Sargent et al. 2002) (Figure 1.2). The central α-helices of all core histones
fold into the “histone-fold” motif, which provides both histone-histone and histone-DNA
binding functions. In addition, all core histones contain highly conserved extended Nterminal tail domains (as well as a C-terminal tail in H2A) that associate with linker DNA
and adjacent nucleosomes, and are important sites of posttranslational modifications (Section
1.2.1). These tails, which combine to form 25% of the histone mass, are rich in lysines and
arginines, creating strong positively charged regions that bind to the negatively charged DNA
backbone (Luger, Mader et al. 1997).
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Figure 1.2 Primary chromatin structure: the nucleosome. (A) The primary level of chromatin structure
consists of an octamer of core histone proteins with two copies each of H3 (blue), H4 (green), H2A (yellow),
and H2B (red) which wrap ~ 147 bp of DNA to form the core particle. Adjacent nucleosomes are connected by
linker DNA, ranging from 20 – 100 bp. Chromatin 12-mer arrays are made through by positioning 12
nucleosomes along a strand of DNA. (B). EM image of strings of nucleosomes connected by linker DNA
creating the appearance of “beads-on-a-string”. [Figures provided in part by Sergi Grigoryev and (van Holde
1988; Luger, Mader et al. 1997).]

1.1.2 Secondary structure: the 30 nm chromatin fiber
In the presence of factors involved in charge neutralization, such as monovalent or
divalent ions and linker histone, the primary structure of chromatin compacts to form the 30
nm chromatin fiber. This structure has been visualized in vitro (Thoma, Koller et al. 1979)
and in situ (Horowitz, Agard et al. 1994), and is generally considered the most universal form
of chromatin secondary structure in the process of chromatin compaction (Woodcock and
Dimitrov 2001).

Native chromatin fibers form with nucleosomes positioned at their

periphery and linker DNA located in the interior of the fiber (Figure 1.3 A), and have ~6-7
nucleosomes per unit length (11 nm) (Gerchman and Ramakrishnan 1987). However the
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arrangement of nucleosomes and linker DNA within the 30 nm fiber remains controversial,
even as shown in the most recent textbooks (Alberts, Johnson et al. 2008) (Figure 1.3B).

Figure 1.3 Chromatin secondary structures: the 30nm fiber. (A) Model and EM pictures of the unfolded
and folded chromatin secondary structures. Images from (Grigoryev, Bednar et al. 1999; Grigoryev 2001) (B)
There is conflicted results in the recent publications and text books about whether the linker DNA remains
straight (zigzag) in the 30nm fiber or if it is bent (solenoid); both images from the textbook (Alberts, Johnson et
al. 2008).

One of the major controversies surrounding the structure of the 30 nm fiber is
whether linker DNA remains straight, forming a zig-zag structure (Woodcock, Frado et al.
1984; Horowitz, Agard et al. 1994; Dorigo, Schalch et al. 2004) or is bent, forming a
solenoid structure (Thoma, Koller et al. 1979; Robinson, Fairall et al. 2006).
Tetranucleosome crystal structures (with nucleosomes positioned every 167 bp) reveal
straight linker DNA with a zigzag conformation, crossing in the middle of the chromatin
fiber (Schalch, Duda et al. 2005). This conformation has also been observed through electron
microscopy (EM) (Thoma, Koller et al. 1979; Grigoryev, Arya et al. 2009), crosslinking
studies (Dorigo, Schalch et al. 2004), and computational models (Arya and Schlick 2006).
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In contrast, solenoid structures have been observed through EM images of long chromatin
fibers (Thoma, Koller et al. 1979) and is predicted from single molecule force spectrometry
(Kruithof, Chien et al. 2009).
A recent project in our laboratory has focused on addressing the question of whether
30 nm fibers are organized into zigzag or solenoid conformations. Using a technique called
EM-assisted nucleosome interaction capture (EMANIC) - which involves limited
formaldehyde cross-linking of condensed reconstituted chromatin arrays followed by
decondensation in low salt and visualization under EM - the frequency of nucleosome
interactions can be quantified (Figure 1.4A). Solenoid models predict that neighboring
nucleosomes (i±1) will be crosslinked with the highest frequency while zig-zag models
predict alternating nucleosomes (i±2) will be most likely to interact.

The results

demonstrated that chromatin fibers compacted with linker histone at physiological salt
concentrations (without divalent cations) form a zig-zag structure.

However, upon the

addition of linker histone and magnesium ions, mimicking physiological conditions, the
electrostatic screening promoted the bending of a small number of DNA linkers (Figure
1.4B), resulting in a chromatin fiber that was primarily zig-zag (~80%) with an occasional
bent linker (~20%). This partial linker bending allows for increased compaction of the fiber
by reducing the crowding of linker DNA in the fiber interior (Grigoryev, Arya et al. 2009).
These results provide insight into the complexity of the chromatin fiber as it compacts, with
both linker histone and divalent cations combining to create a heteromorphic fiber.
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Figure 1.4 EMANIC. (A) Schematic of EMANIC approach using limited formaldehyde crosslinking of
compact chromatin arrays followed by decondensation and EM imaging. The predominant types of nucleosome
crosslinks will differ in zigzag structures (i± 2) versus solenoid structures (i±1). (B.) Sample EM picture
demonstrating how both (i± 1) and (i± 2) interactions can occur within a single nucleosome array. Images
from (Grigoryev, Arya et al. 2009)

1.1.3 Tertiary structure
Compaction beyond the 30 nm fiber can occur either within a chromatin fiber
(folding) or between chromatin fibers (self-association).

The specific molecular

interactions that take place at this level are not clear due to difficulties in visualizing such
compact structures; thus it is unclear if these structures follow a strict hierarchical pattern.
In situ EM imaging and tomography of chromatin from differentiated chicken erythrocytes
and starfish sperm revealed convoluted fibers clearly larger than 30 nm fibers models
(Horowitz, Agard et al. 1994) which was attributed to extensive lateral association and
intercalation of nucleosome arrays in situ (Woodcock and Horowitz 1995). EM and atomic
force microscopy (AFM) studies of chromatin isolated from chicken erythrocytes and
granulocytes also showed thick chromatin fibers apparently resulting from the fiber folding
back on itself (Figure 1.5). (Widom 1986; Zlatanova, Leuba et al. 1994; Grigoryev,
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Bednar et al. 1999). The 40–50 nm diameter of the thick fiber is less than expected for two
side-by-side 30 nm fibers (60 nm), suggesting that these thicker fibers result from mutual
intercalation of nucleosomes between laterally interacting 30 nm fibers (Grigoryev,
Bulynko et al. 2006).

Figure 1.5 Chromatin tertiary structure. Model of tertiary structures showing arrays folding back on
themselves (1st image). EM image of chromatin folding back on itself, with fiber diameters greater than 30
nm (2nd image). Images from (Grigoryev 2001; Grigoryev 2004)

Other in situ observations using light microscopy (resolution ~250 nm) reveal
images that did not fit any particular single fiber model (Muller, Rieder et al. 2004), while
higher resolution EM techniques show short regions that contain a variety of diameters
suggesting that 30-40 nm fibers form an interconnected network through long range
chromatin associations (Konig, Braunfeld et al. 2007). In an effort to better dissect the
molecular interactions necessary to form these structures, indirect techniques such as the
EMANIC and PANIC (described in section 6.2.1) are being used to understand how these
compact structures form.

1.1.4 Quaternary structures and above
Tertiary chromatin structures interact to form even more compact chromatin fibers,
such as those observed in mitotic chromosomes, where chromatin is compacted 10,000 to
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20,000-fold.

This degree of compaction makes it virtually impossible to visualize the

molecular interactions involved in forming these structures; however it is evident that they
involve a variety of chromatin factors, including histone tail modifications and architectural
factors, to promote compaction.
The compact chromatin in mitotic cells can measure up to 300 nm in diameter, yet
retains the ability to be remodeled despite such a high degree of compaction. The chromatin
decondenses as it exits mitosis, forming fibers with diameters of 100-130 nm fibers in early
G1, which unfold to 60-80 nm fibers in late G1 / early S phase, with only occasional 30 nm
fibers observed (Belmont and Bruce 1994). This process is regulated through multiple
molecular processes that are not fully characterized (Belmont 2006), but likely involves H1
and H3 phosphorylation levels (Gurley, D'Anna et al. 1978) and the condensin complex
(Bazile, St-Pierre et al. 2010) in the formation of compact loops around a dense scaffold
region (Figure 1.1) (Woodcock and Ghosh 2010).

1.2 Factors involved in chromatin higher order structure
Proper regulation of DNA-directed processes, such as transcription and replication,
requires that chromatin structures remain dynamic, with regions able to condense or unfold
as needed. In addition, the higher order chromatin structures described above do not occur
on their own, but require factors that aid with the bending, binding, and charge neutralization
necessary to form more compact structures. This section will discuss some of the chromatin
factors that are crucial to forming and manipulating chromatin higher order structures.
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1.2.1 Core histone tails
All core histones have conserved, positively charged N-terminal tail tails (Figure
1.6A), while H2A also has a flexible C-terminal tail. These tails have important roles in
forming higher order chromatin structures through the formation of bridges that promote
intra-fiber (folding) or inter-fiber (self association).

These interactions occur under

conditions when the negative charge of the DNA backbone is neutralized, such as in the
presence of linker histone or increased ion concentration.

Crystal structures have

demonstrated that histone N-tails bind to neighboring nucleosomes, and one interaction in
particular, the binding between H4 N-tail to the H2A/H2B acidic patch, appears to have an
important role in promoting chromatin folding (Luger, Mader et al. 1997; Shogren-Knaak,
Ishii et al. 2006; Allahverdi, Yang et al. 2011). Experiments on trypsinized reconstituted
nucleosome arrays lacking N- and C- tails showed an impaired folding (Garcia-Ramirez,
Dong et al. 1992) and self-association (Schwarz, Felthauser et al. 1996). Trypsinizing either
H2A/H2B or H3/H4 N-tails to create hybrid nucleosomes led to impaired folding in 2 mM
MgCl2 (Tse and Hansen 1997) with the larger contribution coming from H3/H4 (Moore and
Ausio 1997). In addition, the C-terminal tail of H2A has structural roles in both nucleosome
stability and H1 binding, as demonstrated by experiments using partial or complete deletions
of the H2A C-tail in vivo and in vitro (Vogler, Huber et al. 2010).
Modeling studies also suggest that histone tails mediate internucleosomal interactions
in the presence of divalent cations or linker histone, with the H4 tail forming the greatest
number of interactions (then H3, H2A, and H2B). H2A and H2B tails are necessary to form
interactions between fibers, rather than within a single fiber. In addition to forming
internucleosome interactions, the H3 tail has the ability to bind linker DNA to screen

10

electrostatic repulsions and thus contribute to compaction.

However this interaction

decreases in the presence of linker histone, which competes for binding to the linker DNA
(Arya and Schlick 2006; Arya and Schlick 2009).
The N-terminal tails of core histones are the sites of many posttranslational
modifications like acetylation, methylation, ubiquitination, and phosphorylation (Figure 1.6),
which play a critical role in gene regulation and chromatin compaction (Kouzarides 2007).
These modifications alter chromatin structure and serve as markers for the recruitment of
other architectural and transcriptional factors. Higher order structures can be disrupted
through both non-specific changes in the net charge, such as those caused by multiple
acetylation and deimination, and site-specific modifications that interfere with contacts
between histones from adjacent nucleosomes as well as contacts between histones and DNA.
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Figure 1.6 Histone tails and their modifications. (A). Model of histone tails, which extend out from the
nucleosome core. (B). Chart of the various histone modifications that have been identified and the type of
amino acid residues that they modify. (*) Methylation at K can be mono-, di-, or tri- methylation; at R it can be
mono- or di- with di- being either symmetrical or asymmetrical (information reviewed in (Kouzarides 2007)).
(C.) Model showing the specific locations of some of the common histone modifications on the tails of core
histone proteins, including methylation (M), acetylation (Ac), phosphorylation (P), ubiquitination (U), and
biotinylation (B). Images modified from (Wolffe and Hayes 1999; Kouzarides 2007)

Acetylation of histone tails is known to have a direct effect on chromatin higher order
structure. Studies with chromatin reconstituted with hyperacetylated core histones
demonstrated incomplete folding in sedimentation velocity experiments (Garcia-Ramirez,
Rocchini et al. 1995), with a linear relationship between acetylation level and the degree of
impaired folding (Tse, Sera et al. 1998). Additionally, increased acetylation in HeLa cells
leads to decreased chromatin folding (Wang, He et al. 2001). In experiments testing specific
acetylation sites, acetylation of H4K16 impaired the formation of chromatin higher order
structures on reconstituted arrays (Shogren-Knaak, Ishii et al. 2006; Allahverdi, Yang et al.
12

2010). More specifically, acetylation of 30% of H4K16 was enough to inhibit salt-dependent
compaction of the 30 nm fiber (Robinson, An et al. 2008).
Chromatin folding is also impaired through deimination of multiple sites on H3 and
H4 (Wang, Li et al. 2009). Through a deimination reaction, referred to as citrullination,
arginines are converted to the non-standard amino acid citrulline in a reaction catalyzed by
peptidylarginine deiminases (PAD) enzymes in which the positive charge of arginine is
neutralized. PAD4 converts multiple sites on histone H3 and H4 tails (Wang, Wysocka et al.
2004), causing changes in the net-charge of chromatin, leading to chromatin decondensation
(Wang, Li et al. 2009). One of the most dramatic examples of this occurs in neutrophils,
where histone citrullination, in response to bacterial infection, causes rapid chromatin
decondensation that results in chromatin bursting from the cell, forming extracellular nets to
trap bacteria (Brinkmann, Reichard et al. 2004). The mechanism of altering chromatin
higher order structure by this unique histone tail modification will be discussed in more detail
in Chapter 5.
Other histone tail modifications have a more indirect effect on chromatin structure.
For example, dimethylation of histone H3K9 is associated with transcriptionally inactive
chromatin and structural studies have shown that this modification interacts with
heterochromatin protein 1 (HP1) (Jacobs, Taverna et al. 2001; Jacobs and Khorasanizadeh
2002), which promotes compact chromatin structures.

On the other hand, certain

modifications act by recruiting factors associated with open, transcriptionally active
chromatin regions, such as the phosphorylation of H3S28 (Sun, Chen et al. 2007) and
methylation of H3K4 (Ruthenburg, Allis et al. 2007). The important role of histone tail
modifications in gene regulation will be discussed further in Section 1.5.3.
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1.2.2 Linker Histone
Compaction of chromatin is further aided by the binding of linker histone at the point
where linker DNA exits and enters the nucleosome (Ali and Singh 1987), forming a structure
referred to as a chromatosome. Linker histone binding brings the DNA linkers into close
juxtaposition while neutralizing the DNA charge to promotes compaction and formation of
the 30 nm fiber in vitro. There are various subtypes / variants of linker histone, with at least
six different isoforms in higher eukaryotes, which are regulated throughout the cell cycle and
in a cell type-specific manner (Ponte, Vidal-Taboada et al. 1998).

Some isoforms are

specific to certain cell types, such as the testis-specific H1t in mouse (Fan, Nikitina et al.
2003).

Other isoforms increase expression during differentiation, such as in chicken

erythrocytes, where linker histone H1 is predominant in immature cells, but is mostly
replaced by a variant, H5, in nucleated mature erythrocytes (Bates and Thomas 1981;
Weintraub 1984). Linker histone H5, which is the most abundant linker histone in mature
chicken erythrocytes, occurs at a molar ratio of ~1 H5 molecule per nucleosome, while H1 is
also present at a lower concentration of ~0.5 molecules per nucleosome (Bates and Thomas
1981). Linker histone variant H5 has the same function as H1 in forming higher order
structures, but it has a higher affinity for chromatin than conventional H1 (van Holde 1988;
Pennings, Meersseman et al. 1994).
Linker histone subtypes appear to be somewhat redundant for normal cellular
functioning. Knocking out histone subtypes of H1 one at a time had no effect on viability in
mice. However, experiments decreasing the general H1 level by knocking out three of the
subtypes or through RNAi lead to lethality at the embryonic / larval stages in mice and
Drosophila respectively (Fan, Nikitina et al. 2003; Lu, Wontakal et al. 2009). Thus linker
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histones are important for development, likely by regulating chromatin structure during
periods of high transcriptional levels in embryogenesis. Depending on the experimental
system, linker histone variants have minor differences in chromatin compaction under
intermediate ionic strength in studies using native chicken erythrocyte chromatin at 150 mM
NaCl (Nagaraja, Delcuve et al. 1995) and reconstituted arrays at 0.25 mM MgCl2 (Lu,
Hamkalo et al. 2009). However, these differences disappeared with increased ionic strength,
demonstrating that all linker histone variants are capable of forming compact chromatin
fibers (Lu, Hamkalo et al. 2009).
Linker histones consist of a core globular domain as well as N-terminal (~35
residues) and C-terminal (~100 residues) tails. The globular domain binds at the nucleosome
dyad axis and helps to create the linker DNA stem motif near the exit/entry point of DNA
into the nucleosome (Hamiche, Schultz et al. 1996; Bednar, Horowitz et al. 1998), which in
turn brings alternate nucleosomes closer together (Arya and Schlick 2009). Both of the tail
domains are important to the stability of the linker histone-DNA-nucleosome complex and
undergo posttranslational modifications (Hill 2001). The C-terminal tail is rich in lysines,
allowing for strong interactions with negatively charged regions, such as the DNA backbone.
The precise interactions of the C-terminal domains are not fully characterized, however it is
likely that they either physically connect neighboring nucleosomes or they interfere with core
histone’s N-terminal domains intranucleosome binding, leaving them free to participate in
internucleosome interactions (Grigoryev 2001).
Many recent studies have focused on the role of the C-terminal domain in promoting
chromatin compaction. It has been demonstrated that the C-terminal domain of histone H1 is
necessary in creating the stem structure of linker DNA (Sivolob and Prunell 2003; Syed,
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Goutte-Gattat et al. 2010).

The C-terminal domains of the H1 subtypes differ in primary

sequence, but have very similar amino acid compositions (40% K, 20-35% A, ~15%
P,S,T,G,V; with no H,Y,W,M,C; and the others sporadically found) (Hansen, Lu et al. 2006)
and this specific amino acid composition is important for proper binding and functioning of
H1 (Lu, Hamkalo et al. 2009). In experiments using H1 with mutated C-terminal domains, in
which valines 105, 114 and 117 were replaced with asparagines and threonine 110 was
replaced with proline, the ability of H1 to fold chromatin was significantly impaired in 0.25
and 0.45 mM MgCl2. However, swapping regions within the C-terminal domain that have
similar amino acid compositions did not affect chromatin folding, suggesting it is the amino
acid composition that is important for the function of this intrinsically disordered domain
(Lu, Hamkalo et al. 2009).
Linker histone levels in the nucleus are related to the length of linker DNA between
nucleosomes. Depletion of linker histone results in shorter linker DNA (Fan, Nikitina et al.
2003), which likely serves to maintain the electrostatic balance between histones and DNA.
The length of DNA between nucleosomes varies throughout nature, depending on species
and cell type (Section 1.3), but remains positively correlated with the amount of linker
histone (Woodcock, Skoultchi et al. 2006). For example, budding yeast, which have very
low levels of linker histone compared to higher eukaryotes, have shorter linker DNA between
nucleosomes.

Studies using reconstituted chromatin from Drosophila embryo extracts

indicate that increasing the amount of H1 causes a gradual increase in linker length, which is
likely explained by linker histone neutralizing the charge of linker DNA (Blank and Becker
1995).
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The distribution of linker histone is not even throughout the nucleus, with higher
levels found in compact and transcriptionally repressed chromatin. In studies separating the
condensed and open chromatin from chicken embryo erythrocyte nuclei, open chromatin is
partially depleted of linker histones (Grigoryev, Spirin et al. 1990; Kamakaka and Thomas
1990). Additionally, active chromatin in human fibroblasts cells is depleted in two of the
four subtypes of H1 (Parseghian, Newcomb et al. 2000) and overexpression of H1 represses
transcription of the mouse mammary tumor virus promoter (Hebbar and Archer 2008).
Collectively, linker histone cellular levels and distribution contribute to the formation of
chromatin higher order structures and through these structures impact gene regulation.

1.2.3 Monovalent and divalent ions
In addition to histone tail modifications and linker histone, there are several other
important factors contributing to the formation of chromatin higher order structures; one of
which is the concentration of monovalent and divalent ions. Naked DNA is highly charged,
and therefore self-repulsive at low ionic strengths. The DNA charge is not fully neutralized
by histones, so the presence of cations is necessary to reduce or eliminate DNA selfrepulsion in compact chromatin structures. Divalent cation concentrations of 1 – 2 mM is
enough to induce the complete folding of the 30 nm chromatin fiber in vitro (Robinson,
Fairall et al. 2006), while higher divalent cation concentrations induce chromatin fiber selfassociation and precipitation. However cellular concentrations are much higher, with
interphase nuclei having estimated concentrations of 4-6 mM Ca2+ and 2-4 mM Mg2+, while
mitotic cells have 12-24 mM Ca2+ and 5-17 mM Mg2+ (Strick, Strissel et al. 2001). It is
unknown how much of the cellular cations are sequestered and therefore cannot interact with
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DNA. Divalent cations alone are sufficient to induce chromatin compaction on reconstituted
arrays without linker histone (Hansen, Ausio et al. 1989; Schwarz and Hansen 1994), but the
extent of compaction depends on the length of linker DNA. Cation-induced compaction is
limited for arrays with long linker DNA, and occurs to a greater extent on arrays with short
linker DNA. Long linker DNA requires linker histone, in addition to cations, to form fully
compact structures due to the increased negative charge from the DNA backbone (Routh,
Sandin et al. 2008).
The ionic concentration also influences the length of linker DNA on native
chromatin. Differences in linker length are often reported as differences in nucleosome
repeat length (NRL), which corresponds to the length ~147 bp of DNA wrapped around the
nucleosome plus the linker DNA. Experiments using Drosophila embryo extract found that
increasing the KCl concentration from 70 mM to either 100, 130, or 155 mM caused the
NRL to increase from 165 bp to 176, 183, and 191 bp respectively (Blank and Becker 1995).
The reverse was also observed, with chromatin in high salt having an NRL of 187 bp, which
decreased to 164 bp upon dilution of the high salt buffer. This spacing effect was also
observed when altering divalent (magnesium) and multivalent (spermidine and spermine)
cation concentrations (Blank and Becker 1995).
Many of the studies on chromatin research, including those described in this thesis
use either sodium or potassium at 150 mM to represent the physiological concentration of
monovalent ions and 1 mM magnesium to represent the physiological concentration of
divalent ions (Arya and Schlick 2009). In addition to screening the charge of DNA, divalent
ions such as magnesium promote the bending of some linker DNA regions, which in turn
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reduces the number of linker DNA’s crossed at the axis of the fiber and thus allowing for
greater compaction (Grigoryev, Arya et al. 2009).

1.2.4 Architectural proteins
There are also a number of non-histone proteins that associate with chromatin and
regulate its higher-order folding (Table 1.1), and these can either promote chromatin
compaction or decondensation, as modeled in Figure 1.7. Several proteins that promote
chromatin condensation do so by forming bridges between chromatin fibers either through
protein-protein or protein-DNA interactions. For example, in yeast telomere regions, SIR3
and SIR4 proteins bind to the N-termini of H3 and H4 and interact with each other to form
bridges between nucleosomes (Hecht, Laroche et al. 1995). Another example in yeast occurs
at mating type a genes that are repressed in haploid α-mating cells; here the proteins Ssn6Tup1 bind to hypoacetylated N-termini of H3 and H4 and interact with histone deacetylases
to bring about gene repression (Edmondson, Smith et al. 1996; Watson, Edmondson et al.
2000).

Figure 1.7. Architectural proteins can promote either open or closed chromatin. Model showing how
various architectural factors can bind to the linker DNA and promote compaction (left) or compete with
compacting factors such as linker histone and promote open chromatin (right).
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Table 1.1 Architectural factors that affect chromatin higher order structure. The table lists common
factors and their key domains in regulating chromatin structure. References: 1.(Dialynas, Vitalini et al. 2008);
2.(McGowan, Buckle et al. 2006); 3.(Hecht, Laroche et al. 1995); 4.(Georgel, Horowitz-Scherer et al. 2003);
5.(Elton, Nissen et al. 1987; Reeves and Nissen 1990); 6.(Ueda, Postnikov et al. 2006); 7.(Ausio 2006);
8.(Hamiche, Schultz et al. 1996; Bednar, Horowitz et al. 1998)

Additional examples are found in higher eukaryotes, including HP1 (heterochromatin
protein 1) and MENT (myeloid and erythroid nuclear termination stage-specific protein).
HP1, an essential protein in Drosophila, is involved in multiple protein-protein interactions
that form cross-links that promote chromatin folding and position effect variegation
heterochromatin spreading (Eissenberg and Elgin 2000). Moreover, it is associated with
constitutive heterochromatin through its interaction with tri-methylated H3K9, a process
controlled by phosphorylation of H3S10 (Fischle, Tseng et al. 2005).

Studies on the

orthologous HP1 protein in fission yeast, Swi6, demonstrate that the Swi6 chromodomain
interacts with H3K9me, causing Swi6 to tetramerize on the nucleosome and bridge nearby
methylated nucleosomes (Canzio, Chang et al. 2011). Through this mechanism, HP1 can
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spread, forming a support network for the formation and maintenance of heterochromatin.
Another architectural protein, MENT, is a developmentally regulated nuclear protein,
originally isolated in chicken granulocytes, and associated with facultative heterochromatin
marked by di-methylated H3K9 (Istomina, Shushanov et al. 2003).

MENT promotes

formation of chromatin tertiary structure by forming protein bridges connecting separate
nucleosome arrays and promoting chromatin compaction through its AT hook DNA-binding
and polymerization (RCL) domains (Springhetti, Istomina et al. 2003; McGowan, Buckle et
al. 2006).
One category of architectural proteins that is of particular relevance to the
experiments detailed in this thesis, is the high mobility group (HMG) proteins, which are a
super-family of nuclear proteins that bind to chromatin and induce structural changes. They
are highly dynamic proteins, enriched in open chromatin, and bind to chromatin with no
known sequence dependence, but possibly target specific chromatin conformations
(Postnikov, Shick et al. 1991; Hock, Furusawa et al. 2007). These proteins have multiple
functions in the cell. For example, overexpression of HMGA proteins promotes tumor
progression (Fedele, Battista et al. 2001; Reeves, Edberg et al. 2001) but is also associated
with senescent cells (Narita, Narita et al. 2006), while another HMG protein, HGMN5, is
associated with decondensed chromatin.

These proteins appear to play a key role in

regulating chromatin higher order structure, but the exact function has not been fully
elucidated; the biological significance of these proteins is discussed in greater detail in
Section 1.4 and experimental data on their role in chromatin structure is reported in Chapter
4.
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1.3 Linker DNA length in chromatin structure
One important component of both nucleosome positioning (Section 1.5.4) and higher
order chromatin structures (Section 1.1) is the length of linker DNA between adjacent
nucleosomes since higher order structures are sensitive to the spatial distribution of
nucleosomes (Woodcock, Grigoryev et al. 1993; Segal and Widom 2009). In other words,
the distance between positioned nucleosomes serves to make chromatin regions more or less
susceptible to compaction, depending on the other factors in the chromatin environment.
Linker DNA length brings with it a negative charge from the DNA backbone, which
increases with longer linkers, and differences in linker DNA charge affect the requirements
for factors involved in chromatin compaction and the type of structures that can form. As
previously mentioned, longer linkers are associated with increases in linker histone and
cation concentrations, both of which neutralize the negative charge of linker DNA. Linker
length also determines the orientation of nucleosomes to each other and determines the
accessibility for architectural proteins. The linker length varies between different tissues and
organisms, providing the framework for the different functions of chromatin higher order
structures.
As previously mentioned, the nucleosome repeat length (NRL) is comprised of the
147 base pairs that wrap around the nucleosome core plus the adjacent linker DNA. There
are a wide range of nucleosome repeat lengths in eukaryotes, with variations ranging from
the lowest reported, ~165 bp in budding yeast (Thomas and Furber 1976) to the highest
reported, ~220 bp in echinoderm sperm (Athey, Smith et al. 1990). In most vertebrate cells,
the typical NRL range is from 175 – 190 bp (Woodcock, Skoultchi et al. 2006). The NRL
influences the energy requirements involved in compaction, with modeling studies
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demonstrating that torsional energy between the nucleosome axis relative to the fiber axis is
crucial in determining nucleosome packing of arrays with short linker DNA (NRL 150–
175bp), while long linker DNA (NRL 217-277 bp) is capable of multiple fiber conformations
with only small changes in torsional energy (Scipioni, Turchetti et al. 2010) .
In silico studies demonstrate that the introduction of small variations in linker length
(2 – 5 bp) cause chromatin to adopt an irregular conformation, similar to chromatin observed
in nature (Woodcock, Grigoryev et al. 1993).

Other studies have shown that longer

variations in linker length change chromatin structures as well as have different requirements
for linker histone in forming compact structures, with 197 bp repeats requiring linker histone,
while 167 bp structures show only minor increases in sedimentation in response to linker
histone (Routh, Sandin et al. 2008). In the presence of linker histones, two distinct classes
are formed, with one class consisting of nucleosome arrays with linker DNA between 10 – 40
bp, which forms 33 nm fibers (with 11 nucleosomes per 11nm unit length), while the other
class consists of nucleosome arrays with linker DNA between 50 – 70 bp, which forms 44
nm fibers (with 15 nucleosomes per 11nm) (Robinson, Fairall et al. 2006).
The length and uniformity of linker DNA is also related to transcriptional activity.
For example, the actively transcribed yeast genome has short linkers while the longest linkers
found are in the transcriptionally inactive echinoid sperm genome. Additionally, during
differentiation of chicken erythrocytes, the nucleosome repeat length shifts from 190 to 212
bp (which is also accompanied by an increase in linker histone H5) (Weintraub 1978).

In

studies on position effect variegation in Drosophila melanogaster on hsp26 (heat shock
protein 26), heterochromatin regions had nucleosomes positioned at regular intervals with
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constant linker lengths, whereas euchromatic regions exhibited less regular nucleosome
positioning (Wallrath and Elgin 1995).
Thus length of the linker DNA between nucleosomes appears to have an important
role in regulating the formation of heterochromatin as well as a role in regulating
transcriptional activity. Because the linker length is closely tied to other factors, such as
linker histone concentration and binding of architectural proteins, it is important to
understand the individual contribution of linker length to overall higher order structures,
which is a topic that will be explored in greater detail in Chapter 3 of this thesis.

1.4 HMG proteins
As mentioned above, HMG proteins are a super-family of highly dynamic
architectural proteins.

All HMG proteins are characterized by a highly acidic carboxy

terminus, but each family has a unique functional motif which leads to differences in binding
sites and cellular functions. There are three families: the HMGA family (formerly HMG-I/Y
family), characterized by AT-hook motifs, the HMGB family (formerly HMG-1/-2 family),
characterized by HMG boxes, and the HMGN family (formerly HMG-14/-17 family),
characterized by a positively charged nucleosome binding domain (Figure 1.8A).
All three families are highly expressed in embryonic cells and are gradually downregulated during differentiation. The regulation of HMG levels is important for proper
development, with knockout and overexpression studies in mice revealing severe phenotypes
and carcinogenesis (Figure 1.8B) (Hock, Furusawa et al. 2007).

For example,

overexpression of HMGA2 leads to the formation of benign mesenchymal tumors (Zaidi,
Okada et al. 2006), while activation of an HMGA1 transgene promotes formation of primary
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and metastatic tumors in breast epithelial cells (Reeves, Edberg et al. 2001). Knockouts of
HMGB2 result in sterility in male mice due to deficiencies in spermatogenesis (Ronfani,
Ferraguti et al. 2001). Studies in Xenopus demonstrate that overexpression of HMGB3
increases eye and brain size whereas knockouts of HMGB3 reduce them (Terada, Kitayama
et al. 2006). Knocking out HMGN1 results in hypersensitivity to radiation and increased
tumorigenicity (Birger, Catez et al. 2005). Thus the proper regulation of HMG expression is
important for proper regulation of cell growth and development.

Figure 1.8 HMG proteins function and their diverse biological roles. (A.) The three families of HMG
proteins are classified by distinct functional motifs: HMGA has AT hook motifs, HMGB has box motifs, and
HMGN has a nucleosome binding domain (NBD). (B.) HMG proteins play an important role in cellular
differentiation and altered HMG levels leads to a wide array of phenotypes. Images from (Hock, Furusawa et
al. 2007).
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HMG proteins play important roles as chromatin architectural factors; however it
remains unclear whether these proteins alter the chromatin fiber independently or work
through the recruitment of other proteins. This question will be addressed in detail in
Chapter 4, with a particular emphasis on one of the most biologically important HMG
proteins, HMGA1, as well as a newly identified protein, HMGN5. The following sections
will describe the biological importance of the architectural role of these two particular
proteins.

1.4.1 HMGA1 background and function in vivo.
HMGA1 (formerly called HMGI/Y) contains three AT-hook motifs that bind to ATrich sequences in the minor groove of DNA (Elton, Nissen et al. 1987; Reeves and Nissen
1990). Individual hooks bind DNA with low affinity, but the simultaneous binding of all
three establishes high affinity binding (Fedele, Battista et al. 2001). Many studies have been
performed regarding the role of HMGA1 in regulating transcription. DNA binding sites for
HMGA1 have been identified at numerous gene promoters, including the cytokines
interleukin-4 (Chuvpilo, Schomberg et al. 1993) and interleukin-2 (John, Reeves et al.
1995), as well as MGSA/GRO (a chemokine upregulated during melanocyte progression to
melanoma cells) (Wood, Farmer et al. 1995) and human interferon β (Du and Maniatis 1994).
HMGA1 also acts as a cofactor by interacting with the transcription regulators NF-κB
(Lewis, Kaszubska et al. 1994), ATF-2 (activating transcription factor 2) (Du and Maniatis
1994) and Tst-1/Oct-6 (Leger, Sock et al. 1995). Through binding to these factors HMGA1
is able to stimulate or restrict gene expression depending on the particular locus and factors
involved.
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HMGA1 also plays an important role in regulating cell differentiation and growth. It
affects cardiomyocytic cell growth in mice, where decreased levels of HMGA1 cause cardiac
hypertrophy (Figure 1.9) (Fedele, Fidanza et al. 2006). Cardiac hypertrophy, in which
cardiac myocytes grow in size without cell division, involves the regulation of numerous cell
cycle genes and occurs as a cellular response to increases in biomechanical stress, such as
high blood pressure. Prolonged hypertrophy increases the risk for sudden death and heart
failure (Frey and Olson 2003). Decreased HMGA1 also promotes hematologic malignancies
including B cell lymphoma and myeloid granuloerythroblastic leukemia (Fedele, Fidanza et
al. 2006). It is clear that HMGA1 has a direct effect on the expression of genes involved in
cell growth and division, but the exact mechanism through which HMGA1 acts is unknown.

Figure 1.9 Decreased HMGA1 leads to cardiac hypertrophy. (A). Knocking out one or both copies of
HMGA1 leads to increases in the heart weight / body weight ratio. (B). Sample image of a heart from a double
HMGA1 knockout mouse with cardiac hypertrophy, demonstrating the enlarged heart. Image from (Fedele,
Fidanza et al. 2006)
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1.4.1.1 HMGA1 in cell differentiation
During differentiation, the chromatin in the cell undergoes dramatic rearrangements
including widespread chromatin condensation, leading to overall decreases in gene
expression. HMGA1 levels play an important role in this process, with decreases in HMGA1
leading to increased growth rates and impaired differentiation in adipocytes (Melillo,
Pierantoni et al. 2001).

Another study found that HMGA1 levels were crucial for the

differentiation of mouse C2C12 myoblasts into myotubes, and that HMGA1 levels decreased
upon differentiation in wild type C2C12 cells, while cells overexpressing HMGA1 failed to
differentiate.

In addition, overexpression of HMGA1 impaired the clustering of

chromocenters normally observed during differentiation, and suppressed the expression of
genes involved with differentiation, such as MyoD, myogenin, Igf1, Igf2, and Igfbp3
(Brocher, Vogel et al. 2010).
In C2C12 cells, the expression of heterochromatin-associated methyl-CpG-binding
protein (MeCP2) increases during differentiation, and overexpressing MeCP2 induces
chromatin clustering even in the absence of differentiation (Brero, Easwaran et al. 2005). In
C2C12 myoblasts overexpressing HMGA1, MeCP2 was prematurely expressed, being
present in chromocenters of the myoblasts before induction of differentiation, whereas in
wild type C2C12 cells MeCP2 expression was not detected until day 6 after differentiation
induction. Collectively, these experiments suggest that increasing HMGA1 elevates MeCP2
levels but also inhibits the ability of MeCP2 to cause fusion of heterochromatin
chromocenters through the down regulation of other factors important in differentiation
(Brocher, Vogel et al. 2010). The interaction of MeCP2 and HMGA1 will be tested further
in Chapter 4.
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1.4.1.2 HMGA1 in senescence
In a surprising twist for a gene that promotes carcinogenesis, HMGA1 also appears to
have a role in cellular senescence. Senescence is a state of proliferative arrest that protects
against malignant transformation, during which chromatin undergoes global rearrangements
to form senescence-associated heterochromatin foci (SAHF). The compact state of SAHF
prevents the activation of genes involved in cellular proliferation. The formation of SAHF
involves the accumulation of HP1 and the histone variant macroH2A as well as the presence
of trimethylation of H3 lysine 9 (Narita, Nunez et al. 2003; Zhang, Poustovoitov et al. 2005).
Experiments using IMR90 fibroblasts have shown that HMGA1 is upregulated in senescent
cells transformed by the Raf oncogene (Figure 1.10A). In addition, HMGA1 has been found
to localize to SAHF in human fibroblasts (Figure 1.10B) (Narita, Narita et al. 2006).

Figure 1.10 HMGA1 in senescent cells. (A.) Western blot from IMR90 fibroblast cells showing that HMGA1
is upregulated upon senescence induced by transformation with the Raf oncogene (Image from Sergei
Grigoryev). (B.) IMR90 cells (control) transformed with Raf oncogene (senescent), visualized with Hoechst
and antibodies for HMGA1. Cells from Dr. Jiyue Zhu; Images from Dr. Sergei Grigoryev.
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1.4.1.3 HMGA1 as a chromatin architectural factor
In addition to its ability to bind transcriptional complexes at enhancer / promoter
regions, HMGA1 also regulates gene expression indirectly by inducing changes to chromatin
structure. For example, HMGA1 binding to DNA initially induces DNA bending which is
followed by unwinding of the helix at higher concentrations, leading to DNA supercoiling
(Nissen and Reeves 1995). Additionally, HMGA1 is involved in organizing chromatin into
loop formations at matrix / scaffold attachment regions (MARs/SARs) where it functions by
displacing linker histone H1 and promoting transcription on more open chromatin at the
MARs/SARs (Zhao, Kas et al. 1993). HMGA1 was also found to bind to base-unpairing
regions (BURs), which are regions of MARs that have a high propensity for unwinding, and
this binding increases in metastatic breast cancer (Liu, Guerra-Vladusic et al. 1999).
Futhermore, as previously mentioned, HMG proteins competing for binding with linker
histone H1 leads to localized chromatin decondensation as a result of decreases in H1
binding. The overexpression of HMGA1 in C2C12 cells leads to decreased levels of linker
histone H1, both before and during differentiation (Brocher, Vogel et al. 2010). HMGA1
association with various cellular regions that organize and compact chromatin suggests that it
may play a significant role in chromatin higher order structure.

1.4.2 HMGN5, a novel member of the HMGN family
All HMGN family members contain a nucleosome binding domain (NBD) that
anchors the proteins to the nucleosome. The positively charged NBD consists of ~30 amino
acid residues, with a conserved amino-terminal region enriched with arginine and a carboxyterminal region enriched in lysine and proline (Bustin 1999). HMGN proteins bind to the
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DNA major groove flanking the nucleosome dyad as homodimers, potentially inducing
structural changes to the core particle (Alfonso, Crippa et al. 1994; Postnikov, Trieschmann
et al. 1995). The C-terminal region (also called the chromatin unfolding domain) of HMGN
proteins binds to the N-terminal tail of histone H3 (Trieschmann, Martin et al. 1998), and
causes changes in chromatin structure by interfering with H1-mediated repression of
transcription (Ding, Bustin et al. 1997). As previously mentioned, H1 represses transcription
through the formation of tightly folded chromatin structures, therefore HMGN proteins that
interfere with H1 will alter both transcription levels and chromatin folding.
HMGN5 (also called NBP-45 and NSBP1) is a novel protein that was first
characterized in mice, and found to contain the same nuclear localization signal, nucleosome
binding domain, and a conserved C-terminal chromatin unfolding domain that are
characteristic of all HMGN family members. However, mouse HMGN5 (406 amino acids)
differs from the other family members due to the presence of a long, highly acidic Cterminus that makes the protein four times larger than HMGN1 (~100 amino acids), with
42% of the 321 amino acids in the C-terminus having a negative charge (Shirakawa,
Landsman et al. 2000). The human HMGN5 shares 86% amino acid similarity (59% amino
acid identity; 80% nucleotide similarity), and has similar amino acid composition (27.1%
glutamic acid, 17% arginine, 14.3% lysine, and 10.8% aspartic acid) compared to mouse
HMGN5. However, the human HMGN5 protein (282 amino acids) has a significantly
shorter C-terminus, about half the length of mouse HMGN5 (King and Francomano 2001).
The additional 124 amino acids found in mouse HMGN5 are dispersed throughout the length
of its C-terminal region (King and Francomano 2001).
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The exact molecular role of HMGN5 is currently unknown, however there is
evidence that is in involved in multiple cellular processes and disease states (Rochman,
Malicet et al. 2010).

For example, HMGN5 is highly expressed in mouse embryos,

particularly in the placenta, and this expression level varies during embryonic development,
suggestive of its role in placental differentiation (Shirakawa, Landsman et al. 2000;
Shirakawa, Rochman et al. 2009). Microarray experiments identified HMGN5 as being
involved in differentiation of mouse embryonic stem cells, with overexpression of HMGN5
promoting differentiation (Pritsker, Ford et al. 2006). HMGN5 may also have a role in
tumorigenesis with increased HMGN5 levels detected in adenocarcinomas in aging mice
(Tang, Newbold et al. 2008), metastatic breast cancer cells (Li, Hou et al. 2006), and human
squamous cell carcinomas (Green, Ikram et al. 2006). In addition, the reduction of HMGN5
levels by siRNA induces cell cycle arrest and increases apoptosis in glioma brain tumor cell
lines (Qu, Yan et al. 2011).

1.4.2.1 HMGN5 cellular localization
HMGN5 transcripts are present at low levels in many tissues in both mouse
(Shirakawa, Landsman et al. 2000) and human (King and Francomano 2001). Preliminary
results by our collaborators found that the HMGN5 protein is widely expressed in mouse
tissues and is localized to euchromatin regions (Rochman, Postnikov et al. 2009). This was
observed through immunofluorescence studies on mouse embryonic fibroblasts, where
HMGN5 was excluded from constitutive heterochromatin and failed to co-localize with HP1,
a known heterochromatin component (Figure 1.11).

This was verified by confocal
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microscopy using fluorescent fusion proteins that demonstrated that HMGN5 had different
localization from the heterochromatin associated proteins HP1, H1, and HMGN1.

Figure 1.11 HMGN5 localizes to euchromatin. Immunofluorescence of mouse fibroblast cells show HMGN5
having a very different nuclear localization compared to HP1α, a known component of heterochromatin. Images
provided by M.Bustin lab; (Rochman, Postnikov et al. 2009)

The differences in localization between mouse HMGN1 and HMGN5 led to the
question of whether the NBD of HMGN5 was able to bind to chromatin. Previous work had
demonstrated that mutation of conserved serine residues 17 and 21 reduced the binding of
HMGN proteins to chromatin (Ueda, Postnikov et al. 2006). Mutation of these serines to
glutamic acid residues (S17,21E), resulted in the failure of HMGN5 to bind to any form of
chromatin, whether euchromatin or heterochromatin. This indicates that the NBD is
functional in wild type HMGN5, however unlike other HMGN proteins, HMGN5 binds to
euchromatin instead of heterochromatin (Rochman, Postnikov et al. 2009). Since the large
C-terminal domain is the main difference between HMGN5 and other HMG proteins, this led
to the question of whether the C-terminal domain of mouse HMGN5 was responsible for the
localization to euchromatin.

Immunofluorescence assays revealed that deletions of 214

amino acids from the C-terminus caused partial localization of HMGN5 to heterochromatin,
while deletion of 298 amino acids caused it to fully colocalize with heterochromatin,
demonstrating a distribution similar to HMGN1 (Figure 1.12 A,B). In addition, fusing the
HMGN5 C-terminal domain to HMGN1 caused its localization to euchromatin (Figure 1.12
C), indicating that the C-terminal domain was responsible for the euchromatin localization
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(Rochman, Postnikov et al. 2009). The association of HMGN5 and the apparent importance
of the C-terminal domain led to further tests on the importance of this domain in chromatin
higher order structure (Chapter 4).

Figure 1.12 HMGN5 C-terminal region important for localization to euchromatin. (A.) HMGN1, which
lacks the long acidic C-terminal of HMGN5, normally localizes to heterochromatin. (B.) Upon deletion of
HMGN5 C-terminal, HMGN5 begins to localize to heterochromatin regions. (C.) Fusion of the HMGN5 Cterminal to HMGN1, creating a hybrid protein, results in the HMGN1-hybrid localizing to euchromatin. Images
provided by M.Bustin lab; (Rochman, Postnikov et al. 2009)

1.4.2.2 HMGN5 in transcriptional regulation
Studies in mouse pituitary cells, which naturally have a high expression of HMGN5,
were used to test if alterations of HMGN5 levels affected the transcription profile.
Overexpressing HMGN5 (approximately double the level normally found in these cells)
altered the expression of over 2,000 genes, while overexpression of the HMGN5 S17,21E
mutant affected the expression of only 68 genes, and the downregulation of HMGN5 using
siRNA altered the expression of 308 genes (Rochman, Postnikov et al. 2009). This suggests
the binding of HMGN5 to chromatin mediates its function as a transcriptional regulator.
However, while all changes in transcription were significant, the differences in expression for
most genes was only 1.5 – 2-fold, with less than 10% of the gene expression altered more
than 2-fold. The changes in transcription did not affect a particular pathway or a specific
category of biological functions, and changes involved both up- and down-regulation,
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suggesting HMGN5 functions as an architectural protein and not a specific transcription
factor (Rochman, Postnikov et al. 2009).

1.4.2.3 HMGN5 as a chromatin architectural factor
HMGN5 functions as a chromatin architectural factor through its ability to
decondense chromatin.

Experiments using mouse cells containing the Lac operon

demonstrate that tethering HMGN5 to the LacO array causes the chromatin to decondense,
an effect not observed in the absence of HMNG5 or with the tethering of the HMGN5
S17,21E mutant (Figure 1.13A) (Rochman, Postnikov et al. 2009). In addition, confocal
microscopy experiments using live cells overexpressing HMGN5-GFP reveal that HMGN5
causes the loss of heterochromatin foci, with the heterochromatin appearing to form rings
around nucleoli (Figure 1.13B, top and middle rows).

This rearrangement of

heterochromatin is not observed with the HMGN5 S17,21E mutant (Figure 1.13B, bottom
row), highlighting the importance of the nucleosome binding domain (Rochman, Postnikov
et al. 2009). These studies indicate that HMGN5 binding is associated with decondensed
chromatin, however it is not clear from these experiments whether HMGN5 acts alone to
decondense chromatin, which is a question that will be addressed in Chapter 4.
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Figure 1.13 HMGN5 decondenses chromatin. (A.) Tethering HMGN5 to the lac operon results in localized
decondensation of chromatin. This affect is absent in the HMGN5 S17,21E mutant protein
(B.) Overexpression of HMGN5 causes changes in the organization of heterochromatin, including the loss of
heterochromatin foci. The foci remain evident upon overexpression of the HMGN5 S17,21E mutant. Images
provided by M.Bustin lab; (Rochman, Postnikov et al. 2009)

1.5 Chromatin structure and gene regulation
Chromatin in an interphase nucleus exists in two morphologically distinct structures:
heterochromatin, which is more compact and associated with inactive genes, and
euchromatin, which is more open and associated with actively transcribed genes.

The

specific location of genes on chromosomes, including their proximity to heterochromatic
regions, can serve as an important regulator of transcription. The classic example of this
occurs in position effect variegation, where chromosome translocation brings the white gene
in Drosophila melanogaster into proximity of heterochromatin and causes repression
(Wallrath and Elgin 1995).

Heterochromatin that is permanently condensed is called

constitutive heterochromatin and is associated with specific loci such as centromeres,
telomeres, and gene-poor loci containing highly repetitive DNA sequences; it is independent
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of differentiation and transcriptional activity. Another type of heterochromatin, facultative
heterochromatin, is associated with gene silencing and involves chromosomal domains that
in other cells may be in euchromatic regions. Facultative heterochromatin becomes
widespread during cellular senescence (Figure 1.14 A,B) and differentiation (Figure 1.14
C,D), when chromatin condensation spreads onto euchromatin regions, and the formerly
active genes, including those essential for cell proliferation (house keeping), become
associated with heterochromatin and their expression is repressed (Narita, Nunez et al. 2003;
Ait-Si-Ali, Guasconi et al. 2004).

Figure 1.14 Heterchromatin spreading during cellular senescence and differentiation.
(A). Proliferating IMR90 fibroblasts (B). Senescent fibroblasts after transformation with raf oncogene
(C). Undifferentiated chicken myeloblast. (D). Differentiated chicken granulocyte (E). Differentiated NIH3T3
mouse fibroblast with arrows pointing to compact heterochromatin foci (Grigoryev 2004; Grigoryev, Bulynko
et al. 2006).

1.5.1 Large scale chromatin remodeling
At various stages throughout the life of the cell, such as senescence, differentiation,
and apoptosis chromatin undergoes large scale remodeling. During these processes, the
normal distribution of euchromatin and heterochromatin observed in interphase nuclei is
altered, with chromatin undergoing widespread compaction (Figure 1.14 B, D, E). These
processes involve a complex system of various architectural factors, histone variants, and
histone tail modifications, among other factors, to bring about a global chromatin
condensation associated with decrease in transcription.
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One of the best studied examples of global chromatin compaction occurs during cell
differentiation. In most terminally differentiated cells, chromatin becomes more condensed
and forms compact, electron-dense heterochromatin (Figure 1.14 E).

In these cases,

components critical for compaction, such as the N-terminal domain of core histones and
certain architectural proteins, work together to reduce the repulsion of adjacent DNA linkers
and bring nucleosomes closer together, promoting the formation of more compact tertiary
chromatin structures through lateral association and interdigitation of chromatin fibers,
forming diameters of 40-50 nm (Figure 1.5) (Grigoryev, Bulynko et al. 2006). This selfassociation of chromatin selectively occurs on repressed genes during differentiation, and
often, these inactivated genes are relocated to heterochromatin regions, either
pericentromeric or at the nuclear periphery (Kosak, Skok et al. 2002; Kosak, Scalzo et al.
2007). Modifications to histone tails are also involved in differentiation, for example, overall
levels of acetylation decrease, while methylation (H3 and H4) and phosphorylation (H2B)
increase with terminal differentiation (Sung, Harford et al. 1977).
When the normal process of differentiation is disrupted or heterochromatin is
misplaced during differentiation, the normal gene expression is altered, leading to disease
states.

This is commonly observed in carcinogenesis, for example, mutations to the

condensin II complex in peripheral T lymphocytes causes defective chromatin condensation
during the development of the T cells, which causes a failure in the silencing of IL-2 target
genes causing active proliferation (in a properly functioning T-cell, IL-2 genes are only
turned on as an immune response) (Rawlings, Gatzka et al. 2011). Additionally, in some
instances of acute myeloid leukemia (AML), normal chromatin silencing is disrupted, for
example, by mutations to the retinoic acid receptors that recruit histone deacetylase and
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direct differentiation, and this can lead to abberant acetylation, elevated levels of HP1, and
unlimited proliferation (Lin, Nagy et al. 1998; Jing, Xia et al. 2002; Carbone, Botrugno et al.
2006; Popova, Claxton et al. 2006). Cellular differentiation is also disrupted in inherited
retinal degenerations collectively referred to as retinitis pigmentosa (Sancho-Pelluz, ArangoGonzalez et al. 2008), where elevated levels of histone deacetylases precedes photoreceptor
cell death (Sancho-Pelluz, Alavi et al. 2010). Thus careful regulation of widespread changes
to chromatin structure is necessary for proper gene regulation.

1.5.2 Chromatin looping and gene positioning in 3D
The chromatin environment can play an important role in chromatin structure and
gene regulation, and localized chromatin structures can be altered on a smaller scale than that
observed during differentiation. Some alterations, such as the formation of chromatin loops,
serve to bring together distant chromatin loci. For example, these loops can bring enhancers
and promoters closer together, such as occurs at the beta-globin locus (Dekker 2008). The
term “chromatin loops” refers to the loop-on-the-scaffold architecture of eukaryotic
chromosomes (see Figure 1.1) as well as a variety of functional interactions between distal
chromosomal sites that occur throughout the genome (Figure 1.15). In higher eukaryotic
genomes, transcription is often regulated through interactions between cis-regulatory
elements located hundreds of kilobases apart that are brought together through the formation
long-range chromatin loops (Carter, Chakalova et al. 2002; Dekker 2008; Boney-Montoya,
Ziegler et al. 2010). These loops often involve transitory and dynamic interactions that are
important for transcription initiation. Many of these interactions can now be mapped in vivo
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through the use of chromosome conformation capture (3C) and related methods (Dekker,
Rippe et al. 2002).

Figure 1.15 Chromatin loop architecture. (A.) Model of chromatin looping in which distant enhancers are
brought close to promoters to initiate transcription. (B.) Model of chromatin hubs. The hub (purple) is made
of nuclear proteins that can serve as either transcriptional factories or repressive clusters. Chromatin
interactions (purple circles) in these hubs can be either cis or trans. (C.) Chromatin loops can result through
targeting to the nuclear lamina through DNA sequences (green dots) that signal attachment to the matrix.

Other chromatin loops are involved in the spatial organization of the genome. For
example, chromatin loops can refer to large segments of the genome (20-200 kb) that have
similar transcriptional activity and are anchored to the nuclear matrix through DNA
sequences, called matrix / scaffold attachment regions (MARS / SARS) (Figure1.15C)
(Roberge and Gasser 1992; Heng, Goetze et al. 2004). These loops can be transient and vary
between cell types (Rivera-Mulia and Aranda-Anzaldo 2010; Trevilla-Garcia and ArandaAnzaldo 2011). The three dimensional arrangement of chromatin in the nucleus allows for
the formation of chromosomal territories (Cremer and Cremer 2010). For example, genes
located at the nuclear periphery are organized into microdomains that promote either gene
transcription or repression (Ahmed and Brickner 2007; Brickner, Cajigas et al. 2007; Shaklai,
Amariglio et al. 2007). Dynamic chromatin loops can form when active genes are recruited
into transcription factories, which are clusters of a genes are associated with RNA
polymerases and other components of transcription machinery (Bon, Marenduzzo et al. 2006;
Cook 2010) and through these associations, genes maintain high levels of transcription.
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Collectively, the various chromatin loop structures serve as another example of how
chromatin structure regulates gene transcription, allowing transcriptional factors to gain
access to open genes on the loops while maintaining compact structures in nearby regions.

1.5.3 Epigenetics and chromatin structure
Epigenetics refers to the study of heritable changes that do not alter the DNA
sequence; this includes imprinting, X chromosome inactivation, heterochromatin formation,
and clonally-inherited transcriptional changes (Lakhotia 2004; Bird 2007; Kouzarides 2007;
Morey and Avner 2010). It is clear that histone modifications are intimately involved in this
process, even though it is not always known which modifications play an active role in
establishing the epigenetic memory and which merely reflect the epigenetic changes that are
caused by other mechanisms. However it is clear that histone modifications help to link
epigenetics and chromatin structure.
The large number of posttranslational modifications is one of the most striking
features of core histones. There are over 60 different residues where modifications have
been detected, many of them occurring along the histone N-terminal tails. As previously,
mentioned, there are many classes of modifications that have been characterized (Figure 1.6).
The large variety of modifications is further extended by the fact that they occur at different
levels even at any one particular amino acid (such as lysine mono-, di-, or tri-methylation)
and are dynamic, appearing in different combinations and at different times depending on the
cell cycle and cellular environment. All major histone modifications identified so far have
been shown to have a role in regulating gene transcription (Kouzarides 2007).
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Some of these histone modifications appear to function by directly affecting
chromatin structure. Such modifications may act either by changing the histone charge or by
disrupting the contacts between nucleosome surfaces. Other histone modifications act by
recruiting non-histone proteins to chromatin, such as architectural chromatin proteins or
chromatin-remodeling ATPases involved in transcription and repair (Kouzarides 2007). The
combinatorial effect of histone tail modifications has led to the histone code hypothesis. This
is based on the concept that modifications alter chromatin structure leading to heritable states
of gene activation or repression, and the combination of these modifications can have either
synergistic or antagonistic effects. The combination of these modifications determine which
protein factors are able to bind and how chromatin structure is altered (Figure 1.16A)
(Jenuwein and Allis 2001).

Figure 1.16 Epigenetic marks distinguishing euchromatin from heterochromatin. (A.) Model of histone
code hypothesis. The pattern of core histone tail modifications regulates chromatin structure, allowing regions
of heterochromatin and euchromatin to be inherited and thus maintaining active and repressed gene states.
Image from (Jenuwein and Allis 2001). (B). Fluorescent microscopy image demonstrating heterochromatin
formation at specific loci. Image shows chromosomes from MCF10A breast epithelial cells. Green labels
methylation at histone H3 lysine 9, which is a mark for heterochromatin; red labels histone H2A.Z, which is
found in euchromatin (Grigoryev, Bulynko et al. 2006).

As described in Section 1.2.1, certain histone tail modifications are associated with
either heterochromatin, such as methlyation of H3 lysine 9 (Figure 1.16B), or with
euchromatin, such as acetylation of H4 lysine 6. In addition, different proteins recruited to
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chromatin by histone modifications may either promote or inhibit chromatin compaction.
For example, H3K9tri-methylation binds HP1 (Jacobs and Khorasanizadeh 2002), which
defines the positions of constitutive and facultative chromatin on chromosomes (Figure
1.16B), while H3K4tri-methylation recruits the nucleosome remodeling factor NURF
(Wysocka, Swigut et al. 2006). Conversely, some histone modifications act by inhibiting
rather than promoting binding of architectural proteins. For example, phosphorylation of
H3S10 is sufficient to remove HP1 from chromatin even in the presence of H3K9 trimethylation (Fischle, Tseng et al. 2005), leading to chromatin decondensation.
Globally, within the cell nucleus, histone modifications appear to have roles in
establishing global chromatin environments and spatially organizing specific DNA processes.
In most cells, histone acetylation marks nuclear compartments associated with open,
transcriptionally active, chromatin (Tse, Sera et al. 1998), while certain types of histone
methylation are associated with transcriptionally silent chromatin (H3K9, H3K27, H4K20)
(Kouzarides 2007). Other types of histone methylation, for example H3K4 tri-methylation,
mark the transcriptional start site of active genes (Santos-Rosa, Schneider et al. 2002).
Facultative heterochromatin formed in terminally differentiated cells is marked by decreased
histone H4 acetylation and increased H3K9 methylation and forms distinct apocentric
nuclear compartments surrounding pericentromeric constitutive heterochromatin (Grigoryev,
Nikitina et al. 2004; Popova, Krauss et al. 2009).

Thus, histone modifications affect

chromatin structure both globally, by segregating open euchromatin from compact
heterochromatin, and locally, by recruiting remodeling and transcription factors that maintain
either open or closed conformations at specific gene loci. Most of the examples above are
from well studied modifications such as methylation and acetylation, however the exact
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impact of some more unusual modifications on chromatin structure is less clear. One such
modification, citrullination, will be tested in Chapter 5.

1.5.4 Nucleosome positioning in gene regulation
In addition to gene regulation through opening higher-order chromatin folding,
transcriptional regulation also occurs at the primary level of chromatin structure, through
sequence-specific positioning of nucleosomes on DNA. Nucleosome positioning is defined
as the probability that a nucleosome will bind at a given location in the genome (Jiang and
Pugh 2009; Segal and Widom 2009; Arya, Maitra et al. 2010).

The positioning of

nucleosomes is potentially influenced by a wide array of factors including DNA sequencespecific affinity to histones (Lowary and Widom 1998; Thastrom, Bingham et al. 2004;
Gencheva, Boa et al. 2006), DNA Methylation, which decreases DNA flexibility (Nathan and
Crothers 2002; Segal and Widom 2009), transcription factors (Polach and Widom 1995),
remodeling proteins (Lusser and Kadonaga 2003), histone variants such as H2A.Z (Yuan,
Liu et al. 2005; Mavrich, Jiang et al. 2008), histone tail modifications (Manohar, Mooney et
al. 2009), and chromatin higher order structures (Arya, Maitra et al. 2010).

1.5.4.1 Rotational and translational settings
While histones are not strictly sequence-specific proteins, they do show sequence
preferences based on the fact that the ability of DNA to bend is sequence dependent, and
DNA that naturally bends in a manner matching the shape of a nucleosome will bind histones
preferentially at a lower free energy state (Trifonov 2011). For example, this circular shape
can occur when stretches of AT have their minor grooves positioned inward, while GC minor
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grooves are positioned outward (Drew and Travers 1985). When referring to nucleosome
positioning, there are two components that determine any given position: rotational and
translational. The rotational position refers to the orientation of the DNA along the histone
surface, while the translational position refers to the location along a length of DNA.
Changes to the rotational setting alter the orientation of DNA along the histone
surface (Albert, Mavrich et al. 2007). As a result, regulatory elements residing along the
nucleosome surface may face outward and potentially be accessible, or face inward, making
them less accessible. The rotational setting is influenced by the bendability of the underlying
DNA sequence, and a well-defined periodicity occurs in 10 bp intervals such that AA/TT
dinucleotides are counterphase with GC nucleotides such that AA/TT minor grooves face the
nucleosome surface creating curved DNA that is favorable to nucleosome formation
(Satchwell, Drew et al. 1986) (Figure 1.17A).
Strong nucleosome positioning sequences, such as the clone 601 sequence that will be
discussed in Chapter 2, bind nucleosomes in a fixed rotational setting. This also occurs on a
genomic scale, albeit with a binding affinitity less than the clone 601 sequence, where
positioning sequences tend to restrict the nucleosome to a single rotational position. Due to
the 10 bp periodicity of DNA, this limits translational settings to 10 bp intervals and
promotes periodic settings (Albert, Mavrich et al. 2007). Therefore, a change in the number
of nucleotides in the linker DNA that is not equal to the DNA turn (10.5 bp) alters the
rotational setting of nucleosomes relative to each other, providing a model for studying
rotational changes. As previously mentioned (Section 1.3), modeling studies have shown
that introducing small variations in linker length (± 1-3 bp) alters the nucleosome rotation
angle (Figure 1.17B), causing chromatin to adopt an irregular conformation (Figure
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1.17C)(Woodcock, Grigoryev et al. 1993). Additional modeling studies showed that in
arrays with short NRL, small changes in the nucleosome rotation causes large differences in
the torsional energy (Scipioni, Turchetti et al. 2010).

Figure 1.17 Nucleosome rotational settings. (A.) Model of DNA sequence of alternating AT / GC regions
that contributes to DNA bending around the nucleosome (B). Model of nucleosome, showing DNA entry/exit
angle (α); small alterations in linker length (L) alter the nucleosome rotational angle (β)
(C). Model showing how irregular linker lengths lead to bent chromatin fibers. Images from (Woodcock,
Grigoryev et al. 1993; Arya, Maitra et al. 2010)

The translational position is also influenced by the bendability of DNA, with certain
sequences more energetically favorable than others (Sivolob and Khrapunov 1995).
Translational settings can be influenced by a wide variety of remodeling proteins as well as
the underlying DNA sequences. Altering the translational position of a nucleosome changes
the length of linker DNA, which is important in chromatin higher order structures (Section
1.3). A change in increments equal to the DNA helical turn would change the translational
setting and alter the distance between the nucleosomes along the length of DNA but would
not alter their orientation (rotational setting).
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1.5.4.2 Positioned nucleosomes in transcription
The positioning and patterns of nucleosomes have important roles in regulating gene
expression by rendering certain regions such as enhancers and promoters free from histones
and open for interactions with transcription factors (Cairns 2009; Cuddapah, Jothi et al.
2009). The pattern of nucleosomes at or around promoter elements and transcriptional start
sites are important for proper transcription, reviewed in (Arya, Maitra et al. 2010). For
example, open promoters, have ~150 bp region that is depleted of nucleosomes before the
transcriptional start site (Yuan, Liu et al. 2005; Cairns 2009), with the downstream (+1)
nucleosome serving as a barrier between nucleosome-packed and nucleosome-free regions
(Mavrich, Ioshikhes et al. 2008).

In contrast, genes that are repressed usually have

nucleosomes covering the transcriptional start sites and flanking regions, with TATA boxes
covered inside the nucleosome edge (Lee, Tillo et al. 2007; Cairns 2009) inhibiting access of
the transcriptional machinery (Felsenfeld 1992; Lorch, LaPointe et al. 1992).
In some cases, the positioning of a nucleosome(s) at a promoter is crucial for proper
gene activation or repression. For example at the mouse mammary tumor virus (MMTV)
promoter there is a positioned nucleosome that binds to the hormone responsive region of the
promoter and mediates hormone induction (Venditti, Di Croce et al. 1998). In other cases,
nucleosomes can be positioned between two regulatory elements, supercoiling the DNA to
bring regulatory elements closer together (Schild, Claret et al. 1993; Lu, Wallrath et al.
1995). This occurs at the Xenopus vitellogenin B1 gene, where a positioned nucleosome
brings distant estrogen receptor binding sites close to the promoter which initiates
transcription (Schild, Claret et al. 1993) and also occurs at the Drosophila hsp26 promoter,
where a positioned nucleosome residing between two DNase I hypersensitive sites is

47

necessary to initiate transcription (Lu, Wallrath et al. 1995). In other cases, positioned
nucleosomes repress gene activity, such as in the PHO5 gene in S. cerevisiae, where gene
induction requires the removal of four nucleosomes, two upstream and two downstream, of a
hypersensitive site ~370 bp away from the gene (Straka and Horz 1991). Furthermore, the
density of nucleosomes in a given region is also linked to gene transcription, with actively
transcribed regions often having a higher overall number of nucleosomes. Genome wide
studies in yeast have demonstrated that nucleosomes are more prevalent in coding regions, as
opposed to non-coding or intergenic regions (Lee, Tillo et al. 2007; Arya, Maitra et al. 2010),
and studies with the MMTV promoter link decreases in nucleosome density to reduced
MMTV induction (Chavez and Beato 1997).
Other locations in the genome also appear to have carefully positioned nucleosomes
that help establish chromatin boundaries and recent studies have shown this to be important
in the regulation of gene splicing as well as transcription (Jiang and Pugh 2009; Tilgner,
Nikolaou et al. 2009). Transcriptional terminators often have a well positioned nucleosome
followed by a nucleosome free region (Mavrich, Ioshikhes et al. 2008), and at chromatin
insulators, the chromatin insulator binding protein, CTCF, symmetrically organizes ~10
nucleosomes flanking the insulator region (Cuddapah, Jothi et al. 2009).

Futhermore,

nucleosome positioning appears to be important in marking exon/intron junctions, thus
reflecting a link between transcription and splicing (Schwartz, Meshorer et al. 2009).
Thus alterations to nucleosome positioning, either through changes in the
translational or rotational settings, are clearly important in regulating gene expression and
local chromatin structures. The importance of nucleosome positioning led us to further
examine the relationship between positioning and higher order chromatin structure in an
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effort to understand the mechanistic and steric rules of these interactions. Through a series of
experiments using reconstituted chromatin arrays with high-affinity nucleosome binding
sequences, nucleosome positioning was carefully controlled to systematically test the effect
of different translational and/or rotational settings on chromatin higher order structure. This
approach will be discussed in detail in Chapter 2, with the results in Chapter 3.

1.6 Conclusions: chromatin as a complex and dynamic system
When considering chromatin higher order structure, it is important to realize that
there is a dynamic relationship between linker histone, linker DNA folding, histone tails,
architectural factors and ions that work together to form compact chromatin structures in the
cell (Arya and Schlick 2009). Temporary changes in any one of these components in the cell
can be compensated by other interacting factors so that the overall chromatin compaction is
not changed.

These dynamic transitions, however, may have a direct effect on the

accessibility of DNA regulatory factors required for DNA processes.
The system is further complicated by other factors which are not discussed in this
thesis, but yet do play an important role in regulating chromatin structure. For example, the
DNA sequence itself may have role in determining whether or not it is occupied by
nucleosomes, with certain sequences such as those associated with promoters having lower
binding affinities. Also, histone variants are important in several chromatin functions. To
name a few examples, the histone H3 variant, Cse4/CENP-A, is essential for centromere
assembly and function (Black, Foltz et al. 2004), and certain variants of histone H2A, such as
H2A.Z, appear to act as architectural factors regulating heterochromatin (Abbott, Ivanova et
al. 2001; Fan, Rangasamy et al. 2004). In addition, there are remodeling enzymes, such as
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SWI/SNF and histone acetyltransferase (HAT) that can alter chromatin structure (Lusser and
Kadonaga 2003).
With so many important DNA processes affected by chromatin compaction, the idea
of being able to regulate chromatin structure in the context of disease treatments is complex
and daunting. It is the goal of this thesis to focus on dissecting the individual contributions
of chromatin factors. The subsequent chapters will first discuss our biochemically defined
reconstituted chromatin array system that allows us to assay individual contributions of
chromatin factors, and then chapter 3 will focus on testing alterations in nucleosome
positioning through variations in NRL, that are expected to influence chromatin structure.
Later chapters will build off this framework, demonstrating how our system is beneficial for
testing multiple components of chromatin, and assay the individual contribution of two HMG
architectural proteins as well as the effect of core histone tail citrullination. By determining
how each factor acts on its own in a biochemically defined in vitro system, we can begin to
understand some of the complexities of higher order structures and better predict how to
regulate chromatin structure and related DNA processes in vivo.
Throughout the chromatin field it is clear that structural transitions occur at the level
of chromatin higher order structure to facilitate the formation and spreading of
heterochromatin, which in turn controls the level of gene expression at a given region in the
genome. However, the precise molecular interactions and structural changes that occur
during the formation and spreading of the heterochromatin fiber remain unknown as well as
whether these interactions differ between open and folded fibers, and how these interactions
promote heterochromatin spreading. The projects in this thesis are an attempt to begin to fill
some of these holes by indentifying chromatin components that contribute to
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heterochromatin formation. For example, the experiments in Chapter 3 will address how
NRL influences whether or not a chromatin fiber has the capacity to completely fold to the
extent associated with heterochromatin, as well as identifty which NRLs require additional
architectural factors for compact folding. When examining the role of architectural factors
on heterochromatin formation, there are many studies testing proteins that promote
heterochromatin spreading, but very few that test factors that prevent spreading or actually
decondense compact structures. The experiments in Chapter 4 will examine both condensing
and decondensing factors to evaluate how they interact to either promote or inhibit
heterochromatin structural transitions. Finally, the experiments in this thesis will lay a
foundation for the systematic testing of both structural and molecular determinants of
heterochromatin from which future studies can build on through the addition of more factors,
and eventually moving to in situ work as discussed in Chapter 6.
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Chapter 2
Reconstituted chromatin arrays: rationale, assembly, characterization and comparison
to native chromatin

The majority of the studies described in this thesis take an in vitro approach, using
biochemically defined reconstituted chromatin arrays to assay chromatin higher order
structure, specifically the ability of chromatin fibers to interact in cis (folding) and in trans
(self-association). This chapter will discuss the details of array design and assembly that
allow for precise control of nucleosome positioning and DNA linker lengths, as well as the
characterization and verification of the arrays. It will also discuss the advantages of using
these reconstituted chromatin arrays over native chromatin. Throughout this thesis, the
chromatin arrays are referenced based on the size of the nucleosome repeat length followed
by the number of nucleosomes each array positions, for example, the standard array has
repeating units of 207 bp and positions 12 nucleosomes, and as such is referred to as the
207x12 bp array. In addition to array assembly, the structural assays used to measure both
folding and self-association throughout this thesis will be detailed in this chapter.

2.1 Purification of clone 601 DNA for use in reconstituted chromatin arrays
Many of the questions addressed in this thesis require a system in which the position
of the nucleosome binding to DNA can be controlled with single nucleotide precision. For
this reason, these studies utilized clone 601 DNA, which is a high affinity nucleosome
binding DNA sequence that precisely positions nucleosomes (Lowary and Widom 1998), and
as such eliminates nucleosome sliding along the DNA template. In general, the DNA

52

templates that were used for the chromatin arrays were first designed as monomer sequences
with the 601 nucleosome binding sequence flanked by various lengths of linker DNA. The
constructs also had endonuclease cut sites that allowed a series of 12 or more monomer
sequences to be sequentially aligned in a single plasmid.
transformed into DH5α E.coli and grown in ~2 L cultures.

These plasmids were then
Large-scale alkaline lysis

procedures (Birnboim and Doly 1979) were used to isolate and purify large quantities of
plasmid DNA, which was subsequently digested to excise the designed template, while the
vector backbone was digested into smaller pieces to serve as carrier DNA. The details of this
procedure are described in this section.
As previously mentioned, all reconstituted DNA templates utilized in this thesis used
identical clone 601 DNA (Fig 2.1A) to precisely position nucleosomes, however the linker
DNA sequences were varied based on the desired length of the nucleosome repeating unit.
The various linker lengths used in this thesis are shown in Fig 2.1B. Our standard chromatin
array (207x12) contains a NRL of 207bp, repeated twelve times, therefore ultimately binding
twelve nucleosomes.

All sequences were originally assembled in the pUC19 vector, with

the exception of the 200x12bp array, which was in the pUC18 vector. The majority of the
linker sequences were designed and constructed in the Grigoryev laboratory (Grigoryev,
Arya et al. 2009), with the exceptions of the 200x12 plasmid from (Huynh, Robinson et al.
2005) and the 177x12 template from (Dorigo, Schalch et al. 2003)).
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Figure 2.1. Nucleosome template sequences. A). Clone 601 sequence of 147bp that positions
nucleosome cores with high affinity. B). Sequences for the linker regions of DNA for the constructs
used in this thesis.

Vectors containing the desired DNA sequences were transformed into DH5α E.coli
and plated on LB plates supplemented with 50µg/mL carbenicillin.

The heat shock

transformation protocol provided by Invitrogen for subcloning DH5α competent cells was
followed. Single colonies were selected and grown in 7 mL LB cultures, supplemented with
50 µg/mL carbenicillin at 37ºC overnight (approximately 15 hours). From some cultures,
glycerol stocks were made by mixing 500 µL sterile 80% glycerol per 1 mL culture and
freezing at -80ºC. From other cultures, plasmid DNA was purified using the Promega
miniprep kits; purified DNA was analyzed by restriction digest analysis and sequence
verified. Three larger cultures (650 mL LB media each, supplemented with 50 µg/mL
carbenicillin) were then inoculated with 2 mL each of the starter cultures, and grown at 37ºC
for 12 – 15 hours. Cells were pelleted at 8,000 rpm, 4ºC, for 10 minutes in a Beckman JA-10
rotor. Pellets were resuspended in 200 mL of solution containing 50 mM glucose, 25 mM
Tris pH 8.0, and 10 mM EDTA. To lyse the cells, 200 mL of a solution containing 0.2 M
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NaOH,1% SDS was added and incubated at room temperature for 5 minutes. To neutralize
the lysis reaction, 200 mL of a solution containing 3 M potassium acetate and 5.75% acetic
acid was added, and the solution was centrifuged at 12,000rpm for 30 minutes, at 4ºC, in a
Beckman JA-20 rotor. The supernatant was removed and filtered through 1 mm Whatman
filter paper. Once filtered, an equal volume of 100% isopropanol was added to precipitate
the DNA, and the solution was centrifuged in 250mL Nalgene tubes at 10,000 rpm, 4ºC, for
10 minutes in a Beckman JA-14 rotor to pellet the precipitated DNA. The supernatant was
discarded and DNA pellets were resuspended in 20 mL TE. RNaseA was added to a
concentration of 0.1 mg/mL and incubated at 4ºC for 1 hour to digest contaminating RNA.
Next, 8 mL of a solution containing 30% PEG 8000, 1.6 M NaCl was added and the sample
was stored overnight at 4ºC to precipitate DNA.
The following day, the solution was centrifuged at 8,200 rpm, 4ºC, for 20 minutes in
a fixed angle rotor (F34-6-38) of the Eppendorf centrifuge 5810R. The supernatant was
discarded and the pellet resuspended in 6 mL TE. The samples were purified by extraction
with phenol-chloroform to remove contaminating proteins. This procedure involved adding
6 mL of a mixture of phenol:chloroform:isoamyl alcohol at a ratio of 30:29:1 was used in the
purification kit “5 Prime Phase Lock Gel, Heavy 15mL tubes” (Fisher #2302850), and mixed
by inversion for one minute. The organic phase was removed by centrifugation at 1500 g for
5 minutes in the swinging bucket rotor (A-4-62) of the Eppendorf centrifuge 5810R. The
nucleic acid – containing aqueous phase was collected and precipitated by adding 1/10
volume 3 M sodium acetate, pH 5.5, and 2.5 volumes cold 100% ethanol, and incubating on
dry ice for 30 minutes at -80ºC. Precipitated material was pelleted by centrifugation at
12,000 rpm for 10 minutes at 4ºC. The pellet was then washed with 70% ethanol and
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centrifuged again, 12,000 rpm, 5 minutes, 4ºC. After washing, the pellet was resuspended in
TE buffer (10 mM Tris, 1 mM EDTA, pH 7.5).
The nucleosome positioning templates were excised out of the vector using the
endonucleases XbaI and HindIII (with the exception of 177x12 array, which was digested
with EcoRV, and the 200x12 array, which was digested with XbaI and KpnI). In addition,
DraI was added to each digestion to cut the vector backbone into smaller pieces (except for
177x12 array, where the vector was cut with EcoRV) (Figure 2.A). The digested vector was
used as “carrier DNA” (which will be described in Section 2.3). Small scale digestions (with
all enzymes for a given template) were performed to ensure the correct preparation, using 0.5
µL of each enzyme and 1x NEB buffer #2, in a 20 µL total volume reaction (Figure 2.B).
Enzyme titrations were performed for each DNA preparation to determine the minimum
concentration of enzyme sufficient for complete digestion, and in all cases, digestions were
incubated at 37ºC overnight. Digestion reactions contained 1x NEB buffer 2, plasmid DNA,
and the minimal amount of restriction endonuclease in a final volume of ~ 6 mL. Once the
plasmid DNA was completely digested (as evident on agarose gels Figure 2.B), they were
again phenol-chloroform purified, using the same protocol described above.
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Figure 2.2 Nucleosome positioning template excised from plasmid vector. A.) Scheme of DNA fragment
sizes resulting from digesting with HindIII, XbaI, and DraI. DraI cuts the vector backbone into fragments of
1120, 862, and 692 bp. (B.) Agarose gel (1%) showing the digested vector bands and the ~2500 bp template
DNA. The first lane is a standard ladder, the middle lane is the final product of a large-scale digest, and the
third lane is a small scale digest performed to confirm the proper construct.

In order to separate the digested DNA fragments based on their size, the samples
were applied to a Sephacryl column (approximately 90 cm in height, gravity flow),
containing Sephacryl S-1000 superfine gel (Illustra), from GE Healthcare, equilibrated with
TE buffer. Glycerol was added to the DNA samples at a final concentration of 15% before
loading on the column. Through gravity filtration, fractions of 2 mL were collected every 3
min, 10 sec. For most constructs, the DNA template was eluted between fractions 40 – 80.
Sample results for fractionation of the 177x12 bp array are shown in Figure 2.3A. Fractions
were visualized on a 1% agarose gel, and fractions containing either purified nucleosome
template (Fig 2.3B, fractions 40 – 56), mixed template and carrier fragments (Fig 2.3B,
fractions 62-84), or carrier fragments alone (Fig 2.3B, fractions 87 – 89 plus data not shown),
were combined into separate batches and precipitated with 2.5 volumes 100% ethanol and
1/10 volume 3 M sodium acetate, pH 5.5, as described above. After precipitation, samples

57

were resuspended in 2 mL TE, and the concentration was determined by measuring the
A260nm.

The template:vector ratio of the combined fractions was determined through

quantification of DNA bands on a 1% agarose gel using Image J software (more details in
Section 2.6). DNA was stored at -20ºC until used in reconstitution procedure (Section 2.3).

Figure 2.3 Sephacryl column for DNA purification. Maxi prep material, with the template DNA digested
out from the vector, was loaded onto a Sephacryl column for purification, and separation of the template DNA
from the cut vector fragments. A). Sample elution profile from the 177x12 template purification, showing
A260nm measurements of Sephacryl column fractions. The most concentrated material is in fractions 70 – 75. B).
1% agarose gels, demonstrating how the template (or insert) band is partially separated from vector fragments.
The fractions correspond to the elution profile (A).

2.2 Core histone isolation
Nucleosomes are composed of an octamer of core histones, with two copies of each
of the four core histone proteins. This section will detail the protocol for the isolation of
nuclei from chicken erythrocytes as well as the core histone isolation from these nuclei. It is
well established that intact core histone octamers can be isolated from chicken erythrocytes
(Greyling, Schwager et al. 1983) and used to reconstitute chromatin arrays.

Chicken
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erythrocytes are a common source of histones, due to the abundance of chromatin in the cells
and the ease of acquiring a homogenous population of erythrocytes from chicken blood
samples.
Isolating core histones from chicken erythrocytes is advantageous over recombinant
histones produced and isolated from E.coli.

Isolation from chicken erythrocytes yields

histones as intact octamers and with a physiological population of histone tail modifications,
while recombinant histones are often improperly folded and lack physiological histone tail
modifications. In addition, when properly folded, recombinant histones have been found to
behave the same as those isolated from chicken erythrocytes (Luger, Rechsteiner et al. 1997),
and erythrocyte histones produce nucleosome crystals whose x-ray structure is similar to that
of recombinant histones (Harp, Hanson et al. 2000). In the procedure detailed below, histone
octamers are well mixed, thereby diluting any modification clusters to background levels.
The histone isolation procedure described below is similar to the method described in
(Thomas and Butler 1977), but modified by the addition of the purification steps described in
(Feng, Scherl et al. 1993).

2.2.1 Isolation of erythrocyte nuclei
Chicken blood was collected from Farmers Pride, Inc., in Fredericksburgh, PA, and
preserved during transportation in a solution with a final concentration of 1% sodium citrate.
To separate the erythrocytes, the fresh chicken blood was spun in 50 mL aliquots at 10,000g
at 4ºC for 8 minutes in the swinging bucket rotor (A-4-62) for the Eppendorf centrifuge 5810
R. The top, transparent, serum layer was removed and discarded, while the “buffy coat”
middle layer of white blood cells was removed, mixed with 50% glycerol, and stored at
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-80ºC. The bottom layer containing the remaining red blood cells was washed twice with 50
mL PBS-1% sodium citrate, centrifuging at 3500 rpm at 4ºC for 8 minutes in the Eppendorf
5810R swinging bucket rotor after each wash and the supernatant was discarded.
To gently lyse the cell membranes and separate the nuclei, the erythrocytes were
resuspended in 40 mL RSB buffer (3 mM MgCl2, 10 mM NaCl, 10 mM Tris-HCl pH 7.6)
and PMSF at a final concentration of 1 mM. The cells were then centrifuged at 4,000 rpm at
4ºC for 12 minutes in the swinging bucket rotor. The light-brown supernatant was carefully
removed and the resulting dark-brown pellet containing the nuclei was resuspended in a total
volume of 20 mL RSB, to which 20 mL of RSB-1% NP-40 and 1 mM PMSF was added, to
maintain exactly 0.5% NP-40 in the final solution. The solution was transferred to a 40 mL
Dounce homogenizer (on ice), and samples were homogenized three times (10 strokes each)
over the course of 30 minutes. The samples were transferred to 40 mL Nalgene round
bottom centrifuge tubes and spun at 4000 rpm at 4ºC for 5 minutes in the fixed angle rotor
(F34-6-38) for the Eppendorf centrifuge 5810R to pellet the nuclei.

The supernatant,

consisting of soluble material (including heme, causing a red coloring) was discarded and the
pelleted nuclei were resuspended in 40 mL RSB-0.5%NP-40 and 1mM PMSF. The material
was homogenized again (10 strokes) and spun down as before. The wash procedure was
repeated approximately 3 times until the majority of the red color was removed from the
nuclei pellet. Purified nuclei were resuspended and stored in 40 mL RSB-0.5% NP-40, 1
mM PMSF, 50% glycerol at -20ºC.
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2.2.2 Isolation of core histones from erythrocyte nuclei
Isolating histone octamers from nuclei involves partially digesting the chromatin with
micrococcal nuclease (MN) followed by a series of ultracentrifugation steps at increasing salt
concentrations. Nuclei were centrifuged at 8,000 rpm at 4ºC for 15 minutes. The glycerol
top layer was removed and the nuclei were resuspended in 20 mL RSB buffer, 0.5 mM
PMSF and transferred to a Dounce homogenizer. A nuclear suspension was formed by
homogenization, and the concentration was determined by A260nm readings. The chromatin
needed to be only partially digested by MN, so a small volume “test digest” was initially
performed. From the nuclear suspension, 100 µL was incubated with 1 mM CaCl2 for 1
minute at 37 ºC, then 2 µg/mL MN was added, and the suspension was incubated at 37 ºC.
Aliquots of 20 µL were removed at 0, 2, 5, 10, or 20 minutes, placed on ice, and 5 mM
EDTA was added to each aliquot to quench the reaction. Final concentrations of 1% SDS and
0.1 mg/mL proteinase K were added to the samples followed by incubation at 55 ºC for 1
hour. DNA loading dye was added and samples were visualized on 1% agarose gels. The
test digest allowed for the determination of the optimal time necessary for partial chromatin
digestion (chromatin that appears as a smear on the agarose gel), which is important because
undigested material (remains in wells on agarose gels) is too compact to efficiently remove
histones, while over-digested DNA (the sharp band at bottom of agarose gel) representing
free mononucleosomes, will co-sediment with and contaminate the histone octamers (Figure
2.4A).
Once optimal digestion conditions were determined, the reaction was scaled up to
digest the entire nuclear suspension. Typically, for a 20 mL nuclear suspension, 1 mM CaCl2
was added and incubated at 37 ºC for 15 minutes, followed by the addition of 2 µg/mL MN
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and incubated for the time determined during the test digest (usually ~15 minutes). To stop
the reaction, 5 mM EDTA was added. Partially digested nuclei were then centrifuged at
4,000 rpm, 4 ºC, for 10 minutes, after which the supernatant (S1) was set aside and pellets
were resuspended in 25 mL Tris/EDTA wash solution (1 mM Tris pH 8, 0.25 mM EDTA)
and PMSF was added to 1 mM. The samples were homogenized in a 40-mL Dounce
homogenizer (10-15 strokes), and then centrifuged at 8,000 rpm, 4ºC, for 10 minutes. The
supernatant was set aside (S2) and the pellet resuspended in 25 mL Tris/EDTA wash
solution, 1 mM PMSF. The resulting fractions, S1, S2, and the final pellet were run on a 1%
agarose gel, and fractions containing partially digested chromatin (usually S2 and/or the final
pellet resuspension) were used in the subsequent steps. S1 and S2 were also used for the
isolation of native chromatin, as described in Section 2.10.
For fractions containing partially digested chromatin, an equal volume of 1.3 M
NaCl-10 mM Hepes-0.1 mM EDTA buffer was added, making the final salt concentration
exactly 0.65 M NaCl. This sample was loaded into an ultracentrifuge tube and 3 mL of 10%
sucrose was carefully pipetted on the bottom of the tube to create a sucrose cushion. The
tube was topped off and balanced with 0.65 M NaCl-10 mM Hepes-0.1 mM EDTA buffer.
The samples were spun on the ultracentrifuge in the 70TI rotor at 42,000 rpm, 4ºC. for 16
hours. The supernatant was removed and saved at -20ºC for linker histone isolation (Section
2.4), while the pellet was resuspended in 2 M NaCl-10 mM Hepes-0.1 mM EDTA buffer.
The suspension was homogenized (40 mL Dounce homogenizer, 10 – 15 strokes) and 1 mM
PMSF was added. Homogenizing multiple times over the course of several hours helped
ensure that the even compact chromatin material was fully exposed to the 2 M NaCl, which
is the concentration at which intact octamers dissociate from the DNA (Thomas and Butler
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1977). The samples were then spun on the ultracentrifuge in the 70TI rotor at 42,000 rpm,
4ºC, for 16 hours. The supernatants containing core histones, H2A, H2B, H3, and H4 were
collected while the pellets were discarded. The 2 M NaCl supernatant was removed in three
equal fractions. The top fraction typically contained very few histone octamers, while the
middle and bottom fractions contained a higher concentration of histone octamers. However,
the histones in the bottom fraction were prone to forming aggregates, making the middle
fraction the optimal fraction for further work. Core histones were analyzed through SDSPAGE to check for degradation and contamination (Figure 2.4B).
Additional purification steps helped to remove octamer aggregates as well as residual
linker histone H5 that contributed to hyperprecipitation of chromatin arrays at later stages.
The histones were further purified on a sucrose gradient, similar to that described in (Feng,
Scherl et al. 1993). For this procedure, 1 mL aliquots from the 2 M NaCl supernatant (middle
and bottom thirds) were loaded onto an 11 mL, 5 - 30% sucrose gradient, with the sucrose
dissolved in 2 M NaCl/TE buffer. Sucrose solutions were dissolved in 2 M NaCl-HE buffer,
and 1 mM PMSF added prior to making gradient.

Sucrose gradients were spun on the

ultracentrifuge in a Beckman Sw 41 Ti swinging bucket rotor, 4 ºC, 38,000 rpm, for 48
hours. After centrifugation, the gradient was divided into 1 mL fractions, which were
analyzed by SDS-PAGE. Middle fractions containing stoichiometric amounts of all four
core histones (see arrows in Figure 2.4C for example) were combined and dialyzed against 2
M NaCl-HE buffer for ~36 hours to remove the sucrose. Core histones were stored in the 2
M NaCl-HE buffer and remained stable when kept unfrozen at -10ºC.
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Figure 2.4 Core histone isolation checkpoints. A). Agarose gel showing the products of MN test digest.
Undigested material (0 minutes) does not enter the gel. Overdigested material (20 minutes) forms a separate
band representing nucleosome core particles. Target digestion (10 minutes) will yield a smear without material
in the well or mononucleosomes. B). SDS-PAGE of 2 M NaCl supernatant after preparative ultracentrifugation.
The supernatant was collected in three different fractions, with the top fraction having a low concentration of
histones, and the bottom fraction containing histones that were prone to forming aggregates. The best quality
histones were in the middle fraction. C). SDS-PAGE of core histones after sucrose gradient purification. The
gradient was divided into 12 fractions. Linker histone was present in fractions 1 and 2. H2A/H2B dimers were
found in fractions 2 and 3. Equal ratios of core histones were located in fractions 4 and 5 (arrows), which were
collected, dialyzed, and used for reconstitutions.

2.3 Core array reconstitution
The procedure for reconstitution of chromatin arrays involved mixing purified DNA
template (Section 2.1) with purified histone octamers (Section 2.2.2) at high salt and then
gradually lowering the salt concentration through a series of dialysis steps. This allowed the
histone octamers to assemble along the clone 601-DNA template. Proper loading was crucial
to these experiments, where the goal was to have exactly one nucleosome for every repeat on
the DNA template. To ensure proper loading, we used “carrier” DNA, which is small DNA
that binds histones with lower affinity compared to our clone 601 DNA template. Previous
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studies have shown that the use of carrier (or competitor) DNA along with the 601 DNA
template allows for improved loading control during reconstitution (Huynh, Robinson et al.
2005). The carrier DNA (from Section 2.1) consists of DNA fragments from the pUC19
vector backbone, and was combined with the template DNA at a template:carrier ratio of 2:1.
During reconstitution, core histones will preferentially bind to the template DNA as it has a
higher affinity than the carrier DNA, but excess histones will bind to carrier DNA before
overloading the template DNA. Binding of histones to carrier DNA is visualized as smeared
bands on 1% Type IV agarose gels, and hence smearing of the carrier DNA bands indicates
properly loaded chromatin arrays (Figure 2.5A). Small scale reconstitutions (100 µL total
volume) were used to determine proper histone to DNA ratio, after which large scale
reconstitutes (1mL total volume) were assembled.
The DNA template/carrier combination and the core histones were combined at 2 M
NaCl, and then dialyzed against gradually decreasing salt concentrations, allowing the
octamers to bind to the DNA templates. At 2 M NaCl, histones remain unbound to the DNA
(Bayley, Preston et al. 1962). As the salt concentration decreases, the octamer dissociates
into an H3/H4 tetramer and two H2A/H2B dimers. At 1 M NaCl, a tetramer will bind to
each of the nucleosome repeat sequences along the template DNA, at 0.75 M one of the
H2A/H2B dimers will bind to the tetramer/DNA complex, and by 0.5 M NaCl, the
nucleosome will be fully assembled (Carruthers, Tse et al. 1999). As the salt concentration is
further decreased, the arrays undergo a salt-dependent equilibrium process involving
conformational changes and partial octamer dissociation / reassembly as the fiber unfolds
with decreasing concentrations, ultimately forming open “beads-on-a-string” fibers at 5 mM
NaCl (Hansen, van Holde et al. 1991).
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Core histones and purified DNA were combined in a final mixture containing 2 M
NaCl and 1 mM PMSF. Samples were dialyzed in 3,500 MWCO membranes against buffer
containing 2 M NaCl, 10 mM Hepes, 0.2 mM EDTA, 0.1% NP-40, 5 mM βmercaptoethanol, pH=7.5) for 2 hours. The salt was then lowered to 1.5 M NaCl and
dialyzed for 2 hours, followed by dialysis against 1 M NaCl for 3 hours, and a 0.75 M NaCl
dialysis for 3 hours (all other buffer component concentrations were kept constant). The salt
concentration was then decreased to 0.5 M NaCl and dialyzed overnight. The next day,
reconstitutes were dialyzed against a buffer containing 5 mM NaCl, 10 mM Hepes, 0.2 mM
EDTA, 0.1% NP-40, 5 mM β-mercaptoethanol, pH=7.5, and dialyzed for 3 hours. Then the
buffer was changed to one lacking NP-40 (all other buffer components remained the same)
and dialyzed for an additional 3 hours to remove NP-40. The core reconstituted arrays were
then quantified by spectrophotometry (A260nm) measurements, run on 1% type IV agarose
(DNP) gels to ensure proper histone loading and assayed through SDS-PAGE to ensure
integrity of core histones. Figure 2.5B shows a typical SDS-PAGE of reconstituted material.
To further confirm proper histone loading, core arrays were digested into monomers
(using restriction endonucleases that cut in the linker DNA between nucleosomes). For
example, Figure 2.5C shows a 207x12 array cut with EcoRV, which digests the chromatin
into monomers. When run on a type IV agarose gel, under-loaded material with regions
lacking core histones appear as free DNA (lanes 3 and 4), which can be distinguished from
properly loaded monomers and over-loaded material (more than 12 nucleosomes per array).
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Figure 2.5 Electrophoretic characterization of reconstituted nucleosome arrays. A). Type IV agarose gel
demonstrating the shifts in carrier DNA as histone loading increases. Lane 1 contains arrays slightly underloaded with core histones, with distinct carrier bands still visible. Lane 2 shows a properly loaded core array,
with carrier fully smeared. Lane 3 contains an array over-loaded with core histones, as evident by the additional
bands above the main array band. B). SDS-PAGE showing intact histone bands. Modified from (Grigoryev,
Arya et al. 2009). C). Agarose gel showing core array digested into mononucleosomes. Free DNA is present
(lanes 3 and 4) in material under-loaded with core histones. Properly loaded arrays have a strong monomer
band (lane 2). D.) SDS-PAGE testing for proteolytic degradation in samples of DNA/histones incubated
overnight at either 37ºC or -20ºC (control). The samples shown here have DNA from either 207x12 preparation
(first two lanes) or 207±2x12 preparation (second two lanes). E). Type I agarose gel testing for DNA
degradation of the 207x12 array as described for (D.); samples treated with SDS/proteinase K before loaded on
gel. (More electrophoretic technique details in Section 2.6.)

Further analysis was performed to determine array stability. Template DNA, carrier
DNA, and core histone octamers were combined in the same ratio used for reconstitution,
and then incubated at either 37ºC or -20 ºC overnight. This was done to assay for signs of
degradation that could result from contaminants in the preparations. Samples from each were
run on SDS-PAGE to check for histone degradation and on 1% agarose gels to check for
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DNA degradation compared to the -20 ºC control sample. Figure 2.5,D,E shows sample gels
of stable preparations.

2.4 Linker histone isolation
Certain experiments utilize chromatin arrays containing linker histone, which as
described in Section 1.2.2, aids in the formation of higher order chromatin structures. This
section will detail how linker histones H1 and H5 were isolated from chicken erythrocyte
nuclei through ultracentrifugation and ion exchange chromatography.
The linker histone isolation procedure was performed alongside core histone
isolations, utilizing the 0.65 M NaCl supernatant from the first ultracentrifugation step that
had been stored at -20ºC (Section 2.2.2). This supernatant contains linker histone as well as
many other soluble proteins from the partially digested nuclei. The 0.65 M NaCl supernatant
was thawed and diluted to 0.5 M NaCl using buffer A (20 mM Hepes, 50 mM NaCl, 0.02%
sodium azide, pH=7.5) and 0.5 mM PMSF was added before centrifugation at 12,000 rpm,
4ºC, for 10 minutes. The supernatant, containing H1/H5, was collected and applied to a 1
mL HighTrap SpHp ion exchange column (GE Healthcare) equilibrated with buffer A.
Linker histones H1/H5 were eluted using a two step gradient of buffer B (20 mM Hepes, 1.5
M NaCl, 0.02% sodium azide, pH=7.5) with a flow rate of 0.5 mL / min, and linear gradients
from 0 – 33% buffer B over 5 column volumes and 33 – 100% buffer B over 35 column
volumes. The resulting fractions were run on SDS-PAGE (15% acrylamide), and fractions
containing linker histone H5 or H1 were dialyzed independently (3,500 MWCO membranes)
overnight against buffer containing 50 mM NaCl, 10 mM Hepes, 0.1 mM EDTA, pH=7.5.
After dialysis, PMSF was added to 1 mM and sodium azide added to 0.02%.

The

concentration of linker histone H5 was determined by its absorbance at A280nm, using the
68

extinction coefficient of 4470 M-1cm-1 and its predicted absorbance of 0.217 for 1mg/mL
(ProtParam at www.expasy.ch). Linker histone samples were stored in the 50 mM NaCl /
HE buffer at 4ºC until needed.

2.5 Linker array reconstitution
Linker reconstitutions were performed by mixing reconstituted core arrays (Section
2.3) with linker histone H5 (Section 2.4) at a molar ratio of 1 molecule H5 per nucleosome.
Since precise loading was crucial for these experiments, the concentration of linker histone
was verified through densitometry of SDS-PAGE gel, where loadings were compared to that
of native chromatin with a known H5 to nucleosome ratio of 1:1 (Figure 2.6 A, B).
Once the correct H5 to core array ratio was determined, the two were combined in the
presence of 500 mM NaCl, 0.1 mM PMSF, and 0.025% NP-40, and dialyzed against a
buffer containing 500 mM NaCl, 10 mM Hepes, 0.1 mM EDTA, 0.025% NP-40, pH=7.5,
using 3,500 MWCO membranes for 2 hours at 4ºC. This dialysis was followed by an
overnight dialysis against 5 mM NaCl, 10 mM Hepes, 0.1 mM EDTA, 0.025% NP-40,
pH=7.5 buffer, which was then followed by a 4 hour dialysis to remove NP-40 with buffer
containing 5 mM NaCl, 10 mM Hepes, 0.1 mM EDTA, pH=7.5. (The presence of NP-40
interfered with A260nm readings.) The samples were then removed from dialysis, 0.1 mM
PMSF was added, A260nm measurements were taken, and samples were stored at 4ºC.
Proper loading of H5 was confirmed through densitometry measurements of the
linker reconstitute bands on SDS-PAGE gels. In order to determine the amount of H5 bound
to chromatin, selective precipitation with MgCl2 was utilized. It is well established that
magnesium can be used to selectively precipitate chromatin and any bound proteins while
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leaving carrier DNA and unbound proteins soluble (Schwarz, Felthauser et al. 1996; Huynh,
Robinson et al. 2005). To confirm that linker histone H5 was bound to the chromatin arrays,
20 µL of the linker arrays (OD = 1.5, based on A260nm readings) were incubated with 8 mM
MgCl2 for 20 minutes on ice and then centrifuged at 12,000 rpm for 10 minutes at 4ºC to
pellet the chromatin and any bound proteins. Figure 2.6,C,D shows the results of one of these
assays. Pellets of linker arrays with various H5 loadings were resuspended in protein loading
dye and run on SDS-PAGE (Figure 2.6,C,lanes 1-4). The supernatants were also run (Figure
2.6, C, lane 5), and in all cases, all the H5 co-precipitated with the chromatin arrays.
Densitometry analysis (panel D) confirms that all H5 precipitated with the pellet. The linker
arrays containing 1 molecule H5 per nucleosome were then used for further analysis.
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Figure 2.6. Determination of proper linker histone loading. A). SDS-PAGE with native chicken erythrocyte
chromatin and increasing amounts of linker histone H5 with 207x12 reconstituted arrays. Densitometry of the
bands was used to determine the H5 loading that reproduced the linker histone:core histone ratio found in native
chromatin. B). Quantification of the band intensity from (A) showing the ratio of reconstituted H5 to native H5
(left axis) and ratio of H5 to H3 (right axis). Results are from 4 gels like the one in (A). C). SDS-PAGE
showing H5 binding to reconstituted arrays. Arrays were precipitated with magnesium after reconstitution with
increasing amounts of H5. Pellet fractions (lanes 2 – 4) show all H5 precipitated along with core histones while
the supernatants (lane 5) remained free of H5. Lane 5 is the supernatant corresponding to the pellet in lane 4.,
indicating that even at high levels of H5 loading, all of it binds to the chromatin arrays. D.) Densitometry
scanning of gel in (C), indicating that all the H5 loaded on core arrays, up to 1.5 molecule/nucleosome, binds
and co-precipitates with the chromatin. From (Grigoryev, Arya et al. 2009).

2.5.1 Reconstitution of nucleosome arrays with HMG proteins
The dialysis procedure for adding HMG proteins to chromatin arrays was performed
following the same steps described for linker histone reconstitution. Unless otherwise noted,
HMG proteins were added to arrays at a ratio of 2 HMG molecules per nucleosome. Protein
loading and stability were confirmed through SDS-PAGE (Sections 4.2.1 and 4.3.1).
Purified HMGA1 protein was a gift from Raymond Reeves (Washington State University).
All purified HMGN proteins were a gift from Michael Bustin (NIH, Bethesda, MD). MeCP2
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was a gift from Chris Woodcock (University of Massachusetts). Nap1 was a gift from
Karolin Luger (Colorado State University).

2.6 Electrophoretic techniques
Type I agarose gels, such as those reported in Section 2.1, were used to visualize
histone-free DNA. These gels were made by dissolving agarose (Lonza) in 1X TAE buffer
(Biorad) for a final concentration of 1% agarose. Gels solidified at room temperature, and
were then equilibrated in 1X TAE buffer for ~1/2 hour before removing the comb and
running. Samples were loaded with 1X DNA loading dye from a 5X stock (50% glycerol,
5X TAE, 50 mM EDTA, 0.45% bromophenol blue). Most gels also had the 1 kb ladder
(Invitrogen) run alongside samples. Gels were run for 40 minutes at 80 volts with 1X TAE
running buffer. Gels were then post-stained with ethidium bromide (~1 µg/mL) for 15
minutes before imaging.
For instances where histones were present, but type I agarose gels were still used
(Figures 2.4A and 2.5E), the samples were first treated with 1% SDS and 0.1 mg/mL
proteinase K and incubated at 55ºC for 1 hour. The samples were then loaded with 1X DNA
loading dye and the gel was run and post-stained as described above.
Type IV agarose (Sigma-Aldrich) was used to visualize core and linker arrays where
histones and DNA were both present in the sample (such as Figures 2.5A and 2.5 C). Type
IV agarose gels allowed the DNA and attached proteins to run together, while free DNA
migrated faster. For these gels, type IV agarose was dissolved in HE buffer (20 mM Hepes,
0.1 mM EDTA) at a concentration of 1% agarose. The gels solidified at room temperature
and were then equilibrated in HE buffer before removing the comb. Loading dye (50%
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glycerol, 50% HE) was added to the samples at 1/5 total volume, and samples were loaded on
the gel. These gels were run at 80 volts for 70 – 80 minutes, and post-stained with ethidium
bromide as described above.
Polyacrylamide gels were run throughout the experiments in this thesis to assay the
stability and / or concentration of various proteins.

These gels were typically 15%

acrylamide with 1 mm thickness. A typical recipe for the resolving layer of one gel would be
as follows: 1.1 mL H2O, 2.5 mL 30% acrylamide (29.2 acrylamide : 0.8 bis-acrylamide), 1.3
mL of 1.5 M Tris, pH 8.8, 50 µL 10% SDS, 50 µL 10% APS, 2 µL TEMED. Once the
resolving layer solidified, the stacking layer was poured using the following recipe per gel:
2.1 mL H2O, 500 µL 30% acrylamide, 380 µL 1.0 M Tris, pH 6.8, 30 µL 10% SDS, 30 µL
10% APS, 3 µL TEMED. Once solidified, the wells were washed with water. Samples were
prepared with 1X loading dye from a 5X stock (250 mM Tris, pH 6.8, 0.05% bromophenol
blue, 5% SDS, 5% β-mercaptoethanol, 40% glycerol). The acrylamide gel was run in 1X
running buffer (0.2 M glycine, 25 mM Tris, 0.1% SDS) at 10 mA until dye front entered the
resolving layer, and then the amperage was increased to 20 mA. The gels were run for ~ 5
minutes after the dye front had completely run off the gel. The gels were then placed in
fixative (5 parts methanol, 5 parts water, 1 part acetic acid) for 20 minutes while rocked at
room temperature and then stained with coomassie dye (0.05% coomassie brilliant blue
R250, 25% isopropanol, 10% acetic acid) for 20 minutes. After staining, the gels were
destained in 7% acetic acid until ready for imaging.
For mapping experiments, 6% polyacrylamide-urea gels were poured. The following
recipe is for one sequencing gel: 40 g urea, 12 mL 40% acrylamide (19:1, acrylamide:bisacrylamide), 10 mL H2O, heat to dissolve urea, then add 8mL 10X TBE, fill to 80mL with
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H2O and add 600 µL 10% SDS, and 18 µL TEMED. (The recipe for 500 mL of 10X TBE is
53.9 g Tris, 27.5 g Boric Acid, 4.1 g EDTA, and fill with H2O up to 500 mL.) The comb was
inserted upside down while the gel solidified, and then turned over and inserted such that the
points slightly pierced the gel, creating a chamber for loading samples. The gels were prerun at 70 watts (~1600 volts) for 20 minutes before loading samples. Radiolabeled samples
were boiled for 3 minutes before loading 4 µL on the gel. Once loaded, the gel was run for
10 minutes at 100 watts, followed by 70 watts for 1.5 – 2 hours. The gel was then dried on
Whatman paper using a gel dryer for 1 ½ hours, and imaged either on film or on a
phosphoimager.
For gels where band quantification was required, such as Figures 2.6A and 2.10, the
NIH program, Image J program was used (http://rsbweb.nih.gov/ij/). Gel bands were marked
using the rectangular selection tool, and for each lane, a background reading was taken from
the area above the band and subtracted from the measured band intensity. In the case of
magnesium precipitation assays (Section 2.10), relative band intensities were averaged from
a minimum of three gels.

2.7 Micrococcal nuclease mapping experiments
To confirm that the reconstituted chromatin arrays were binding nucleosomes with
single nucleotide precision as expected, mapping experiments were peformed.

These

experiments involve partial digestion of the chromatin arrays with MN. In this assay, DNA
wound around the nucleosome is initially protected from MN digestion, whereas exposed
linker DNA is digested much more quickly. When the partial digests are then analyzed on a
sequencing gel, a protected band of 149 bp is observed corresponding to the DNA wrapped
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around the nucleosome.

To map the precise position of the nucleosome, restriction

endonucleases were used that cleave the DNA asymmetrically within the nucleosome, and
when run on a gel, yield two smaller protected bands instead of the original 149bp band. If
the two pieces of the protected band match the predicted sizes from the nucleosome
positioning sequence, then the nucleosome was bound where expected. The presence of
discrete bands indicated that all the nucleosomes were consistently binding to the repeated
sequences with single nucleotide precision. Figure 2.7A models how protected bands of 149
or 171 bp occur from MN digestion of the 207x12 chromatin array, with the core nucleosome
protecting a 149 base pair sequence (black arrow), and in cases where linker histone was
present (forming the chromatosome), an additional 22 base pairs were protected, creating a
171 base pair fragment (open arrows).
The first step in this assay was to partially digest the reconstituted chromatin arrays
with MN. This procedure involved mixing reconstituted core arrays at a final concentration
of 1 OD (based on A260nm readings), 45 mM NaCl, 0.8 mM CaCl2, and incubating at room
temperature for 5 minutes. MN was added at a final concentration of 2 µg/mL and samples
were incubated at room temperature for either 2.5, 5, 7.5, or 10 minutes. Reactions were
quenched by the addition of 2 mM EDTA and placed on ice. SDS (0.125%) and Proteinase
K (0.0625 mg/mL) were added to the samples and incubated at 55ºC for 1 hour. Samples
were then mixed with loading dye (without boiling) and run on a 12% polyacrylamide gel at
12 mA and stained in TAE buffer containing ~1 µg/mL ethidium bromide. Figure 2.7B
shows a sample gel of this procedure. The black arrow indicates the 149bp core nucleosome
band while the open arrow indicates the 171bp chromatosome band that occurs from linker
histone binding.
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Samples digested with MN for 10 minutes were selected for mapping, run on a 1.5%
agarose gel, from which the monomer size bands were gel purified (Invitrogen’s Wizard Gel
and PCR Clean Up System). The purified partially digested arrays were then end-labeled
with

32

P in the following reaction: 5.6 µL array, 1 µL PNK buffer (NE Biolabs), 0.5 µL

PNK T4 enzyme, and 3 µL 32P, γ-ATP (end-label). (The initial MN digestion had previously
removed the terminal phosphates.) Samples were incubated at 37ºC for 30 minutes, after
which 2 µL of 0.1 M EDTA was added.

Next 25 µL phenol chloroform (25:24:1,

phenol:chloroform:isoamyl alcohol) was added along with 3µL of 3 M sodium acetate and
10 µL diluted salmon sperm (A260nm = 5) to promote precipitation.

The sample was

vortexed for 1 minute and spun at top speed for 1 minute in the Eppendorf centrifuge 5415 C.
The supernatant was then collected into a separate tube, to which 75 µL cold 100% ethanol
was added, and the tubes were incubated on dry ice for 30 minutes to precipitate the DNA.
The samples were then spun at 12,000 rpm for 10 minutes, and the pellets were resuspended
in 40 µL of 20% TE.
To accurately map where nucleosomes bound to the DNA template, the labeled
samples were digested with the restriction enzymes StyI or AluI, both of which cut
asymmetrically within the predicted nucleosome binding region (Figure 2.7A), and
digestions were incubated at 37ºC for 6 hours. The samples were then run on a high
resolution “sequencing” gel, 6% polyacrylamide-urea (Figure 2.7C). As marked by the black
arrow, lane 4 contained a strong band at 149 bp, representing the nucleosome bound DNA.
Upon digestion with AluI (lane 6), this 149 bp band was cut into fragments of 106 and 43 bp
(black arrows), which corresponds to the sizes expected for a nucleosome precisely centered
on the 601 positioning sequence (for example, when referencing Figure 2.7A, the 43 bp band
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corresponds to the distance between position 34 where nucleosome begins and position 77
where AluI cuts). When digested with StyI (lane 8), the 149 base pair band was cut into
fragments of 94 and 51 base pairs (black arrows), again corresponding to the predicted
nucleosome positioning sequence (4 bp are “lost” due to StyI cutting with staggered ends as
opposed to the blunt ends with AluI). The same process was used to test arrays containing
linker histone H5 (lanes 3, 5, and 7), where the presence of H5 causes an additional 11 base
pairs of protection on each side of the nucleosome, creating a discrete band of 171 base pairs
(open arrow, lane 3). Upon digestion with AluI, this band was cut into 117 and 54 base pair
fragments (open arrow, lane 5), and upon digestion with StyI, this band was cut into 105 and
62 base pair fragments (open arrow, lane 7). Taken as a whole, these experiments confirm
that the nucleosomes are precisely positioned within the 601-DNA sequence of the
reconstituted chromatin arrays.
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Figure 2.7 Mapping of reconstituted arrays. A). Model of the
207 bp repeat nucleosome positioning sequence showing the
predicted nucleosome binding location with respect to
endonuclease cut sites and the expected lengths of protected
bands of 149 bp (nucleosome) and 171 bp (chromatosome).
B). Agarose gel (1.5%) with core arrays partially digested with
MN for either 2.5, 5, 7, or 10 minutes. Arrows indicate the 149
and 171 bp bands of protection as shown in (A). C.) Sequencing
6% polyacrylamide-urea gel used for mapping experiments for
207x12 arrays. Lanes 1 and 2 contain two different molecular
weight markers. Lanes 3, 5, and 7 contain samples that were
prepared from linker histone containing arrays (L), while lanes 4,
6, and 8 are arrays with only core histones (C). Lanes 3 and 4
were digested with MN alone while 5 and 6 were further digested
by AluI and lanes 7 and 8 were cut with StyI. Arrows indicate
band size, with open arrows at bands resulting from nucleosome
protection and black arrows showing bands resulting from
chromatosome binding. (Grigoryev, Arya et al. 2009)
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2.8 Analytical ultracentrifuge experiments
The analytical ultracentrifuge is a useful tool in characterizing the behavior of
molecules in solution. One of the most sensitive assays of chromatin higher order structure
involves sedimentation velocity experiments using the analytical ultracentrifuge to determine
sedimentation coefficients for various reconstituted chromatin arrays. These assays measure
the extent of chromatin folding (secondary structure) by recording A260nm readings of arrays
in solution while they sediment during ultracentrifugation; the measurements are converted
into a sedimentation coefficient [S], which represents the velocity of a particle (in this case,
chromatin array) per unit gravitational acceleration. The sedimentation rate is dependent on
molecular weight as well as the shape (frictional coefficient) of the chromatin arrays, and
upon centrifugation, arrays become depleted at the meniscus, forming a concentration
boundary that shifts toward the bottom of the centrifuge cell over time (Lebowitz, Lewis et
al. 2002). This boundary is detectable by A260nm readings, using a xenon flashlamp and a
scanning monochromator and measured at set intervals to establish the rate of boundary
movement as a function of time (Cole and Hansen 1999). In summary, the more compact the
chromatin array, the faster it will sediment, and the higher the S value (Figure 2.8). Unfolded
12-mer chromatin arrays with NRL ~ 207bp will have a sedimentation coefficient around 30
S, and upon increases in cation concentrations will increase to ~40 S. Additional increases in
chromatin folding, such as through the addition of linker histone, will increase the
sedimentation coefficient further to ~55 – 60 S. Self-associated material will have even
higher coefficients, from100 – 300 S or above depending on the extent of self-association.
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Figure 2.8. Correlation between chromatin structure and sedimentation coefficient. Model showing how
increases in ionic strength and linker histone lead to more compact chromatin, which corresponds to higher
sedimentation coefficients (S).

Throughout this thesis, chromatin arrays will be compared by their sedimentation
coefficients [S].

Differences that are biologically significant will have sedimentation

coefficients differing by at least 5 S.

A difference of 5 S causes a partial change in

compaction, while greater differences such as 10 S result in more drastic changes, such as the
difference between open chromatin at 30 S, partially folded chromatin at 40 S, and
completely folded chromatin at ~55 S as seen in Fig 2.8. Sedimentation coefficients above
60 S are observed under some conditions, but only when there is also self-association
between chromatin fibers. The S values reported in the thesis are generally averages of at
least three runs on the analytical ultracentrifuge. The S value from a single run is reported
with 95% confidence, and as such, is considered to be ± 2 S. Averaging multiple runs
compounds this error, which is why at least a 5 S difference is needed to conclude a
significant change in compaction.
All sedimentation velocity experiments detailed in this thesis utilized chromatin
arrays with a concentration of 0.5 OD (based on A260nm readings) in a final volume of 400µL.
Samples were run in either NaCl (5 mM, 60 mM or 150 mM) or MgCl2 (0.6 mM, 1 mM, or 2
mM).

(The 150 mM NaCl and 1 mM MgCl2 conditions mirror physiological salt

concentrations for monovalent and divalent ions, respectively, as described in Section 1.2.3).
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Scan data was collected using ProteomeLab XL-A, while samples were spun at 20,000 rpm,
at 20ºC, with time on “hold”, measuring velocity / absorbance for each sample.

The

following method parameters were used: radius of centrifuge cell having Rmin=5.8 and
Rmax=7.3, scanning at a wavelength of W1=260, with a radial calibration after the first scan,
overlaying the last three scans, no delayed start, 6 minutes between scans, and a total scan
number of 60.

2.8.1 Continuous c(s) distribution
Data analysis from the analytical ultracentrifuge runs was carried out using the
continuous

c(s)

distribution

model

of

the

SEDFIT

software

(http://www.analyticalultracentrifugation.com) (Schuck 2000). This model uses a variant of
the distribution of the Lamm equation (Figure 2.9B), which takes into account solution
properties such as buffer viscosity (which is dependent on temperature and the concentration
of macromolecules and inversely affects sedimentation velocity) and buoyancy (which is
dependent on the partial specific volume and the buffer density and is used to determine the
solute molar mass) (Laue and Stafford 1999).

The c(s) distribution model was chosen

because it has the highest resolution and sensitivity when compared to other models (Schuck,
Perugini et al. 2002), allows for multiple species to be detected in solution and accounts for
the effects of diffusion broadening (Dam and Schuck 2004). Diffusion causes widening of
the concentration boundary as it moves down the centrifugation cell, which is an important
factor when analyzing small proteins, however, it should be noted that larger molecules with
high S values (such as 12-mer chromatin arrays) will have little diffusion within the cell.
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For the analysis of the reconstituted chromatin arrays, the following parameters were
used: resolution = 80, s min = 2, s max = 150, partial specific volume = 0.65, buffer density =
1.00182, buffer viscosity = 0.01002, frictional ratio of 1.2, and confidence level of 0.95. The
boundary elements are then positioned to mark the meniscus, bottom, and establish fitting
limits (range of data that is analyzed) (Figure 2.9A). Sample plots are shown in Figure 2.9B,
providing a sedimentation coefficient [S].

Figure 2.9 Continuous c(s) distribution model output using SEDFIT software. A). Sample set of data scans
for one array as visualized in SEDFIT. The plot demonstrates typical positioning of the vertical boundary lines
for the bottom (blue), meniscus (red), and outer and inner fitting limits (green). B). Sample distribution plots
for the 207x12 reconstituted linker (H5) array at either 60 mM NaCl (with peak ~53 S) or 1 mM MgCl2 (peaks
~58 and 100 S).

2.9 Magnesium precipitation assays
Magnesium precipitation assays are the most common biochemical test used to
measure self-association (tertiary structure).

These assays measure precipitation of the
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chromatin arrays as a function of magnesium concentration and are dependent upon the
amount of self-association in an array. Reconstituted chromatin arrays were incubated at
various concentrations of magnesium (0 – 6 mM) and then spun in the centrifuge; any selfassociated material precipitated and was present in the pellet fraction while non-selfassociated material remained in the supernatant. The amount of DNA in the pellet and
supernatant fractions was then quantified, either by A260nm or by quantification of bands on
an agarose gel.

The value typically reported in the literature is the concentration of

magnesium at which 50% of the material is found in the pellet, and hence 50% of the arrays
are self-associated.
In this assay, multiple reactions were prepared, with 0.5 OD of reconstituted
chromatin array incubated with increasing concentrations of MgCl2 (core arrays: 0, 1, 2, 3, 4,
5, and 6 mM MgCl2; linker arrays: 0, 0.5, 1, 1.5, 2, 2.5, and 3 mM MgCl2) for 20 minutes on
ice. The reactions were then centrifuged at 12,000rpm, 4ºC, for 10 minutes. In most cases,
the supernatants were removed and loaded on a 1% agarose gel. Pellets were resuspended in
25% glycerol, 50 mM EDTA, 0.5% SDS, and loaded on a 1% agarose gel. Bands from each
fraction were quantified using Image J, and the percent of DNA in the supernatant at any
given concentration of magnesium was determined (Figure 2.10).
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Figure 2.10 Magnesium precipitation assays on native and reconstituted arrays. Assays were performed
with core arrays (A.) and linker arrays (B.). In both cases, supernatants and pellets were separated after
centrifugation and run separately on agarose gels. For any given concentration of MgCl2, the corresponding
pellet is directly below the supernatant from the same reaction. Sample agarose gels are shown for native,
207x12, and 207±2bp x 12 arrays. The percentage of DNA in either the supernatant (top plots) or pellet
(bottom plots) can then be quantified (Image J) and plotted on the graphs, such as the ones shown to the right of
each gel. These graphs correspond to the gels shown.
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2.10 Isolation of native chromatin
While the majority of the experiments described in this thesis utilize reconstituted
chromatin arrays, there were instances where native chromatin was used for comparison with
in vitro chromatin, as already shown in Figures 2.10. In preparing native chicken erythrocyte
chromatin, the initial steps were identical to those in Section 2.2.2, where nuclei were
partially digested with micrococcal nuclease and S1 and S2 were collected. S1 and S2 were
then run on an agarose gel and fractions containing DNA larger than 5kb were used for
native chromatin isolation. The samples were concentrated at 3,000 rpm at room temperature
in Amicon Ultra centrifugal filter devices, 100K MWCO, to a final volume of 2 mL. The
material was applied to a 5 - 25% sucrose gradient in the following buffer: 10 mM Tris, 1
mM EDTA, 0.5 mM PMSF, and centrifuged at 26,000 rpm, 4ºC, for 20 hours on the
ultracentrifuge in the SW28 swinging bucket rotor. After centrifugation, samples were
divided into 1 mL fractions and analyzed on a 1% agarose gel and fractions with chromatin
~2500 bp (similar in size to reconstituted 12-mer arrays) were dialyzed against 10 mM
Hepes, 5 mM NaCl, 0.1 mM EDTA, pH=7.5, for ~36 hours to remove sucrose. Samples
were analyzed by SDS-PAGE to confirm histone integrity (Figure 2.11).

2.10.1 Removal of linker histone from native chromatin
As previously mentioned (Section 2.2.2), linker histones dissociate from chromatin at
0.65 M NaCl.

This allows for the convenient removal of linker histone from native

chromatin. The procedure involved taking a 2 - 5mL aliquot of native chromatin and adding
NaCl to 0.65 M and PMSF to 1 mM. The material was then placed in a Microsept YM-100
concentrator, and centrifuged at 7,500g, 12ºC, until the sample was concentrated to 0.5 mL.
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Then new portions of 2 – 5 mL of TE, 0.65 M NaCl, were added to the concentrate and the
centrifugation repeated; this process was repeated two additional times. The unbound linker
histone was found in the flow-through of the concentrator, leaving native chromatin free of
linker histone. After the final wash, the chromatin was dialyzed overnight at 4ºC, against
buffer (10 mM Hepes, 5 mM NaCl, 0.1 M EDTA, pH=7.5). After dialysis, samples were run
on SDS-PAGE to confirm the complete removal of linker histone. Sample gel is shown in
Figure 2.11.

Figure 2.11 SDS-PAGE of native chromatin before
and after linker histone removal. Gel containing
purified linker histone H5 (first lane) and native
chromatin (N) in 2nd and 4th lanes. Native chromatin
that had linker histone removed by repeated
concentration and washing at 0.65M NaCl is shown in
the 3rd lane, which lacks any linker histone band.

2.10.2 C2C12 cell cultures and chromatin isolation
Experiments in Section 4.2.5 test the chromatin structure of native chromatin. For
these assays, C2C12 myoblast cells were cultured in Dulbecco media plus 0.15% sodium
bicarbonate, 1x pen/strep antibiotic, 10% FBS. To induce differentiation into myotubes, the
media was switched to contain 5% horse serum instead of FBS (all other media components
remained the same). Differentiated cells can be visualized by the formation of muscle fibers
(Figure 2.12A) and compact heterochromatin foci (Figure 2.12B).
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Figure 2.12 C2C12 differentiation into myotubes. (A.) The addition of horse serum instead of FBS to cell
culture media induced differentiation into myotubes, and long fibers could be visualized. (B). C2C12 myotubes
also have compact heterochromatin foci that are associated with differentiated cells. Images from Sergei
Grigoryev.

The procedure for isolating native chromatin from C2C12 cells is essentially the same
as was described for native chicken erythrocytes. For chromatin isolation, cells were grown
on twelve 100 mm culture dishes. The attached cells were washed with PBS, followed by the
addition of 2 mL of RSB-0.6% NP-40 [RSB: 3 mM MgCl2, 10 mM NaCl, 10 mM Tris-HCl,
pH=7.6] directly to the plates, immediately followed by the addition of 1 mM PMSF. Cells
were scraped off the plate and transferred to a Dounce homogenizer. The material was
homogenized on ice over the course of 30 minutes and then centrifuged at 3,000 rpm, for 5
minutes, ~10ºC, in a fixed angle rotor in a tabletop Eppendorf centrifuge. At this point, the
pellet fraction contained isolated nuclei and was resuspended in 10 mL of RSB buffer.
A260nm readings were taken to determine the yield.

The resuspended nuclei were then

digested by MN using the following reaction: 8.5 mL nuclei, 8.5 µL 1M CaCl2, 10 minute
incubation at 37ºC, followed by 17µL MN (1mg/mL stock), and incubation for 2 minutes at
37ºC. The reaction was quenched by the addition of 17 µL 0.5 M EDTA. The material was
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centrifuged for 8 minutes, 8,000 rpm, at 4ºC. The resulting supernatant (S1) was saved for
analysis, while the pellet was resuspended in Tris/EDTA wash solution (1 mM Tris, 0.25
mM EDTA, pH=8.0) plus 1 mM PMSF and then centrifuged again for 8 minutes, 8,000 rpm,
at 4ºC. The resulting supernatant (S2) was saved and the Tris/EDTA wash procedure was
repeated once more to acquire another supernatant (S3). The supernatant with the most
soluble chromatin was then purified on a sucrose gradient exactly as described in Section
2.10 for erythrocyte native chromatin, and fractions containing chromatin ~2500 bp were
dialyzed against 10 mM Hepes, 5 mM NaCl, 0.1 mM EDTA, for use in chromatin structural
analysis.

2.11 Discussion: reconstituted chromatin arrays
2.11.1 Advantages of reconstituted chromatin arrays in studying chromatin higher order
structure
The overarching goal of this project is to test the individual contribution of various
chromatin components in regulating the formation of higher order structures. This requires a
tightly controlled chromatin system, which is one of the advantages of using reconstituted
chromatin arrays instead of native chromatin. Isolated native chromatin, lacking the 601
positioning sequence, does not position nucleosomes as tightly, and therefore results in NRL
heterogeneity.

In addition, native chromatin contains numerous architectural proteins,

known and unknown, as well as other chromatin components that can influence chromatin
higher order structure, such as remodeling enzymes, transcription factors, proteolytic factors,
etc. As a result, native chromatin is more prone to forming aggregates, is less stable at low
concentrations, and demonstrates a decreased precision in chromatin structural assays (as
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demonstrated below). In contrast, reconstituted chromatin arrays are more stable and their
use allows for much tighter control of chromatin components so that their individual
contributions to chromatin higher order structure can be accurately assessed.

2.11.1.1 Analytical ultracentrifugation of native and reconstituted chromatin arrays
The analytical ultracentrifuge is useful in demonstrating the advantages of
reconstituted chromatin as opposed to native chromatin. Native chromatin fragments of
approximately the same length as the 207x12 reconstituted arrays were isolated from chicken
erythrocytes (described in detail in Section 2.10), and native chromatin was analyzed by the
c(s) distribution method for sedimentation velocity using the analytical ultracentrifuge. As
observed in Figure 2.13, native chromatin has S values similar to those of reconstituted
arrays at any given salt concentration, however as evidenced by the distribution plots, the
native chromatin has significantly broader peaks, making it more difficult to accurately
determine the S value. This results from the heterogeneous native chromatin isolation, where
arrays have variable total lengths, linker lengths, and nucleosome sliding. With broad peaks,
native chromatin arrays are unsuitable for detecting significant changes in chromatin folding.
There is also evidence of native array instability, particularly with native arrays where linker
histone has been removed. Evidence for this is the additional peaks (~15 S), which are
caused by partial loss of core histones.

In contrast to native chromatin arrays, the

reconstituted 12-mer array demonstrates a single sharp peak and changes as small as 4 S can
easily be distinguished.
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Figure 2.13 Analytical ultracentrifugation: comparisons between native and reconstituted chromatin. A).
Sedimentation coefficients for native and reconstituted chromatin, in the presence and absence of linker histone,
at various ionic strengths. B). Distribution plots of native and reconstituted chromatin lacking linker histone in
60mM NaCl. C). Distribution plots of native and reconstituted chromatin with linker histone at 60mM NaCl.

Another advantage of using reconstituted arrays is that they have uniform linkers, in
sequences as well as length, thus allowing uniform linker histone binding along the array. As
evident from the mapping experiments (Section 2.7), our chromatin arrays have consistent,
symmetrical binding of linker histone H5. However, other work in our lab as well as in (Cui
and Zhurkin 2009), demonstrates that linker histone binding affinity can vary through
sequence variations or deletion /shortening of one linker.
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2.11.1.2 Magnesium precipitation of native versus reconstituted chromatin
As with the analytical ultracentrifugation experiments, it is possible to use native
chromatin arrays in magnesium precipitation assays used to measure chromatin selfassociation. However, as is evidenced by the native chromatin samples shown in Figure 2.10
(first 5 lanes in (A) for core arrays and last 5 lanes in (B) for linker arrays), native chromatin
arrays do not form as sharp bands as reconstituted chromatin, particularly native chromatin
lacking linker histone.
difficult.

This makes quantification of the 50% self-association point more

In addition, native chromatin tends to precipitate at lower concentrations of

magnesium, likely due in part to other chromatin factors that remain with native chromatin,
making it a less controlled system.

2.11.1.3 Confirming the quality of reconstituted arrays
One of the most important aspects of assembling reconstituted chromatin arrays to ensure
that the arrays are properly loaded with core histones, with exactly one intact histone octamer
located at every 601 nucleosome positioning sequence. As explained above, over-loading
was assayed by the appearance of additional bands above the template band (Figure 2.5A)
while under-loading was assayed by the presence of free DNA after digestion to nucleosome
monomers (Figure 2.5C). To confirm that these approaches were accurate, chromatin arrays
were visualized by EM under low salt (5 mM NaCl) conditions, and the number of
nucleosomes per array was physically counted. These EM images reveal that the majority of
the nucleosome arrays do indeed contain exactly 12 nulceosomes (Figure 2.14), indicating
that the electrophoretic techniques are an accurate method to determine proper histone
loading on reconstituted chromatin arrays.
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Figure 2.14 Majority of chromatin arrays contain 12 nucleosomes. EM image of 207x12 in 5mM NaCl.
The number of nucleosomes per array were counted; the quantification is shown to the right, which indicates the
majority of arrays contain 12 nulceosomes. EM picture by Sergei Grigoryev. (Grigoryev, Arya et al. 2009).

2.12 Materials
2.12.1 Reagents
All reagents were from Fisher Scientific (www.fishersci.com), with the following
exceptions. From Bio-Rad (www.bio-rad.com): SDS (#161-0301) and 50X TAE (#1610743). From GE Healthcare (www.gehealthcare.com): Sephacryl (#17-0476-01). From
Invitrogen (www.invitrogen.com): DH5α subcloning efficiency competent cells / pUC19
vector (#18265-017). From New England Biolabs (www.neb.com): DraI (#R1029), EcoRV
(#R1095), HindIII (#R0104), KpnI (#R0142), and XbaI (#R0145).

From Promega

(www.promega.com): Mini prep kits (#A1330), 0.5 M EDTA (#V4231), and 5 M NaCl
(#V4221). From Roche (www.roche.com): phenol (# 03 177 944 001), RNaseA (#50-7203309),

and

micrococcal

nuclease

(#10
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921

001).

From

Sigma-Aldrich

(www.sigmaaldrich.com/united-states.html): type IV agarose (#A3643-100G), Igepal CA-
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630 (NP-40, #I3021-100mL), 1M magnesium chloride (#M1028-1mL), and polyethylene
glycol (PEG, #P-2139). From Thermo Scientific (thermoscientific.com): PMSF (#36978).
From VWR (www.vwrsp.com): Tris (#BDH4500-1KGP) and type I agarose (Lonza Seakem
LE agarose, #50002). The chicken blood was generously supplied from Farmers Pride Inc.,
Fredericksburg, PA.

2.12.2 Columns, dialysis and electrophoresis equipment
The equipment for electrophoresis was from Bio-Rad: Mini-PROTEAN 3 (cat. #1703930) and Mini-Trans-Blot cell (cat. #165-3301) electrophoresis gel boxes. Hi-Trap SP
cation exchange columns (cat. #17-1151-01) were from Amersham/Pharmacia. Slide-ALyzer dialysis cups were from Thermo Scientific (Pierce): 3.5K MWCO (#PI-69552) and
10K MWCO (#PI-69572). For larger volume dialysis, Spectra/Por membrane tubing 3 was
used, 3.5K MWCO (#132720), which can be ordered through Fisher Scientific.

The

following concentrators were used: Amicon ultra – 4mL (#UFC810008) and Amicon Ultra 0.5mL (#UFC510024) from Millipore, and 2mL (#OD030041) from Pall Life Sciences.

93

Chapter 3
Contributions of translational and rotational settings of the nucleosome repeat length to
chromatin higher order structure

In eukaryotic cells, the DNA is organized into the chromatin fiber that, at the basic
level of compaction, involves the wrapping of ~147 bp of DNA around an octamer of core
histone proteins to form the nucleosome. Association of histone octamers with DNA is not
random. Recent studies have revealed multiple sites of preferential nucleosome positioning
throughout the genome (reviewed in (Segal and Widom 2009; Arya, Maitra et al. 2010;
Trifonov 2011).

As described in Section 1.5.4, nucleosome positioning refers to the

likelihood that a nucleosome is preferentially located at a certain sequence in the genome.
This is particularly relevant for nucleosomes on or around transcriptional start sites,
transcriptional terminators, insulators, and intron/exon junctions (Lee, Tillo et al. 2007;
Cairns 2009; Cuddapah, Jothi et al. 2009), which serve as regulators of transcription and
RNA splicing (Schwartz, Meshorer et al. 2009; Tilgner, Nikolaou et al. 2009).
One of the key determinants in nucleosome positioning is the length of the linker
DNA between adjacent nucleosome cores (Section 1.3). The length of DNA wrapped around
the histone octamer (~147 bp) plus the length of linker DNA connecting adjacent
nucleosome core forms the nucleosome repeat length (NRL). Linker DNA varies in length
between different tissues and in different organisms, producing a range of NRL from the
short NRL found in yeast (165-167bp)(Thomas and Furber 1976) to the longer NRL found in
HeLa cells (~188bp)(Compton, Bellard et al. 1976), with the longest measured linkers
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occurring in echinoid sperm (~ 220 bp) (Athey, Smith et al. 1990); (Arya, Maitra et al. 2010;
Perisic, Collepardo-Guevara et al. 2010).

3.1 Rationale: connecting nucleosome positioning, linker DNA, and chromatin higher order
structure
As described in Section 1.5.4.1, alterations of the NRL may affect either the
rotational, translational, or both settings, due to the helical nature of DNA. A change in the
number of nucleotides in the linker DNA that is not equal to the DNA turn (10.5 bp) alters
the rotational settings of nucleosomes relative to each other (Figure 3.1 B), while a change in
increments equal to the DNA helical turn would change the translational setting and alter the
distance between the nucleosomes along the length of DNA, but not their orientation (Figure
3.1 A). In addition, the rotational setting may change depending on the DNA helical twist in
the nucleosome as has been observed with nucleosome core crystals (Richmond and Davey
2003; Makde, England et al. 2010).
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Figure 3.1 Models of translational and rotational settings with changing NRL. A). Models of translational
changes in which changes to NRL occur in 10.5 bp increments, thereby maintaining nucleosome orientations
relative to each other. B). Models of rotational changes in which changes to NRL are not in 10.5 bp increments,
therefore changing the rotation of nucleosomes relative to each other. Models were made using the UCSF
Chimera program, with the 601 nucleosome model was from the pdb file 3MVD (Makde, England et al. 2010).
The linker DNA model was from the pdb file 1ZBB (Schalch, Duda et al. 2005).

Modeling in silico suggests that linker DNA geometry as well as NRL are important
determinants in chromatin higher order structures (Woodcock, Grigoryev et al. 1993; Kepper,
Foethke et al. 2008; Stehr, Kepper et al. 2008). The formation of higher order chromatin
structures involves tight packing of nucleosomes, which is promoted by linker histones H1 or
H5. It is known that reconstituted chromatin arrays with different NRL have different
requirements for chromatin folding by linker histone. For example, arrays containing short
NRL (167bp) do not require linker histone for folding, while those with long NRL (197 bp)
do require linker histone (Routh, Sandin et al. 2008) in order to neutralize the increased
negative charge of the DNA backbone arising from the longer linkers.

Changes in linker
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DNA lengths of 20-90 bp result in large changes in NRL, and in the absence of linker
histone, have different degrees of compaction. For example, in silico modeling comparing
12-mer nucleosome core arrays with NRL of 173 and 209 predict ~9 S differences in
sedimentation coefficients of 51 and 42 S respectively at physiological monovalent salt
conditions absent of linker histone (Schlick and Perisic 2009). In addition, experiments with
12-mer core arrays in 1 mM magnesium also demonstrate differences in compaction, with
NRL of 207 bp having a sedimentation coefficient of ~ 35S (Lu, Simon et al. 2008) while
NRL of 177 bp is ~ 53 S (Shogren-Knaak, Ishii et al. 2006). However, due to variations in
histone loading in different experiments and DNA sequence in the nucleosome templates, it
was not possible to attribute these differences specifically to the effect of the changed
nucleosome repeat length.
The present chapter aims to address some of the questions about how precise changes
in rotational and translational settings of the nucleosome repeat contribute to chromatin
higher order structure. For experiments in this chapter, nucleosome arrays were assembled
with systematic variations in translational and rotational positions.

To address changes in

only translational setting, folding of arrays with NRL of 167, 177, 188, and 209 bp were
assembled, with each one utilizing the 601 sequence (Lowary and Widom 1998) to precisely
position 12 nucleosomes per chromatin array. Also included in this study were arrays with
repeats of 172, 200, 205, and 207 bp that differ in both rotational and translational settings
from the basic NRL. It was expected that these experiments will show if there is a gradual
linear decrease in folding or periodical alterations due to the helical nature of DNA.
Furthermore, to address variations in rotational positioning within a chromatin fiber, variable
12-mer arrays were constructed with 207 ±2 bp, 207 ± 4 bp mimicking the NRLs found in
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native chromatin. All these arrays were compared to the reference 207 x 12 bp array (with
constant rotational settings) using analytical ultracentrifugation under different ionic
conditions to determine if small changes in linker length altered chromatin compaction.
Finally, to test the hypothesis that incomplete folding could promote formation of the
chromatin structure(s) above the secondary level (Section 1.1.3) the sedimentation studies
were complemented with reversible self-association assay for chromatin tertiary structures.

3.2 Results
3.2.1 Chromatin folding depends on the NRL.
Initial experiments were conducted to confirm differences in folding between one of
the shortest NRL of 167 bp, such as found in yeast, and 207 bp, such as found in
heterochromatin of nucleated erythrocytes. As described above, it has been known that in the
presence of 1 mM Mg2+, core arrays with a NRL of 167 bp (Routh, Sandin et al. 2008), and
177 bp (Shogren-Knaak, Ishii et al. 2006) will have strikingly higher sedimentation rates (5055 S) compared to ~ 36 S for 207x12 core arrays (Lu, Simon et al. 2008). However, the two
arrays have not been compared in the same experiment, and assays reported here were used
to confirm the folding difference with arrays reconstituted under identical conditions.
Reconstituted arrays were assembled and characterized as described in chapter 2, with NRL
of either 167 or 207 bp, each array precisely positioning 12 clone 601 nucleosomes. Figure
3.2A shows the c(s) distributions from the sedimentation velocity experiments run at 1mM
MgCl2. The 167x12 array has a larger sedimentation coefficient (52 S, top plot) compared to
the 207x12 array (36 S, middle plot) indicating that indeed, the array with shorter NRL has a
more tightly folded structure. To confirm that the observed difference was not an artifact of
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histone loading, a co-reconstitute was assembled, where histones were loading onto a mixture
of 167x12 and 207x12 DNA in the same dialysis bag. Sedimentation velocity experiments
on the co-reconstitute confirm the presence of two distinct species of chromatin (Fig 3.2A,
bottom plot). As further confirmation, the two distinct degrees of folding can also be
observed through EM (Figure 3.2B).

Figure 3.2 Chromatin folding for 207x12 and 167x12 arrays. (A.) Plots showing c(s) distribution for
chromatin folding of 12-mer chromatin arrays with NRL of either 167 (top plot), 207 (middle plot), or a mix of
167 and 207 (bottom plot). (B.) EM image of mixed arrays with NRL of either 167 bp (top) or 207 bp (middle)
or both (bottom). EM images from Sergei Grigoryev.
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3.2.2 Chromatin folding decreases as the NRL is increased with fixed rotational setting.
The next round of experiments was conducted to test a series of arrays in which the
translational position was altered, but due to the 10.5 bp periodicity of DNA, the arrays were
expected to maintain the same rotational settings. Reconstituted 12-mer chromatin arrays
were assembled, with NRL of either 167, 177, 188, or 209 bp. Sedimentation velocity
experiments reveal that all of these arrays have sedimentation values ~ 30 S at 5 mM NaCl
(Fig 3.3, A), however upon the addition of either monovalent or divalent cations, the arrays
demonstrated a strong difference in folding as NRL increases, with sedimentation
coefficients ranging from 49 – 36S in 150mM NaCl and from 54 – 35S in 1 mM MgCl2
(Figure 3.3 B-C, Table 3.2). The change in S values was not proportional to the change in
NRL, as there is a much bigger change between NRLs of 177 bp and 188 bp (~ 9 S)
compared to the difference between 177 and 167 bp (~2 – 3 S) and between 188 and 209 bp
(~5S).
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Figure 3.3 Chromatin folding with varying NRL but constant rotational settings. Plots show c(s)
distribution plotted on the same x-axis for chromatin arrays with varying NRL of either 167, 177, 188, or 207
bp in A). 5 mM NaCl, B). 150 mM NaCl, or C). 1mM MgCl2. Precise S values are reported in Table 3.2.

3.2.3 Rotational variations in NRL do not alter folding for long linker arrays
While native chromatin species have NRLs differing for +/-2 to +/-4 from the average
repeats (Drew and Calladine 1987; Widom 1992) all experiments with reconstituted
chromatin conducted before us used nucleosomal DNA templates with strictly regular
repeats. To explore the importance of local deviations in the rotational setting mimicking
native chromatin, we experimentally addressed whether varying rotational settings within a
single 12-mer array would alter its chromatin folding. Since 207x12 arrays were widely used
in many previous experiments and provide reference data for studies of chromatin higher-
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order structure(Lu, Simon et al. 2008) (Section 3.2.1), here new 12-mer arrays with their
NRL varying by either ±2 or ± 4 bp were constructed. The new reconstituted chromatin
arrays were 205,207,209 x 4 (±2bp) and 205,209 x 6 (±4 bp), and these were compared to the
uniform 207x12 array. All three arrays had the same overall length, the same average
translational settings, and all had 12 positioned nucleosomes, but the nucleosomes within the
variable arrays differed in rotational settings (Figure 3.4).

Figure 3.4 Model of uniform and variable chromatin arrays. Changes to NRL alters the rotational angle of
the nucleosome. Changes of 2 bp, alter the angle 72º, and changes of 4 bp, alter the angle by 144º.

The folding of these variable arrays was assayed through sedimentation velocity
experiments. These assays revealed there was no significant difference in chromatin folding
observed between the uniform (207x12) and variable (±2 or ± 4bp arrays) at any of the ionic
conditions tested (Figure 3.5).

At ionic conditions representing physiological salt, the

sedimentation coefficients are ~ 36 – 39 S for both 150mM NaCl and 1mM MgCl2.
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Figure 3.5 Sedimentation coefficients for uniform and variable core arrays. Sample plots showing the c(s)
distribution for uniform and variable arrays run in either 5mM NaCl (top plot), 150mM NaCl (middle plot), or
1mM MgCl2 (bottom plot). The complete set of average sedimentation coefficients for all conditions tested is
shown in the chart beside the plots.

Next the folding of uniform and variable arrays was assayed in the presence of linker
histone, since it is known to be important for the complete folding of nucleosome arrays with
longer linkers (Carruthers, Bednar et al. 1998). Linker histone H5 was added to both the
207x12 uniform array and the variable ±2 or ± 4bp arrays. As expected, the addition of
linker histone, increased the sedimentation coefficients, to ~55 – 60 S in the presence of
MgCl2, however, the uniform and variable arrays again had similar sedimentation
coefficients (Figure 3.6 and Table 3.1).
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Figure 3.6 Similar folding for uniform and variable linker arrays. Plots show sample c(s) distribution for
uniform and variable arrays in the presence of linker histone H5 at either 5mM NaCl (top plot), 0.6mM MgCl2
(middle plot), or 1mM MgCl2 (bottom plot). For other salt conditions, refer to Table 3.1.

Table 3.1 Sedimentation coefficients for uniform and variable arrays. Average S values are shown for
uniform and variable arrays in the presence and absence of linker histone for both the 12-mer and 24-mer
arrays.
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To confirm, the absence of size-dependence of nucleosome folding in our
reconstituted arrays, the uniform and ± 4 bp arrays were doubled in length, to form 24 –mer
arrays, which were again assayed for folding. There were no significant differences in
folding between the uniform and variable 24-mer arrays in either the core arrays (Figure 3.7)
or in arrays containing linker histone H5 (Table 3.1).

Figure 3.7 Sedimentation velocity experiments on 24-mer arrays. Plots show the c(S) distribution for the
uniform and variable (±4bp) 24-mer arrays at 1 mM MgCl2.

These results clearly demonstrate that the uniform and variable 24-mer arrays have
similar sedimentation coefficients and their increase in sedimentation velocity corresponds to
the linear increase previously observed for native arrays of different length (Butler and
Thomas 1980) indicating that our 12-mer arrays and 24-mer arrays are completely folded in a
30 nm fiber.

3.2.4 Rotational settings affect chromatin folding in a nucleosome array with short NRL.
Next, we asked whether uniform arrays with strong alterations in rotational settings
would follow a similar pattern of increased NRL leading to decreased S values. To test this
we employed 12-mer core arrays with repeats of 172, 200, 205, and 207 bp i.e. NRL values
intermediate between those explored above (167, 177, 188, 209). Within each array, the
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rotational setting is constant, but is different from the other arrays because the NRL changes
are not in increments of the 10.5 bp of DNA helical periodicity. If the rotational settings did
not contribute to chromatin folding, then we expected the compaction of the nucleosome
arrays with intermediate NRLs to be similar to that of arrays with similar NRL. This was the
case for arrays with long NRL, 188 bp or greater, (Figure 3.8, Table 3.2) indicating that the
rotational setting did not matter. For example, in 1 mM MgCl2, the core arrays with NRL of
200 bp have similar folding to arrays with NRL of 188 bp (~ 38 – 40 S), and the 205 bp and
207 bp arrays were similar to 209 bp (~ 35 – 36 S).
However, in a sharp contrast to the long NRL arrays, the arrays with short NRL, 177
bp and lower, demonstrate a dependence on the rotational setting. The 172x12 array was
dramatically unfolded, with sedimentation coefficient values of 41 S in 150 mM NaCl and 38
S in 1 mM MgCl2, compared to the 167x12 and 177x12 arrays, which have sedimentation
coefficients at about 48 – 54 S. Thus it can be concluded that the rotational settings have a
strong effect on chromatin folding for nucleosome core arrays with short NRL (167-177 bp)
but not for the longer (> 200 bp) NRL.
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Figure 3.8 Sedimentation coefficients for arrays with varying NRL. Graph plotting the sedimentation
coefficient as for various NRLs. Average S values are reported in the graph. All runs were done in triplicate.
Error bars represent the 95% confidence levels of the c(s) analysis. Statisical significance between arrays with
NRL of 172 and 177 bp was determined using the student t – test.

Table 3.2 Sedimentation coefficients for arrays with varying NRL. Data reports average sedimentation
coefficient from at least 3 sedimentation velocity experiments; all S values are ± 2 S.
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To confirm that the impaired folding observed in the 172 x 12 bp array was not an
artifact of histone loading, a co-reconstitute was assembled, with a mix of 167x12 and
172x12 DNA templates in the same dialysis bag during reconstitution. This co-reconstitute
was then assayed for folding in sedimentation velocity experiments on the analytical
ultracentrifuge. The co-reconstitute formed two distinct peaks, indicating two samples with
different folding extent (Figure 3.9).

Figure 3.9 Folding assay for co-reconstituted arrays containing NRL of either 167 or 172 bp. Plot shows
c(S) distribution for the 167 / 172 bp co-reconstituted 12-mer arrays, where two distinct peaks are visible.

3.2.5 Effect of NRL on tertiary structure
After establishing sedimentation coefficients for chromatin folding, we next assayed
the extent of self-association for the various constructs, differing in NRL. These experiments
served to test the hypothesis that incomplete folding could allow for increased interactions
between nucleosomes from neighboring arrays, thus promoting the formation of selfassociated tertiary structures. The self-association was measured through magnesium
precipitation assays as described in Section 2.9. Changes in NRL did not result in large
changes in the rate of self-association, with all chromatin arrays having 50% precipitation
between ~ 2.8 – 3.7 mM MgCl2 (Figure 3.10).
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Figure 3.10 Magnesium precipitation assays on chromatin arrays with varying NRL. Chromatin arrays
with NRL of either 167, 172, 177, 188, 200, 205, 207 or 209 bp were incubated with increasing concentrations
of MgCl2. Centrifugation separated self-associated material and soluble fractions, and the % DNA remaining in
the supernatant was quantified. The graph above reports the concentration of Mg2+ at which 50% of the
material was self-associated. The graph reports the average from a minimum of three independent precipitation
assays with error bars representing the standard deviation of the 50% precipitation point.

In addition, self-association was also assayed through magnesium precipitation assays
for the uniform and variable arrays from Section 3.2.3. The results indicate a similar pattern
of self-association of the uniform and variable core arrays, with 50% precipitation between 3
– 3.5 mM MgCl2 (Figure 3.11 top plot). The same is true for these arrays in the presence of
linker histone, with 50% precipitation ~ 1.75 – 2 mM MgCl2 for all of the arrays (Figure
3.11, bottom plot). These results indicate that the translational and rotational changes in NRL
were affecting only the secondary but not the tertiary level of chromatin higher-order
structure.
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Figure 3.11. Magnesium precipitation assays on uniform and variable arrays. Magesium precipitation
assays for core arrays (top plot) and H5-linker histone arrays (bottom plot) for uniform and variable arrays.
Graphs show the concentration of Mg2+ at which 50% of the material is self-associated. The values reported are
an average of a minimum of three precipitations with the error bars representing the standard deviation of the
50% precipitation point.

3.3 Discussion
The results presented in this chapter demonstrate that there is a generally negative
correlation of chromatin compaction with DNA linker length for rotationally similar
nucleosomes, with sedimentation coefficient values ranging from 52 S down to 35 S at
physiological salt conditions (Figure 3.8). The tighter folding of short linker arrays can be
readily explained by having less negative charge from the DNA backbone since there is
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shorter linker DNA present. The unfolding effect of the electrostatic charge has been
demonstrated by in silico modeling (Perisic, Collepardo-Guevara et al. 2010). In order for
long linker arrays (NRL of about 200 bp) to form compact structures above 36 S, they
require additional factors, such as linker histone (Routh, Sandin et al. 2008), apparently to
neutralize the DNA’s negative charge. However, it is important to note that the relationship
between linker length and compaction (for the nucleosome arrays with fixed translational
settings) is not a strictly linear relationship (Figure 3.8) with the degree of compaction for
arrays containing NRL’s of 188 and 200 bp closer to other long NRL arrays (207, 209 bp)
compared to the 177 and 167 bp NRL’s. The possible mechanism leading to this observation
is discussed in Chapter 6.
In sharp contrast to the trend observed with fixed translational settings, the 172 bp
NRL array demonstrates an impaired folding ability and thus indicates that rotational changes
in nucleosome positioning for arrays with shorter and rotationally stiffer linker DNA do
influence chromatin compaction. The rotational changes are more significant for short NRL
(167 – 177 bp) as evident by the striking difference in folding between arrays with NRL of
177 and 172 bp at physiological salt, compared to arrays with longer NRL, such as 188 and
200 bp, which show no difference in chromatin folding despite having positioned
nucleosomes with different rotational settings (Figure 3.8, Table 3.2). The different behavior
of short linkers can be explained in terms of the energy requirements involved in compaction
(Section 1.3), where the torsional energy of the DNA of short linkers is crucial in
determining nucleosome packing of arrays. Long linker DNA (217-277 bp) is capable of
multiple fiber conformations with only small changes in torsional energy (Scipioni, Turchetti
et al. 2010).
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The differences between arrays with NRL of 167 and 172 bp can be visualilzed in
models, where the linker DNA from the 167 bp array exits on opposite sides of the
nucleosome (Fig 3.12 A,B). In contrast, the 172 bp array has linker DNA exiting on the
same side of the nucleosome (Fig 3.12 C,D). In the case of the 172 bp array, the linker DNA
nearly runs into the adjacent linker, and the close proximity of the DNA linkers impairs the
array’s ability to compact.

Figure 3.12 Models of arrays with NRL of 167 and 172 bp. A-B). Shows two different views of a
dinucleosome model of a repeat of 167 bp. C-D). Shows two different views of the dinucleosome model of 172
bp repeat. Models were made using the UCSF Chimera program, with the 601 nucleosome model was from the
pdb file 3MVD (Makde, England et al. 2010). The linker DNA model was from the pdb file 1ZBB (Schalch,
Duda et al. 2005).

In further support if the hypothesis that chromatin fibers with long linker DNA can
compensate for altered rotational settings, the experiments where rotational settings are
varied within a single array (207±2 and ±4) demonstrate no differences in chromatin folding.
The similar extent of folding for the uniform and variable arrays was confirmed by EM,
where images were taken arrays compacted in either 150mM NaCl or 1mM MgCl2, and the
diameters of the compact structures measured (Figure 3.13) (Grigoryev, Arya et al. 2009).
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Figure 3.13 EM diameter measurements for uniform and variable arrays. Uniform (207x12) and variable
(207±2 x 12) arrays were compacted and visualized through EM. Diameters of compact chromatin arrays were
measured and reported in the graph. Error bars represent standard deviation of diameter measurements. EM
images provided by Sergei Grigoryev (Grigoryev, Arya et al. 2009).

Collectively these results strongly suggest that the rotational setting is important for
short NRL chromatin arrays. To further explore the impaired folding of the 172 bp array,
additional constructs are in the process of being assembled in the Grigoryev laboratory.
These arrays are being constructed as 12-mer arrays and vary in both rotational and
translational settings, with NRLs of 165, 169, and 174 base pairs. Furthermore, an additional
array, 167 ± 2 bp [165,167,169x4], is currently being constructed with variable NRL so that
rotational settings are altered within the array without changing the average translational
settings. It is expected that these arrays will have impaired chromatin folding compared to
those with NRL of 167 or 177 bp, and will help expand on the current results observed with
the 172x12 chromatin array. The impact of these results on the current models of chromatin
structure will be discussed more in Sections 6.1.1, 6.1.2, and 6.1.3.
In the chromatin field, there have been several models which predicted a dependence
of chromatin folding on nucleosome rotational orientations (Widom 1992; Woodcock,
Grigoryev et al. 1993; Leuba, Yang et al. 1994; Stehr, Schopflin et al. 2010). The results in
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this chapter both confirmed this prediction in the case of short NRL arrays, and refuted this
prediction, in the case of long NRL arrays. In addition, as discussed in Section 1.5.4, the
current view in the field is that shorter NRL’s are associated with transcriptionally active
chromatin, while longer NRL’s are found in repressed chromatin. Work from the Widom
laboratory (conference presentations) as well as earlier works (Lohr 1981; Wang, FondufeMittendorf et al. 2008) have reported that yeast linker DNA is quantized, indicating that the
predominant repeat lengths are 162 and 172 bp in the yeast genome. Based on the results in
this chapter, where arrays with NRL of 172 bp are significantly unfolded compared to other
short NRL, it appears that the yeast genome has evolved in such a way as to maintain open,
transcriptionally active chromatin. This suggests that the NRL is able to direct chromatin
into either a charge-dependent folding influenced by nucleosome rotational orientations
(short NRL) or an architectural-dependent folding that accommodates changes in rotational
orientations (long NRL). Emerging genome wide studies examining nucleosome positioning
will provide further insight into the biological significance of the observations made through
the systematic study of NRL.
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Chapter 4
The tale of two HMG proteins, non-histone factors regulating
chromatin higher order structure
The structure of the chromatin fiber is important in regulating many DNA processes,
including transcription, replication, and repair, and there are numerous architectural factors
associated with chromatin that influence its structure. One of these groups is the high
mobility group (HMG) proteins (Section 1.4). HMG’s are a superfamily of nuclear proteins
that affect multiple DNA processes through their ability to alter the structure and activity of
the chromatin fiber, in part through their dynamic interactions with linker histone H1. HMG
proteins move rapidly throughout the cell nucleus (Phair and Misteli 2000), dynamically
competing for nucleosome binding sites with H1 (Catez, Yang et al. 2004). Studies in vivo
using mouse embryonic fibroblasts and fluorescence recovery after photobleaching (FRAP)
demonstrated that members from all HMG families (specifically, HMGA1, HMGN2, and
HMGB1) weakened H1 binding to the nucleosome in a dose dependent manner in both
euchromatin and heterochromatin.

Additionally, HMG proteins from the same family

(HMGN1 and HMGN2) competed for binding but there was no competition between HMG
proteins from different families, suggesting different HMG families affect H1 binding
through different sites (Catez, Yang et al. 2004).
The HMG proteins serve as examples of how architectural proteins responsible for
remodeling chromatin architecture can have an important role in normal development and
differentiation.

However, it is unclear whether these proteins directly affect chromatin

structure or whether they act in conjunction with other architectural factors to remodel
chromatin.

The biochemically defined reconstituted arrays used throughout this thesis
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provide an excellent opportunity to test whether HMG proteins alone can alter chromatin
higher order structure. The experiments in this chapter will focus on two HMG proteins,
HMGA1 and HMGN5. HMGA1 is the most biologically important HMG protein with
diverse roles as both an architectural factor and a transcriptional regulator. The studies were
then expanded to include HMGN5, which is a more recently discovered, less characterized
HMG protein.

4.1 HMG rationale
In designing experiments to test the individual contribution of HMG proteins on
chromatin higher order structure, we first focused on the well characterized, HMGA1
protein, which as described above, is involved in many cellular processes including
differentiation. The individual contribution of HMGA1 to chromatin higher order structure
was assayed using both reconstituted 12-mer chromatin arrays and native mouse skeletal
myoblast C2C12 cells. The decision to use C2C12 cells was based on the desire to test the
effect of HMGA1 on chromatin structure throughout the process of differentiation, and
compare HMGA1 associated chromatin structures in both undifferentiated myoblasts and
differentiated myotubes.
Preliminary experiments in the Grigoryev lab prior to the structural studies detailed in
this chapter confirmed that HMGA1 was present in both undifferentiated myoblasts and
differentiated myotubes (Figure 4.1A), although levels were similar between both states. The
addition of horse serum to cell culture media induced the differentiation of myoblasts into
myotubes and caused heterochromatin foci to become clustered, as opposed to the dispersed
foci observed in undifferentiated myoblasts (Figure 4.1B top panels). Staining these cells
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with antibodies specific to HMGA1 revealed that HMGA1 remains diffuse throughout the
cells and do not localize to heterochromatin foci (Figure 4.1B bottom panels).

Figure 4.1. HMGA1 in cell differentiation. (A.) Western blot comparing protein levels between
undifferentiated myoblasts and differentiated myotubes in C2C12 cells for HMGA1 as well as known
heterochromatin associated protein HP1, known euchromatin associated H2AZ, and MeCP2, which is
upregulated during differentiation. (B.) Immunofluorescence images of undifferentiated cells (FBS) and
differentiated (HS) cells stained for HMGA1 and DNA. Images provided by Sergei Grigoryev.

Based upon the previous studies, including the ability of HMGA1 to impair linker
histone binding as well as its association with heterochromatin foci, it was predicted that
HMGA1 contributed to chromatin unfolding, which in turn could promote self association, as
observed in the clustering of chromocenters during differentiation. However it is unknown
whether HMGA1 alone is sufficient to induce changes to chromatin higher order structure.
As discussed in Section 2.8, a biologically significant unfolding effect would cause a
decrease in the sedimentation coefficient of at least 5 S.
The next question addressed in this chapter was whether HMGA1 altered chromatin
structure in the presence of another architectural factor, MeCP2. This protein is associated
with repressive epigenetic signaling and binds to linker DNA in close proximity to histone
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H3 (Nikitina, Ghosh et al. 2007). Moreover, MeCP2 is also upregulated in terminally
differentiated cells, including C2C12 cells (Brero, Easwaran et al. 2005) (Figure 4.1A). In
addition, MeCP2 is responsible for repression of the transmembrane protein FXYD1
(phospholemman), which regulates Na+, K+-ATPase activity and is upregulated in Rett
syndrome (Deng, Matagne et al. 2007). FXYD1 is also abundant in heart and skeletal
muscle, and knockout mice develop hypertrophy (Jia, Donnet et al. 2005). Collectively these
studies demonstrate that MeCP2 plays a role in differentiation and hypertrophy, making it a
potential antagonist for HMGA1.
The next question addressed in this chapter was whether a different HMG protein,
would independently alter chromatin higher order structure. These experiments utilized
HMGN5, in part because it is a relatively novel protein that showed a significantly different
structure compared to most HMG proteins due to its large C-terminal region (Section 1.4.2).
Instead of focusing on cell differentiation, these experiments instead focus on testing the
significance of the length of the C-terminus. This is conveniently accomplished through the
comparison of folding of reconstituted chromatin arrays in the presence of mouse HMGN5
(full length C-tail), human HMGN5 (1/2 C-tail), and mouse HMGN1 (no C-tail), of which
the latter has the characteristic domain architecture of HMGN family members yet shares a
size most similar to HMGA1 (Figure 4.2). Additionally, the mouse HMGN5 mutant (S17,
21E) that demonstrates impaired nucleosome binding is used to test the significance of the
NBD in altering chromatin higher order structure. As with all architectural proteins, a
biologically significant chromatin unfolding effect would cause a decrease in the
sedimentation coefficient of at least 5 S in the presence of HMGN proteins compared to
arrays without them.
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Figure 4.2 Model of the HMG proteins used for chromatin structure experiments. HMG proteins of
similar size, but different families (HMGA1 and HMGN1) will be tested as well as HMGN family members
with different lengths of C-terminal regions.

4.2 HMGA1 results
4.2.1 HMGA1 reconstituted array characterization
Reconstituted chromatin arrays were assembled in the presence or absence of linker
histone H5 (1 molecule H5 per nucleosome for linker arrays), and HMGA1 was added at a
molar ratio of 2 molecules HMGA1 per nucleosome and visualized on SDS-PAGE to ensure
proteins were intact (Figure 4.4A). Initial binding studies were performed as described in
Section 2.9, where high concentrations of magnesium were used to precipitate chromatin and
any bound proteins. Precipitated arrays containing bound proteins were separated from
supernatants containing unbound material after centrifugation and run separately on SDSPAGE.

HMGA1 was shown to bind chromatin under various conditions that will be

discussed throughout this chapter, including binding in the presence of linker histones H5 or
H1, as well as MeCP2. The binding is demonstrated in Figure 4.3 where HMGA1 is located
in the pellet (P) fraction after centrifugation; BSA was used as a negative control because it
does not bind to chromatin, hence it is primarily found in the supernatant fraction.
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Mapping experiments (as described in Section 2.7) were carried out to confirm and
identify the binding region of HMGA1 within the arrays. The mapping scheme is shown in
Figure 4.4B. Chromatin arrays were first digested with MN for various time points (Figure
4.4C), and then end labeled with

32

P and run on a denaturing polyacrylamide gel (Figure

4.4D). The presence of HMGA1 causes additional bands of protection (opened and striped
arrows / green numbers; Figure 4.4B,C,D) indicating that HMGA1 is binding to the linker
DNA in reconstituted arrays. The new bands of protection are a double band of 177/179 bp
and another band at 193 bp. There is also a 207 bp band (**) observed in HMGA1 arrays,
indicating instances where the entire linker region adjacent to the nucleosome was protected
from MN. In addition, a series of bands (in brackets) that result from an AT-rich strong cut
site within the nucleosome near the core / linker junction are not as strong in arrays
containing HMGA1, suggesting HMGA1 binding protects this site from MN digestion.

Figure 4.3 SDS-PAGE testing binding of chromatin proteins. Gel images showing supernatants and pellets
after incubation with magnesium and centrifugation. Proteins bound to chromatin will be in the pellet fraction
(P), and unbound material will remain in the supernatant (S).
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D.

Figure 4.4 Mapping HMGA1 arrays. (A.) SDS-PAGE showing bands for H5 and HMGA1. (B). Mapping
scheme showing the expected sizes of bands representing regions protected from digestion upon limited MN
digestion. Red numbers correspond to core and chromatosome as described in Section 2.7. The nucleosome
core is represented by the oval; black filled arrows are 149 bp protected by the core nucleosome. Thin black
arrows are the 171 bp band resulting from H5 binding. Brackets show a strong AT rich cut site within the core
that is weaker in the presence of HMGA1. Green numbers represent new bands of protection that appear in the
presence of HMGA1, and are marked by the striped arrows and white arrows; the ** represents protection of
the entire linker adjacent to the nucleosome. (C.) Discontinuous 12% SDS-PAGE gel of H5 and H5/HMGA1
arrays digested with MNase for 2.5, 5, and 10 minutes (using same marking codes described in B) (D).
Denaturing 6% polyacrylamide-urea mapping gel showing MNase-digested DNA from (C) that has been endlabeled with 32P. Lanes 1-2 contain molecular weight markers. Lanes 3 – 14 contain H5, while only lanes 5-6,
9-10, and 13-14 also contain HMGA1. Lanes 3, 5, 7, 9, 11, and 13 have samples that were MNase digested for
5 minutes, while lanes 4, 6, 8, 10, 12, and 14 were digested for 10 minutes. Samples in lanes 7 – 10 were
additionally digested with AluI and samples in lanes 11 – 14 were digested with StyI. The striped arrow shows
the additional band of protection that results from HMGA1 binding. Marks correspond to those in B, with
green numbers (white and striped arrows) indicating new bands of protection from HMGA1 binding.
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4.2.2 HMGA1 effects on higher order structure of core and linker H5 arrays
The first set of experiments was undertaken to determine if the presence of HMGA1
on core arrays caused any changes in chromatin higher order structure. Analytical
ultracentrifugation experiments showed no significant differences between core arrays with
and without HMGA1 in 1mM MgCl2 (Figure 4.5A, top plot). The slight increase ~2 S in the
sedimentation coefficient from 36 to 38 S in the presence of HMGA1 is most likely due to
the increased mass of arrays containing HMGA1, and as described in Section 2.8, a 2 S
difference is not statistically significant.
The next step was to test the effect of HMGA1 on chromatin higher order structure on
linker arrays containing H5. Centrifugation experiments run in 1 mM MgCl2 indicate a
notable (but not statistically significant) decrease in sedimentation, with a decrease from 58
to 55 S in the presence of HMGA1 (Figure 4.5A, bottom plot). These arrays were imaged
under EM in 1 mM MgCl2 and their diameters measured, and a significant decrease in
folding was observed in linker arrays containing bound HMGA1 (Figure 4.5B). Since the
difference was significant under the more sensitive EM assay but not under analytical
ultracentrifugation, it led us to test other salt concentrations and architectural factors
(described below) in an effort to further explore if there was a condition in which any
significant unfolding would be detected by analytical ultracentrifugation.
In addition to the folding experiments, the arrays were also assayed for selfassociation using the magnesium precipitation assays described in Section 2.9. There were
no differences in self association between either core arrays ± HMGA1 (50% precipitation at
~3.5 – 4 mM MgCl2) or between linker histone H5 arrays ± HMGA1 (50% precipitation at
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~1.5 mM MgCl2) (Figure 4.5C). This indicates that the observed slight unfolding of the
nucleosome array did not result in increased self-association.
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Figure 4.5 Chromatin folding of core and linker histone H5 arrays with HMGA1.
(A.) Sedimentation coefficients for 207x12 arrays in the presence and absence of H5 and HMGA1.
(B.) Sample EM images of arrays containing linker histone H5 (top) or both H5 and HMGA1 (bottom)
compacted in 1mM MgCl2. The graph averages 10 – 25 diameter measurements for each array. Significance
determined by student t-test.
(C.) Magnesium precipitation assays for core arrays ± HMGA1 and linker histone H5 arrays ± HMGA1.
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4.2.3 HMGA1 effects on higher order structure of linker H1 arrays
The slight unfolding effect observed with HMGA1 on linker histone H5 arrays led to
the hypothesis that a more dramatic unfolding effect might be observed in the presence of
linker histone H1. Since H1 does not bind as tightly as H5, it might be more easily displaced
by HMGA1 and possibly increase the unfolding effect. Arrays were reconstituted with H1
(one molecule per nucleosome) in the presence or absence of HMGA1 and assayed for
chromatin folding and self-association. Sedimentation velocity experiments revealed no
difference in chromatin folding (Figure 4.6A) nor did magnesium precipitation assays reveal
any difference in self-association (Figure 4.6B). Thus HMGA1 does not alter chromatin
higher order structure in H1 linker arrays.

Figure 4.6 Folding of H1 arrays containing HMGA1. (A.) Plot showing the c(s) distribution for H1 arrays ±
HMGA1. (B). Magnesium precipitation plots for H1 arrays ± HMGA1. Error bars show standard deviation.

4.2.4 HMGA1 effects on MeCP2 arrays
In an effort to test whether HMGA1 could impair the folding of chromatin
condensing factors other than linker histone as well as to have our in vitro arrays more
closely model native chromatin, MeCP2 was added to the arrays (1 molecule per
nucleosome).

As discussed in Section 1.4.1.1, MeCP2 is known to cause chromatin

compaction and is upregulated in C2C12 cells (Figure 4.1A), which were also being assayed
in conjunction with this project (Section 4.2.5). Core arrays reconstituted with MeCP2
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showed an increase in chromatin folding at 1 mM MgCl2 with sedimentation coefficients
changing from ~36 to 43 S, however there was no significant change (a shift in 2 S is not
significant, Section 2.8) in this compaction upon the addition of HMGA1 (Figure 4.7, top
plot). The folding experiments were then run in the presence of two factors known to cause
chromatin compaction, H1 and MeCP2, and again there was no difference in folding upon
the addition of HMGA1 (Figure 4.7, bottom plot).

Figure 4.7 Chromatin folding on MeCP2 arrays containing HMGA1. Plots show the c(s) distribution for
MeCP2 arrays ± HMGA1 (top plot) and the c(s) distribution for MeCP2 arrays also containing linker histone
H1 in the presence and absence of HMGA1. The table summarizes the average S value of the main peaks.

4.2.5 HMGA1 in native chromatin
Chromatin fragments of ~2500 bp were isolated from undifferentiated C2C12
myoblasts (Section 2.10.2) and folding was assayed through sedimentation velocity
experiments. Adding HMGA1 to native chromatin did not have a significant affect on the
sedimentation coefficient when run in 150 mM NaCl with S values between 38 – 42 S
(Figure 4.8A).

Moreover, the addition of HMGA1 also had no significant affect on self-
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association as determined through magnesium precipitation assays, with 50% precipitation
between 1 – 1.4 mM MgCl2 (Figure 4.8B).

Figure 4.8 Chromatin higher order structure with C2C12 myoblast arrays. (A.) Plot of the c(s) distribution
for C2C12 chromatin at low and high salt as well as in the presence of additional HMGA1 protein. (B.)
Magnesium precipitation plots for C2C12 myoblasts alone and in the presence of additional HMGA1 protein.

4.3 HMGN5 results
The following study characterized the ability of mouse HMGN5 to function alone as
a chromatin decondensing factor. It has previously been associated with open chromatin in
vivo (Section 1.4.2.1), and here its role in a defined reconstituted system was assayed for the
first time to determine its individual role in altering chromatin structure. To determine if
both the acidic C-terminal tail and NBD are required for its function, a series of experiments
were undertaken using HMG proteins with no acidic tail (HMGN1), half a tail (human
HMGN5), and full tail (mouse HMGN5), as well as a mouse HMGN5 protein with a mutated
NBD domain (HMGN5 S14,21E) that is impaired in its ability to bind chromatin.

4.3.1 HMGN array characterization
Reconstituted core and linker arrays were assembled as described in Chapter 2.
Unless otherwise noted, HMGN proteins were added at a ratio of two molecules per
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nucleosome. To confirm binding of HMGN proteins, arrays were precipitated with 8 mM
MgCl2 and then centrifuged to separate bound and unbound HMG proteins. This procedure,
which is described in Section 2.9, will cause chromatin and any bound proteins to be located
in the pellet fraction. All three HMGN proteins tested, HMGN1 and human and mouse
HMGN5 bound to chromatin as evident by their appearance in the pellet fraction (Figure
4.9). Both human and mouse proteins bind at less than the two molecules per nucleosome
added to the arrays as evident by bands in both the supernatant (S) and pellet (P) fractions.

Figure 4.9 HMGN proteins bind to chromatin arrays. Chromatin arrays containing linker histone H5 and
either HMGN1, human HMGN5, or mouse HMGN5 were precipitated by the addition of 8mM MgCl2.
Centrifugation separated precipitated material (P), while unbound material remained in the supernatant (S).
Both supernatants and pellets were run on SDS-PAGE. First two lanes represent protein ladder and H2 array
without any HMGN proteins respectively.

4.3.2 HMGN1 (no tail) chromatin folding assays
Reconstituted arrays containing linker histone and HMGN1 were assayed for folding
using sedimentation velocity experiments on the analytical ultracentrifuge.

The linker

histone arrays had the expected S values of 54 S in 150 mM NaCl (Figure 4.10A) and 55 / 95
S in 1 mM MgCl2 (Figure 4.10B) and these values were not altered upon the addition of

128

HMGN1. For comparison, mouse HMGN5, which does impair chromatin folding is shown
in plot A (48 versus 54 S). In addition to varying salt concentrations, both linker histone H5
(Figure 4.10A) and H1 (Figure 4.10 B) were tested. Sedimentation coefficients remained the
same regardless of which linker histone protein was used, indicating that HMGN1 did not
impair the folding of linker histone compacted arrays.

Figure 4.10 HMGN1 does not impair chromatin folding. (A.) Plots showing c(s) distribution of H5 arrays
alone, + HMGN1, or +mouse HMGN5 at 150mM NaCl.(Rochman, Postnikov et al. 2009)
(B) Plots showing c(s) distribution of H1 arrays ± HMGN1 at 1mM MgCl2.

4.3.3 Human HMGN5 (half tail) chromatin folding assays
Reconstituted 12-mer arrays containing linker histone H5 in the presence and absence
of human HMGN5 (hHMGN5) were assayed for the extent of chromatin folding. The H5
containing arrays gave the expected sedimentation coefficient of 54-55 S. In the presence of
hHMGN5, there was a very minor decrease in folding (from 55S to 52S) of this array (Figure
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4.11). In addition, as chromatin arrays become fully folded, the beginning of self-association
peaks can be detected around 90S. Interestingly, these two arrays had equal H5 loading, yet
the presence of hHMGN5 appears to smooth out and reduce the small peaks around 90S.
Peaks at 90S represent material that is beginning to self-associate, suggesting the hHMGN5
is limiting the self-association process.

Figure 4.11 Human HMGN5 has minor effect on chromatin folding. Sample plots of c(s) distribution are
shown for 12-mer reconstituted arrays containing either H5 alone or H5 and hHMGN5.

This slight unfolding effect, coupled with the decrease in self-associated material, led
to the question of whether these changes were characteristic of those described for chaperone
proteins. Chaperone proteins, such as nucleosome assembly protein 1 (NAP1) play an
important role in chromatin dynamics, with roles in assembling nucleosomes and promoting
chromatin fluidity (Park and Luger 2006). It has also been shown that the presence of NAP1
serves as a linker histone chaperone, by promoting even distribution of linker histone on
native chromatin and reconstituted arrays (Shintomi, Iwabuchi et al. 2005; Peterson 2009).
To compare the effects of a known chaperone protein to the effect of hHMGN5 on chromatin
higher order structure, we added Nap1 to the H5 arrays and assayed the effect on chromatin
folding. The presence of Nap1 led to small decreases in sedimentation coefficients from 55
to 50 S in both 150 mM NaCl (Figure 4.12, top plot) and 1 mM MgCl2 (Figure 4.12, bottom
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plot). Further more, it also caused decreases in peaks in the 90 S range, similar to the effect
observed for hHMGN5.

Figure 4.12 Nap1 has slight unfolding effect on H5 arrays. Plots showing the c(s) distribution for 12-mer
reconstituted H5 arrays in the presence and absence of Nap1. Top plot shows arrays in 150mM NaCl; bottom
plot shows arrays in 1mM MgCl2.

4.3.4 Mouse HMGN5 (full tail) chromatin folding assays
Core and linker H5 reconstituted arrays were assembled and folding assays were
performed in the presence and absence of mouse HMGN5 (mHMGN5). When mHMGN5
was added to core arrays (in the absence of linker histone) a slight increase in sedimentation
was observed, from 36 – 40 S (Figure 4.13, top plot), most likely due to the increased mass
associated with bound HMGN5. However, upon adding mHMGN5 to chromatin arrays
containing linker histone H5, a decrease in sedimentation was observed from 55 – 45 S
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(Figure 4.13, bottom plot), indicating that mHMGN5 does unfold the chromatin arrays that
are compacted with linker histone H5.

Figure 4.13 Mouse HMGN5 unfolds chromatin higher order structure. Plots show c(s) distribution for core
arrays ± mHMGN5 (top plot) and linker arrays (containing linker histone H5) with either wild type mHMGN5
or mutant mHMGN5 S17,21E (bottom plot). Arrays in both plots were assayed in 150mM NaCl. (Rochman,
Postnikov et al. 2009)

Additionally, the mHMGN5 S17,21E mutant, which is impaired in its ability to bind
to chromatin, was assayed to determine its effect on the unfolding of linker histonecontaining arrays. The addition of this mutant caused a smaller decrease in folding, from 55
– 51 S compared to the wild type mHMGN5 (48 S) (Figure 4.13, bottom plot), indicating that
the NBD domain is important in the unfolding of chromatin by mHMGN5.
As discussed in the introduction, HMG proteins are thought to compete with linker
histone proteins for chromatin binding sites. This led to the question of whether increasing
the concentration of H5 could reduce the unfolding ability of mHMGN5 by out competing it
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for binding sites. To test this, core arrays were first assembled with HMGN proteins (2
molecules per nucleosome), to which increasing amounts of linker histone H5 was added by
titration. Sedimentation coefficients were measured at each concentration of H5. This
simultaneously allowed for testing the observed mHMGN5 unfolding effect when it was
added before linker histone (unlike Figure 4.13, where linker histone was added first). In the
standard linker arrays lacking any HMGN proteins, increasing H5 in excess of 1.6 molecules
per nucleosome caused the arrays to precipitate, while all of the HMGN-containing arrays
precipitated when H5 was increased above 2 molecules / nucleosome.

The titration

experiments demonstrate that even with increasing amounts of linker histone H5, the
maximum compaction of arrays with mHMGN5 is still only ~46 S (Figure 4.14), which is
significantly less than fully folded arrays (54 – 55 S). In contrast, HMGN1 (no tail) and
HMGN5S17,21E (no NBD), which only have minor unfolding effects to begin with, do reach
fully folded states (54 S for HMGN1 and ~52 S for HMGN5S17,21E) by 2 molecules H5 per
nucleosome in the H5 titration experiments (Figure 4.14).
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Figure 4.14. H5 titration on HMGN arrays. Plot of sedimentation coefficients for reconstituted 207x12 arrays
with either no HMGN proteins, HMGN1, mHMGN5, or HMGNS17,21,E. The concentration of H5 was
increased over the course of 5 runs, with concentrations of linker histone measured by number of molecules per
nucleosome. (Rochman, Postnikov et al. 2009).

4.3.5 Mouse HMGN5 self-association assays.
To determine if mHMGN5 affected chromatin self-association, magnesium
precipitation assays were performed on arrays in the presence and absence of mHMGN5.
The addition of mHMGN5 to core arrays had no effect on the magnesium precipitation
curve, with both having 50% precipitation ~3.75 mM MgCl2 (Figure 4.15, purple lines).
However, upon addition of mHMGN5 to linker H5 arrays, the 50% precipitation point
shifted from ~1 mM to 1.5 mM MgCl2 (Figure 4.15, blue lines). This shift was even greater
when the H5 concentration was increased to 2 molecules per nucleosome (2x) with a shift in
the 50% precipitation point from 0.5 to 1.5 mM MgCl2 (Figure 4.15, red lines). Thus
mHMGN5 appears to impair self-association as well as chromatin folding.
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Figure 4.15 Magnesium precipitation assays for mHMGN5 arrays. Graph showing the percent of DNA that
remains in the supernatant upon incubation with increasing amounts of magnesium for 12-mer arrays ±
mHMGN5. Image modified from (Rochman, Postnikov et al. 2009).

4.4 HMG conclusions
4.4.1 HMGA1
The primary result of the HMGA1 experiments presented in this chapter is that
HMGA1 alone is insufficient to induce large scale changes to chromatin higher order
structure. While there is slight decrease in folding observed in the presence of linker histone
H5, the lack of unfolding in the presence of H1 or MeCP2 indicates that this unfolding is
probably not a direct function of HMGA1 in the cell, and perhaps HMGA1’s architectural
role is through the recruitment of other factors that alter chromatin structure. HMGA1 may
function in conjunction with these other factors during the large scale chromatin remodeling
observed in senescence. It is also possible that the altered HMGA1 levels reported by
(Brocher, Vogel et al. 2010) that are required for C2C12 differentiation may involve
HMGA1’s role as a transcriptional regulator where it may regulate the expression of genes
involved in differentiation. Another possibility is that HMGA1 may “loosen” chromatin,
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causing dynamic changes in overall folding that are not detectable in the in vitro assays
utilized in these studies.
Another important conclusion from this data is that HMGA1 appears to have different
functions during differentiation and senescence. While both processes result in dramatic
chromatin rearrangements and the formation of heterochromatin foci, the factors regulating
these processes are quite different. HMGA1 clearly localizes to heterochromatin foci during
senescence (Narita, Narita et al. 2006), while this co-localization is absent in differentiated
C2C12 myotubes. This result combined with the recent study demonstrating that HMGA1 is
down-regulated during differentiation (Brocher, Vogel et al. 2010) suggest that HMGA1 is
not directly responsible for rearranging chromatin structure during differentiation. However,
in our hands, the C2C12 cells had rather low, but unchanging HMGA1 expression in both
myoblasts and myotubes. It is possible that the HMGA1 levels were too low in our cells to
measure any differences in expression during differentiation.

To further explore the

importance of HMGA1 levels, future experiments could be undertaken to isolate native
chromatin from myoblasts where HMGA1 was either overexpressed or knocked-down with
siRNA to determine if there is a difference in chromatin folding with altered HMG levels in
the cell. In addition, it would be interesting to compare the folding ability of chromatin
isolated from differentiated myotubes to the undifferentiated myoblasts. Attempts to do this
have met with difficulties due to the fibrous nature of the myotubes giving very low yields of
soluble chromatin, but perhaps a modified procedure or a larger starting sample can improve
the yield.
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4.4.2 HMGN5
One important conclusion from these results is that mHMGN5 counteracts linker
histones’ ability to form tightly folded, 54 – 55 S, chromatin secondary structures. The
formation of self-associated tertiary structures is also impaired, as evident in magnesium
precipitation assays where the presence of mHMGN5 requires greater magnesium
concentrations to achieve 50% precipitation. These results indicate that mHMGN5 can
directly inhibit chromatin folding induced by linker histone.
In addition, both the long acidic C-terminal domain and the NBD appear to be
important for this unfolding function of mHMGN5. The mHMGN5 S17,21E mutant is
known to have impaired nucleosome binding (Ueda, Postnikov et al. 2006; Rochman,
Postnikov et al. 2009), and with this binding impaired, only minor changes to chromatin
folding are observed. The fact that HMGN1 does not alter chromatin folding indicates that
the C-terminal domain of mHMGN5 is also essential for the observed unfolding effect.
Since mHMGN5 counteracts linker histone H5 compaction, it is likely that the C-terminal
domain interacts directly with H5. Addition evidence for this interaction was demonstrated
by our collaborators using crosslinking studies in which mHMGN5, but not HMGN1,
crosslinked with H5, indicating that mHMGN5 and H5 directly interact (Rochman,
Postnikov et al. 2009). Additional crosslinking studies, using deletions of the C-terminus of
either mHMGN5 or H5 revealed that the negatively charged C-terminus of mHMGN5 binds
to the positively charged C-terminus of H5, and this interaction interfers with the condensing
activity of linker histone (Rochman, Postnikov et al. 2009). This is not surprising since, as
described in Section 1.2.2, the C-terminus of H5 is important in binding DNA and forming
compact chromatin structures and thus alterations to this tail will have a direct effect on
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chromatin higher order structures. Fluorescence resonance energy transfer (FRET)
experiments in vivo also confirmed that mHMGN5 interacts with one of the linker histone H1
subtypes, H1.E (Rochman, Postnikov et al. 2009). Collectively the previous results and those
presented in this chapter, suggest a model where chromatin unfolding occurs only when
mHMGN5 binds to the nucleosome (through its NBD) and interacts with the positively
charged C-terminus of linker histone (through mHMGN5’s negatively charged C-terminus).

4.5 HMG discussion
To begin to dissect the components, the projects in this thesis are testing the
individual contribution of various chromatin components. This chapter demonstrated how
our in vitro array system coupled with analytical ultracentrifugation can be used to test the
individual contribution of architectural factors in chromatin structure. It is also useful in
recognizing certain trends in chromatin factors, such as was observed with the HMG
proteins, in which the results from this chapter are summarized in Table 4.1. In this case, the
HMG proteins lacking an acidic tail, HMGA1 and HMGN1, do not cause drastic changes to
the ionic environment and do not significantly alter chromatin structure. However proteins
with progressively longer acidic C-terminal domains are tested, it becomes clear that the
longer the acidic domain, the greater the observed unfolding effect.

Table 4.1 The effect of HMG proteins on chromatin compaction. Table summarizes the results from chapter
comparing the effect of HMG proteins on chromatin higher order structure in the presence and absence of
various architectural factors known to promote compaction.
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It is also important to remember that architectural factors may have different roles
depending on the stage of development and stage of cell cycle. As previously mentioned, it
is well known that HMG protein levels fluctuate throughout development, with the highest
levels present in the embryo. The binding of HMGN1 and HMGN2 to chromatin has been
shown to be cell cycle dependent, where they bind to nucleosomes as homodimeric
complexes during interphase, but in metaphase the binding ability is reduced with only low –
affinity associations with nucleosomes as monomers (Cherukuri, Hock et al. 2008). This
serves as an example of how proteins present at certain cell stages do not necessarily mean
they are actively binding and altering chromatin structure, and perhaps there are factors in the
cellular environment that can either enhance or diminish the unfolding abilities. Therefore
future chromatin folding assays in the presence of architectural factors may want to test
various protein concentrations and also determine whether any observed alterations to
folding are enhanced / diminished in the presence of either known condensing factors (such
as MENT and HP1) or known decondensing factors (such as HMGN5).
Another important point is that proteins that bind to chromatin, including HMG
proteins, are highly dynamic and have high turnover rates (often with residence times that are
a matter of seconds) (Phair, Scaffidi et al. 2004). It is through these transient interactions
that architectural factors can influence chromatin structure on a global scale. For example,
average HMGN5 levels in cells are sufficient to bind less than 2% of the nucleosomes at any
point in time. In general, the average HMGN concentration is 100-fold lower than the histone
concentration, with HMGA 1000-fold lower (Bustin 1999).

These physiological

concentrations suggest that HMG proteins do not need to bind to every nucleosome but
instead act synergistically with other chromatin factors to alter global / local chromatin
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structure.

Evidence of this comes from experiments where decreasing the loading of

mHMGN5 to 0.6 molecules per nucleosome has identical unfolding effects as the fully
loaded (2:1) array. In addition, results presented in (Figure 4.9) demonstrate that HMGN5
proteins do not bind at the expected 2 molecules / nucleosome ratio typical of other HMGN
proteins, yet they are clearly able to alter chromatin structure at these levels.
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Chapter 5
The role of histone hypercitrullination in chromatin higher order structure

As discussed in Chapter 1, histone tails play an important role in the formation of
chromatin higher order structures. Posttranslational modifications at these tails, such as
acetylation, methylation, and phosphorylation regulate chromatin structure and function
through the recruitment of non-histone proteins (“histone code”) or by directly altering the
histone-associated charge and/or histone interactions between nucleosomes (see section
1.2.1). In this chapter we investigated whether one unusual type of histone modification,
citrullination by the deiminase PAD4, has a direct effect on chromatin structure.
Peptidylarginine deiminases (PADs) are a family of enzymes that convert arginine
(Arg) to citrulline (Cit) through a deimination reaction. Citrulline is a non-standard amino
acid that occurs only as a result of a posttranslational modification to arginine. Citrullination
reduces the net positive charge of a protein, which, depending on location and frequency, can
alter intramolecular bonds to partially unfold proteins. This modification has been studied in
several well known protein substrates. For example, in vitro experiments with trichohyalin
(a structural protein in inner root sheath cells of hair follicles) and filaggrin (a protein
involved in bundling keratin filaments in the epidermis) reveal that citrullination of only 5%
of the arginines in these proteins disrupted protein tertiary structure, while citrullination of
10% or more of the arginines within the proteins caused denaturation (Tarcsa, Marekov et al.
1996).
There are several different types of PAD enzymes, which are associated with
different cell types and have diverse functions. For example PAD1 is found in the epidermis
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and uterus and is responsible for citrullinating certain keratin proteins during terminal cell
differentiation, decreasing the flexibility of the keratin cytoskeleton and promoting epidermis
cornification (Senshu, Kan et al. 1996; Vossenaar, Zendman et al. 2003). PAD2 is located in
hair follicles, where it citrullinates the structural protein trichohyalin (Rogers, Winter et al.
1997). PAD4 (previously called PADI4/PAD5), is the only member of the family found in
nuclei, and is present in eosinophils, neutrophils, and granulocytes (Asaga, Nakashima et al.
2001; Nakashima, Hagiwara et al. 2002). PAD4 is capable of deimination of arginine
residues as well as demethylimination of methylated arginines on the N-terminal tails of
histones H3, H2A, and H4 through the reaction shown in Figure 5.1 (Cuthbert, Daujat et al.
2004; Wang, Wysocka et al. 2004; Hagiwara, Hidaka et al. 2005). These reactions result in
the loss of amine groups from arginine sidechains, leading to loss of the positive charge
associated with it, thus altering the possibly altering its interactions with the DNA backbone.
The effect of histone tail citrullination has several important biological implications, which
will be discussed in the next section.

Figure 5.1 Citrullination reaction by PAD4. A.) PAD4 catalyzes the deimination reaction at arginine
residues, converting them to citrulline. B.) PAD4 also catalyzes the demethylimination reaction at methylated
arginine residues that produces citrulline.
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5.1 Biomedical implications of PAD4 activity
PAD4 expression and its citrullination activity have been implicated in several gene
regulation pathways associated with human disease states. There is increasing evidence that
PAD4 induced histone tail citrullination at specific promoters is directly involved in gene
regulation. For example, histone citrullination has a repressive role at the promoters of the
tumor suppressor gene OKL38 (Yao, Li et al. 2008) and the estrogen responsive gene pS2
(Cuthbert, Daujat et al. 2004; Wang, Wysocka et al. 2004), as well as p53 (Li, Yao et al.
2008), and is involved in retinoid-regulated gene expression (Balint, Szanto et al. 2005). In
addition, PAD4 has been shown to associate with histone deacetylase 1 (HDAC1) at the pS2
promoter, which further helps in establishing a repressive chromatin environment (Denis,
Deplus et al. 2009).
Both the PAD4 protein levels and histone H3 citrullination levels are elevated in the
central nervous system of multiple sclerosis patients, contributing to destabilization of the
myelin membrane (Mastronardi, Wood et al. 2006). In the case of rheumatoid arthritis,
PAD2 and PAD4 expression is elevated in the synovial membrane and fluid of patients
(Wegner, Lundberg et al. 2010). Rheumatoid arthritis individuals have autoantibodies to
citrullinated peptides and a genetic variant of PAD4 that leads to increased susceptibility to
the disease in Japanese populations was identified (Suzuki, Yamada et al. 2003). Since
PAD4 expression and subsequent histone citrullination have roles in both transcriptional
regulation and disease pathology, it leads to the question of what effect histone citrullination
has on chromatin higher order structure and how the alteration of chromatin structure is
involved.
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5.2 Histone citrullination and chromatin structure
As previously mentioned, PAD4 has been shown to mediate citrullination of arginine
and methylarginine residues on histones H2A, H3, and H4. Previous studies identified H3
citrullination sites to include R2, R8, R17, and R26 (Cuthbert, Daujat et al. 2004). Treating
purified H3 and H4 substrates with PAD4 revealed a near 100% conversion of the H3 and H4
sites tested (H3,R2~93.6%; H3,R8~98.9%; H3,R17~100%,; H4,R3~99.6%) (Figure 5.2)
(Wang, Wysocka et al. 2004). Since citrullination affects multiple sites, particularly on the
H3 tail, and since histone tails are important in chromatin higher order structure (Section
1.2.1), it led to the prediction that citrullination alone may destabilize the nucleosome and in
turn initiate unfolding of chromatin higher order structures.

Figure 5.2. Citrullination sites on histone tails. The models indicate the location of citrullination sites on the
tails of histones H2A, H3, and H4. The dark yellow stars mark sites that have been shown to have near 100%
conversion to citrulline in vitro. H3 is the histone with the most citrulline in these in vitro experiments.
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Since PAD4 is expressed in the nuclei of granulocytes and neutrophils, the
experiments leading up to this work were designed to determine the effect of PAD4
expression on overall chromatin structure in these cell types. The leukemia cell line HL-60
can be induced to differentiate along the granulocyte lineage in response to DMSO (Corbett,
Hannothiaux et al. 1991). Experiments with HL-60 derived granulocytes subjected to
treatment with calcium ionophore (an ion carrier allowing calcium ions to cross the cell
membrane) revealed that a subset of these cells ruptured, releasing long fibers of
decondensed chromatin. Interestingly, the decondensed chromatin fibers were associated
with increased levels of H4Cit3 (Figure 5.3A). In addition, Western blotting also revealed
increases in H3 citrullination in these cells (Wang, Li et al. 2009). Loss of heterochromatin,
changed nuclear morphology, and increased levels of citrullination in HL-60 cells were also
observed after treating with calcium ionophore, which suggested that PAD4 activation and
the resulting citrullination caused dramatic changes to the nuclear structure.
Neutrophils converge on infected tissues where they bind and engulf bacteria. In
addition, they have an unusual cell death pathway activated in response to pathogens that
results in the formation of extracellular clusters of chromatin fibers, comprised mostly of
DNA and nuclear constituents, called neutrophil extracellular traps (NETs). These NETs aid
in catching and killing bacteria (Brinkmann, Reichard et al. 2004). Further studies found that
a subset of neutrophils had increased levels of citrullination in response to treatment with the
pro-inflammatory cytokine TNF-α and that citrullination was associated with the
decondensed chromatin in NETs (Figure 5.3B) (Wang, Li et al. 2009). In additional studies,
NET structures did not form under conditions where PAD4 was inhibited by Cl-amidine (a
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small molecule known to inhibit all PAD enzymes through binding and reacting with its
active site).

Figure 5.3 Citrullination is associated with decondensed chromatin in granulocytes and neutrophils. A).
A subset of HL-60 derived granulocytes exposed to calcium ionophore treatment rupture and release
decondensed chromatin (arrows). The decondensed chromatin has increased levels of H4Cit3. B.) Image of
NET formation after treatment with TNF-α, showing that H4Cit3 levels co-localize with DNA in the
decondensed chromatin fibers that comprise the NET structure. Images from Dr. Wang lab (Wang, Li et al.
2009)

These experiments led to the question of whether PAD4-mediated histone
citrullination alone is sufficient for chromatin unfolding.

Our hypothesis was that the

alteration in net histone charge resulting from histone tail citrullination is sufficient to unfold
either the primary structure of the nucleosome array or its higher order folding (Figure 5.4).
To address this question, the biochemically defined, reconstituted chromatin arrays that have
been previously established and characterized (Chapter 2) were treated with either wild type
PAD4 or the enzymatically inactive PAD4C645S as a control and the extent of chromatin
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folding was assayed through sedimentation velocity experiments on the analytical
ultracentrifuge.

Figure 5.4 Model for citrullination and chromatin higher order structure. The hypothesized outcome for
citrullinated histone tails is that the loss of the positive charge from arginine will prevent histone H3 tails from
binding as tightly to the DNA, straightening the linker DNA in the process and impairing H5’s ability to tightly
fold chromatin.

5.3 Citrullination experimental procedure
Citrullination reactions were performed using the 207x12 bp reconstituted chromatin
arrays at a final concentration of A260nm=1.0. Reconstituted arrays (either core arrays or
linker arrays containing linker histone H5) were incubated in 20 mM Tris, pH 7.5, 2 mM
CaCl2, 2 mM DTT, to which was added 0.1 µg PAD4 enzyme per 0.1 µg core histones. At
this ratio, ~100% of the methylated arginines will be converted to citrulline (Wang, Wysocka
et al. 2004). Samples were incubated with either the wild type PAD4 or the inactive mutant
PAD4C645S. Samples were incubated at 37ºC for 1 hour, and then EDTA was added to a final
concentration of 2 mM to stop the reaction. The extent of chromatin folding was compared
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for the citrullinated arrays (PAD4 treated) versus the uncitrullinated arrays (PAD4C645S
treated) using sedimentation velocity experiments on the analytical ultracentrifuge at 150
mM NaCl. Data was analyzed using the continuous c(s) distribution in SEDFIT software, as
described in Section 2.8.1.

5.4 Results
5.4.1 PAD4 citrullinates core histone H3 and linker histone H5 on reconstituted arrays
After completion of the citrullination reaction, arrays were run on 15% acrylamide
gels. Arrays incubated with PAD4 demonstrated increased mobility for both H3 and H5
(Figure 5.5, see asterisks), which were not observed with either untreated arrays or arrays
incubated with inactive PAD4C645S. This mobility shift for histone H3 has been previously
reported to result from the neutralization of the positive charge on arginine caused through
deiminating multiple residues in H3, of which at least three arginines are known to be
citrullinated at ~ 100% under these reaction conditions (Wang, Wysocka et al. 2004).

Figure 5.5. Citrullinated histones have altered electrophoretic mobility. 15% SDS-PAGE showing how
treatment with PAD4, and the resulting citrullination, causes increased mobility in the H3 and H5 bands (middle
lane, shifts marked by asterisks).
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5.4.2 PAD4 citrullination impairs linker histone dependent chromatin folding
The first assay of the effect of citrullination on chromatin folding was peformed on
the 207x12 core arrays. In the absence of linker histone, the arrays have a sedimentation
coefficient of 36S in 150 mM NaCl. In the presence of wild type PAD4, H3 citrullination
caused only minor decreases, by ~2S, in the sedimentation coefficient (Figure 5.6A), while
the inactive PAD4C645S had no effect with a sedimentation coefficient of 36S. It should be
noted that core arrays with a sedimentation coefficient of 36S maintain only the primary
nucleosomal organization. Therefore, our results suggest that PAD4 does not significantly
alter the primary chromatin structure.
Next, linker arrays (containing linker histone H5) were treated with either PAD4 or
inactive PAD4C645S.

Linker histone H5 mediates formation of secondary chromatin

structures and, in the presence of 150 mM NaCl, can increase S values from 36S to above
50S (Chapter 3, Table 3.1). In this experiment, both H3 and H5 were citrullinated by PAD4.
Figure 5.6B demonstrates that citrullination of both H3 and H5 by wild type PAD4 imposes a
~10S decrease in sedimentation coefficients (53 to 43 S) as compared to the PAD4C645S treated control, indicating that citrullination of H3, H5, or both impairs chromatin folding.
In a final set of experiments, nucleosome core arrays were first citrullinated by
PAD4, after which 2 mM EDTA was added to quench the PAD4 reaction. Then linker
histone H5 was added to the citrullinated core arrays. This procedure resulted in arrays where
histone H3, but not linker histone H5, was citrullinated.

Figure 5.6C shows that H3

citrullination by wild type PAD4 drastically reduces chromatin folding to the same degree as
citrullination of both H3 and H5, as demonstrated by ~10S decrease in sedimentation
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coefficient (from 51 to 39 S). This suggests that H3 citrullination alone is sufficient to
unfold the linker histone dependent chromatin folding.

Figure 5.6. PAD4 citrullination impairs chromatin folding as assayed through analytical
ultracentrifugation. A). Core arrays (lacking linker histone) were treated with either wild type or inactive
PAD4 and analyzed through sedimentation velocity experiments on the analytical ultracentrifuge under 150mM
NaCl conditions. B.) Reconstituted linker arrays were treated with either active or inactive PAD4 (producing
citrullinated H3 and H5) and assayed for the extent of chromatin folding. C.) Core arrays were treated with
either active or inactive PAD4 and then condensed with uncitrullinated linker histone and assayed for the extent
of chromatin folding.
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5.5 Discussion of the effect of histone citrullination
The results presented in this chapter indicate that citrullination of the H3 tail is
sufficient to impair linker histone-dependent chromatin folding, suggesting that the
cooperation between H3 and linker histone is important in establishing and maintaining the
DNA linker stems that form in folded chromatin arrays. There are multiple examples in the
literature of core histone tails and linker histone cooperation playing an important role in
chromatin compaction. For example, both the C-terminal tail of linker histone and the Nterminal tail of histone H3 are important in stabilizing the chromatin fiber and maintaining
the zigzag structure (Leuba, Bustamante et al. 1998; Leuba, Bustamante et al. 1998), and the
presence of linker histone alters core histone interactions and cause histone tail
rearrangements (Guschin, Chandler et al. 1998; Lee and Hayes 1998).

In addition,

hyperacetylation of histone tails, another modification that alters their charge, is known to
impair the ability of linker histone to compact chromatin (Ridsdale, Hendzel et al. 1990).
This suggests that the linker histone and H3 tail cooperate in forming compact chromatin
structures and altering the charge of the H3 N-terminal tail, such as by citrullination, may
weaken its ability to bind to linker DNA or to be rearranged by linker histone in a manner
that permits chromatin compaction.
While other core histone tails (such as H4) are thought to be citrullinated, they are not
citrullinated to the same extent as H3, which is why they are not shifted on the SDS-PAGE
gel (Figure 5.5). With H3 having ~ 4x the number of citrullinated arginines, the unfolding
effects observed in this chapter are mainly attributed to H3 citrullination. In addition, within
the core histone H4 tail, only the H4K16 residue is important for the function of the H4 tail
in chromatin compaction, which functions through the formation of loop that binds to the
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acidic patch of H2A/H2B (Luger, Mader et al. 1997; Shogren-Knaak, Ishii et al. 2006;
Allahverdi, Yang et al. 2011). The one characterized citrullination site in H4 (occuring at
R3) (Wang, Wysocka et al. 2004), is far enough from the K16 binding site that it is not
expected to have an effect on chromatin compaction. However, future studies should test the
extent of citrullination on the core histone tails other than H3 as well as whether those
modifications alter chromatin compaction.
In addition, these results demonstrate for the first time that a linker histone is a
substrate for citrullination by PAD4. However, it remains unknown to what extent linker
histone H5 is citrullinated on our in vitro arrays. There are approximately 14 arginine
residues in the ~100 amino acids that comprise the H5 C-tail domain, but its unknown which
of those residues PAD4 would recognize. It can be suggested that multiple arginines are
likely citrullinated in order to cause the increased mobility observed on the acrylamide gel,
remembering that having only one confirmed citrullination site on H4 did not cause a drastic
shifts in mobility under these conditions.
A related question is whether other linker histone variants are citrullinated by PAD4.
While most linker histone variants have similar amino acid composition within their Cterminal domain, the citrullination might be specific to H5. Linker histone H5 has an
important role in chicken erythrocytes; however, there would be broader biological
significance if other linker histone proteins were also citrullinated.

It would also be

important to determine whether linker histone citrullination occurs in vivo as well, such as in
NET formation, rather than as an artifact of our reconstituted array system. If linker histone
citrullination does have biological significance, perhaps it helps initiate chromatin unfolding,
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increasing the accessibility for other decondensing factors or for the additional citrullination
of H3 tails.
The ~10 S decrease in sedimentation coefficients upon PAD4 citrullination indicates
that PAD4 alone can significantly impair the ability of chromatin to form higher order
structures. This is of particular significance since there are few factors known to singlehandedly decondense or inhibit higher order chromatin folding. These studies establish
PAD4 and citrullination of H3 histone tails as chromatin factors that have a strong influence
on higher order structure. This work, combined with the other experiments in the field,
suggests that PAD4 activity can serve a dual role. At low levels of citrullination, the
modification appears to function as a transcriptional regulator. Upon increased PAD4
expression and citrullination, it causes dramatic remodeling of the chromatin, and in some
cases leads to the rapid decondensation and bursting observed in NETs. This dual role of
PAD4 and the implications for gene regulation will be discussed further in Chapter 6.
Recent work has shown that PAD4 is essential for NET formation, with PAD4-/neutrophils from knockout mice unable form NETs after stimulation with chemokines or
bacteria (Li, Li et al. 2010). The antibacterial function and decondensation process leading
to NET formation are independent, with the core histone proteins themselves having
antibacterial activity along with neutrophil elastase (a serine protease that kills bacteria) and
myeloperoxidase (which catalyzes the oxidation of halides by hydrogen peroxide), all of
which are present in NETs (Brinkmann, Reichard et al. 2004; Urban, Ermert et al. 2009).
The killing activity of histones is actually decreased upon citrullination, indicating that PAD4
activity is involved only in the decondensation process and not in the antibacterial function
(Li, Li et al. 2010).

Other factors are also important in the neutrophil chromatin
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decondensation associated with NET formation. For example, neutrophil elastase is able to
initiate chromatin decondensation, and it also works together with myeloperoxidase, which
promotes decondensation in a dose dependent manner (Papayannopoulos, Metzler et al.
2010). NET formation also requires the presence of reactive oxygen species (Fuchs, Abed et
al. 2007), which are thought to trigger the disassembly of the nuclear envelope, allowing
decondensed chromatin to bind to antimicrobial proteins in the cytoplasm before bursting
from the cell. It is therefore likely that in the course of NET formation, citrullination initiates
chromatin unfolding, making it more accessible to other decondensing factors, such as
neutrophil elastase, and therefore cooperatively induce rapid chromatin decondensation.
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Chapter 6
Discussion: dissecting the complexities of chromatin higher order structure

6.1 Individual contributions of architectural chromatin factors to the higher order chromatin
structure.
As discussed in Chapter 1, there are many components that contribute to the
formation of higher order structure of nucleosome arrays in vivo including NRL translational
and rotational settings, linker histones, nonhistone architectural factors, internucleosomal
interactions, histone tails and their modifications, and chromatin-remodeling ATPases.
These various components are dynamically interacting with each other, causing changes in
chromatin compaction, which in turn affects gene transcription and other DNA regulated
processes. Disruption of each of these DNA directed processes in vivo can lead to a wide
range of physiological problems including impaired differentiation, disruption of normal cell
cycle progression, and aberrant expression of oncogenes or tumor suppressors, which may
ultimately lead to transformation or premature cell death. Physiological changes strongly
affect the DNA directed processes, and therefore understanding the particular contributions
of distinct factors in a biochemically defined in vitro system should provide important
insights for treatments of abnormal phenotypes using genetic and epigenetic therapies. The
complexity of chromatin structure makes it difficult to determine how many various
components are influencing the overall chromatin structure. One of the main goals of this
thesis was to establish a system in which various chromatin factors can be assayed one-byone to determine their individual contribution to chromatin structure (results summarized in
Section 6.3). The use of the reconstituted chromatin arrays coupled with various biochemical
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assays provides such a method, and as described in the preceding chapters, this approach can
be used to assay key aspects of chromatin such as NRL and linker histones as well as
nonhistone architectural factors, exemplified by the HMG proteins, and histone tail
modifications, such as histone acetylation and citrullination.

6.1.1 The role of NRL in rotational and translational settings in chromatin higher order
structure
Histone octamers are mobile on DNA (Flaus and Owen-Hughes 2003), and while
there are many components that contribute to nucleosome positioning (Section 1.5.4), such as
DNA sequence, proximity to promoters, histone variants, transcription factors, and chromatin
structure, most native DNA sequences do not bind or position histone octamers as tightly and
precisely as they bind to the clone 601 sequence (Lowary and Widom 1998) utilized in our
experiments. As such the NRL is not uniform within native chromatin (Widom 1992), but
instead resembles the variable ±2 bp reconstituted chromatin arrays discussed in Chapter 3.
However, the results in this thesis clearly demonstrate that for NRL ~ 200 bp, the small
rotational variations of ±2 bp in linker length are absorbed without alterations to chromatin
higher order structure (Fig 3.5, 3.6, Table 3.1). This suggests that results from modeling
experiments as well as the experiments with architectural factors and histone tail
modifications described in this thesis, all of which utilize chromatin arrays with uniform
NRL, adequately reproduce native chromatin systems. However, it should be noted that this
has only been shown to be true for NRL lengths ~200 bp; folding of nucleosome arrays with
NRLs within the 167-177 bp repeat range are likely to be more strongly dependent on the
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rotational settings, possibly due to the torsional energy constraints of shorter linkers, and as
evident from the impaired folding of the 172x12 bp array (Figure 3.8, Table 3.2).
The results in this thesis demonstrated a negative correlation of chromatin
compaction with DNA linker length for rotationally fixed nucleosomes with NRLs between
209 and 167 bp (Figure 3.4). The tighter folding of short linker arrays can be explained as a
result of having less negative charge and therefore less electrostatic repulsion between
shorter linker DNA. Surprisingly, the relationship between linker length and compaction was
not strictly linear (Figure 3.8) with a steep transition observed between the NRLs of 177 and
188 bp. Because it has been previously shown that a specific nucleosome interface
interaction mediated by histone H4 N-tail and histone H2A/H2B acidic patch is essential for
compact higher-order folding (Shogren-Knaak, Ishii et al. 2006; Allahverdi, Yang et al.
2011), it is possible that both DNA translational and rotational settings contribute to this
interaction (Figure 6.1). Compact chromatin folding needs parallel orientation of the
interacting nucleosomes such as seen in the 167x4 array crystals (Schalch, Duda et al. 2005).
Rotational alteration of the nucleosome would place the H4 N-tail further away from the
acidic patch in the neighboring nucleosome and inhibit folding (Figure 6.1, bottom row). It is
also likely that a longer NRL may contribute to a stronger electrostatic repulsion between
linker DNA, preventing H4 N-tail and H2A/H2B acidic patches from interacting and
promote unfolding of the nucleosome core array (Figure 6.1, top row). The addition of linker
histone may help neutralize this repulsion, bringing nucleosomes closer together.
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Figure 6.1 Hypothetical model of nucleosome settings in chromatin structure. Top row shows changes in
translational positioning, with short linker arrays (NRL of 167-177 bp) holding nucleosomes close together such
that H4 N-tail (red) is able to interact with H2A/H2B acidic patch (yellow) to promote folding, while longer
linkers (188 – 209 bp) do not hold nucleosomes as close thereby limiting the interactions of H4 N-tail and
H2A/H2B acidic patch. The presence of linker histone (black circle) pulls nucleosomes in long linker arrays
closer, promoting folding. Bottom row models the prediction that alterations of rotational settings within in an
array (NRL 167±2 bp) or alterations to both rotational and translational settings (NRL of 172 bp) will impair
chromatin folding for arrays with short NRL.

Future experiments with nucleosome arrays having small NRL variations (167±2 bp
and 167±4 bp) are currently underway to determine the favorable and unfavorable NRL
settings for small variations in length within short linker DNA. If these variations prove
relevant on short linkers as predicted, it would be interesting to test additional intermediates
to determine at which NRL do ±2 bp variations no longer affect chromatin structure. Testing
small variations in NRLs of 177±2, 188±2, and 200±2 bp would be of particular interest
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since they fall into the range of NRLs found in most vertebrate cells (175 – 190 bp)
(Woodcock, Skoultchi et al. 2006).

6.1.2 The role of linker histone on chromatin higher order structure is NRL-dependent.
These studies also provide important insights for understanding the relationship
between NRL and linker histone. In an in vitro chromatin assembly system, there appears to
be a direct causative connection between the concentration of linker histone and NRL (Blank
and Becker 1995). There exists a trend where actively proliferating cells with high protein
production tend to have shorter NRL and decreased linker histone (Woodcock, Skoultchi et
al. 2006; Perisic, Collepardo-Guevara et al. 2010). For example, during chicken erythrocyte
differentiation, the average NRL increases from 190- 212 bp, which is accompanied by an
increase concentration of linker histone (Weintraub 1978). It has also been demonstrated that
the addition of linker histone causes different chromatin structures between arrays with NRL
of 167 and 197 bp (Routh, Sandin et al. 2008). Sedimentation and ultrastructural studies
showed that linker histone compacts the 207x12 arrays by promoting linker DNA bending
independently of the NRL rotational settings (Grigoryev, Arya et al. 2009). However, it is
not yet clear at which NRL values does linker histone become necessary for the formation of
tightly folded structures. The results in this thesis show that linker histone is necessary for
folding of chromatin arrays with NRL of 207 bp (compare Fig 3.5 to 3.6, Table 3.1) and also
suggest that it will be necessary to completely fold all NRLs at or above 188 bp. The
observation that the 172x12 array with unfavorable rotational settings is surprisingly
unfolded at physiological salt suggests that linker histone would be required for folding of
the 172x12 array but not that of 167x12 and 177x12 arrays. Thus, linker histone may be
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necessary for folding of certain short repeats, for example the unfavorable neuronal NRL of
162 bp that seems to contain a higher linker histone level (Pearson, Bates et al. 1984) but not
necessary for the more favorable yeast NRL of 167 bp (Freidkin and Katcoff 2001). Future
studies, using the range of NRLs discussed in Chapter 3, could be used to determine if the
extent of increased folding induced by the addition of linker histone is higher for the arrays
with unfavorable NRLs and also to determine if there are certain lengths upon which linker
histone addition has no affect on folding.

6.1.3 How does the chromatin fiber incorporate variable NRL?
The most compact form of chromatin fibers with NRL about 200 bp is typically
achieved in the presence of linker histones and divalent cations (Robinson, Fairall et al.
2006). The conformation and geometry of linker DNA in the compact chromatin fibers
remains to be understood. Different models propose that linker DNA within the chromatin
fiber is either straight giving rise to the zigzag types of chromatin folding (Worcel, Strogatz
et al. 1981; Bednar, Horowitz et al. 1998) or coiled between the consecutive nucleosomes in
the solenoidal structures (Thoma, Koller et al. 1979; Robinson, Fairall et al. 2006). All the
above models are based on regular NRLs, implying that rotational variations in nucleosome
positions would affect chromatin compaction.

Several models directly suggested a

dependence of chromatin higher-order structure on the nucleosomal rotational positions
(Woodcock, Grigoryev et al. 1993; Leuba, Yang et al. 1994). However, experiments with
positioned nucleosome arrays in which linker DNA length was either uniform (207x12) or
varied in a fixed pattern mimicking the natural variation in nucleosome repeat length (±2 and
±4 bp) clearly challenge the models suggesting a universal dependence of chromatin folding
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on the nucleosomal rotational positioning. The results (Section 3.2.3) found that the uniform
and variable nucleosome arrays exhibited similar compaction whether they were in unfolded,
partially folded, and completely folded states as assayed by sedimentation velocity
experiments.

In addition, an EMANIC study showed no difference in nucleosome-to-

nucleosome contacts between the uniform and variable arrays (Grigoryev, Arya et al. 2009).
These results demonstrate that nucleosome linkers are flexible enough to be independent
from the rotational settings for the NRLs of about 200 bp typical for most eukaryotic cells.
How does a compact chromatin fiber accommodate rotational variability of the NRL?
One explanation was suggested by a recent X-ray crystal structure study showing that the 601
positioning sequence used in our arrays forms a 145 bp core particle as opposed to the
expected 147 bp due to the presence of superhelical locations where the 601 DNA is
overwound (compared to human α- satellite DNA) (Makde, England et al. 2010). Two
superhelical locations at ±2 and ± 5 turns of the DNA have major grooves that may contain
either 5 or 6 bp, which suggests that the 601 nucleosome core has the ability to absorb small
variations in linker length (Makde, England et al. 2010). The ability of the nucleosome core
to absorb 2 bp of DNA has also been reported by (Richmond and Davey 2003). The
absorbance of small variations in linker DNA length by nucleosome core could serve as a
further explanation for the similar folding results observed between the 207 x 12 bp uniform
and variable ±2 and ±4 bp arrays. This hypothesis predicts that the linker DNA length will
have no effect on the ability to absorb rotational deviations. However, the experiments
reported here and showing the dependence of rotational variability on linker DNA length are
clearly inconsistent with the rotational deviations absorbed by the nucleosome core DNA.
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Recently, in collaboration with T.Schlick and G.Arya we have used detailed
mesoscopic modeling and simulations to study folding of nucleosome arrays in the presence
of linker histone and divalent cations (Grigoryev, Arya et al. 2009). This model incorporated
structural and energetic features of the nucleosome core, linker histone, histone tails, and
linker DNA conformations. Extensive Monte Carlo simulations were used to select the most
energetically stable configurations of the nucleosome folding. These computations revealed
compact chromatin fibers with surprisingly irregular linker DNA conformations that
combined features of the zigzag and solenoidal models in a new heteromorphic chromatin
fiber (Grigoryev, Arya et al. 2009). It thus appears that the linker DNA has an intrinsic
property to incorporate wide conformational variability without a notable effect on the fiber
architecture. This conformation variability of linker DNA can easily explain the
independence of chromatin folding of rotational settings for long nucleosomes packed with
linker histones. At the same time, the dependence of the short NRLs on rotational settings
can be understood in terms of the energy requirements involved in compaction (Section 1.3),
where the torsional energy of the DNA of short linkers is crucial in determining nucleosome
packing of arrays, while long linker DNA readily adopts multiple fiber conformations with
only small changes in torsional energy (Scipioni, Turchetti et al. 2010)

6.1.4 HMGA proteins, non-histone architectural factors regulating higher order structure in
vivo but not in vitro
As discussed in Section 1.4.1, HMGA1 is an architectural protein with dual roles as a
transcriptional regulator and as a chromatin architectural factor. In its role as an architectural
factor, it appears to have a role in both senescence (Narita, Narita et al. 2006) and myotube
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differentiation (Brocher, Vogel et al. 2010). However, the results reported in Section 4.2
demonstrate that HMGA1 does not function alone to alter chromatin higher-order structure in
the in vitro reconstituted array system used throughout this thesis.

This suggests that

HMGA1 may alter chromatin structure through an indirect mechanism.
The very nature of architectural factors makes for more complicated scenarios when
determining their individual contribution to chromatin structure. Unlike histone proteins,
which are a fundamental component of chromatin and remain attached to the DNA
throughout the life of the cell, the repertoire of architectural proteins associated with the fiber
is a constantly changing, highly dynamic process. This increases the likelihood for indirect
affects on chromatin structure and requires that architectural factors are studied in
conjunction with other factors present at the same time for any given point in cellular
development or the cell cycle. The experiments with HMGA1 in combination with MeCP2
and linker histone H1 (Section 4.2.4), serve as an example of how combinations of factors
can be assayed for changes to chromatin folding on the analytical ultracentrifuge. While
these results indicate that there is no change in chromatin folding in the presence of HMGA1,
perhaps different combinations of architectural factors need to be tested, such as HP1 for
example. In addition, since HMGA1 appears to function differently in vivo and in vitro,
perhaps new techniques, such as the in situ EMANIC technique described below, can better
elucidate its function by examining chromatin structure alterations in senescent or
differentiated cells.
While HMGA1 does not appear to act alone in its role as an architectural factor, it is
important to remember that the chromatin environment in the cell is a complex and dynamic
system, where compacting and decompacting factors are constantly balancing one another. It
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is quite possible that in our isolated system, HMGA1 does not have the ability to overcome
the combined compacting ability of high salt and linker histone that are used to fully fold
chromatin arrays. Perhaps HMGA1 in the absence of other cooperative factors has only
modest unfolding ability that we are unable to detect in our highly folded system.

6.1.5 Acidic C- tail of HMGN5 unfolds chromatin higher order structure
Based on the results in Chapter 4, the length of the acidic C-terminal domain
distinguishes mHMGN5 from other HMGN family members. As discussed in Section 4.4.2,
the C-tail of mHMGN5 binds to the C-tail of linker histone H5 (Rochman, Postnikov et al.
2009).

HMGN1, which lacks this tail, is still able to bind to the nucleosomes, possibly

competing with H5 for the binding of its globular domain. However, it is unable to interact
with the C-terminus of H5 and thus has little effect on chromatin folding. The length of the
tail also appears to be important, since hHMGN5 (half tail) does not have the same unfolding
effect as mHMGN5. In addition to length, the primary sequence of the tail is also important.
In experiments where the C-terminal tail of mHMGN5 was replaced with a different
sequence that maintained the overall negative charge, the localization of HMGN5 was
altered, with the mutants found in heterochromatin regions of the cell (Rochman, Postnikov
et al. 2009). This indicates that the unfolding effect is not due solely to the large negative
charge, and specific residues are required to carry out this function.
The “half tail” in hHMGN5 also appears to cause chaperone like activity in terms of
reducing self-association peaks (~90S) as observed in analytical ultracentrifuge experiments.
The 90 S peaks would reappear upon increasing either the cation concentration and/or the
amount of linker histone but would disappear again upon increasing hHMGN5 or Nap1. In
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such a manner, repeated increases and decreases in the 90S peaks were alternated during
which hHMGN5 and Nap1 continued to demonstrate similar behavior and without inducing
array precipitation despite repeated additions to the centrifuge cells. Nap1 contains two
highly conserved patches of negatively charged amino acids within the last ~100 amino acids
of the C-terminus, and the last 50 amino acids have been shown to bind to linker histone H1
(Zlatanova, Seebart et al. 2007). This suggests that the slight decrease in folding coupled
with decreases in peaks at 90 S may be due to hHMGN5 and Nap1 binding to the
chromatosome and altering the ionic environment. This increase in negative charge may
prevent the most compact chromatin structures from forming. Increasing the concentration
of cations or linker histone may compensate for these changes, allowing the compact
structures are able to reform. Future experiments could be done to confirm if this truly is a
charge affect or is dependent on particular sequences. For example, mutations could be made
at one of both of the negatively charged regions of Nap1 such that the amino acid sequence
was different but the overall charge remained and then test the ability of the mutant to affect
to ~90 S peak on reconstituted chromatin.

6.1.6 Histone citrullination: a dual role in chromatin structure
PAD4 activity appears to have a dual role in the cell. As described in Chapter 5, it
functions as a transcriptional repressor at gene promoters and also serves as a chromatin
decondensing factor. The two functions appear to differ in the extent of citrullination as well
as the identity of other chromatin factors in the nuclear environment. The decondensing
function of PAD4 reported in Chapter 5 occurs when nearly 100% of the target arginines are
converted to citrulline, and this likely occurs only in the cell under highly specific conditions,
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such as during NET formation. It is likely that citrullination at lower levels, such as those at
promoter regions, does not sufficiently alter the ionic conditions to affect chromatin folding.
Other modifications, such as acetylation, also neutralize charge, but the levels of acetylation
required to single handedly unfold chromatin are larger than what occurs in nature. Hence
small changes to the overall charge by modifications, such as by acetylation and
citrullination, often function in conjunction with other factors in regulating activity at
specific promoters.
To further explore this idea, future experiments could be conducted where chromatin
unfolding on reconstituted arrays could be tested when varying the percentage of citrullinated
histones. For example, if a batch of core histones were citrullinated with PAD4 during the
isolation procedure, and then sucrose purified to remove PAD4, reconstituted arrays could be
assembled with different percentages of regular and citrullinated histones to determine the
extent of chromatin unfolding in the presence of low levels of citrullination. For even more
precise control of citrullination levels at specific residues, peptide ligation experiments could
be performed where small peptides corresponding to histone N-tails are synthesized with
specific modifications, such as citrulline, and then made into full length histones through
native ligation chemistry (Shogren-Knaak, Fry et al. 2003).
To further understand the how citrullination affects higher order structure, future
studies could aim to elucidate how PAD4 interacts and affects other chromatin structural
components. For example using the techniques in the previous paragraph, assays could be
conducted to determine if there was a percentage of citrullinated histones at which the
addition of a strong compacting factor, such as MeCP2 or HP1 could counteract the
unfolding effect of citrulline residues on reconstituted chromatin arrays.

Furthermore,
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EMANIC studies could be undertaken to determine if citrullination alters the pattern of
nucleosome interactions within the chromatin fiber during decondensation.

Since

citrullination appears to affect the ability of linker histone to compact long linker arrays, it
would also be interesting to test the effect of PAD4 on chromatin arrays with short NRL, to
determine if the function of citrullination is dependent on linker histone.

6.1.7 Epigenetics and architectural proteins: dynamic interactions in a complex environment
In dissecting the role of individual factors towards chromatin higher order structure, it
is important to remember that the function of a protein can be altered by other chromatin
components. There are many examples of antagonistic effects between architectural factors
competing for binding sites, or certain factors or modifications blocking others, and thus it
becomes important to understand how these interactions alter the overall chromatin structure.
For example, it is well established that linker histone promotes chromatin compaction,
however this effect can be blocked by core histone hyperacetylation, as seen in butyratetreated chicken erythrocytes (Ridsdale, Hendzel et al. 1990). The opposite is also true, where
linker histones can inhibit histone acetylation (Herrera, West et al. 2000; Gunjan, Sittman et
al. 2001). Hence at any given gene region, the levels of linker histone and acetylation need
to be carefully regulated to maintain proper gene expression / repression.
There are other interactions between architectural factors and histone-tail
modifications that relate to the work in this thesis. For example, during mitosis, HMGN1
binding inhibits phosphorylation of H2A serine 1, a modification that is common in mitotic
cells (Barber, Turner et al. 2004; Postnikov, Belova et al. 2006). PAD4 is associated with
histone deacetylase 1 (HDAC1) during periods of repression at the pS2 promoter (Denis,
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Deplus et al. 2009).

In addition, PAD4 was the first enzyme found to antagonize

methylation, a modification associated with chromatin compaction and gene repression
(Wang, Wysocka et al. 2004), and while there is currently no known enzyme that converts
citrulline back to arginine or methyl-arginine, the process is likely reversible given the cyclic
appearance of citrulline on promoters (Kouzarides 2007), and future work will likely indicate
that multiple other factors and modifications influence PAD4 histone citrullination.
Therefore the expression and regulation of competing factors is important
determining the overall chromatin compaction state. Chromatin in a cell can be thought of as
having distinct domains, each domain with its own subset of histone variants (core and
linker), non-histone proteins, and core histone tail modifications that interact to produce
localized euchromatic and heterochromatic regions.

6.1.8 Epigenetics and chromatin structure in carcinogenesis
As cancer develops, cells acquire growth advantages through the accumulation of
heritable changes in gene expression. These changes affect both oncogenes, which promote
cell growth, and tumor suppressor genes, which inhibit cell growth. Since cancer results
from a combination of alterations to various genes, many different factors can contribute to a
cancer phenotype. As discussed throughout this thesis, chromatin structure is clearly linked
to gene expression, and hence leads to the possibility that chromatin structure plays a role in
cancer progression and development. Misplaced heterochromatin can block expression of
tumor suppressor genes while failure to compact can allow increased expression of
oncogenes, as observed in the lymphoma and leukemia examples (Section 1.5.1) (Lin, Nagy
et al. 1998; Rawlings, Gatzka et al. 2011). In addition, large scale chromatin rearrangements
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are observed in senescent cells with facultative heterochromatin spreading to form compact
foci, which in turn help restrict the access of genes to transcription factors. Many of the
chromatin factors regulating higher order structure discussed in this thesis have been
implicated in either promoting or inhibiting carcinogenesis.

For example, the

heterochromatin foci that form during senescence, which is a protective mechanism against
carcinogenesis, are associated with HMGA1 while being depleted of linker histone H1
(Section 1.4.1.2, Figure 1.10) (Funayama, Saito et al. 2006; Narita, Narita et al. 2006).
Furthermore, linker histone levels, the ratios of linker histone subtypes and the NRL appear
to be altered to varying degrees during cancer progression (Leonardson and Levy 1980;
Oshima, Curiel et al. 1980).
Additional studies have further linked HMGA1 and other HMG proteins to
carcinogenesis. Translocations of the A-T hook DNA binding motifs of the HMGA1 gene
are one of most common chromosome translocations in human tumors (Hess 1998; Fedele,
Battista et al. 2001).

Overexpression of HMGA1 leads to neoplastic transformation in

fibroblasts and lymphoblasts and decreased expression impairs transformation in lymphoma
cells (Wood, Maher et al. 2000; Wood, Mukherjee et al. 2000). Other HMG proteins also
have roles in carcinogenesis. For example, HMGN5 is highly expressed in breast cancer
cells and gliomas, and HMGN5 knockdowns result in cell cycle arrest and increased
apoptosis in both gliomas and prostate cancer cells (Jiang, Zhou et al. 2010; Qu, Yan et al.
2011).

Studies on HMGN1 null mice revealed impaired responses to DNA lesions,

accumulation of mutations, and doubled the occurrence of tumors (Gerlitz 2010). Cells
lacking HMGN1 have increased expression of gene proto-oncogenes and genes involved in
metastasis (Rubinstein, Furusawa et al. 2005; Gerlitz 2010).
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Post-translational modifications to histone proteins also appear to be important in
cancer as they play a role in regulating gene transcription. Repressive modifications, such as
increases in methylation can inactivate tumor suppressor genes (Fabbri, Garzon et al. 2007;
Ellis, Atadja et al. 2009) while increases in acetylation may help promote transcription of
oncogenes (Chavez-Blanco, Segura-Pacheco et al. 2005; Arif, Vedamurthy et al. 2010).
Methylation of both DNA and histone-tails increases in many different cancers including
colorectal tumorigenesis, hepatocarcinogenesis, embryonal carcinomas, and acute leukemias
(Bhalla 2005; Pogribny, Ross et al. 2006; Ohm, McGarvey et al. 2007; Lennartsson and
Ekwall 2009; Menigatti, Cattaneo et al. 2009). PAD4 expression was also found to be
elevated in multiple cancers including lung, esophageal, ovarian, and breast, with higher
expression in malignant than benign tumors (Chang, Han et al. 2009; Wang, Chang et al.
2010).

Most of these modifications likely function at the level of regulating gene

transcription by modifying the local chromatin structure at promoter regions of various tumor
suppressors and oncogenes.
Furthermore, post-translational modifications can also occur on chromatin
architectural factors that regulate chromatin structure and transcription.

For example,

increased levels of linker histone monomethylation and phosphorylation were detected breast
cancer (Lu, Zougman et al. 2009), while altered patterns of phosphorylation, methylation,
and acetylation of HMGA1 was observed in MCF-7 metastatic cells (Banks, Li et al. 2000).
Moreover, HMGA1 methylation levels are increased in breast cancer cells with increased
metastatic potential, with a particularly strong monomethylation of HMGA1 at arginine 25
has been associated with tumor cell lines (Edberg, Adkins et al. 2005; Sgarra, Lee et al. 2006;
Zou and Wang 2007).
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The extent to which a various post-translational modification or architectural factors
contribute to promoting or preventing carcinogenesis varies greatly based on the particular
combination of factors. Most of these changes function by altering transcription levels of
oncogenes and/or tumor suppressors, and it is the overall combination of many individual
events that leads to the development of cancer states. Understanding how each of these
chromatin factors interacts with one another and in turn alters specific gene expression is
important in designing future treatments for cancer patients.

6.2 Implications for future studies of chromatin structure.
6.2.1 PANIC (PCR assisted nucleosome interaction capture)
In addition to the studies on NRL, it is also important to characterize the nucleosome
interactions that occur within the folded chromatin fiber. The EMANIC technique described
in Section 1.1.2 (Grigoryev, Arya et al. 2009) has been shown to capture nucleosome
interactions within a compact fiber, however, this technique relies on EM, which needs
special expensive equipment (EM) and requires well-defined and purified in vitro systems.
For these reasons, the development of a less expensive and quicker approach is extremely
beneficial. One of the future goals of the Grigoryev lab is to establish a technique called
PANIC, where nucleosome interactions are captured and analyzed through PCR. The basic
procedure is similar to the 3C technique (Dekker, Rippe et al. 2002), but capturing
nucleosome interactions at a shorter range within a single chromatin fiber instead of
capturing interactions between fibers.
The technique we have been working on is modeled in Figure 6.2, and involves a
DNA template with specially designed restriction cut sites that allows for the nucleosome
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number in an interacting pair to be identified. The technique involves limited formaldehyde
crosslinking (approximately 1 crosslink per 12-mer array) of condensed chromatin, followed
by decondensation in low salt buffer and digestion of the array into monomers through
engineered restriction sites. The material is then ligated under dilute conditions using an
inverted AvaI cut site at a “target” nucleosome (nucleosome #3, shown in red in Figure 6.2),
such that only nucleosomes crosslinked to the target nucleosome will ligate.

The

crosslinking is then removed, creating a dimer in which the nucleosome bound to the target
has been inverted, thus allowing specifically designed primer sequences (arrows) to now be
on opposite strands and allow for PCR amplification. Once amplified, the product is digested
with the enzymes specific to numbered nucleosomes to determine which nucleosomes were
adjacent to one another in the compact state.
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Figure 6.2 Model of PANIC technique. This approach uses nucleosome arrays engineered with unique
restriction cut sites after each nucleosome as a way to identify which nucleosomes are interacting in compact
chromatin.

Many of the preliminary conditions for PANIC have already been established in my
work (Figure 6.3), including the formaldehyde concentration and reaction time to produce
limited crosslinking, as well as the digestion of chromatin arrays into monomers under buffer
conditions that allow enzymes to work yet do not precipitate the chromatin arrays, as well as
the reaction conditions for limited ligation of monomers. The specific conditions for ligation
mediated PCR are currently being developed.
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Figure 6.3 Establishing PANIC reaction conditions. Top: Agarose gel images showing chromatin reaction
conditions where either magnesium or formaldehyde concentrations or reaction time are varied. These were
used to establish protocols for limited formaldehyde crosslinking. Bottom: Agarose gels showing successful
digestion of monomers from 12-mer arrays and limited ligation products from monomer digestions.

This technique, once conditions are established will allow for the confirmation of
the EMANIC results reported in (Grigoryev, Arya et al. 2009) as well as establish a system
for future nucleosome interaction studies. For example, these engineered DNA templates
could test whether the presence of architectural factors such as HMG proteins promote a
different pattern of chromatin folding, perhaps with altered ratios of bent and straight linker
DNA.

6.2.2 Establishing conditions for in situ EMANIC studies
In addition to studying nucleosome interactions on reconstituted chromatin arrays, it
is important to confirm these interactions in native chromatin. Due to the complexity of
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native chromatin, indirect approaches are required to study chromatin structure. So far those
approaches generally attempt to capture a limited number of interactions that occur in native
chromatin and then isolate and analyze the captured interactions in a simplified environment.
Chromosome conformation capture (3C) (Dekker, Rippe et al. 2002; Dekker 2006) is
one such approach, along with numerous variations and expansions of this technique through
various highthroughput approaches including multiple 4C techniques that involve either
circularization or chip to identify interacting partners (Simonis, Klous et al. 2006; Zhao,
Tavoosidana et al. 2006), 5C approaches employing the concurrent use of thousands of
primers and microarrays to simultaneously to detect millions of chromatin interactions
(Dostie, Richmond et al. 2006; van Berkum and Dekker 2009), and Hi-C technique
identifying long range interactions genome wide using biotinylated residues (van Berkum,
Lieberman-Aiden et al. 2010).

The basic idea behind these approaches is to use

formaldehyde to crosslink bound DNA to histones and histones to histones (Jackson 1978;
Jackson 1999), which chemically binds distal chromatin segments together. The crosslinked
chromatin is digested at nearby restriction endonuclease sites followed by ligation under
dilute conditions so that crosslinked regions ligate to each other (Dekker, Rippe et al. 2002;
Splinter, Grosveld et al. 2004). The ligation products are then analyzed through various
sequencing approaches depending on the particular technique to determine which distal
chromatin regions interact with a target region.
Experiments in our laboratory have shown that 3C and related techniques, which test
long range chromatin interactions, can be modified to test short range and visualize
nucleosome interactions in native chromatin using the EMANIC approach. The EMANIC
technique described in Section 1.1.2 (Grigoryev, Arya et al. 2009) was shown to capture
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nucleosome interactions on reconstituted chromatin arrays are crosslinked in compact
chromatin states and the interactions are visualized through EM on decondensed material.
Recent experiments in our laboratory have further expanded the EMANIC approach for
capturing nucleosome interactions in situ. In these experiments, formaldehyde was used to
partially crosslink nuclei in living cells, followed by MN digestion to acquire smaller
chromatin fragments, unfolding in low salt, mild trypsin treatment, fixation with
gluteraldehyde, sucrose purification, and imaging under EM. This procedure allowed for
nucleosome interactions to be counted from native chromatin. The future implications of this
approach include determining how nucleosome interactions differ throughout various stages
of development and the cell life cycle, including how chromatin is organized in the highly
compact metaphase chromosomes.
The EMANIC studies can also be used to further expand on the projects described in
this thesis. For example, comparing EMANIC data between arrays with various translational
and rotational nucleosome positions may reveal altered nucleosome binding interactions
depending on the nucleosome orientation and length of linker DNA.

Our lab already

collected EMANIC data for reconstituted arrays in the presence of HMGA1, and this data
could be used to compare to in situ EMANIC data from C2C12 cells before and after
differentiation or under conditions when HMGA1 is overexpressed or knocked-down.
EMANIC could be collected for citrullinated arrays or those containing HMGN5, and it is
possible that the decondensing function of these factors will alter nucleosome interaction
patterns using both in vitro and in situ approaches.
Combining the EMANIC approaches described above with the results in this thesis
will help in establishing the rules that apply to the formation chromatin higher order
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structures under various environmental conditions. This can be the groundwork for further
large scale studies such as mapping nucleosome positioning in various cell types under
conditions with altered levels of certain architectural proteins, such as HMGN5. ChIP-Seq
studies could be performed to gain a better understanding for the global distribution of
certain architectural factors and how they affect chromatin remodeling under certain cellular
conditions, such as before and after differentiation or tumorigenesis.

6.2.3 Sensitivity of analytical ultracentrifugation for chromatin folding and self-association.
As demonstrated throughout this thesis, sedimentation velocity experiments utilizing
the analytical ultracentrifuge provides a sensitive assay to monitor the extent of chromatin
folding in reconstituted chromatin arrays. This assay is useful in testing various aspects of
chromatin structure, from changes in NRL to the effect of architectural proteins, as well as
histone tail modifications. Its use in monitoring chromatin folding is widely published (van
Holde 1988; Wang, He et al. 2001; Dorigo, Schalch et al. 2004; Shogren-Knaak, Ishii et al.
2006; Lu, Simon et al. 2008; Routh, Sandin et al. 2008; Grigoryev, Arya et al. 2009; Lu,
Hamkalo et al. 2009; Rochman, Postnikov et al. 2009; Wang, Li et al. 2009; Allahverdi,
Yang et al. 2011). However, the experiments in this thesis suggest that the functions of the
analytical ultracentrifuge in studying chromatin structure can be further expanded to test selfassociation or more complex chromatin systems.
While the analytical ultracentrifuge is typically used to determine the extent of
chromatin folding, we found that under certain conditions is can also be used to assay the
initial steps of self-associated material resulting in array dimerization (tertiary structure).
The dimers appear as a “second peak”, running at 90 S (or above), and was initially
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unexpected (for examples, Figures 3.5 bottom plot; 4.6A; 4.7 bottom plot; 4.10 bottom plot;
and 4.12). This peak is most commonly observed on arrays with nucleosome repeat lengths
~207 bp in the presence of linker histone H5 and 1 mM MgCl2. Upon prolonged incubation
with magnesium, the percentage of material in the self-associated peak increases. The ~90S
peak may represent a biphasic state of chromatin, similar to that seen in nature, where there is
both

more

compact,

transcriptionally

transcriptionally active euchromatin.

inactive

heterochromatin

and

more

open,

This biphasic state has already been observed in

chromatin from chicken embryo erythrocyte nuclei (Grigoryev, Spirin et al. 1990). The
properties of the c(s) distribution model, which provide the analysis of multiple species in
solution, allows for observation of this second peak, which may provide a new method to
directly assess self-associated material. This leads to the possibility of future studies testing
whether additional factors or environments alter chromatin folding and self-association
separately. Studies such as these can be particularly beneficial to determine the function of
protein factors such as hHMGN5 and Nap1, which appear to have a greater effect on selfassociation than folding. It is also possible, that while chromatin arrays with varying NRL
do not differ significantly in magnesium precipitation assays, perhaps the >90 S peak will
prove a more sensitive assay, and arrays with tighter folding will have an impaired ability to
form self-associated structures, as evident by the >90 S peaks.
While it is important to determine the individual contribution of various chromatin
components to the overall structure, eventually it will become important to understand how
these components interact with one another. The analytical ultracentrifuge can be used to
assay multiple components at a time. For example, sharp peaks are still observed in the
presence of up to three additional proteins (H1, MeCP2, and HMGA1) under physiological
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ionic strength conditions (Figure 4.7, bottom plot). In addition, the c(s) distribution indicates
the net result of all the interacting factors. For example, as described in Section 6.1.2.2, the
effects of hHMGN5 on the >90 S peak can be overcome by increasing the concentration of
factors that promote chromatin compaction.

In addition to expanding the role of the

analytical ultracentrifuge, it becomes important to test other chromatin components,
including additional architectural factors, histone variants, and other histone tail
modifications. Previous work in our laboratory has tested architectural factors MeCP3 and
MENT, both of which are involved in chromatin compaction, and current projects in the lab
are testing the histone variant H2AZ, which is associated with euchromatin. Using these
approaches, the techniques in this thesis, which were originally designed to test individual
chromatin components can be expanded to test various combinations of factors to continue to
dissect higher order structure one step at a time.
Through the development of the approach used in this thesis, we can begin to narrow
down which factors are important in causing the structural changes associated with
heterochromatin formation. The larger goal of these projects is to better understand the
factors regulating heterochromatin formation, spreading, and in turn gene regulation. By
systematically evaluating one chromatin component at a time and in various combinations,
we can better predict how factors will interact in a more complex biological system.
Ultimately, understanding the specific structural changes involved in heterochromatin
formation and spreading is an important step towards developing treatments that maintain
proper gene expression in disease states.
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6.3 Conclusions
- We designed and constructed ten uniform and variable positioned
nucleosomal arrays with different rotational and translational settings that allowed us to
dissect individual contributions of the nucleosome repeat setting and different architectural
factors to chromatin higher-order folding,
- There was an observed negative correlation between NRL with fixed rotational
settings and chromatin folding, with arrays with shorter linkers forming more compact
structures.
- Modifying the NRL rotational setting inhibited chromatin folding of a nucleosome
array with NRL of 172 bp but did not affect chromatin folding or self-association in
chromatin arrays with NRL above 200 bp suggesting that nucleosome rotational settings
were affecting chromatin folding in a linker DNA length-dependent manner.
- The nonhistone architectural protein HMGA1 that has been implicated in chromatin
condensation during cell senescence and differentiation was not sufficient to alter chromatin
higher order structure in a biochemically defined system. The data also indicated that
HMGA1 has different roles in senescence and differentiation.
- A novel nonhistone architectural protein, mouse HMGN5 was sufficient to reverse
chromatin folding and self-association induced by linker histone on positioned nucleosomal
arrays. Both the C-terminal tail and the nucleosome binding domain of mouse HMGN5 were
important for this function.
- Human HMGN5, containing a tail half as long as the mouse protein, did not show
the same chromatin unfolding effect suggesting that the length of the C-terminal tail was
important in the chromatin unfolding function.
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- Histone citrullination by PAD4 was sufficient to reverse chromatin folding induced
by linker histone but did not affect folding of nucleosome core arrays in the absence of linker
histone.
- Linker histone H5 was able to be citrullinated by PAD4 but this histone
modification was not essential for unfolding chromatin fibers.
- The work in this thesis demonstrates that the technique of reconstituted chromatin
arrays coupled with analytical ultracentrifugation can be used to determine individual
contributions of a diverse set of chromatin components in a multi-component system, laying
a foundation for studying intrinsic heterogeneity of chromatin higher order structure.
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