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ABSTRACT
The ability of RNA to both store genetic information and catalyze chemical
reactions has led to the RNA world hypothesis, wherein RNA served as the primary
biological molecule. The functional versatility that would, in theory, be required of such
a molecule represents a significant challenge to it and to our understanding of the origins
of life. In comparison to the variety of chemical side chains available to proteins, RNA
(which bears only four, chemically similar side chains) seems to be woefully inadequate,
so much so that the discovery of catalytic RNAs in 1982 came as a surprise to many and
created a whole new field of study. Since then, a steady stream of RNA-related
discoveries have had profound impact on the fields of chemistry, biochemistry, genetics,
and molecular biology. Every new discovery furthers our understanding of RNA as a
primary biomolecule and expands our understanding of both modern and ancient biology.
One particularly powerful catalytic strategy utilized by protein enzymes is general
acid-base catalysis. Proteins can utilize amino acid side chains like histidine and lysine
which have pKa values at or above physiological pH (~7), to attain efficient proton
transfer or electrostatic catalysis, respectively. Nucleic acid bases, on the other hand,
have no ionizing groups with pKas in this range and, to make matters worse, routinely
experience pKa shifts further from this ideal range upon standard helix formation because
the standard protonation state is required for Watson-Crick base pairing. On the other
hand, helix formation of non-Watson Crick pairs that require non-standard protonation
states causes a pKa shift towards neutrality (or beyond). We hypothesized that coupling
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many interactions to a protonation event through cooperative structure formation could
shift nucleobases pKa values even further.
Towards this end, I designed model systems to study folding cooperativity in
RNA and DNA hairpins as a function of helical context. Significant cooperativity was
observed at the terminus of a helix; in fact, it is demonstrated that a terminal base pair
will not form in the absence of a penultimate base pair in both RNA and DNA hairpins. I
also note that the thermodynamic impact of mutations at the terminus are small,
particularly when compared to the same mutations performed on bases in the middle of
the helix. It is at this point where RNA and DNA trends differ: DNA does not exhibit
strong cooperativity in the middle of a helix, while RNA does. This difference is
attributed to differences in helical structure and flexibility.
Experiments were then performed to determine the molecular basis for an
unexpectedly large structural disruption observed in the study mentioned above. It was
demonstrated that unsatisfied hydrogen bond acceptors can play a surprising and major
role in determining the stability (and therefore specificity) of base pair formation in the
RNA bases studied. An example of the impact of these interactions is provided in tRNA
folding specificity, wherein removing an unsatisfied hydrogen bond acceptor using a base
found in the anticodon (2-thiocytosine) increases specificity for canonical Watson Crick
base pairing.
Having obtained interesting structural information, we turned to pH studies,
beginning with a study that details sources of error in experimental pH measurements.
This study was instigated by collaboration with Dr. Andrea Cerrone-Szakal on hepatitis
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delta virus (HDV) ribozyme kinetics in high salt, with an ultimate desire examine pKa
shifting under in vivo-like conditions of unusual salt and crowding. A substantial ionspecific effect on pH measurements was found, causing meter readings that are almost 1
unit too low, particularly at high ionic strengths. It was determined that the ionic strength
of a solution will affect not only the pKa of the solution species themselves, but also the
ability of a pH electrode to produce an accurate reading. A two-step calibration method
is presented to correct for this error, and this method is applied to a study of the pKa of C
in a single stranded RNA (UUCUU) representing the unfolded state.
Lastly, experiments are presented that examine the folded-state pKa of a dsDNA
model system. Effects of context, temperature, and ionic strength on the pKa of a noncanonical A+●C wobble pair are presented. This pair requires a protonated A to form,
and hence meets the aforementioned criteria for pKa shifting; furthermore, by applying
knowledge gained in the cooperativity studies, the effect of cooperativity on pKa shift is
studied as well. Conditions under which very large pKa shifts can be observed are
identified, and pKa values at and beyond neutrality for this pair are reported, an
observation that supports the potential for both general acid-base and electrostatic
catalysis in nucleic acids. We present significant pKa shifts in internally located base
pairs only, suggesting that the folding free energy, rather than folding cooperativity, is the
most important predictor of pKa shifting.
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Chapter 1
General Introduction
This chapter is comprised of three sections. The first introduces nucleic acids and nucleic
acid structure, while the second highlights some functional roles of these structures.
Finally, a brief overview of the topics in this dissertation is presented.

1.1

Nucleic acid structure and primary structure

Nucleic acids are biological polymers made up of four nucleobases, adenine (A), guanine
(G), cytosine (C), and either thymine (T) in DNA or uracil (U) in RNA (Figure 1-1 A).
The bases are attached to a pentose sugar ring and covalently linked to one another via a
phosphodiester backbone (Figure 1-1B), resulting in a strand where bases are like beads
on a string. The two fundamental structural differences between DNA and RNA can be
found in Figure 1-1; DNA uses thymine while RNA utilizes uracil, and RNA has a
hydroxyl (OH) group at the 2’ position (highlighted by a red box in Figure 1-1B) while
DNA does not. In either biopolymer, one strand of bases connected via a common
backbone is referred to as a single strand (SS). The sequence of the attached nucleobases
is directional and read from the 5’ end (Figure 1-1B) and presented as a list of bases; e.g.
5’AGCGACG 3’ represents an adenine base attached to a guanine, and so on. This level
of structure is referred to as primary structure (1). Additonal levels of structural
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cooperativity are possible; for example one region of primary structure can interact with
another forming secondary structure, and elements of secondary structure can interact
with one another, producing tertiary structure. Both of these levels of structure will be
discussed below.

3

Figure 1-1: Nucleobases and backbone structure for DNA and RNA A) Adenine,
cytosine, guanine, thymine, and urail nucleobases. Red boxes indicate the Watson Crick
faces of the bases. Note that the difference between U and T is a methyl group off of C5.
B) Phosphodiester backbone of DNA (left) and RNA (right). The 2’-OH group on RNA
is indicated by a red box. In all cases, standard numbering is provided.
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RNA is typically single stranded in nature, while DNA is double-stranded. This
profoundly alters the functions that each polymer can attain. By being double stranded,
DNA can mostly form only simple B-form helices, while RNA can form a stunning array
of structures, which have been shown to be capable of small molecule recognition and
catalysis. It is also noteworthy that synthesis of the deoxyribose sugar is very complex,
requiring free radical chemistry from the enzyme ribonucleotide reductase, while the
ribose sugar is a simple carbohydrate that can form spontaneously, for example by the
formose forming reaction, as described by Benner (2). These characteristics have led to
the widely held notion that RNA, rather than DNA, was the first self-replicating molecule
that led to all extant life on earth—the so-called “RNA World”. Supporting this idea, the
genetic information in RNA is decodable by Watson-Crick base pairing, presently in
reverse transcription. That the genetic information in proteins is not decodable—i.e.
there is no “reverse translation” known or envisionable—rules out a protein world.

1.1.1

Hydrogen bonds and base pairs

The nucleobases can interact with each other in many ways, however the standard means
of interaction is via hydrogen bonding interactions along the Watson-Crick (WC) face of
the bases, labeled in Figure 1-1A by a red shaded box. Hydrogen bonds are noncovalent
interactions that form between electronegative atoms (N, O, or F) with a covalently
bonded hydrogen atom (the hydrogen bond donor) and other electronegative atoms (3).
These bonds are stronger than van der Waals interactions but weaker than covalent bonds
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and play very important roles in biochemistry. The pattern of hydrogen bond donors and
acceptors on the WC face of a base determines which base it will preferentially pair with.
For example, G has a hydrogen bond acceptor at C6 (O), a donor at N1 (an imino proton),
and another donor at C2 (NH2) (Figure 1-1A). This pattern can be represented as A-D-D,
and interacts with D-A-A – a pattern found on the WC face of cytosine. Likewise, A
pairs with T in DNA and with U in RNA; these base pairs are commonly known as
canonical WC base pairs and form the basis for the genetic code of life on Earth.

1.1.2

Secondary Structure

When bases in a single strand of primary structure interact and base pair with bases on
either another region on the same single strand or a separate single strand (a process
called hybridization), the resulting helical structure is called secondary structure, and the
helix is the most common form of DNA in vivo. The structure of helical DNA was
famously solved by James Watson and Francis Crick (4), and consists of two anti-parallel
single strands of DNA with paired bases between them forming structure much like the
rungs of a ladder (Figure 1-2 A). The bases stack upon one another in an energetically
favorable and sequence-dependent manner, leading to a model for DNA folding called
the “Independent Nearest Neighbor-Hydrogen Bonding” model, which attributes the
stability of a secondary structure to the sum of nearest neighbor (NN) energies (5). These
nearest neighbor energies have been measured, parameterized (5-16), and incorporated
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into algorithms that can predict the thermodynamic stability of secondary structure with
considerable (> 70 %) accuracy (17, 18).
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Figure 1-2: Examples of Nucleic Acid Secondary Structure A) Perfectly base-paired
secondary structure. This structure, made from two separate strands of nucleic acids, is
referred to as a duplex. B) Duplexes with imperfections. Left: a duplex with a single
internal mismatch. This can be referred to as a 1 X 1 symmetric internal loop. Middle: a
duplex with a 2 X 1 asymmetric internal loop. Right: a duplex with two bases extruded
from the helix in a bulge. C) Hairpin structure, also a secondary structural element. D)
Depiction of secondary structure that has several elements combined. A hairpin abuts a
duplex with a bulged base, and the loop portion of the hairpin forms a base pairing
interaction with distal sequence. Many elements typically combine to make biologically
relevant structures like this.
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Secondary structure can be inter- or intra-molecular and quickly become fairly
complex. Secondary structure can be graphically represented in a two dimensional
manner, as in Figure 1-2. In the simplest case, represented in Figure 1-2A, two distinct
single strands of RNA or DNA form a simple duplex. Every base in the left strand has a
matching base on the right, and this sort of perfect match is representative of genomic
DNA. In the event that one or more bases do not match, a loop can form, as in Figure 12B. Loops can be symmetric as in the leftmost depiction in Figure 1-2B, or asymmetric
as in the middle depiction. The remaining structure on the right in Figure 1-2B is an
example of a bulge, a structure that forms when one or more consecutive unmatched
bases occur in a strand are extruded from the helix. These imperfections add great
functional diversity to RNA. The number of bases involved in these structural elements
can vary greatly, and can serve as binding sites or aptamer regions.
When a single strand folds back on itself and forms a helical region it is called a
hairpin (Figure 1-2C), and is a major component of higher order RNA structures (19).
The unpaired bases in the loop region of a hairpin help determine the stability of a loop
and can also serve as sites of interactions between several secondary structural elements
leading to tertiary structure, which helps bind proteins, metals, or other biomolecules.
One example of a loop interaction is when a hairpin loop folds onto and base pairs with a
distal region of single-stranded structure that is part of the same strand, creating a
structure known as a pseudoknot (Figure 1-2D). Pseudoknots play important functional
roles in biology, acting as retroviral frame shift elements and small molecule binding
elements (20-26), and will be briefly discussed in the coming section on nucleic acid
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function. Importantly, the various secondary structural elements in Figure 1-2D can
interact and form complex functional structures.

1.1.3

Tertiary and quaternary structure

Interactions between secondary structural elements comprise the bulk of tertiary (3o)
structure. Tertiary structure can be highly complex, and requires a three-dimensional
depiction as seen in Figure 1-3 , which depicts the E. coli 70S ribosome (27). In addition,
tertiary structural units can interact to form quaternary (4o) structures. These structures
can be quite large – for example, the eukaryotic ribosome is made up of 5,080 RNA
nucleotides (28, 29). Folding tends to be hierarchical in nucleic acids (30) in which
secondary structural elements form before tertiary structure, and the macroscopic process
of folding from primary nucleic acid structure to tertiary or quaternary structure
encompasses many microscopic processes and details essential to final function.
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Figure 1-3: Crystal structure of the 70S ribosome from E. coli from Zhang et al. (27). A
ribbon of orange color highlights the backbone of this RNA structure. This is an example
of complex tertiary structure, and also an example of a very important ribozyme – this is
the location of cellular protein synthesis. This structure is made up of ~49 structural
proteins and 4 rRNAs (6,880 nucleotides).
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Study of single and double stranded nucleic acid structure can also carry out essential
functions directly. For example, RNA hairpins can function as aptamers to bind
metabolites and act as transcription terminators or anti-terminators, thereby directly
controlling gene expression in riboswitch systems (31-36). These and other functions of
RNA and DNA have generated intense scientific interest into their many functional and
dynamic roles in biology.

1.2

Nucleic acid function

The most fundamental role of nucleic acids in biology involves directing the flow of
genetic information. Every organism carries inside it detailed information regarding
every aspect of it’s biochemical existence; for example a bacteria carries information that
is constantly used to carry out the functions of bacterial life, everything from mobility to
structural biomolecule synthesis to metabolism. This information must be stored, read,
and passed on if life and reproduction is to occur – which comprises the central dogma of
molecular biology laid out by Francis Crick (37). Information is encoded in the sequence
of nucleic acids in DNA much like letters in a sentence; this information is transcribed
into messenger RNA (mRNA) molecules during transcription, where complementary
RNA bases fill in opposite to the DNA sequence. The DNA information, now encoded
into RNA, can then be translated into a protein by a ribonucleoprotein (RNP) complex
called the ribosome. Proteins then go on to perform biological tasks, both structural and
catalytic (enzymatic). The last step of the dogma is reproduction, where DNA is passed
on to another generation of organism. This step is carried out by replication, where DNA
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sequence information is coded into another DNA strand, essentially copying the
instructions for life. In this classic view, RNA can be thought of as a mere scribe,
transferring information from the source to a translator. Crick himself realized that RNA
had more potential than this, as he, Orgel, and Woese devised the RNA world hypothesis
in the late 1960s (38-40).
In contrast to this limited role for RNA, many additional functions of RNA have
been discovered, beginning with the discovery of catalytic RNAs (ribozymes) in 1982 by
Thomas Cech and co-workers (41). They discovered that RNA in the absence of proteins
can splice unnecessary sections of sequence (called introns, which had been discovered
by Sharp and Roberts just a few years prior (42-44)) from its primary structure, a process
that involves breaking and making covalent bonds which was called ‘self-splicing’.
Furthermore, it was discovered that RNA can be “read backwards” by reverse
transcriptase to produce DNA by Howard Temin and David Baltimore (45) (46, 47)
making corrections to the central dogma necessary.

1.2.1 Processes controlled by catalytic RNA
Since the discovery of self-splicing RNA, the known functional roles of RNAs have
greatly increased. Non-coding regions of certain RNAs (that were not previously thought
to have function) in particular have been found to function in regulating gene expression
in prokaryotes and plants by being the location of the metabolite-sensing ribsowitches
mentioned earlier. In addition, small non-coding RNAs excised from an mRNA or
encoded by a gene can be processed into short RNAs called ‘microRNAs’ (miRNAs) that
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specifically target and bind to mRNA transcripts, resulting in the degradation of the
mRNA by a RNP called RISC (48). Destruction of an mRNA transcript prevents a gene
product from being produced; in a similar process, siRNAs can be used to prevent
exogenous dsRNAs from generating proteins. This recognition and protection against
non-self RNA is important, as many viruses utilize an RNA genome, including HIV,
SARS, hepatitis, the common cold, and the flu. The 2006 Nobel prize in physiology or
medicine was given to Andrew Fire and Craig C. Mellow for their discovery of RNA
intereference (the same year Roger D. Kornberg received the Nobel prize in Chemistry
for work on transcription). These exciting recent discoveries in gene regulation and
metabolite sensing highlight the versatility of nucleic acids. The remaining portion of
this introduction focuses on the catalytic and structural properties of RNA and DNA
biopolymers.

1.2.2

Ribozyme reactions

Ribozymes typically catalyze phosphodiester backbone cleavage and ligation reactions, a
reaction where SN2 nucleophilic attack takes place on the bridging backbone phosphate
(Figure 1-4). The nature of this nucleophile tends to vary between large and small
ribozymes. Large ribozymes like the group I intron and RNase P recruit an exogenous
nucleophile like a guanine cofactor or water molecule (Figure 1-4A), while small
ribozymes like the hepatitis delta virus (HDV), hairpin, hammerhead, Varkund satellite
(VS), and glmS ribozymes utilize an internal 2’OH nucleophile. Moreover, the smaller
ribozymes tend to utilize nucleobases to perform proton transfer in their catalytic
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mechanism since they do not have a source of labile vicinal protons to stabilize the
leaving group oxyanion (Figure 1-4B)(49). Another difference is that large ribozymes
produce 2’,3’-cis-diol and 5’ phosphate termini, while small ribozymes produced 2’,3’
cyclic phosphate and 5’ hydroxyl termini (50). This observation, coupled with studies
that revealed small ribozymes could function in the absence of divalent metals under high
monovalent salt conditions and certain pH conditions (51-53), suggested fundamentally
different mechanisms were being utilized.
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Figure 1-4: Ribozyme Catalytic Mechanisms A) General catalytic mechanism for RNA
self-cleavage in large ribozymes (49). An exogenous nucleophile (Nu:) carries out
nucleophilic attack on the bridging phosphate. The nearby 2’ OH can serve as a proton
source for the displaced 3’ oxygen leaving group, causing the 2’ oxygen to take a proton
from a nearby acidic group, oftentimes from a water molecule activated by association
with a divalent metal (typically Mg2+). B) General catalytic mechanism for RNA selfcleavage in small ribozymes (49). In the absence of an exogenous nucleophile a nearby
basic functionality deprotonates the 2’ OH, which generates a nucleophilic oxygen to
attack the bridging phosphate, ejecting the 5’ bridging oxygen. This oxygen goes on to
take a proton from a nearby acidic functionality. In the absence of exogenous
nucleophiles and divalent metal ions, general acid and base roles are likely carried out by
nucleobases.
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1.2.3

Proteins versus nucleic acids

Efficient chemical catalysis can be affected by different mechanisms. Catalysis by
physical means (approximation) and chemical means (electrostatic focusing, proton
transfer (acid-base catalysis), electron transfer) are strategies utilized by protein enzymes
(54). It seems reasonable, therefore, that a comparison between proteins and RNA may
elucidate catalytic similarities. First, consider structure: both proteins and RNAs can
form large, globular structures, however protein structure often orients side chains
outwards in a manner amenable to nearby interactions, whereas RNA helices have side
chains that point inwards, towards each other. Second, consider side chains: proteins
have 20 chemically diverse amino acids, while RNA and DNA have only four chemically
similar side chains. This is of particular importance when thinking about functional
diversity, as a greater variety of functional groups will most likely directly increase the
catalytic versatility of a biomolecule. Despite these limitations, catalytic RNA carries out
catalysis effectively in a variety of systems, through a combination of physical means accomplished through positioning and folding, just as in proteins – and chemical means
via limited chemical functionalities. These findings reinforce that catalysis is not the sole
realm of polypeptides—any suitable biopolymer, including RNA, can perform enzymic
reactions.
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1.2.4

Expanding the functional diversity of nucleobases through pKa shifting

The above comparison between nucleic acid and protein structure represents only one
approach to evaluating catalytic potential. In addition to considering the chemical
diversity of side chains (as in amino acids), it is important to consider the manner in
which a side chain can be used. For example, optimal participation in general acid-base
catalysis requires a pKa value near the pH of the reaction condition (54, 55) (in this case
physiological pH (~7)), while electrostatic catalysis requires the presence of a charged
species. Proteins have histidine (pKa ~7) and lysine/arginine (pKa 8.95) (28),
respectively, to fulfill these requirements, whereas nucleic acids have unshifted pKa
values far from neutrality (Figure 1-5A).
As nucleic acid folding progresses, hydrogen bonds between base pairs form, an
energetically favorable process that favors nucleobases to be in a particular protonation
state. In Watson-Crick base pairs, the protonation states shown in Figure 1-5A are
favored, which drives pKa shifts away from neutrality (56). For example, in the base pair
shown in Figure 1-5B the pKa of N1 in G shifts from 9.2 to a value 2-3 units higher
while the pKa of N3 in C shifts from 4.2 to a value 2-3 units lower.
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Figure 1-5: Standard pKa values in nucleic acids. A) RNA bases (left) and backbone
structure (right) labeled with their respective pKa values. Note that these values are far
from neutrality, particularly sites on the backbone and ribose sugar, suggesting any
potential acid-base function would originate from the bases themselves. B) Canonical
GC base pair, with labels illustrating pKa shifts that occur upon secondary structure
formation.

19
While the pKa shifts that occur upon canonical Watson-Crick base pairing are away
from neutrality (and thus further from general acid-base catalysis range), these
phenomena reveal that the thermodynamics of folding can cause pKa shifts to occur.
Since pKa values are equilibrium constants describing proton dissociation, it follows that
shifting the equilibrium between a protonated state (FH+) and unprotonated state (F) will
result in a shift in the pKa value. This thermodynamic link between folding and pKa
value has been studied previously (57) (58), and a mathematical formalism is presented
by Moody et al. (59). The energetically favorable formation of structure can
preferentially stabilize certain protonation states, thereby shifting the equilibrium towards
that state resulting in a pKa shift.
While unusual protonation states preclude WC base pair formation, they occur in
some non-canonical base interactions. For example, the GC interaction depicted in
Figure 1-5 would not be possible if N3 on cytosine was protonated. Protonation in this
case results in formation of new structure, hence the energy associated with this
protonation (the “cost” of a pKa shift) can be summed with the favorable energy from
structure formation. Figure 1-6 illustrates some protonated base pairings, and it is
important to note that protonation (or, for that matter, deprotonation) of the nucleobases
shown in Figure 1-6A results in a charged species. These charged protonated structures
have been separated into two categories {Bevilacqua, 2004 #2642} (Figure 1-7): in Class
I the proton of interest is directly involved in a hydrogen bonding interaction; in Class II
the proton of interest is free from interaction but near sites of interaction between bases.
Intuitively, Class II protons are accessible and available for acid base catalysis; in
contrast, Class I protons are sequestered into hydrogen bonds and, as a result, would
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seem to be unable to contribute to acid-base catalytic mechanisms. While it is most
likely the case that Class I protonation sites do not directly shuttle a proton it has been
noted that protonation can alter the pKa values of nearby groups to potentially promote
acid-base catalysis. For example, protonation at N1 of adenine causes the N6 amino
group pKa value to drop from ~19 to ~9, greatly increasing the potential for proton
transfer {Gueron, 1995 #2677}. Likewise, protonation at N3 of cytidine (as observed in
Figures 1-6 and 1-7) causes the pKa of the N4 amino to drop from 18 to 9 {Gueron, 1995
#2677}.
As mentioned earlier, electrostatic catalysis requires presence of a charged species,
and acid-base catalysis requires a pKa near neutrality; as illustrated here, a pKa shift on
either A or C to neutrality can meet both of these requirements. It is also important to
remember that when the pH of a solution is equal to the pKa of molecule in that solution
(3), equal populations of protonated and deprotonated species exist, therefore in order to
significantly populate a charged species, a pKa of 8.0 or higher would be necessary.
Nucleic acid structure that can cause these pKa shifts by folding would broaden their
catalytic potential (through protonation) by incorporating the potential for acid-base and
electrostatic catalysis. As a result, it can be postulated that study of 1) nucleic acid
folding properties, and 2) fundamental pKa driving forces, may be important to
understanding functional diversity in nucleic acids.
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Figure 1-6: Structures of base-base interactions where one of the bases is protonated (6067).
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Figure 1-7: Class I and II protonation sites {Bevilacqua, 2004 #2642}. A and B) Class I
protonation sites. Pronated adenine and cytosine (protons shown in red) involved in noncanonical Watson-Crick interactions. Both protons are directly involved in hydrogen
bonding interactions. C and D) Class II protonation sites. Both structures illustrate
protonated adenine involved in non-canonical WC interactions, however in these cases
the proton is not sequestered into a hydrogen bond.
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1.3

Topics covered

This section will outline the chapters in this dissertation, with a small explanation of each
study. We begin with a method to study how inter-dependent nucleic acid structure is in
a particular molecule. The energy of base pair stacking discussed in 1.1.2 suggests that
base pairs influence each other. Experiments are laid out to determine how much they
influence each other, in what way, and if this influence is dependent on factors like base
pair location or salt conditions. This influence is called folding cooperativity, and bases
that form cooperatively are said to be cooperatively coupled. Determining the energetics
of nucleic acid folding in this way is important considering the strong relationship
between structure and function; this approach is thematic of studies presented here.
Chapters 2 - 4 present studies on energetic aspects of DNA and RNA folding, whereas
chapters 5 and 6 examine pKa function with respect to trends observed in chapters 2 - 4.

Chapter 2:Thinking Inside the Box: Designing, Implementing, and Interpreting
Thermodynamic Cycles to Dissect Cooperativity in RNA and DNA Folding.
This chapter discusses a technique used to examine structural cooperativity. The
degree of structural cooperativity reflects how interdependent structural element are, and
is an important factor in biomolecules. This chapter explains in a fairly detailed manner
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how we planned and carried out experiments on RNA and DNA hairpins presented in
Chapter 3, and also outlines additional uses of this technique.

Chapter 3: Folding Cooperativity in RNA and DNA is Dependent on Position in the
Helix.
In this study folding cooperativity is examined in both RNA and DNA hairpins
using thermodynamic cycles as presented in Chapter 1. One interesting aspect of
structural cooperativity is how it can help reveal misleading interpretations of
thermodynamic data. For example, if a single interaction in a molecular structure is by
itself only worth 0.5 kcal/mol, but disruption of this interaction causes many interactions
to break, then a very large energetic value may be mistakenly assigned to that single
interaction. The dissection of these sorts of cooperative transitions can provide useful
information; for example, the identification of a highly cooperative structural interaction
may suggest a locus where structure formation can drive a large pKa shift.

Chapter 4: Unsatisfied Hydrogen Bond Acceptors Play a Significant Role in RNA Base
Pairing Strength.
This study probes the molecular basis for a surprisingly large loss in helix
stability observed in Chapter 3 when a modified base called inosine (I) was introduced
across from a cytosine base. Inosine is very similar to guanine, with the exception of one
functional group (the C2 exocyclic amine, Figure 1-1), which is missing in inosine. We
hypothesized that the observed effect most likely had several molecular origins, and
utilized a modified base to further probe the origins of this effect. We observe that
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incorporation of 2-thiocytosine (s2C) (which replaces the carbonyl at C2 of cytosine with
a thione) does not incur the same penalties as incorporation of inosine, despite the fact
that both s2C and I modifications (in theory) disrupt the same hydrogen bonding
interaction. In fact, it is observed that incorporation of s2C across from a guanine base
causes a disruption of only 0.6 kcal/mol, while incorporation of s2C across from inosine
(creating an I-s2C double mutant) occurs with an enormous bonus free energy of -2.9
kcal/mol. We hypothesize in this chapter that the energetic cost of dehydrating the O2
carbonyl is the main source of the large destabilization observed upon I incorporation,
and suggest that this penalty is largely removed in the presence of s2C, which hydrates
poorly.

Chapter 5: Ionic Strength Effects on pH Probe Measurements
In the course of the studies presented in this dissertation we became aware of
inaccuracies in pH probe readings that can occur in an ionic-strength and ion-specific
manner. This chapter presents a discussion of the methodology developed to address this
problem, and outlines how these effects impact measurement of the pKa of cytosine in a
single-stranded model construct (UUCUU). Na+ ions were found to cause pH meter
readings that were too low in a concentration-dependent manner, but K+ were not
observed to have an effect at similar concentrations. Like Na+, Mg2+ ions caused
incorrectly low readings, however this effect was of a smaller magnitude over the range
studied and negligible over commonly used experimental concentrations. Application of
this corrections to UV-monitored titration of a model-unfolded state cytosine (UUCUU),
revealed corrected pKas on cytosine that are shifted to a value of ~4.68 at low sodium
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concentrations, and level off at ~4.25 as salinity increases. In the absence of corrective
terms, the data are misleading as they suggest that the pKa value does not level off, but
decreases indefinitely. The experimentally determined pKa correction value is salt
concentration dependent which results in the observed stabilization of the pKa value.

Chapter 6: Molecular Driving Forces for Nucleic Acid pKa Shifting: Effects of Helix
Position, Temperature, and Ionic Strength
Combining the folding cooperativity data from chapter 3 with the pH probe
technique in chapter 5, the driving forces behind pKa shifting in DNA model hairpins
were investigated. As mentioned above, protonation can be coupled to structure
formation (folding); this study examines the effects of structural cooperativity identified
in Chapter 2 as well as other solution conditions on pKa shifting. In addition,
mathematical models are presented that capture the observed experimental behavior.
This study identifies very large pKa shifts and presents trends and conditions that should
act as a predictor of pKa shifting in other systems. It also provides support for the
potential nucleobases involvement in catalysis in proton transfer and electrostatic
catalysis.
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A particularly enlightening aspect of the order in which these studies were
performed was the development of opposing trends. Chapter 3 presents a study of
folding cooperativity as a function of helix position in both DNA and RNA hairpins. It
was observed that DNA (and RNA) base pairs display very significant cooperativity at a
helical terminus, yet the thermodynamic net worth of base pairs at this location is quite
small. In contrast, DNA displayed less cooperativity in the middle of a helix, yet
disruption of bases in this location resulted in much greater thermodynamic
destabilization. RNA was unique as it displayed significant cooperativity at both
locations, but followed the same energetic trends as DNA. This folding information
directly informed our experimental study of function. One strategy for obtaining large
pKa shifts mentioned above was to couple protonation to structure formation, by design a
cooperative process. The results from chapter 3 revealed that where cooperativity is
significant in a hairpin, folding energy is weak, setting up opposing trends – if
cooperativity determines pKa shift, then terminal or penultimate base pairs should show
large pKa shifts, but if folding energy is paramount, large pKa shifts will be located
internally in a helix. We observed significant pKa shifts in the internally located base
pairs only, suggesting that the folding free energy, rather than folding cooperativity, is the
most important predictor of pKa shifting.
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Chapter 2
Thinking Inside the Box: Designing, Implementing, and Interpreting
Thermodynamic Cycles to Dissect Cooperativity in RNA and DNA Folding

[Published as an article Entitled “Chapter 13: Thinking Inside the Box:
Designing, Implementing, and Interpreting Thermodynamic Cycles to Dissect
Cooperativity in RNA and DNA Folding” by Nathan A. Siegfried and Philip C.
Bevilacqua in Methods in Enzymology, 455, 2009, 365-393.]

2.1

Abstract

Double and triple mutant thermodynamic cycles provide a means to dissect the
cooperativity of RNA and DNA folding at both the secondary and tertiary structural
levels through use of the thermodynamic box or cube. In this chapter, we describe three
steps for applying thermodynamic cycles to nucleic acid folding, with considerations of
both conceptual and experimental features. The first step is design of an appropriate
system and development of hypotheses regarding which residues might interact. Next is
implementing this design in terms of a tractable experimental strategy, with an emphasis
on UV melting. The final step, and the one we emphasize the most, is interpreting mutant
cycles in terms of coupling between specific residues in the RNA or DNA. Coupling free
energy in the absence and presence of changes elsewhere in the molecule is discussed in
terms of specific folding models, including stepwise folding and concerted changes. Last,
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we provide a practical section on the use of commercially available software
(KaleidaGraph) to fit melting data, along with a consideration of error propagation.
Along the way, specific examples are chosen from the literature to illustrate the methods.
This chapter is intended to be accessible to the biochemist or biologist without extensive
thermodynamics background.

2.2

Introduction

The collective strength of multiple weak bonds allows remarkably complex biomolecular
structures to form. In folding, weak bonding interactions (hydrogen bonds and stacking)
often interact in a cooperative fashion. Relationships among bonding interactions can be
complex. It is often assumed that weak bonds have little influence on one another; for
example, that an interaction is weakened only slightly, or not at all, upon loss of a
neighboring hydrogen bond. However, this interpretation is oversimplified. It has become
increasingly clear that biopolymers, including nucleic acid are comprised of complex,
interdependent interactions that serve structural and functional roles.
Both RNA and DNA form large and complex structures. An RNA has greater
than 50% more atoms than a protein with the same number of residues. Along with this
increased size comes more dihedral bonds where rotation can occur, which introduces
correspondingly greater potential for alternative conformations. Indeed, Turner (1)
pointed out that initiation of stacking in a dinucleotide requires a conformational entropy
loss of −13 eu, equivalent to a −T∆S° contribution to ∆G° of approximately +4.0
kcal/mol at 37 °C. The resultant complex conformational landscape of nucleic acids has
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been treated with Ramachandran-like formalisms by Duarte and Pyle (2), and Draper,
Rose and coworkers (3).
Contributing to conformational entropy loss, RNA and DNA helices bear
significant negative charge along the phosphodiester backbone that causes them to
stiffen, as evidenced by long persistence lengths (4). Such stiffening is often tempered,
however, by defects in the helix, such as bulges and internal loops (5), as well as by ionic
strength (6). Indeed, shielding the negative backbone through cation association
promotes structure formation, with divalent cations providing greater charge
neutralization than monovalents (7). This ability of RNA and DNA to be stiff or flexible
depending on sequence and solution conditions adds to functional diversity. As a result,
DNA helices can spool around histones and RNAs often adopt compact and complex
functional structures. These physical traits create a unique environment in which to probe
the cooperativity of folding.
The goal of this chapter is to provide conceptual and experimental frameworks for
the biochemist or biologist who is interested in dissecting biopolymers in terms of
functional group contributions to stability and structure. Although we focus on nucleic
acids, the principles apply equally to proteins or nucleic acid–protein complexes. We
assume that the reader has a basic grounding in thermodynamics and in RNA and DNA
biochemistry, but that he or she is not necessarily an expert in thermodynamic
measurements or interpretations. The chapter is designed to aid the design, execution, and
interpretation of experimental data in terms of physical models. Of course, it is important
to keep in mind that for all of the following discussions, thermodynamic cycles as
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manifested in boxes or cubes are path independent and therefore hold independent of the
physical model used to interpret them.

2.3

Folding Cooperativity Defined

In this section, we outline the use of thermodynamic boxes to determine the cooperativity
of structure formation, or folding cooperativity, in RNA. We begin by defining
cooperativity in the context of folding. In the extreme limit, an RNA system is highly
cooperative (or nonadditive) if just two states, say folded (F) and unfolded (U), are
populated, with any folding intermediates being poorly populated (8). In the other limit,
a system is noncooperative (or additive) if other states, such as an intermediate (I),
populate. (The origin of the terms additive and nonadditive is described subsequently.)
Experimentally, folding cooperativity is assessed by testing whether disruption of one
structural interaction affects the thermodynamic worth of another interaction.
Cooperativity must also be defined in terms of the relative positioning of the
interactions being examined. In one scenario, disruption of a particular hydrogen bond
has little effect on overall structure (Figure 2-1A). This would represent a noncooperative case. In another scenario, disruption of a hydrogen bond weakens local
interactions (Figure 2-1B). If the second interaction queried is local, then the system
would be deemed cooperative, but if the second interaction queried is distal, little or no
cooperativity would be scored. Thus, the presence of cooperativity depends on how the
question is asked. In a third scenario, disruption of a given hydrogen bond perturbs local
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and distal interactions (Figure 2-1C). In this case, the system would be deemed highly
cooperative both locally and distally.

39

Figure 2-1: Examples of cooperativity in hairpin structure formation. The fully paired
hairpin on the left has a single base pair (in bold) disrupted by functional group
modification, base substitution or sugar modification. Response of nearby structure is
used to quantify folding cooperativity. (A) Low cooperativity. Disruption of the single
base pair does not appreciably disturb local or distant structure. (B) Intermediate
cooperativity. Disruption of the single base pair weakens nearby structure. Probing
nearby interactions reveals weakened stability and intermediate cooperativity. (C) Large
cooperativity. Disruption of the single base pair breaks local structure, as depicted in the
left-most structure, and potentially long-range structure, as depicted in the ensemble of
states in brackets. Probing local interactions should reveal no stability and high
cooperativity, while probing distal interactions might reveal intermediate to high
cooperativity.
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Hess's law states that the overall enthalpy change of a reaction is the sum of the
enthalpy changes for all steps that lead from reactants to products, and that this overall
enthalpy change is path independent. This allows a complex reaction to be treated as a
series of smaller, experimentally accessible steps, and forms the basis for the
thermodynamic box. An early application of thermodynamic boxes to biopolymers was to
residues in the active site of a tRNA synthetase (9). The affinity of tyrosyl-tRNA
synthetase for ATP was probed using double mutants. A threonine to proline substitution
significantly increased substrate affinity, and thermodynamic boxes revealed the
molecular basis for this effect. While the systems being studied with this method have
broadened significantly over the years, including applications to RNA and DNA (see
subsequently), the general concepts have not.
A final word is in order about the thermodynamic boxes treated herein. We focus
on methods to dissect folding cooperativity for unimolecular processes. However, there
are many interesting systems involving bimolecular processes, such as duplex formation
or ligand binding (e.g., proton or Mg2+) (10-12). The discussion here applies equally to
these, although it is important to be mindful that opposite edges in thermodynamic boxes,
as discussed in the next section, must be of the same molecularity.

2.4

Thermodynamic Boxes: Design, Implementation, and Interpretation

For the sake of experimental tractability, thermodynamic boxes are typically built up
from two mutations to an RNA or DNA molecule of interest, and are thus often referred
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to as double mutant cycles (Figure 2-2). If mutants are to be made to a larger RNA by a
cloning method such as QuikChange (Stratagene), only two sets of mutant primers are
needed, which provides experimental convenience (13). A typical thermodynamic box
consists of the following four sequences displayed at the corners of the box: wild-type
(M00, M for mutant, and 0 for no change) representing the unperturbed molecule; double
mutant (M11, 1 for change) representing the molecule in which both of the functional
groups of interest, A and B, have been altered; and two single mutants (M10 and M01)
representing the molecule in which just one of the functional groups, A or B respectively,
has been modified (Figure 2-2). This notation is adapted from Di Cera (14).
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Figure 2-2: Thermodynamic box for a double mutant cycle. Each edge of the box
represents the energetic consequence of a modification or mutation. For example the lefthand edge corresponds to change at position A in the background of wild-type with free
energy ∆GA, and the right-hand edge to a change at position A in the background of a
change at position B, B∆GA. The extent to which these two terms differ, or couple, is
δAB, the coupling free energy, which is shown in bold. ∆GAB represents the energetic
impact of both mutations. Progression from M00 to M11 can follow either Pathway 1 or 2.
See text for further analysis. Adapted from Moody et al. (15).
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It is important to mention that as experimentalists we can only add or delete
functional groups, we cannot add or delete interactions per se. As such, it is
straightforward to state the thermodynamic worth of a given functional group in a given
context, but it is not straightforward to state the thermodynamic worth of a given
interaction in a given context. This is because deletion of a functional group can perturb
(weaken or strengthen) multiple interactions. In actuality, it is the effect of functional
group alteration on all other bonding interactions in the molecule that comprise physical
models for interpretation of the box. These considerations have been used to search for
functional groups whose protonation—an effective synthesis of a new functional group—
might result in a large free-energy change, and therefore large pKa shift (10, 12).
It is useful to consider some of the experimental and conceptual implications of
the thermodynamic box. We define pathway 1 as progressing from M00 to M10 and
ending at M11, and pathway 2 as passing through M01 and ending at M11 (see Figure 2-2).
Note that the arrows for the four individual steps (edges along the box) are in a single
direction. This is a convention that defines the algebraic sign on ∆G° and is not meant to
imply that the system is not at equilibrium. The arrow convention is also applied to the
two large pathway arrows flanking the box.
Each edge of the box is assigned a free energy, which is the difference in free
energy between the state at the corner with the arrowhead and the state at the corner with
the beginning of the same arrow. The left-hand edge (going from M00 to M10) is assigned
a free energy of ∆GA, the free energy associated with changing functional group A, while
the opposite edge (going from M01 to M11) is assigned B∆GA, the free energy associated
with changing A in the background of functional group B being changed. Similar
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definitions are made for the bottom and top edges in the box, corresponding to ∆GB and
A

∆GB, respectively. In addition, we draw a diagonal from M00 to M11, which is assigned

the difference in free energy between the double mutant and wild-type, ∆GAB.
It should be noted that the free energy change along each of these arrows is
between two folded states. Because the free energy at a given corner is typically
determined between folded and unfolded states, an assumption underlying
thermodynamic boxes is commonality of the unfolded state for each mutant. This
assumption should be valid if there is no residual structure in the unfolded state.
Discussion to this point has been grounded in experimentally determined values:
the free energies at each vertex are those measured from experiment, while the free
energies along each edge are subtractions of measurements. Next, we can begin to
interpret these data using physical models. We evaluate the degree of cooperativity
between A and B by comparing measured free energies between the two edges of the box
across from each other. For example, the free energy associated with change A in the
background of a change at site B (B∆GA on the right-hand edge) is compared to the free
energy associated with change A in the wild-type background (∆GA on the left-hand
edge) (see Figure 2-3). Interpretation enters in asking whether these two changes have
the same value, and if not by how much they differ. This is essentially a question of
equality: “Does B∆GA=∆GA?” A simple way to evaluate this equality is to solve the
following equation, which introduces δAB, the coupling free energy in Equation 2.1:
B

∆GA = ∆GA + δAB

2.1
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Figure 2-3: Implementation of the thermodynamic box from Figure 2-2. The free energy
values in this example come from a study of a GCA triloop hairpin in DNA (15). All
values are in units of kcal/mol. (A) The first step is to measure the thermodynamic
stability of the wild-type (M00), two single mutants (M10 and M01), and the double mutant
(M11). Values were generated from UV-melting studies. These are the only experimental
inputs. (B) The next step is to subtract the appropriate corners to give values associated
with a given mutation, which are placed along the diagonal and each of the four edges of
the box. (C) The final step is to evaluate equality between the right- and left-hand edges
of the box using Equation. 2.1, and between the top and bottom of the box using
Equation. 2.4. These terms are enclosed in parentheses to emphasize their interpretive
nature. The value for δAB, of –1.78 kcal/mol in this instance, is shown in bold as in
Figure 2-2.
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If the right- and left-hand edges of the box are equal in free energy, then δAB = 0,
but if the two edges are unequal, then δAB ≠ 0. We can infer from the simple form of
Equation 2.1 (i.e., from the mathematical operation of addition between ∆GA and δAB)
that δAB must be a type of free energy, consistent with its assignment as coupling free
energy. In fact, δAB gives the magnitude of the energetic impact mutation at one site (site
B) has on the other (site A). If the sign on δAB is negative then removal of the first
interaction weakens the second (positive coupling), while if the sign is positive, removal
of the first interaction strengthens the second (negative coupling) (14). A value of zero,
on the other hand, indicates no coupling (complete additivity). The most common type of
coupling observed in nucleic acids is positive coupling.
This treatment leads us to Equations 2.2 and Equation Equation 2.3:

δ AB = ∆G°( M 00 ) + ∆G°( M 11 ) − [∆G°( M 10 ) + ∆G°( M 01 )]

(Equation 2.2)

δ AB = ∆GAB − [∆G A + ∆GB ]

(Equation 2.3)

Equation 2.2 is obtained by substituting appropriate free energies from the box
into Equation 2.1, while Equation 2.3 can be arrived at by adding the four reference states
of 2∆G(M00)–2∆G(M00) (=0) to the right-hand side of Equation 2.2. As such, Equation
2.3 does not add anything new mathematically to our treatment; in fact, this equation
should be avoided for error analysis because of overcounting, as described subsequently.
However, Equation 2.3 is conceptually valuable in that it states that coupling free energy
is a quantitative evaluation of how the free energy associated with the double mutation
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(∆GAB) differs from the sum of the free energies associated with the two single mutations
(∆GA + ∆GB). Practically speaking, it is often convenient to place a ∆GA + ∆GB column
adjacent to a ∆GAB column in a table for comparative purposes (15, 16). If the free
energy changes associated with the two single mutations add up to the free-energy
change associated with the double mutation, then Equation 2.3 indicates that δAB = 0, and
the system is deemed additive (i.e., A and B do not interact and the system is
noncooperative), otherwise the system is nonadditive (i.e., A and B interact and the
system is cooperative). This is the origin of the term “additive.” It is important to note
that additivity is applicable only for free energy (or enthalpy, entropy, and so on), not for
equilibrium constants, which should be converted into free energies before carrying out
such an analysis. A graphical corollary of Equation 2.3 is that if the system is additive,
then the diagonal arrow emanating from M00 will be the sum of the two edge arrows
emanating from M00 (Equation 2.2).
Finally, we note that Equation 2.2 (and therefore Equation 2.3 can also be arrived
at by considering the bottom and top edges of the thermodynamic box, beginning with
the question, “Does A∆GB = ∆GB?” Because of this, we can write down Equation
Equation 2.4 which is analogous to Equation 2.1:
A

∆GB = ∆GB + δAB

(Equation 2.4)

Solving Equation 2.1 and 2.4 for δAB and setting them equal leads to Equation
Equation 2.5 :
B

∆GA – ∆GA = A∆GB - ∆GBo

(Equation 2.5)

48

which is a statement that the difference between the right- and left-hand edges of the box
is the same as the difference between the top and bottom edges of the box. A corollary of
these expressions is that the value of the coupling free energy along the right-hand and
upper edges of the box will always turn out to be the same.
The discussion to this point has been fairly abstract. To aid implementation of
these ideas into experiments, we now provide a specific example from the literature, the
treatment of which will be built up in a manner that parallels the conceptual treatment
above. This treatment is provided in Figure 2-3, which can be referenced to Figure 2-2.
We proceed from direct recording of experimental values for the free energy differences
between folded and unfolded states (i.e., values from thermal denaturation, or melting
experiments, which are described subsequently), to differences between two folded states
(assuming a common unfolded state, see earlier), to interpretation of these differences in
terms of a coupling free-energy model.
The system under consideration is a DNA hairpin with a GCA triloop (15). The
changes were to two functional groups thought to hydrogen bond to each other in the
loop; details beyond this are of a lesser concern here, and the interested reader is referred
to the original article. The first step in our treatment is to record the experimental free
energies for folding of the four sequences of interest: the wild-type, the two single
mutants, and the double mutant. These values, which were obtained by UV melting
experiments, are placed at the appropriate corners of the box (Figure 2-3A). It should be
noted that these four values are the only experimental inputs for the box; the remainder of
the following treatment is simply mathematical manipulation of these values.
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Next, we subtract the appropriate corners to give values associated with each
mutation and write these along the diagonal and each of the four edges of the box (Figure
2-3B). At this point, we note that no coupling model has been invoked. Last, we evaluate
equality between the right- and left-hand edges of the box using Equation 2.1, and
between the top and bottom of the box using Equation 2.5. This begins the process of
data interpretation (Figure 2-3C). These last terms are added in parentheses to the
thermodynamic box to emphasize that they arise from interpretation of experimental
measurements. Note also that the δAB values on the top and right-hand edges of the box
turn out the same and that the final box in Figure 2-3C is built up just from the results of
four melting experiments (Figure 2-3A).
The final step in this process is to interpret these values in terms of a structural
model. We see that the second change along either pathway has essentially no
thermodynamic worth (Figure 2-3B) and that the magnitude of δAB is large (−1.78
kcal/mol) (compare Figure 2-3 and Figure 2-2) and approximately equal to the first
change along either pathway. This outcome of high cooperativity, or nonadditivity, is
congruent with the model that A and B participate in the same hydrogen bond, in that the
hydrogen bond can be removed by deleting A or B, and that once it is deleted it cannot be
deleted again. As discussed, a negative sign on δAB denotes positive coupling, consistent
with the two functional groups participating in the same hydrogen bond. This example
has also be referred to as fully cooperative or completely nonadditive because −δAB
equals the smaller free energy of the two edges emanating from M00 (17, 18). “Fully
cooperative” is an apt term because this relationship causes either B∆GA or A∆GB to
approach zero (Equations 2.1 and 2.5), consistent with loss of one interaction causing loss
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of the other. The nonadditive nature of this example can also be seen in that the diagonal
emanating from M00 is not the sum of the two edge arrows emanation from M00.

2.5

Thermodynamic Cubes: Design, Implementation and Interpretation

Hess's law can also used to develop more complex thermodynamic relationships. In
particular, thermodynamic cubes can be constructed from triple mutant cycles on the
basis of Hess's law (Figure 2-4, (16), and (15))1. Thermodynamic cubes are built up from
the 8 sequences displayed at the vertices of the cube: wild-type (M000); three single
mutants (M100, M010, M001) with changes at positions A, B, and C, respectively; three
double mutants (M110, M101, and M011); and a triple mutant (M111) (15, 17). The concepts
developed for the thermodynamic box have direct analogies in the cube. The front, left,
and bottom faces of the cube are double mutant cycles analogous to Figure 2-2 and
comprise discrete thermodynamic boxes. These three boxes share the M000 vertex. The
back, right, and top faces of the cube are double mutant cycles too, but are in the
background of a change at a third site. For example, the back face is the same double
mutant cycle as the front face, but in the background of a mutation at position C. These
three boxes share the M111 vertex.

1

In actuality, the term ‘‘thermodynamic box’’ is a misnomer for the model in Figure. 2-2, which is a square
rather than a box, while the cube in Fig. 2-4 is really a box. However, usage of ‘thermodynamic box’ for the
model in Figure 2-2 is entrenched in the literature.
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Figure 2-4: Thermodynamic cube for a triple mutant cycle. This higher-order
thermodynamic cycle is constructed from thermodynamic boxes as illustrated in Figure
2-3. Three interactions are examined; accordingly M000 is the wild-type (front of cube,
lower left corner) and M111 is the triple mutant (rear of cube, top right corner). The large
number of pathways from M000 to M111 provides additional points to evaluate structural
cooperativity. See text for further analysis. From Moody et al. (15).
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The higher dimensionality of the cube requires us to define higher order coupling
free energies, such as CδAB, which is the coupling free energy between A and B in the
background of a mutation at position C. For graphical assignment of this coupling energy
to a specific face, the reader is referred to Moody et al. (19). In analogy to the
thermodynamic box, we compare the right- and left-hand edges of the back face, and ask,
“Does BC∆GA = C∆GA?”, where BC∆GA is the free energy associated with a change at
position A in the background of changes at positions B and C. We begin with
Equation 2.6, which is analogous to Equation 2.1:
BC

∆GA = C∆GA + CδAB

(Equation 2.6)

Likewise, in analogy with the simple thermodynamic box, we have two additional
Equations, Equation 2.7 and Equation 2.8:
C

δ AB = ∆G°( M 001 ) + ∆G°( M 111 ) − [∆G°( M 101 ) + ∆G°( M 011 )]

(Equation 2.7)

δ AB =C ∆GAB − [C ∆GA + C ∆GB ]

(Equation 2.8)

C

Di Cera defined coupling between A and B as direct when it is independent of
changes elsewhere in the molecule, and indirect when it depends on other changes in the
molecule. Mathematically, we can evaluate the direct or indirect nature of a coupling by
asking whether CδAB = δAB. If the answer is yes, then coupling is likely to be direct, and if
no, then coupling is definitely indirect. In principle, direct coupling requires equality of
i

δAB and δAB for any ith site, although in practice this is very hard to achieve because of
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the vast number of mutants that would need to be evaluated. Somewhat paradoxically, for
directly coupled systems, C can couple with both A and B, even though C does not affect
the coupling between A and B (14, 19). Accordingly, directly coupled systems often fold
in a stepwise manner and obey nearest-neighbor rules. Indirectly coupled systems, on the
other hand, are defined by a network of interdependent interactions, and as such typically
fold in a concerted manner.

2.6

Examples of Cooperativity in RNA

It is not the intention of this chapter to provide a comprehensive review of the literature
on thermodynamic coupling in nucleic acids. Nonetheless, it is instructive to briefly
examine the scope of studies done to date on RNA and DNA, both in terms of size of the
nucleic acids and the nature of the coupling revealed. These examples provide a useful
reference from which to design, implement, and interpret thermodynamic cycles in
systems of interest to the reader. We begin with smaller model oligonucleotides and
move to larger functional RNAs.

2.6.1

Secondary Structure

Perhaps the most distinguishing feature of RNA is that it is typically single stranded and
so can fold back on itself and form structural motifs with high diversity, including hairpin
loops, bulges, and internal loops (20). Recent studies have begun to probe the molecular
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and energetic origin of these structures through thermodynamic cycles. Studies from our
lab comparing model RNA and DNA hairpin loops have revealed extensive coupling
within DNA triloops and tetraloops (15, 17). Single mutations provide large free energy
changes on the order of ≈1.5 kcal/mol; double mutant cycles reveal nearly complete
nonadditivity, with δAB values of ≈−1 kcal/mol; and triple mutant cycles show indirect
coupling with δAB and CδAB differing by more than 0.5 kcal/mol. These studies support
concerted folding of these DNA loops. There are relatively few structural interactions in
these DNA loops (21), thus loss of any one interaction may lead to loss of the others in
analogy to a three-legged stool. RNA tetraloops, on the other hand, revealed much less
cooperative behavior. Single mutations provided much smaller free energy changes, as
previously reported (22), double mutant cycles gave less nonadditivity, and coupling was
largely direct (19). These studies supported a less-concerted, stepwise folding of RNA
loops, consistent with the significantly greater number of interactions in these loops,
which has been likened to an eight-legged stool. A take-home message from this study is
that nucleic acid folding can be related to single mutants, double mutant cycles, and triple
mutant cycles in ways that are congruent with structure. Such studies are especially
powerful when conducted in a comparative fashion between two related systems.
As a final point, we would like to return to the axiom that an experimentalist can
only delete a functional group, not an interaction. As such, one must exercise care in
assigning a resultant free energy to a specific interaction. A cautionary tale is that
deletion of a hydrogen bonding functional group in a sheared GA in a DNA hairpin
triloop or tetraloop is worth 1.5–1.6 kcal/mol (15, 17), while deletion of the same
hydrogen bonding functional group in a sheared GA in an RNA hairpin loop is worth just
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0.65 to 0.75 kcal/mol (19, 22). Given these data, we should not conclude that hydrogen
bonding is worth more in DNA, unless a full thermodynamic cycle at the level of a cube
is conducted. What actually seems to be happening is that deletion of the functional
group in DNA leads to loss of more than just this one hydrogen bond, as evidenced by the
greater cooperativity of the system. An alternative explanation, that the hydrogen bond is
worth just as much in RNA but is masked by strengthening of other hydrogen bonds upon
removal of the first interaction, seems less attractive because deletion of other hydrogen
bonding groups in the absence of the first interaction does not lead to a greater
thermodynamic penalty, but a lesser one (15).
We also conducted a study on folding cooperativity within model DNA and RNA
helices (18). In this study, the position of the double mutant cycle was varied along the
length of the helix, and the spacing of the base pairs in the cycle was also tested. In
external registers (those near the base of the helix), folding cooperativity was large for
both RNA and DNA, while in internal registers, folding cooperativity was large for RNA
only. The former observation was reconciled with helix initiation phenomena common to
RNA and DNA, while the latter observation was reconciled with steric and electrostatic
properties of RNA (Figure 2-1). This study emphasizes the importance of defining the
relative positioning of the two interactions in a coupling, as well as importance of
conducting comparative analyses, this time comparing both along a given helix as well as
between RNA and DNA.
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2.6.2

Tertiary Structure

Three studies on larger RNAs provide insight into thermodynamic cycles, especially
because each was implemented in a unique manner. First was a study from Klostermeier
and Millar (16) on the hairpin ribozyme, an ≈100-nt self-cleaving ribozyme. Free
energies were measured in this study by time-resolved fluorescence resonance energy
transfer (trFRET) using fluorescently labeled hairpin ribozymes. Deletion of single
hydrogen-bonding groups destabilized the RNA by only ≈0.5 kcal/mol; double mutant
cycles suggested that hydrogen bonds adjacent to the cleavage site (near G + 1) or near a
distal tertiary folding site (near U42) behave cooperatively, with δAB values of ≈−0.25 to
−0.62 kcal/mol, while triple mutant cycles showed indirect coupling, with δAB and CδAB
differing by ≈ 0.25 kcal/mol at the cleavage site. Interestingly, no coupling was found
between the G + 1 and U42 sites, suggesting that, at least for these two regions of the
ribozyme, coupling is not global in nature. The small magnitude of the free energy
changes from double mutant cycles and single mutations is more similar to the findings
from the RNA tetraloop study (19, 22), consistent with the greater number of interactions
in an RNA, as expected given the 2′-OH; indeed, G + 1 and U42 engage in 5 interactions
each in the wild-type ribozyme.
The other two studies on larger RNAs considered here were conducted on the
≈160 nt independently folding P4-P6 domain from the group I intron from Tetrahymena
thermophila. Silverman and Cech (23) examined contributions of individual hydrogen
bonds to folding of a ribose zipper motif in P4-P6. Free energies were measured by
analysis of relative mobility in native gels containing different concentrations of Mg2+.
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Removal of hydrogen bonding groups destabilized this RNA by only ≈0.5 kcal/mol,
similar to the aforementioned study by Klostermeier and Millar (16). Double mutant
cycles revealed that contributions were fairly additive, consistent with absence of
cooperativity in folding of the ribose zipper motif.
More recently, Sattin and coworkers (24) evaluated cooperativity between two
distant tertiary contacts—a metal core/metal core receptor and a tetraloop/tetraloop
receptor—in P4-P6 folding using a single-molecule FRET (smFRET) techniques, yet
another experimental implementation of cooperativity measurements. Single-molecule
studies, these authors point out, have the advantage that they directly measure
populations of states, and so are intrinsically more accurate than other methods (e.g.,
Mg2+ titrations and UV-melts) that require extrapolation to conditions far from the
midpoint of the measurement. These authors reported a large coupling free energy, which
they refer to as tertiary cooperativity, of 3.2 kcal/mol, which is comparable to tertiary
cooperativity for protein folding. Differences in cooperativity between the two P4-P6
studies appears to be a manifestation of the scale over which the changes are assayed.
When assayed locally, as within the ribose zipper, no cooperativity was seen, but when
assayed globally, as in two distal tertiary contacts, high cooperativity was found.
To summarize, smaller nucleic acids systems can show large or small
cooperativity, as can large nucleic acids. Multiple experimental methods can be
implemented to make the requisite free energy measurements, including UV-melts,
trFRET, Mg2+-dependent PAGE, and smFRET. The outcome of a given study depends on
experimental design, both the system chosen and the length scale over which the
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questions are asked. Interpretation of the results depends on the molecular features and
physical interactions of the system at hand.

2.7

Measuring Thermodynamic Parameters by UV Melting

A variety of experimental methods can be implemented to provide thermodynamic
parameters for constructing thermodynamic boxes, as illustrated by the preceding
examples. Perhaps the most common method for determining nucleic acid
thermodynamics is thermal denaturation, often referred to as UV-melting or absorbance
melting, as the unfolding transitions have analogies to phase transitions and the
experimental observable is the intrinsic hyperchromicity of the nucleobases.
Hyperchromicity is a convenient property since potentially perturbing labels do not have
to be introduced to the RNA or DNA. It arises because the intrinsic electric dipole
transition moments tend to cancel when bases stack or pair, giving rise to a smaller
extinction coefficient in the folded state (25).
This method is common both because of its simplicity in data acquisition and
fitting, and because UV-melting apparatuses are commercially available and relatively
inexpensive. To carry out UV melts, we need a UV-vis spectrometer with good S/N that
houses microcells, can vary temperature, and has a cell changer. Such spectrometers are
commercially available from Beckman Coulter, Cary, Jasco, and Shimadzu.
It is advisable that an instrument be calibrated on a regular basis. A small
thermocouple can be placed in the cell and the temperature read out on an electronic
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thermometer. In addition, melting of a standard sample with well-fit parameters, such as
tRNA, should be done periodically (26). We provide here methods for conducting UVmelts and obtaining thermodynamic values from unimolecular unfolding nucleic acids,
such as the small hairpins and larger ribozymes described previously. Puglisi and Tinoco
(27) published an insightful review article on UV melting that takes into account systems
of higher molecularity, as well as alternative data fitting methods.

2.7.1

Sample Preparation

The concentration of RNA of DNA is an important consideration. Overly concentrated or
dilute samples will result in poor S/N from either too few photons reaching the detector,
or the transmitted light being too similar to the incident light. Ideally, absorbance values
measured at high temperature (i.e., for the unfolded state) should fall between 0.3 and
1.0, although we have obtained acceptable data with absorbance as low as 0.1 or as high
as 2.0 if the melting transition is sharp. Typical percentage hyperchromicity, defined as
(AF − AU)/AF at temperatures near the melting transition, is typically between 15% and
20% but can vary depending upon wavelength (see subsequently), the fraction RNA
structured, and sequence. The Beer-Lambert law is used to determine oligonucleotide
concentration and ensure that absorbance values will be optimal for melting, and is
represented in Equation 2.9 :

A(T ) = ε (T )bc

(Equation 2.9)
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In the above equation, A is the absorbance and is a function of temperature; ε is
the extinction coefficient and is a function of temperature; b is pathlength of the cuvette;
and c is the concentration of the sample.

2.7.2

Wavelength Selection

Absorbance (A) is typically monitored at 260 or 280 nm for nucleic acids, although other
wavelengths can occasionally be used (see subsequently). Wavelength selection depends
on nucleobase composition. GU- and AU-rich sequences have maximum
hyperchromicity at 260 nm and hyperchromicity near 0 at 280 nm; maximal
hypochromicity for GC-rich structures, on the other hand, occurs at 280 nm, although
significant hypochromicity persists at 260 nm (28, 29). In fact, melts conducted at both
wavelengths, which some spectrometers are capable of doing in a single experiment, can
give insight into which portion of a large RNA is unfolding in a given transition (30-32).
The thermodynamic parameters determined at the two wavelengths (and any other
wavelengths) should be in good agreement if the sample melts in a two-state fashion.
Last, the maximal change in hyperchromicity can be found on a case-by-case basis by
comparing the UV-vis spectra of the folded and unfolded states. This could be helpful for
choosing a wavelength that would lower the absorbance of especially concentrated
samples (see subsequently).
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2.7.3 Extinction Coefficient

The extinction coefficient, as it is dependent on base-base interactions, is the parameter in
Equation 2.9 that changes with melting of the nucleic acid. Because the extinction
coefficient is dominated by base-base interactions, a nearest neighbor model can be used
to predict its value with good accuracy (accuracy in concentration is especially important
for bimolecular and higher molecularity systems (27)). Tables of terms for extinction
coefficient calculation and formulas for calculating them have been compiled at 260 nm
(33), as well as every 5 nm between 230 nm and 300 nm (25, 34). It is important to note
that these extinction coefficients were tabulated with the assumption that the nucleic acid
would be unfolded. This can be accomplished conveniently during each melt by simply
using an absorbance value from the high temperature baseline for a concentration
calculation. Concentration can be calculated with 260 or 280 nm melts, as tables report
both of these values (33, 34). If so desired, an extinction coefficient at another
temperature can be calculated by the simple formula εT = (AT/AU)εU, where AT is the
absorbance of the same sample at the temperature of interest. Often a convenient
temperature is room temperature as heating or cooling of the sample will not be needed.
A number of vendors have calculators available on the Internet for extinction coefficient
calculation. Before using these, however, it is important to ascertain whether these apply
to low or high temperatures, as oligonucleotides with self-structure can lead to
inaccuracies of 15%–20% from hypochromicity.
The extinction coefficient of RNA or DNA can also be determined experimentally
by degradation of the nucleic acid (35). A room temperature absorbance reading of the
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folded RNA or DNA is taken, then the nucleic acid is cleaved to completion with
nucleases, or using alkali in the case of RNA (overnight in 0.3 M NaOH at 37 °C) (36).
The absorbance of the cleaved nucleic acid is recorded, and the extinction coefficient is
calculated from the formula εT = (AT/AU) εU, where εU is determined from the sum of the
nucleoside monophosphate extinction coefficients, which have been recently updated
(36).
Last, it should be noted that the extinction coefficients of RNA and DNA are
large. Average extinction coefficient at 260 nm for the purines and pyrimidines are 1.3 ×
104 and 0.8 × 104 M−1cm−1, respectively (36). As such, extinction coefficients of
oligonucleotides are often 105 and of functional RNAs are 106 or 107 M−1cm−1. The
magnitude of these values lead to optimal absorbance for melts with sample
concentrations of just a few µM for a typical oligonucleotide and nM for large RNAs.
Thus, UV melting is a sensitive technique, especially when compared to ITC and NMR.

2.7.4

Concentration Dependence

In contrast to systems of higher molecularity, unimolecular unfolding nucleic acids have
no concentration dependence to melting temperature (TM). Thus, an important control is
to melt the RNA or DNA over a range of concentrations to assure concentration
independence of the TM. The actual range of concentrations that should be tested is
dependent on the thermodynamic properties of the particular RNA or DNA, and should
be examined on a case-by-case basis. We recommend that the user calculate the expected
change in TM using nearest-neighbor parameters for RNA and DNA (37-39), and the
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following formula for self-complementary duplexes (Equation 2.10 )(1), which is the
state into which a hairpin or ribozyme is most likely to misfold:
TM (°C ) =

∆H °
− 273.15
∆S ° + R ln C

(Equation 2.10)

In the above equation R is the universal gas constant of 0.001987 kcal K−1mol−1,
and C is concentration of nucleic acid (in M). Equation 2.10 requires inputs of ∆H° and
∆S° from RNA and DNA studies (37-39). These values are generally unavailable at
present on Web servers, but a particularly user-friendly guide to calculating the
parameters for an oligonucleotide of interest is available (40).
As an example, we calculated that a set of 12 mer RNA oligonucleotides,
designed to form a stem of 4 bp and a tetraloop, would have a TM change of 9–12 °C over
a concentration range of 250-fold if they were forming self-complementary duplexes
(41). Upon melting these RNAs over this concentration range, the TM was found to be
independent of concentration and fluctuated by only ≈1 °C. This gave confidence that
these particular oligonucleotides fold unimolecularly over this range. Nonetheless, most
of the data for thermodynamic parameters in that study were collected at the low end of
this concentration range, as duplexes will often form when the concentration is high
enough, and to minimize sample requirement. It is important to note that the change in
TM over a given concentration range for a self-complementary duplex will be smaller for
a larger base-pairing region, which can be confirmed by substitution into Equation 2.10.
Thus, longer stretches of potential base pairing require a larger range of concentrations to
assure concentration independence. Note also that if the concentration of salt is varied in
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the study, then this control should be repeated at high salt, as duplexes are preferentially
favored at higher salt for short oligonucleotides (41, 42).
To cover an appropriate range of concentrations while maintaining an ideal
absorbance reading, b or ε should be adjusted, see Equation 2.9. To reach the lowest
concentrations possible, melting should be conducted in a 1-cm pathlength cell at 260
nm, which is typically near the maximum in the absorbance spectrum. To reach the
highest concentrations possible, melting should be done at 280 nm, using a shorter
pathlength cell. We typically conduct melts in 1-, 0.5-, and 0.1-cm quartz cuvettes,
which are commercially available from Beckman-Coulter, Nova Biotech, Starna, or
Helma. Quartz cells are used because they are UV transparent and can withstand a wide
range of temperatures. If very high concentrations are needed, it is possible to conduct
melts in pathlengths down to 0.1 mm by inserting a 0.9-mm quartz spacer into 1-mm
cuvettes, although the length of the spacer should be calibrated by dilution of stocks (43);
also, wavelengths higher than 280 nm can be chosen if they give acceptable
hyperchromicity.

2.7.5

Buffer Choice

Optimal buffer conditions are system dependent. For melting of oligonucleotides that
form only secondary structure, divalent ions are typically omitted, and so phosphate is a
good buffer choice given its pKa near neutrality and simple structure (18, 44). Phosphate,
however, should be avoided for Mg2+-containing buffers as Mg3(PO4)2(s) forms at high
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temperatures, which reveals itself in strong scattering of the signal. A common buffer is
P10E0.1 (= 10 mM sodium phosphate and 0.1 mM Na2EDTA, pH 7.0, with a final [Na+] of
14 mM), often with addition of a monovalent salt such as 100 mM KCl. To exchange
buffer, samples are dialyzed for 3–4 h using a Gibco BRL (Invitrogen) microdialysis
apparatus with a flow rate of ≈1 L/hour and a Spectra-Por (Spectrum Labs) membrane
with a 1000 molecular weight cutoff (18, 44). The small amount of EDTA is included to
bind trace polyvalent metals that otherwise might catalyze hydrolysis of RNA's sugarphosphate backbone, especially at the higher temperatures of a melt.
In cases where higher-order folding of RNA or DNA is being studied, Mg2+
should be added, though it should be noted that these melts are generally only carried out
from low to high temperature due to RNA hydrolysis (see subsequently). It is also
important to choose a buffer whose pH is not significantly dependent on temperature and
which does not bind divalents. Many of the Good buffers are excellent candidates, as
tabulated in Good et al. (45), and Rorabacher and colleagues have prepared buffers based
on tertiary amines that do not interact with metal ions (46).

2.7.6

Running an Experiment

Following is a brief guide to carrying out UV melting experiments.
Step 1: We typically store solutions of RNA and DNA oligonucleotides at −20
°C, either in water or melt buffer. It is critical that samples removed from the freezer be
renatured before each experiment. This helps ensure a unimolecular and homogeneous
folding population. We have observed extra transitions in melts for samples that were not
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renatured, presumably because dimerization occurs during freezing. It is also critical that
samples that have been concentrated, either in a Speed-vac or precipitated, be renatured
prior to melting as dimers can form during the concentration step and become kinetically
trapped. Renaturation should be done before each experiment.
If no Mg2+ is present, renaturation is typically accomplished by heating the
sample to 95 °C for 2 min then allowing it to cool to room temperature for 15 min. A
convenient way to do this is in the cuvette in the UV-vis spectrometer itself. If RNA is
being melted and its melting temperature is known, it is typically sufficient to heat to a
temperature just above the TM, thereby minimizing hydrolysis of the backbone. If Mg2+ is
needed for tertiary structure formation, it is often sufficient to heat the sample to 90 °C
for 2 min in 1x melt buffer without Mg2+, cool at room temperature, then add Mg2+ and
incubate at 55 °C for 10 min. This is a seminal renaturation that was developed for the
Tetrahymena ribozyme (47). A more detailed consideration of preparation of a uniform
ribozyme population can be found in Protocol 1 of Bevilacqua et al. (48).
Step 2: Place sample in a quartz cuvette. A volume should be chosen such that the
sample is higher than the height of the beam. A convenient way to check this is by using
a wavelength in the visible region, inserting an index card just after the sample, and
visualizing both the beam and sample with a dentist's mirror. In anticipation of changes in
sample volume as a function of temperature, we fill our cuvettes with a volume above the
minimum requirement but below the maximum cuvette volume, which leaves room both
for sample contraction and expansion.
The sample must be covered in some way to prevent evaporation. This can be
done either by placing a drop of mineral oil on the sample or by covering the cuvette with
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a Teflon stopper. In the latter case, we also put a small piece of Teflon tape around the
stopper to ensure a good seal.
Step 3: Load samples into the spectrophotometer and set up the experiment. We
perform absorbance melts on a Gilford Response II UV/VIS spectrophotometer equipped
with a temperature controlled multicell changer. The multicell changer allows
simultaneous analysis of up to six samples, while Peltier thermoelectric heating and
cooling provides temperature control. A blank containing only buffer is loaded for each
sample buffer condition. Set the temperature range to be scanned and the temperature
change rate. Choose temperatures to give baselines of at least 10 °C if possible. Most
spectrometers can heat from 0.1 to 1 °C/min. A new sample should be checked at two
heating rates and the same melting profiles should be obtained if the sample is in
equilibrium. In addition, we often melt from low to high temperature, and then from high
to low temperature to ensure reversibility of the scans, as expected for a path-independent
equilibrium process. (Reverse melts should not be carried out above 75–80 °C in Mg2+containing RNA solutions due to hydrolysis.) A typical melt for an RNA is shown in
Figure 2-5.
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Figure 2-5: Sample UV melt data and fit. Data are for unfolding a 20-nt RNA hairpin
with an AA homopurine mismatch (18). A sigmoidal transition occurs at 260 nm with a
TM of 72.3 ± 0.09 oC. Data are fit a 2-state model wherein unfolding results in ~20%
hyperchromicity near the melting transition. Baselines are linear, with the folded
baseline having a greater slope. Fitting (solid line) was by non-linear least-squares in
KaleidaGraph using the parametric equations described in the text. Fit parameters as
output by KaleidaGraph are shown in the figure along with statistical error, an R-value,
and a Chi-squared. Fit parameters are 3.5 x 10-4, 0.15, 5.0 x 10-6, 0.20, –65.4 kcal/mol,
and 72.3 oC, for mF, bF, mU, bU, ∆Ho, and TM, respectively. Percent errors are reasonable
on all parameters. The percent error on mU is large only because its value is so close to
zero. Values for ∆S° and ∆G°37 can be calculated from the standard thermodynamic
relationships, as described in the text.
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2.7.7

Melt Fit Equations

Here we provide equations that will be called upon in the next section for nonlinear curve
fitting. Other methods of fitting melt data have been discussed elsewhere, some of which
are useful in specialized cases such as where baselines are poorly defined or for
bimolecular melts (27). We assume that a homogenous folded state, F, has been prepared
from the renaturation and that it unfolds in a two-state manner to the unfolded state, U.
The absorbance measured at low temperatures is therefore that of the folded state, AF. As
unfolding progresses and the unfolded state populates, and assuming U and F do not
interact, the absorbance changes in a manner that reflects the population-weighted
average of AF and AU as in Equation 2.11.
A(T) = Au(T)fu(T) + AF(T)fF(T)

(Equation 2.11)

This is simply a restatement of the Beer-Lambert law for noninteracting mixtures. Each
of the four terms on the right-hand of Equation 2.11 is a function of temperature, as
described subsequently. An alternative arrangement of Equation 2.11 is often found in the
literature, A = AU + (AF – AU)fF, which is equally applicable to fitting two-state melting
curves. However, we choose to use the expression in Equation 2.11 because this form is
amenable to three-state melts as well (49).
The fraction of a species can be written as the concentration of that species
divided by the total concentration, for example Equation 2.12 ,
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fU =

[U]
[U] + [F]

(Equation 2.12)

At this point we introduce a partition function, which helps describe how a molecule
populates its various states. The equilibrium constant for this two-state system, defined
in the direction of folding as is typical for oligonucleotides, is represented in
Equation 2.13:
K = [F]/[U]

(Equation 2.13)

To relate Equations 2.12 and 2.13, we divide the numerator and denominator of
Equation 2.12 by [U], which we call the ‘reference state’, and then substitute Equation
2.13 to give Equation 2.14 :
fU =

1
1+ K

(Equation 2.14)

where the partition function, Q is given by Equation 2.15 :
Q=1+K

(Equation 2.15)

The partition function has two terms in it for the two states of the system. In
general, Q will have as many terms as there are states of the system. The beauty of this
equation is that the fraction of any species can be represented simply by putting its
corresponding weight in the numerator, and Q in the denominator. For example, the
fraction of molecules in the folded state is the second term in Q, divided by Q, as in
Equation 2.16 :
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fF =

K
1+ K

(Equation 2.16)

Experimental data will be fit to Equation 2.11, but we first need to write down the
temperature dependence of each of the four terms on its right-hand side. Two of the four
terms, absorbance of the unfolded and folded states, are commonly assumed to be linear
functions of temperature, which is backed up by extensive data, and mathematically
represented by Equations 2.17 and 2.18 ,
AU(T) = mU T + bU

(Equation 2.17)

AF(T) = mF T + bF

(Equation 2.18)

The other two terms in Equation 2.11 that are a function of temperature, fU and fF,
are defined in Equations 2.14 and 2.16, and it is the term of K in these equations that is a
function of temperature as follows. The van’t Hoff equation (Equation 2.19) ,

∂ lnK −∆H o
=
∂1/T
R

(Equation 2.19)

can be integrated from 1/TM to 1/T, and knowing that K=1 at TM, we get Equation 2.20
and Equation 2.21 ,
lnK =

∆H o ⎛ 1 1 ⎞
− ⎟
⎜
R ⎝ TM T ⎠

(Equation 2.20)

72
⎡∆H o ⎛ 1 1 ⎞⎤
K = exp⎢
− ⎟⎥
⎜
⎣ R ⎝ TM T ⎠⎦

(Equation 2.21)

Lastly we note that Equation 2.22 is true for a unimolecular system :,
TM=∆Ho/∆So

(Equation 2.22)

which can be arrived at by evaluating ∆G°=∆H°–T∆S° at the TM.
With the above equations, we can fit experimental melting data of absorbance
versus temperature to Equation 2.11, as planned. In our lab, this is done by modifying
the library in the non-linear curve-fitting program, KaleidaGraph (v. 3.6) (Synergy
Software) (see next section), which provides values for the six variables: mU, bU, mF, bF,
∆Ho, and TM. The parameters ∆So and ∆G° can be obtained from ∆Ho and TM using
Equation 2.22 and Equation 2.23,
∆G° = ∆Ho(1 – T/TM)

(Equation 2.23)

It is worth pointing out why we solve directly for TM in the melts rather than ∆So.
Attempts to solve directly for ∆So resulted in getting trapped in local minima, while
solving for TM did not. Presumably this is because TM is well-defined within the
experimental dataset, but ∆So requires a long extrapolation to infinite temperature.
We conclude this section by pointing out that our approach is to use Equations.
2.11, 2.14 , 2.15 , 2.16, 2.17, 2.18 and 2.21 parametrically in the KaleidaGraph library.

Although cumbersome, it is also possible to substitute Equations 2.14 , 2.15 , 2.16, 2.17,
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2.18 and 2.21 directly into Equation 2.11 and use this directly in the Curve Fit window

of KaleidaGraph. The parametric approach, however, is more transparent, as well as
applicable to systems with more than two states (26, 49).

2.7.8 Non-linear curve fitting with KaleidaGraph

To fit melting data we use KaleidaGraph. Curve fitting is done to the aforementioned
two-state model, using the equations derived above. We transcribed these equations into
the program’s Library, which is a text file that contains pre-programmed fitting
equations, with user-supplied equations at its end. This file can be found in the
Kaleidagraph program by one of two ways. If a plot is open, pull down the ‘Curve Fit’
menu and choose ‘General’, ‘Library’; otherwise, pull down the ‘Macros’ menu and
choose ‘Library’. The original Library file should be copied as a backup. Actual edits to
the file should be made through the Kaleidagraph program using the pull downs above.
The following should be added to the end of the Library, where everything after the
semicolon is treated as a comment:
;MELTFIT FOR U=F
;mf=a=m1; bf=b=m2; mu=c=m3; bu=d=m4; H1=f=m5; Tm1=g=m6; T=x=m0
;
basef=a*x+b; defines the folded baseline (=lower baseline)
baseu=c*x+d; defines the unfolded baseline (=upper baseline)
K1=exp((f/R)*(1/(g+273.15)-1/(x+273.15)));
Q1=1+K1;
melt1(a0,b0,c0,d0,f0,g0)=((baseu)*1+(basef)*K1)/(Q1)\;a=a0\;b=b0\;c=c0\;d=d0\
;f=f0\;g=g0
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In addition, the following portion should be added near the top of the Library, after the
title and version,
;__Variable Definitions
x = m0;
a = m1;
b = m2;
c = m3;
d = m4;
f = m6;
g = m7;
h = m8;
i = m9;
j = m5;
;
;__Constant Definitions
e = exp(1);
R=0.001987
The first line of the MELTFIT portion of the Library is a comment that identifies
the set of equations. The second line is a comment that defines the six variables
mentioned above, as well as the independent variable T. As an example, the slope of the
folded baseline is ‘a’, which is assigned to ‘m1’ during curve fitting. The third line is just
a spacer. The fourth and fifth lines define the folded and unfolded baselines,
respectively, as per Equations 2.17 and 2.18. The sixth line corresponds to Equation
2.21, in which temperature is entered in Celsius, while the seventh line corresponds to the

partition function in Equation 2.15. The eighth and final line corresponds to Equation.
2.11 with appropriate substitutions.

Once the Library has been saved, the data are fit. Enter your data into the
program and generate a Scatter Plot. Next select the ‘Curve Fit’ menu and choose,
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‘General’, ‘Edit General’. Click ‘Add’ and select ‘New Fit’, entering a name for this
equation, such as ‘Melt (U=F)’, then click ‘Edit’. A window titled ‘General Curve Fit
Definition’ will open. This is where the equation and initial guesses for the variables will
be entered. As an example, one could enter, ‘Melt(2e-5, 1, 2e-5, 0.85, -50, 70)’. Lower
the Allowable Error to 0.00001% to get a better fit, and choose ‘OK’. (Note that the
section beginning “Curve Fit” will only have to be done once.)
One of the most important considerations in getting a fit to the data is the initial
guesses. The TM is relatively easy to estimate from the midpoint of the transition, while
∆Ho (in kcal/mol and for folding) can be estimated from nearest-neighbor parameters
(40). The upper and lower baselines can be estimated by fitting just the appropriate
portion of the data to a line. With these guesses, it should be possible to get an excellent
fit. A typical melt and fitted parameters are shown in Figure 2-5.
A final comment is in order on error propagation. Errors in ∆G for a given melt
should be propagated from errors in ∆Ho and TM, which are statistical errors from
KaleidaGraph. We provided a full description of error propagation in the Supporting
Information in Siegfried et al. (18). In general, a given experiment should be repeated
three or more times. Propagation of error into the average ∆Go from these trials is also
provided Siegfried et al. Errors in the coupling free energy should be propagated from
Eq. (2) rather than Eq. (3) to avoid overcounting (18). Typical errors in the coupling free
energy are 0.1 kcal/mol.
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2.8

Concluding Remarks

Investigations into RNA and DNA folding have increased tremendously over the past 10
years. New insights have been gained into the folding of RNA and DNA secondary and
tertiary structures. The function of many proteins is dictated by cooperativity, and this is
likely to be true for RNA as well. A few studies have appeared in recent years that
support the presence of cooperativity in nucleic acid folding, although it does not
manifest itself in all systems or all parts of a given system. The importance of
cooperativity in RNA and DNA folding will be better defined as additional studies are
conducted. The goal of this chapter was to provide conceptual and experimental
frameworks for the design, implementation, and interpretation of thermodynamic cycles
in nucleic acids to help further such studies.
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Chapter 3
Folding Cooperativity in RNA and DNA is Dependent on Position in the Helix

[Published as an article Entitled “Folding Cooperativity in RNA and DNA is
Dependent on Position In the Helix” by Nathan A. Siegfried, Shana L. Metzger, and
Philip C. Bevilacqua in Biochemistry, 46, 2007, 172-181.]

3.1

Abstract

Secondary structural motifs play essential roles in the folding and function of RNA and
DNA molecules. Previous work from our lab compared the folding of small DNA and
RNA hairpin loops containing a sheared GA pair (1). We found that the small DNA
hairpins fold in a highly cooperative manner with indirect coupling, while their RNA
counterparts fold in a much less cooperative fashion and obey direct coupling. These
data were interpreted in a framework in which DNA loops with their minimal
complement of interactions are barely stable and easily collapsed, while RNA loops with
their more extensive set of interactions can withstand loss of interactions without
collapse. Herein, we extend this study to the double stranded helix. We carried out
double mutant cycles on base pairs having identical nearest-neighbor contexts but located
in either external or internal helical registers. In the external register, both RNA and
DNA display extensive folding cooperativity between the penultimate and terminal base
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pair. In contrast, DNA exhibits virtually no folding cooperativity in the center of the
helix, while RNA maintains substantial coupling. These non-nearest-neighbor effects are
accounted for by two models: one involves the unfavorable entropy of helix initiation
common to DNA and RNA, and the other involves steric and electrostatic strain peculiar
to RNA. These data show that RNA can display cooperativity less than, greater than, or
equal to DNA depending on context. Impacts of these finding on various topics,
including the prediction of RNA and DNA structure, are discussed.

3.2

Introduction

RNA and DNA can assume complex three-dimensional structures that lead to diverse
functions such as ligand binding, gene regulation, and catalysis (2, 3). These structures
often undergo conformational changes during their reactions. Fully understanding the
function of RNA and DNA therefore requires a fundamental understanding of RNA and
DNA folding pathways. Folding of RNA is typically, although not exclusively,
hierarchical in nature, with secondary structure preceding tertiary structure (4, 5). This
suggests that RNA secondary structures may play a fundamental role in affecting the
energetics and functions of RNA tertiary structures. Indeed, secondary structural
elements are key recognition features in riboswitches (2) and fundamental biological
processes involving small RNAs (6). In addition, RNA secondary structures are often
responsible for misfolding in large RNAs (7-11). As such, tremendous interest has been
generated in the thermodynamics that govern RNA and DNA secondary structure
formation (12).
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The folding of RNA and DNA is most commonly treated with the nearestneighbor model (13, 14). This formalism provides a convenient and, in many cases,
effective treatment of RNA and DNA folding. In this model, the total free energy for
folding is treated as a summation of smaller terms, each of which can be determined
empirically (15). Using this model, the free energy changes associated with an array of
secondary structural motifs have been determined, including helical bulges, internal
loops, and hairpin loops (12-14). Despite the many successes of this approach, it does
have certain limitations. First, free energy terms may depend on position in the helix. In
order to determine individual free energy terms experimentally, motifs of interest are
typically placed in the center of a helix (13, 14). While generally effective, this approach
does not account for helix end-effects. For instance, the free energy of an RNA mismatch
with identical nearest-neighbor contexts has been shown to depend on distance to a helix
end—a so-called ‘non-nearest-neighbor’ effect (16). Second, the molecular origins of
free energy effects are not revealed. For instance, the effect of a helical defect, such as an
internal loop, on weakening a neighboring base pair(s) is generally not parsed out. One
goal of the present study is to test whether there is a relationship between dependence of
free energy on helix position and nonadditivity of interactions.
The energetic effect of one interaction on a neighboring interaction is referred to
as nonadditivity, or folding cooperativity (17-20). Nonadditivity is often analyzed by
double and triple mutant cycles (21). For example, deletion of a functional group engaged
in a single hydrogen bond may weaken neighboring hydrogen bonds and stacking
interactions. Interactions that have been lost due to the first deletion cannot be removed
in subsequent functional group deletions. In this scenario, the observed energetic effect
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for the first deletion can be larger than the intrinsic energetic value of the particular
interactions of that functional group, while the observed energetic effects for subsequent
deletions can be smaller than the intrinsic energetic value. There are many instances
where it is helpful to understand nonadditivity effects. For example, it could provide
insight into the underlying causes of effects of naturally occurring helical defects and
site-directed mutations on RNA and DNA enzyme function (19, 20) or the ability of a
protein to bind RNA or DNA (22). In addition, nonadditive effects could impact RNA
and DNA structure prediction (12) and understanding of the intrinsic energetic values of
hydrogen bonding and stacking (23-25).
We previously used double and triple mutant cycles to study the folding of DNA
hairpins with triloops and expanded triloops having sheared GA pairs (25, 26). Results
supported a model in which these loops have a highly cooperative network of
interactions. Subsequently, it was demonstrated that these DNA loops fold more
cooperatively than their RNA counterparts (1). The RNA loops have a much more
extensive network of interactions than the DNA loops. As such, the molecular origin of
the cooperativity was attributed to the DNA being easily collapsed upon single functional
group deletion, and the RNA not collapsing upon loss of a few functionalities (1). Since
nonadditivity is context dependent, other secondary structural motifs may behave
differently. In the present study, we compare nonadditivity of RNA and DNA folding in
different positions within the double-stranded helix, but in otherwise identical nearestneighbor contexts. Implications of these findings on various biochemical topics,
including RNA and DNA structure prediction, are discussed.
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3.3

Materials and Methods

Preparation of DNA and RNA. Synthetic DNA (IDT DNA, Coralville, IA) and RNA
(Dharmacon Inc, Lafayette, CO) oligonucleotides were used in this study.
Oligonucleotides were desalted by dialysis against sterile deionized water for six hours
with a flow rate of ~3 mL/min using an eight-well microdialysis system (Gibco-BRL Life
Technologies). Purity was confirmed as described in section 3.9 (Appendix 1)
Mass spectroscopy data were acquired to confirm authenticity and purity.
Agreement between calculated and measured molecular masses was excellent. Presence
of a single band by PAGE combined with the proper molecular weight supported high
purity and authenticity of the samples (see Appendix 1).
UV Melting Experiments. Thermodynamic parameters are from UV-melting
experiments performed in 10 mM sodium phosphate/0.1 mM Na2EDTA, pH 7.0 (P10E0.1),
which results in 14 mM Na+. In some experiments, 100 mM KCl was added to increase
the ionic strength; this mixture of sodium and potassium ions closely mimics the
monovalent ion composition inside a typical mammalian cell (27). The melt data were fit
to a two-state model with sloping baselines and analyzed using a Marquadt algorithm for
non-linear curve fitting in Kaleidagraph v3.5 (Synergy Software). The fit provided ∆H
and TM values directly, as well as slopes and intercepts for baselines. ∆S was calculated
from ∆S=∆H/TM, and ∆G from ∆G=∆H(1-T/TM). DNA parameters are averages of
results from experiments with 3 or more independently prepared samples at
concentrations ranging from 5 to 25 µM. RNA parameters are averages of 3 or more
independently prepared samples ranging from 1 to 25 µM. Similarity among TM values

87
resulting from melts at these different concentrations was consistent with the unfolding
transition being from the hairpin species. Certain high concentration RNA experiments
revealed an overlapping low temperature transition, and these melts were excluded from
the analysis.
To favor the hairpin conformation, oligonucleotides were renatured prior to each
melt by heating to 99 ˚C for 1 minute in the spectrometer, followed immediately by a
UV-melting experiment from 95-5 ˚C. Subsequent UV-melts from 5-95 ˚C and 95-5 ˚C
were carried out in succession, and overlapping curves were obtained consistent with
reversibility of the transition. UV absorbance melting profiles were acquired at either
260 or 280 nm and gave similar parameters. Cuvettes with pathlengths of 1, 5, and 10
mm were used, with data collected every 0.5 degrees on a Gilford Response II
spectrophotometer equipped with a temperature controller. Concentrations were
determined using absorbance values of the unfolded state at 95˚C, and extinction
coefficients were determined from a nearest-neighbor analysis. Representative melting
profiles are shown in Appendix 1.
Analysis of Double Mutant Cycles. The additivity of ∆Go37 values was analyzed
similarly to described (1, 17, 18, 21, 25, 26). The free energy change associated with
mutation of an AT to AA is denoted ∆GAA; the change associated with mutation of GC to
IC is denoted with ∆GIC; the change associated with mutation of GC to GG is denoted
with ∆GGG; the change associated with mutation of AU to UU is denoted with ∆GUU; the
change associated with both mutations is denoted with ∆GDM for double mutant; and the
change associated with mutation A in the presence of mutation B is denoted B∆GA (
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Figure 3-1A). The magnitude of the nonadditive (coupling) effect between the two
mutated base pairs (A and B) is the coupling free energy, δAB, which was calculated
according to 3-1 and 3-2

δΑΒ = ∆Go37(WT) + ∆Go37(DM) – [∆Go37(NN) + ∆Go37(IC)]

3-1

δΑΒ = ∆GAB(DM) – [∆GA(NN) + ∆GB(IC)]

3-2
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Figure 3-1: (A) Thermodynamic box for a double mutant cycle. ∆GA is the free energy change
associated with mutation A, and B∆GA is ∆GA in the background of mutation B. WT is the wild
type sequence; AA is the AU to AA change; IC is the GC to IC change; and DM is the double
mutant with both changes. δ is the coupling free energy and represents nonadditivity. (B)
Secondary structures. Mutations are shown and registers having identical nearest-neighbor contexts
are boxed. ‘External’ denotes a helix with the mutational register at the terminus of the helix, and
‘Internal’ denotes a helix with the mutational register near the middle of the helix. Sequence for
DNA is identical to RNA except U’s are changed to T’s. Base pairs are numbered from the base of
the helix.
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A negative value for δ indicates that deleting the first interaction weakens the
second and signifies positive coupling between functional groups (17). A positive value
of δ indicates that deleting the first interaction strengthens the second and signifies
negative coupling. A δ value of 0 supports no coupling. A double mutant is considered
‘completely non–additive’ if –δ equals the smaller of ∆GAA or ∆GIC, which causes either
IC

∆GAA or AA∆GIC to approach zero (26). The percent effect (see Table 3.2 at end) is

calculated as the ratio of –δ to the smaller of ∆GAA or ∆GIC.
Error Analysis. Errors were propagated into the two-state model described above.
Details are provided in section 3.9 (Supporting Information).

3.4

Results:

3.4.1 Oligonucleotide Design and Rationale

The oligonucleotides used in this study are 20mers with a core nearest-neighbor sequence
that is invariant between DNA and RNA, other than T was replaced with U (Figure 1B).
The core hairpin has a fully-paired perfect helix, while mutant species bear AT to AA,
GC to IC, or both mutations, where I=inosine. Mutation registers with identical nearestneighbor contexts were placed in internal or external registers within the helix (Figure 31B). Identical nearest-neighbor contexts facilitate direct comparison of effects of internal

and external helical positions on double mutant cycles. Initial coupling studies were
between the AU base pair and the GC base pair below it, although additional studies were
conducted for RNA on the base pair above the AU in both external and internal contexts,
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as well as next-nearest-neighbor base pairs. The U4 loop was chosen because it is a
relatively unstructured and unstable loop (28, 29), which facilitates two-state melting and
a TM that allows for a full upper baseline. The AT to AA and GC to IC combination was
chosen because it allows the effects of a point mutation (AT to AA) on neighboring
interactions to be assessed with a minimal functional group change: a three-hydrogen
bond base pair to a two-hydrogen bond one. AA mismatches were chosen because they
show larger non-nearest neighbor effects than UU or GG single mismatches in RNA (16).
The AT to AA change is relevant to traditional site-directed mutagenesis experiments on
functional RNA and DNA molecules, and may also bear similarity to AC to wobble
A+zC changes that occur upon proton loading and pKa shifting (30). We also measured
coupling at different salt concentrations to test the importance of electrostatics.

3.4.2 Cooperativity in Double-Stranded DNA is Dependent on Helical Position

In order to test the dependence of cooperativity on helical position, we determined δ
values for DNA constructs with internal and external mutational registers but otherwise
identical nearest-neighbor contexts. (This and the next section focus on the low ionic
strength results, with the effect of increasing ionic strength considered in the subsequent
section.) Parameters for each oligonucleotide are provided in Table 3.1, and coupling
free energies (δ values) are listed in Table 3.2. For DNA, external registers displayed
greater cooperativity (i.e. more negative δ values) than internal registers (Figure 3-2
Figure 2). Mutation of the AT base pair to an AA mismatch resulted in substantial
destabilization in both helical positions (∆GAA is 2.18 and 3.34 kcal/mol for base pairs 2
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and 5, respectively). In the external register, subsequent change of the terminal GC pair
to an IC resulted in a very small change in stability (0.05 kcal/mol), suggesting that the
terminal base pair is formed only when the penultimate pair is formed. In addition, δ12
was large (–0.82 kcal/mol) as was the percent effect at 94% (Table 3.2), signifying
complete nonadditivity.
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Figure 3-2: : Thermodynamic boxes for low salt (top) and high salt (bottom) conditions for DNA
and RNA sequences in both internal and external registers. The magnitude of the cooperativity of
the system is represented by the number in red, as described in Figure 3-1. Cycles that share a
common AU base pair were joined into double boxes.
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The internal DNA register, on the other hand, showed a significant effect for the
subsequent GC to IC change at position 4 of 1.63 kcal/mol. This gives an internal δ45 of
only –0.38 kcal/mol, or 19%, suggesting that disruption of the internal AT only slightly
weakens the neighboring GC if at all. Apparently, nonadditivity is highly dependent on
position within double-stranded DNA. Surprisingly, despite the larger nonadditivity of
the external register, the AT to AA, and GC to IC single mutant changes revealed
significantly larger (~1.2 kcal/mol each) thermodynamic penalties in the internal register.
This phenomenon likely reflects fraying near the terminus of the helix, which reduces the
intrinsic stability of the terminal and penultimate base pairs (see Discussion).

3.4.3 Cooperativity in Double-Stranded RNA is High in Both External and
Internal Helical Positions

Examination of δ12 values from RNA external cycles revealed percent cooperativity
patterns similar to those for DNA. The percent effect for RNA at the terminus was 117%,
similar to the 94% for DNA and signifying complete non-additivity for both nucleic acids
near the terminus (Table 3.2). While the percent effects were similar, magnitudes of the
coupling free energies were two times larger for RNA than DNA. RNA and DNA had
δ12 values of –1.68 and –0.82 kcal/mol, respectively. Larger coupling free energies in
RNA is consistent with local interactions generally being more stable in RNA than DNA
(13, 14). Observation of large percent effects in the external position for both RNA and
DNA is suggestive of a common molecular basis (see Discussion).
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In contrast to DNA, internal registers in RNA also show significant nonadditivity.
The δ45 for the internal RNA register is –1.73 (50%), which is similar in magnitude to the
external RNA register effect δ12 of –1.68 kcal/mol. The physical basis for internal
cooperativity in dsRNA likely arises from physical features different between helical
RNA and DNA (see Discussion).
Because RNA was unique in displaying cooperativity internally, we investigated
other coupling networks as well. Coupling between the AU at position 5 and the CG
above it at position 6 was still significant with a δ56 of –0.85 kcal/mol. To see whether
coupling extended beyond neighboring base pairs, a double mutant cycle was conducted
between positions 5 and 3. Coupling between the AU at position 5 and the next-nearestneighbor CG at position 3 was still significant with δ35 at –0.79 kcal/mol. Apparently,
changing the base pair at position 5 from an AU to an AA has effects that extend beyond
its nearest-neighbors. Lastly, we tested whether coupling extends upwards in the external
register. A double mutant cycle was conducted between positions 2 and 3. Coupling
between the AU at position 2 and the CG at position 3 was significant with a δ23 of –1.12
kcal/mol.

3.4.4

Effect of Ionic Strength on Cooperativity in RNA and DNA

In an effort to determine the electrostatic component of the energetics, we remeasured the
double mutant cycles in internal and external registers for both RNA and DNA at higher
ionic strength. Increasing the ionic strength from 14 to 114 mM significantly diminished
the energetic consequences of single DNA changes. In particular, the AT to AA change
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was on average 0.7 kcal/mol less destabilizing at 114 mM, while the GC to IC change
was on average 0.6 kcal/mol less destabilizing (Table 3.2); in general, these effects were
independent of helix position. In contrast, increasing ionic strength had only minimal
energetic consequences on the single mutants in RNA. In particular, the AU to AA and
GC to IC changes were only 0.2 kcal/mol less destabilizing at high ionic strength in both
internal and external contexts.
Next, we consider the effect of ionic strength on the coupling free energies. The
external register in DNA remained highly nonadditive in higher ionic strength, with
percent effects decreasing slightly from 94 to 74% upon increasing from 14 to 114 mM
ionic strength. On the other hand, the percent effects on the coupling free energies for the
internal register in DNA changed from 19 to –42% upon increasing ionic strength. The
negative percent effect is associated with a positive δ and negative coupling, and is
indicative of an energetic compensation in which deletion of one interaction strengthens
another.
In the case of RNA, both registers showed somewhat diminished coupling but still
remained significant in higher ionic strength. For the external register, increasing ionic
strength caused the percent effect to change from 117 to 68%, while increasing ionic
strength led the percent effect to change from 50 to 34% for the internal register. For
both external and internal registers in RNA, the magnitude of the coupling free energy
remained significant at higher ionic strength, with values of –0.91 and –1.06 kcal/mol,
respectively.
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3.5

Discussion

Extensive nearest-neighbor studies have been carried out on RNA and DNA and these
have led to significant advances in the prediction of structure from sequence (12-14).
Interestingly, several studies from the Turner lab have uncovered non-nearest-neighbor
effects for certain motifs. These include a dependence of the free energy of tandem GU
mismatches on flanking base pairs (31), and a dependence of the free energy of single
mismatches on distance to a helix end (16). One goal of the present study was to try to
provide insight into the origin of such effects.

3.5.1 RNA and DNA Both Display High Cooperativity Near the End of the Helix

In both RNA and DNA, external registers displayed significant percent effects in the
coupling free energy. At low ionic strength, effects were completely nonadditive, 117
and 94% for RNA and DNA, respectively, and at high ionic strength significant effects
persisted, 68 and 74% for RNA and DNA, respectively (Table 3.2). Complete
nonadditivity strongly supports the notion that the terminal base pair is formed only when
the penultimate pair is formed. Indeed, in RNA and DNA at both ionic strengths,
changing the GC to the IC at position 1 in the background of the AA gave effects
between –0.24 to 0.42 kcal/mol, suggesting there was no base pair left to break. This
interpretation is congruent with the high entropic loss required to initiate a helix in RNA
or DNA and that initiation is not successful without subsequent propagation (15).
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3.5.2

Only RNA Displays Cooperativity Near the Middle of the Helix

Only for RNA did internal registers show significant effects in coupling free energy
(Table 3.2). The physical basis for internal cooperativity in dsRNA may stem from the
bases being held closer together than in dsDNA: 2.9 Å rise/bp for dsRNA versus 3.4 Å
rise/bp for dsDNA (15). Moreover, dsRNA has greater electrostatic strain than dsDNA.
The A-form helix of RNA has a deep and narrow major groove with phosphate groups
pointing towards each other. The closest approach of phosphates across the groove,
corrected by 5.8 Å for van der Waals radii, is 2.7 Å for A-form dsRNA and 5.7 Å for Bform dsDNA (15). These geometrical and electrostatic differences also cause dsRNA to
be stiffer than dsDNA, with persistence lengths of 720 and 500 Å, respectively (15, 32).
Tighter packing, larger electrostatic strain, and greater stiffness may cause deletion of a
functional group to have a greater perturbation on neighboring interactions in dsRNA
than dsDNA.
At the same time, less crowded packing in dsDNA may afford it the opportunity
to refold into a new conformation with similar, or even more favorable, energetics for a
given base pair as the wild-type. Moreoever, DNA flexibility is accentuated at higher
ionic strength. For example, transient electric birefringence studies on DNA fragments
showed that the persistence length of dsDNA decreases by 31% at higher salt
concentrations, consistent with this notion (33). Observation of negative coupling
internally for DNA at high salt (Table 3.2) is consistent with greater backbone flexibility
at higher ionic strength, as is AT to AA changes having diminished effects (by ~0.65
kcal/mol) at higher ionic strength in DNA but not RNA.
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3.5.3

Large Percent Cooperativity Effects are Not Tantamount to Large Stability
Effects

In RNA, the magnitudes of individual coupling free energy terms for a given nearestneighbor context were nearly identical internally and externally (Table 3.2). For
example, d12 and d45 were –1.68 and –1.73 at low salt, and –0.91 and –1.06 at high salt,
respectively. At the same time, much larger percent cooperativity effects were found for
external than internal registers. For example, d12 and d45 had percent effects of 117 and
50% at low salt, and 68 and 34% at high salt, respectively. These observations suggest
that externally the AA mismatch causes the complete disruption of weaker base pairs,
while internally it causes the partial disruption of stronger base pairs. This is consistent
with terminal base pairs being weaker due to fraying (26, 34, 35).
Single substitutions have much larger free energy perturbations internally
than externally (e.g. on average, DGAA is 4.6 vs. 1.7 kcal/mol for AU to AA in RNA).
The origin of this effect may deal with how well the helix can dissipate the geometric
destabilization of a purine-purine mismatch. When the AA mismatch is located
penultimate to the base of a helix, the disruption may only break the terminal base pair.
Indeed, the coupling of base pair 2 to 1 is smaller than to 3, –1.68 and –1.12 kcal/mol,
respectively at low salt; moreover, the apparent coupling between base pairs 2 and 3 may
occur only because position 3 can accommodate a CI pair better when it is at the effective
end of a helix.
In contrast, when the AA mismatch is located in the middle of the helix,
the perturbations can extend both above and below the mismatch. In the stiff RNA helix,
this ‘rippling effect’ may lead to significant total energetic destabilization. For example,
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base pair 5 couples significantly to its nearest-neighbor base pairs 4 and 6, as well as its
next-nearest neighbor, 3, with d45, d56, and d35 values of –1.73, –0.85, and –0.79 kcal/mol.
respectively at low salt. (Differences in magnitude between d45 and d56 may be because
the CG at position 6 has two AU nearest-neighbors, while the CG at position 4 has one
CG nearest neighbor, which may stiffen the helix and accentuate disruption.)
Lastly, comparison of d45 and d23 is relevant because base pairs 3 and 4
have nearly identical nearest-neighbor contexts. It is found that d45 is significantly larger
in magnitude than d23, –1.73 versus –1.12 kcal/mol, respectively at low salt, consistent
with the notion that the AA mismatch-induced helical disruption is better dissipated when
located near the terminus of the helix. In sum, the greater energetic perturbation of an
internal mismatch appears to be due to the partial disruption of multiple, strong nearestand next-nearest-neighbor base pairs induced by difficulty in dissipating the geometrical
disruption of an AA mismatch defect; the lesser energetic perturbation of an external
mismatch appears to be due to the complete disruption of a weak terminal base pair
which may arise because the geometrical disruption of an AA mismatch can be dissipated
out the end of the helix.

3.5.4

Implications for Structure Prediction

One of the assumptions of the nearest neighbor model is that the free energy consequence
for a given change in sequence, such as insertion of a single mismatch, is independent of
position in the helix. However, in DNA the AT to AA change is much more penalizing
in the internal than the external register, by 1.2 kcal/mol on average. In RNA, the same

101
AU to AA change is even more helix-position dependent, with the internal change 2.9
kcal/mol more penalizing than the external change on average. Clearly, the nearestneighbor model does not hold in these instances. Curiously, the magnitude of these nonnearest-neighbor effects is relatively independent of ionic strength between 14 and 114
mM, suggesting it will persist at 1 M ionic strength where nearest-neighbor parameters
are typically measured. Indeed, Kierzek and co-workers reported similar position effects
of single mismatches at 1 M NaCl (16). A more complete understanding of such
phenomena should aid prediction of structure.

3.5.5

The Intrinsic Energetic Value of a Hydrogen Bond

Deletion of the 2-amino group in the GC to IC change had relatively minor energetic
consequences in DNA. Free energy changes associated with this change were 0.6 and 1.7
kcal/mol for external and internal helical positions, respectively, averaged across ionic
strengths (Table 3.2). A study by Watkins et al. found a GC base pair in an internal
position was on average 0.84 kcal/mol more stable than a similarly positioned IC base
pair in 1 M NaCl (36), in good agreement with the data presented here.
In the case of RNA, values for the GC to IC change were significantly larger than
in DNA, with averages ranging from 1.4 to 3.3 kcal/mol for external and internal helical
positions, respectively, averaged across ionic strengths. At the low end of the range is the
value for base pair 1 in RNA, which is in good agreement with values previously reported
values for single GC to IC terminal base pair changes in 1 M NaCl (23). At the high end
of the range is the value for the GC to IC change at base pair 4. This value is
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approximately twice the largest value previously reported for an external register (23).
One interpretation of large observed internal effects is that hydrogen bonds are worth as
much as 3.3 kcal/mol inside of helices. However, the exceptionally large value of 3.3
kcal/mol is accompanied by a large average δ45 value of –1.4 kcal/mol. This suggests
instead that the GC to IC change results in the loss of more than just one hydrogen bond
(i.e. high cooperativity) and that the intrinsic energetic value of the hydrogen bond is
significantly smaller than observed effects, as suggested elsewhere (24, 25, 37). The
molecular origin of the cooperativity between an internal IC and the neighboring base
pairs may be due to hydration effects and will require further investigation. This
phenomenon is pursued in Chapter 4 of this thesis.

3.6

Conclusions

Comparison of nonadditivity in RNA and DNA secondary structures reveals three classes
of behavior: in highly structured loops, RNA is less cooperative than DNA (1); in internal
helical registers, RNA is more cooperative than DNA; and in external helical registers,
RNA and DNA both display large cooperativity. Clearly nonadditivity depends on a
number of factors, including the position of the register in the helix, biopolymer, and
ionic strength. The folding cooperativity appears to have different origins in each case.
Higher cooperativity for DNA in loops may be because DNA has fewer interactions
causing it to be minimally stable and easily collapsed upon one of the mutations (1).
Higher cooperativity for RNA internally may be due to tighter packing, which causes
greater stiffness and compromised ability to dissipate geometric perturbation upon
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mutation. High cooperativity for both polymers externally can be understood in terms of
the entropic penalty for helix initiation.
The coupling free energy values reported herein are large in comparison to other
RNA studies. For example, Klostermeier and Millar found maximal coupling free energy
values of only 0.6 kcal/mol in the hairpin ribozyme (18), and Silverman and Cech found
values of ~0 for tertiary interactions in the Tetrahymena group I intron (38). Apparently
secondary structures display cooperativity values equal to or greater than complex
tertiary structures. This may be because tertiary interactions often involve an extensive
and often overdetermined network of interactions.
These findings should be applicable to numerous biochemical studies involving
RNA and DNA, including interpreting effects of naturally occurring helical defects and
point mutants on RNA-protein interactions, enzyme function, and RNA and DNA
structure prediction. Because bulges and mismatches create effective helix ends (39)
cooperativity may be dependent on positioning relative to helical defects as well. These
results provide plausible contexts in which to explore pKa shifting, since higher total
cooperativity may mimic structure forming processes that occur upon proton uptake and
A+•C wobble formation (30).
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3.8

Tables

Table 3-1a: Thermodynamic parameters for folding of WT, AA, IC, and DM DNA and
RNA at low and high ionic strengths.

TM (oC)

∆Ho
(kcal/mol)

∆So (eu)

∆Go37
(kcal/mol)

114
114
114
114

75.9 ± 0.07
71.0 ± 0.06
74.4 ± 0.05
70.8 ± 0.05

–61.1 ± 0.63
–54.1 ± 0.50
–60.1 ± 0.53
–53.4 ± 0.44

–175 ± 1.8
–157 ± 1.5
–173 ± 1.5
–155 ± 1.3

–6.80 ± 0.07
–5.34 ± 0.05
–6.46 ± 0.06
–5.25 ± 0.04

Int AA 5
Int IC 4
Int DM 4,5
WT
Ext AA 2
Ext IC 1
Ext DM 1,2

114
114
114
14
14
14
14

61.7 ± 0.07
67.6 ± 0.03
52.2 ± 0.05
67.8 ± 0.03
61.7 ± 0.05
65.9 ± 0.04
61.5 ± 0.05

–56.2 ± 0.53
–61.2 ± 0.39
–49.3 ± 0.43
–67.8 ± 0.51
–53.5 ± 0.40
–61.6 ± 0.46
–53.3 ± 0.41

–168 ± 1.6
–180 ± 1.2
–151 ± 1.4
–199 ± 1.5
–160 ± 1.2
–182 ± 1.4
–159 ± 1.2

–4.14 ± 0.04
–5.50 ± 0.03
–2.30 ± 0.02
–6.13 ± 0.05
–3.95 ± 0.03
–5.26 ± 0.04
–3.90 ± 0.03

Int AA 5
Int IC 4
Int DM 4,5

14
14
14

53.6 ± 0.09
59.9 ± 0.06
44.0 ± 0.07

–55.2 ± 0.78
–60.1 ± 0.53
–52.5 ± 0.64

–169 ± 2.4
–180 ± 1.6
–166 ± 2.1

–2.79 ± 0.04
–4.12 ± 0.04
–1.16 ± 0.01

Sequencea
DNA BP
WT
Ext AAa 2
Ext IC 1
Ext DM 1,2

a

Ionic
Strength
(mM)b

Ext and Int refer to external and internal registers. All values are at 37 oC in units of
kcal/mol. Error propagation is described in 3.9.
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Table 3-1b: Thermodynamic parameters for folding of WT, AA, IC, and DM RNA at low
and high ionic strengths.

RNA BP
WT
Ext AA 2
Ext IC 1
Ext DM 1,2

Ionic
Strength
(mM)
114
114
114
114

TM (oC)
82.4 ± 0.05
79.0 ± 0.04
80.6 ± 0.07
79.1 ± 0.07

∆Ho
(kcal/mol)
–73.8 ± 0.59
–66.0 ± 0.54
–65.7 ± 0.58
–62.4 ± 0.62

∆So (eu)
–208 ± 1.7
–187 ± 1.6
–186 ± 1.7
–177 ± 1.8

∆Go37
(kcal/mol)
–9.43 ± 0.08
–7.88 ± 0.06
–8.10 ± 0.07
–7.46 ± 0.07

Int AA 5
Int IC 4
Int DM 4,5
WT
Ext AA 2
Ext IC 1
Ext DM 1,2
Ext CI 3
Ext DM 2,3

114
114
114
14
14
14
14
14
14

65.1 ± 0.03
72.6 ± 0.04
55.9 ± 0.03
75.6 ± 0.03
71.6 ± 0.04
72.6 ± 0.36
71.4 ± 0.06
68.8 ± 0.03
67.6 ± 0.04

–59.1 ± 0.37 –175 ± 1.1
–61.4 ± 0.44 –178 ± 1.3
–50.0 ± 0.22 –152 ± 0.69
–75.8 ± 0.58 –217 ± 1.7
–65.7 ± 0.58 –191 ± 1.7
–67.4 ± 0.64 –195 ± 1.9
–68.4 ± 1.2 –199 ± 3.4
–65.1 ± 0.33 –190 ± 1.0
–59.8 ± 0.44 –175 ± 1.3

–4.92 ± 0.03
–6.32 ± 0.05
–2.87 ± 0.01
–8.39 ± 0.06
–6.59 ± 0.06
–6.95 ± 0.06
–6.83 ± 0.12
–6.05 ± 0.03
–5.37 ± 0.04

Int
Int
Int
Int
Int
Int

14
14
14
14
14
14

58.9 ± 0.03 –56.3 ± 0.34 –169 ± 1.0
65.6 ± 0.03 –58.6 ± 0.27 –173 ± 0.81
49.6 ± 0.02 –50.9 ± 0.22 –158 ±0.68
67.3 ± 0.09 –64.9 ± 0.69 –191 ± 2.1
49.8 ± 0.10 –48.8 ± 0.78 –151 ± 2.5
51.1 ± 0.09 –49.8 ± 0.58 –154 ± 1.8

–3.71 ± 0.02
–4.95 ± 0.02
–2.00 ± 0.01
–5.76 ± 0.06
–1.93 ± 0.03
–2.16 ± 0.03

AA
IC
DM
CI
DM
DM

5
4
4,5
6
5,6
3,5
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Table 3-2: Free Energy Parameters and δ Values for Double Mutant Cycles

a

Sequence

∆GAA

∆GIC

∆GDM

∆GDM
(add)a

δAB

δABb

dExt LSc

2.18

0.87

2.23

3.05

δ12

–0.82±0.1

94

dExt HS

1.46

0.34

1.55

1.80

δ12

–0.25±0.1

74

dInt LS

3.34

2.01

4.97

5.35

δ45

–0.38±0.1

19

dInt HS

2.66

1.30

4.50

3.96

δ45

0.54±0.1

–42

rExt LS

1.80

1.44

1.56

3.24

δ12

–1.68±0.1

117

rExt LS

1.80

2.34

3.02

4.14

δ23

–1.12±0.1

62

rExt HS

1.55

1.33

1.97

2.88

δ12

–0.91±0.1

68

rInt LS

4.68

3.44

6.39

8.12

δ45

–1.73±0.1

50

rInt LS

4.68

2.63

6.46

7.31

δ56

–0.85±0.1

32

rInt LS

4.68

2.34

6.23

7.02

δ35

–0.79±0.08

34

rInt HS

4.51

3.11

6.56

7.62

δ45

–1.06±0.1

34

% Effect

∆G from WT to DM if ∆GA and ∆GI were additive. bδΑΒ values were calculated as the
difference between columns 4 and 5. Errors were propagated from eq 1a. cExt and Int refer
to external and internal registers. LS and HS refer to 14 and 114 mM KCl conditions. All
values are at 37 oC in units of kcal/mol. Error propagation is described in Appendix 1.
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Chapter 4
Demonstration that Unsatisfied Hydrogen Bond Acceptors Play a Major Role in
RNA Folding Energetics and Specificity

4.1

Introduction

Standard base pair formation in nucleic acids occurs via hydrogen bonding interactions
along the Watson-Crick face of the nucleobases. These base pairs stack upon one another
and can form helical structures thousands of base pairs in length. In a previous study, the
degree to which base pairs couple energetically was examined using double mutant
cycles and cooperativity formalisms (1). In these analyses, the folding free energies (∆G)
of DNA and RNA hairpins were evaluated in the absence (wild type, or WT); and
presence of a single disruptive base modification A, B (single mutant A or B); or both A
and B (double mutant of DM) (Figure 4-1A). These experimentally determined folding
energies are plotted at the four corners of a thermodynamic box, and the thermodynamic
impact of a given modification is represented graphically by the arrow connecting the
two species (Figure 4-1B). Cooperativity between these two interactions is reflected in
the coupling constant (δAB), calculated using Equation 4.1:
δΑΒ = ∆Go37(WT) + ∆Go37(DM) – [∆Go37(A) + ∆Go37(B)]

(Equation 4.1)
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Figure 4-1: A) RNA hairpin used in this study. Arrows indicate the location of a
mutation site, and a list of possible mutations is presented. Base pairs are numbered
beginning at the terminus and displayed on the right hand side of the helical stem. B)
Thermodynamic cycle key. As discussed, experimentally determined folding energies
are plotted at the four corners, and differences in energy between the corners are plotted
on the arrows. The coupling constant (δ) is represented in red and is the degree to which
the two mutations are energetically coupled to one another.

113

If the two interactions are not coupled, then the thermodynamic impact of
modification A or B should be the same in the presence or absence of the other
modification and δAB will equal 0. Conversely, if the two interactions are coupled, then
δAB will be non-zero.
We previously reported that a guanine (G) to inosine (I) change in an internally
located GC base pair causes an exceptionally large thermodynamic destabilization (3.44
kcal/mol – Figure 4-2D) and couples strongly to a neighboring base pair (δAB of –
1.73±0.1 kcal/mol) (1). The G to I modification removes the exocyclic amine at C2 of
guanine, a functional group that serves as a hydrogen bond donor to the carbonyl oxygen
at C2 of cytosine, however 3.44 kcal/mol is a much larger value than previously reported
values for single hydrogen bond energies in nucleic acids. An overview of hydrogen
bond values is presented by Moody and Bevilacqua (2); while a fairly wide range of
values is reported, it is thought that larger magnitude values represent energetic
contributions from other, cooperatively coupled, sources (i.e. base stacking, hydrogen
bond formation, etc.). A value of ~ -0.25 kcal/mol is postulated to be a more accurate
value for a hydrogen bond (2-4).
The C2 amino - carbonyl hydrogen bonding interaction normally compensates for
the unfavorable dehydration of the hydrogen bond donor and acceptor. Without this
compensation, it can be hypothesized that 1) unshed waters of hydration disrupt local
structure, and/or 2) uncompensated penalties of shedding waters contribute to the
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observed GC to IC destabilization, as well as the coupling between the IC and
neighboring base pairs.

4.2

Materials and Methods

2-thiocytosine (s2C) synthesis was carried out as described previously (5), and
incorporation was done via solid-phase synthesis.
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Figure 4-2: Thermodynamic cycle data. Mutant species are indicated by arrows on the
hairpins, and on the subscripts on connecting arrows indicating the directionality of
mutations. A) Thermodynamic cycle for a GC to Is2C change. B) Thermodynamic cycle
for a 5’ GA 3’ / 3’ CU 5’ to GA / (s2C)A change. C) Thermodynamic cycle for a GA /
CU to IA/CA change. D) Thermodynamic cycle for a GA/CU to IA/CA change, as
previously reported (1)
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4.3

Results and Discussion

One strategy to determine if shedding of water from the carbonyl oxygen of cytosine has
the potential to provide this magnitude of destabilization is to modify the C to eliminate
hydrogen bonding with solvent. To this end, we synthesized and incorporated 2thiocytosine (s2C) into several hairpin constructs at a single location (Figure 4-1A and
Figure 4-2A-D, left). Sulfur is known to be a poor-hydrogen bond acceptor (6) largely
due to its larger size and more diffuse electron cloud; factors invoked by Gregoret et al.
to explain its scarcity in globular protein structure (7). As a result, incorporation of s2C
should significantly impede the potential water-mediated destabilization mentioned
above.
To evaluate the results of the s2C base modification, double mutant cycles were
prepared (Figure 4-2A-C) and compared to published data (Figure 4-2D) (1). If the
destabilization observed from a GC to IC mutation (3.44 kcal/mol) (in Figure 4-2A, left)
is representative of the energy associated with a hydrogen bonding interaction, then
disrupting this interaction from a GC to Gs2C mutation should cause a similar disruption.
Incorporation of s2C across from a G base (Figure 4-2A, bottom), however, led to a
destabilization of only 0.60 kcal/mol – a value in better agreement with energetic values
for nucleic acid hydrogen bonds in the literature than the GC to IC value (1-4). This
result suggests that most of the GC to IC disruption energy results from sources other
than a single Watson-Crick hydrogen bond. This conclusion is further supported by the
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observation that introduction of I across from s2C gives no energetic disruption (Figure 42A, right edge). This lack of effect is remarkable in that it not only suggests that the

hydrogen bonding interaction has already been disrupted (as expected), but that it
suggests that stacking and other changes from a G to I change itself plays only a small
role in the large disruption previously observed, leaving only the unsatisfied C2 carbonyl
on C as the major source of this disruption along the left edge of Figure 4-2A.
Further support for this conclusion is found by considering the top edge of Fig
2A, where an IC to Is2C change is found to significantly stabilize the hairpin (∆G = -2.86
kcal/mol). If energetic change associated with a GC to IC change (+3.44 kcal/mol) is the
sum of hydrogen bond (∆GHB) and hydration disruptions (∆GHYD), and ∆GHB is 0.60
kcal/mol, then ∆GHYD is ≈ 2.84 kcal/mol, or the approximate stabilization found in I∆Gs2C
(Fig 2A). In fact, the overall disruption observed following both of these changes
(∆GDM) is just 0.58 kcal/mol, a value that is similar to the destabilization observed for
incorporation of s2C and is in good agreement with literature values for a single hydrogen
bond. Cooperativity in this cycle is extreme (-3.46 kcal/mol), as expected, as it represents
the relationship between two bases that directly interact with one another, as observed
previously (8). In this earlier work (8), cooperativity between loop residues in a highly
stable rGNRA hairpin loop were examined, and disruption of the same H-bond
interaction from opposite sides of the loop (via 7-deazaA and I incorporation) resulted in
a coupling constant of -1.7 kcal/mol, also an extreme example in the less cooperative
loop environment (8).
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The results presented to this point support the disruptive role of an unsatisfied
hydrogen bond acceptor in a base pair. Broadening the scope of interactions, the cycles in
Figure 4-2B-D probe the interactions between neighboring base pairs 4 and 5. In Figure
4-2B, in which interaction of G●s2C to an AA was probed, cooperativity was observed to

be weak (-0.18 kcal/mol). A similar cycle probing IC to AA gave much greater
cooperativity (-1.73 kcal/mol) (1). These observations are consistent with significantly
reduced structural disruption in the absence of the unsatisfied C2 carbonyl on cytosine.
This supports the idea that perhaps the correct structural model for the left-hand edge of
Figure 4-2A includes some dragging of water into the helix. Additional support to this
hypothesis is lent by the data in Figure 4-2C, where relatively weak cooperativity is also
observed (0.84 kcal/mol) between neighboring base pairs when I●s2C, which has no
clash, is incorporated. Similarly, the energetic penalty associated with introduction of an
AA (4.68 kcal/mol) is reduced in the background of an IC mutation (Figure 4-2D) to 2.95
kcal/mol, consistent with some degree of helical disruption from water incorporation.
It is interesting to note that incorporation of s2C across from G, a mutation that
removes the hydrogen bonding partner of the C2 amine on G, does not exhibit a
destabilization due to the cost of dehydrating the amino group. These data can be
explained by one or more of the following models: 1) dehydration of an amino group is
considerably less penalizing than dehydration of a carbonyl, 2) hydrogen bonding occurs
between the amino group on G and the thione on C, and 3) the extensive hydration of
helical RNA allows the amino group to remain partially hydrated, reducing the penalty.
The solubility of a gas in water is a function (in part) of solvent-gas interactions,
with more solubility reflecting greater hydration energy. Comparing the solubilities of
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methylamine and formaldehyde gases did not reveal significant differences – both were
very soluble (9), disfavoring the first model. While sulfur-hydrogen bonds are generally
longer and weaker than other hydrogen bonds, there are examples of these interactions,
suggesting that the second model may have some validity. Finally for the third model we
must consider the hydration of the C2 amino group on G, which occupies a position in
helical RNA in the shallow and wide minor groove. This groove and hydration sites are
presented in Figure 4-3, which illustrates hydration sites around a canonical RNA GC
base pair (10). In this static figure, hydration of the C2 amino on G or C2 carbonyl on C
is the same, and it appears that structure formation would necessitate the same degree of
dehydration from either group. Considering this figure, a potential model where I has
replaced G can be imagined where the resulting space near C2 of G has both permitted
some occupancy of water (associated with the C2 carbonyl on C) and disrupted the
important and highly occupied water at site 7 that takes part in a water bridge connecting
2’OH groups. Both of these potential changes would cause structural disruption (or, in
the absence of water entering the helix, a dehydration penalty), and are consistent with
strong cooperative coupling to nearby structure. In contrast, when s2C is substituted in
the place of C (across from G) there is no space for water to enter the helix, at the same
time there is some potential for amino – thione hydrogen bonding to occur and offset
dehydration of the amino group. This physical model is consistent with data presented
above, and suggests that the a combination of model 2 and 3 are most likely responsible
for the modest destabilization observed upon s2C introduction opposite G as opposed to
destabilization observed upon I introduction opposite C.
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Figure 4-3: Figure reprinted with permission from Auffinger and Westhof (10).
Orthogonal view of a GC RNA base pair with hydration sites indicated. Water
occupancy is based on crystal structures, and the calculated average base pair is pictured.
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Considering the general nature of hydrogen bonding interactions, it seems likely
that unsatisfied hydrogen bond acceptors play a major role in the observed
thermodynamics of biomolecules. A ubiquitous example can be found in formation of
canonical AU (or AT, in DNA) base pairs. Here, uridine forms hydrogen bonds at ring
positions 3 and 4, while the C2 carbonyl does not have a hydrogen bonding partner and
should therefore experience a desolvation penalty, as discussed above. Relief of these
penalties should be accomplished by replacing U with 2-thiouridine (s2U), as observed
herein for 2-thiocytidine opposite I. Incorporation of 2-thiouridine into RNA duplexes by
Testa et al. did indeed provide a stabilization (by 1 to ~1.6 kcal/mol), an effect that
appears to be driven largely by a more favorable enthalpy (11), in agreement with model
presented in this study.
In addition to stabilizing canonical AU base pairing, incorporation of s2U was
observed to destabilize GU wobble mismatches, an enhancement in specificity that
proves advantageous considering s2U modifications often occur in the anticodon region
of tRNA (11). The role of an unsatisfied hydrogen bond acceptor in both AU and IC is
disruptive, however this disruption can be utilized by nature to tune specificity, as
illustrated by s2U. Considering the array of non-canonical interactions in RNA structures
and the magnitude of energetic effects observed in this study, it is likely that unsatisfied
hydrogen bond acceptors play major roles in other biological systems.
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Chapter 5
Ionic Strength Effects on pH Probe Measurements

[Published in part as an article Entitled “Mechanistic characterization of the HDV
genomic ribozyme: solvent isotope effects and proton inventories in the absence of
divalent metal ions support C75 as the general acid” by Andrea Cerrone Szakal, Nathan
A. Siegfried and Philip C. Bevilacqua in The Journal of the American Chemical Society,

130, 2008, 14504-14520.]

5.1

Abstract

Ionic strength is a characteristic of solutions that reflects the non-ideality of the solution
due to ions and their charges. High ionic strength solutions are less ideal and can
influence the activity of ions in solution. When a weak acid or base is present in the
solution, ionic strength will change the concentration of protons [H+] or hydroxide ions
[OH-] and therefore alter the pH of solution. In addition to the effect ionic strength has
on compounds in solutions, it can alter the ability of a pH meter to produce accurate
readings. This effect is studied herein for various concentrations of NaCl, KCl, and
MgCl2 species, and found to be ion-specific, and likely pH electrode specific. It was
observed that Na+ and Mg2+ ions do in fact cause errors in pH probe readings, although
significant effects caused by Mg2+ were observed at concentrations well in excess of
physiological values and therefore of no impact to the studies presented in this thesis. K+

124
ions, on the other hand, were observed to have no significant impact on pH measurement.
These observations are explained through classical electrochemical phenomena, and
suggest that ion size is the main predictor of probe inaccuracies. Applying these
corrections to UV-monitored titrations of a short single stranded RNA, UUCUU,
revealed an unfolded state pKa with a dependence on Na+ concentration at low Na+
concentrations, leveling off at higher Na+ concentration to a pKa value of ~4.25, a value
similar to published results under these conditions. Enhancement of this pKa value to
~4.7 at low ionic strength is consistent with an anti-cooperative relationship between
proton and cation species also observed in Chapter 6 for double stranded helices.

5.2

Introduction

The pH of a solution is a critical characteristic of a system in environmental, analytical,
and biological chemistries. Solution conditions are often far from ideal, especially in
biology, where crowding and unusual ionic strength and osmolyte conditions are know
(e.g. during stress in plant biology). It is therefore critical to be able to convert meter
readings into –log aH+, which is pH. At the time of the work in this chapter, a graduate
student in out lab Andrea Cerrone-Szakal was attempting to determine pH in high ionic
strength solutions as part of characterizing the enzymatic mechanism of the HDV
ribozyme (1). This thesis chapter describes my contributions to this endeavor, which also
has applications to the final chapter of this thesis.
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A properly calibrated pH meter with a well maintained pH electrode is often
assumed to be an accurate and precise method of determining the pH of a given solution.
In order to facilitate this accuracy over a wide range of solution conditions, scientific
equipment manufacturers produce many specialty probes, however very little attention is
paid to how ionic strength can affect the accurate measurement of solution pH. In a study
of the hepatitis delta virus (HDV), Perrotta and Been noted that pH meter readings were
incorrectly low in the presence of high concentrations (4M) of LiCl by ~1 and ~2 pH
units at low and high pH, respectively (2). Furthermore, they observed this same effect in
high ionic strength solutions with several different pH electrodes, suggesting this
phenomenon is general in nature. In order to compensate for inaccuracies of this type, it
is necessary to consider the origin of this effect. We present here some characterization
of this effect and an effective method to correct meter readings to give true pH. In
addition, we present applications of this technique to investigation of the pKa of a short
unfolded-state RNA sequence (UUCUU) as a function of sodium ion concentration; this
work is presented in part in an article by Cerrone-Szakal et al. (1). We also discuss effects
of Mg2+ on meter readings and its lack of impact on the studies in Chapter 6.

126
5.2.1

Calculation of Solution pH

The ionic strength (I) of a solution encompasses a term for each ion species (i) in
solution, which includes the charge (z) and concentraction (c) of that species.2 In this
view of ionic species, it is not the concentration of an ion that will accurately describe its
chemical presence, but rather its effective concentration. The effective concentration is
represented by the acitivity (a). The solution ionic strength and ion activity can be
calculated using Equations 5.1, 5.2, and 5.3 where fi is the activity coefficient :
I = 0.5 * ∑(ci z 2 )

(Equation 5.1)

a i = ci f i

(Equation 5.2)

pH = -log ai = -log ci – log fi

(Equation 5.3)

Tables of activity coefficients are available, however this value can be calculated
as –log fi at a given ionic strength using Equation 5.4, which is a form of the DebyeHückel equation (3). In the equation below, A is a (slightly) temperature-dependent
constant.
Az 2 I 0.5
− log f i =
− 0.1z 2 I
0.5
(1 + I )

(Equation 5.4)

At this point the activity of a given ionic species, including H+, can be calculated,
the –logarithm of which is the pH of a solution. Functionally, pH electrodes attempt to

2

This discussion is adapted from Perrin and Dempsey (1974).
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directly measure the activity of H+ (aH) (4-6), a fact that permits correlation of pH (a term
used herein for true solution condition) and meter reading (taken directly from the pH
meter).

5.3

Calibrating the pH meter

To determine the actual pH of a given solution, we first calibrated the pH meter using a
series of standards generated from dilute solutions of a strong acids (HCl) or base (NaOH
or KOH). The concentration of the acid solution was 10-2 to 10-4 M, but no more dilute to
avoid contributions from water itself. Given the effect of 4 M LiCl on pH electrode
readings reported by Perrotta and Been in LiCl(2), we chose to investigate the cation
dependence of this phenomenon. We prepared a series of solutions of known H+
concentration and variable salt conditions, and measured meter response to these
solutions. Solutions were prepared using fresh HCl and freshly prepared hydroxide
solutions (Na+ and K+, depending on cation need) to minimize neutralization of these
solutions by air or other species. The concentrations of ionic species in the resulting
solutions are thus known, and can therefore be converted to –log aH+ (= pH) using the
equations presented above. The meter readings were obtained with a stainless steel
ISFET transistor pH electrode and matching pH meter (PH47-SS electrode and IQ150
meter, IQ Scientific Instruments, Loveland CO).
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5.4

UV-monitored titration of model-unfolded state C (UUCUU)

In Chapter 1 a discussion of pKa values for the nucleobases was presented, including the
absence of near-neutral pKas in nucleic acids. In addition, the concept of pKa shifting was
mentioned and presented as a means to extend the functional versatility of nucleic acids;
these pKa shifts are typically presented in a context where exothermic structure formation
is the main driving force for protonation. The interaction between a positive charge
(resulting from protonation) with nearby negative charge can also provide stabilization of
a protonated state, especially given that nucleobases are imbedded in polyanionic
backbones, which present negative charges 3’ and 5’ to a typical nucleobase in a single
strand. Considering this potential for favorable charge-charge interaction, it seemed
possible that a pKa shift could be present in an unfolded-state (single stranded) sequence
containing an ionizing base.
To model the unfolded state, a short (5 nucleotide) sequence unable to selfhybridize was obtained from Dharmacon (Lafayette, CO). This sequence (UUCUU)
contains a single base that can ionize at low pH (a cytosine base), which has an
unperturbed-pKa value of 4.2 (7). UV-monitored pH titrations were carried out on this
sequence at room temperature on a Beckman Coulter DU 650 UV-VIS
spectrophotometer as described (1). These experiments take advantage of a spectral
property of C, wherein the unprotonated versus protonated bases have very different
absorbance profiles (8); hence, monitoring the titration at a wavelength that varies
strongly between these forms allows a large signal change to be observed upon

129
protonation. In this case a scan of wavelengths 220 to 320 nm was collected, and plots
are presented at 240 and 290 nm.
Titrations were carried out parametric in NaCl concentration. Concentrations of
NaCl of 0.1, 0.2, 0.5, and 1.0 M were performed Andrea Cerrone-Szakal and repeated by
the author (1), while concentrations of 0.33, 0.75, 1.2, and 1.5 M were performed by the
author. In the absence of calibration and correction for ionic strength effects, observed
pKa values versus Na+ concentration fit very well to a straight line. At this point, an
ionic-strength correction term was applied to all of the titrations, wherein meter reading is
converted to pH, which revealed significant differences between corrected and
uncorrected data, including deviation of the pKa versus Na+ concentration relationship
from linearity.

5.5

Results and discussion

5.5.1

Interpretation of calibration standards

Results of calibration measurements are presented in Table 5-1, pH meter readings of
solutions with Na+ present are lower than –log (aH+), as expected from the work of Been
and co-workers (2). The magnitude of the deviation is observed to increase as sodium
concentration increases. The true pH (-log aH+) was calculated from the cH+ and fH+
(using ionic strength and Equations 5.1 - 5.4), plotted versus meter reading, and fit to a
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straight line ( Figure 5-1). These curve fits were then used to calculate pH from a given
meter reading over the range of the standards used.
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Figure 5-1: Calibration curve for Na+ -containing solutions. Meter reading is plotted on
the x-axis and pH on the y axis. Each line represents a different NaCl concentration:. (●
–black) is 0.1 M, (○ –red) is 0.2 M; (▲ –green) is 0.33 M; (∆ –blue) is 0.5 M; and (□ –
orange) = 1.0 M.
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It is interesting to note that Perrotta and Been observed measurements that were
too low by ~1 pH unit at low pH and ~2 pH units at pH 11 and 12 (2), a trend that is
proportionally represented in the Na+ data; inaccuracies of ~0.5 pH unit are observed at
low pH and an inaccuracy approaching 1 pH unit is observed at high pH see Table 5-1.
This observation supports bigger meter deviations at higher pH, and also suggests that
these effects may be exacerbated by smaller ions and/or more concentrated solutions.
Indeed, when I repeated experiments in K+, essentially no meter correction was necessary
(see below).
Measurements carried out on a series of K+-containing solutions (similar to the
Na+ solutions in Table 5-1) did not reveal any meter deviation (data not shown). Next,
solutions with a mixture of 100 mM K+ and Mg2+ were tested ( Table 5-2). The data
reveal that, within experimental error, pH and meter readings agree at low pH for these
mixed metal solutions. Mg2+ appears to have a larger impact at high pH values (0.66 pH
units in the most extreme case (2.5 mM Mg2+)), however experiments presented in this
thesis that utilize magnesium do not venture into these Mg2+ concentrations or (very
high) pH range (11 and 12), and therefore were not further pursued.
In an electrochemical sense, a pH electrode is an ion-specific electrode (for H+)
just as a silver electrode is specific to silver ions. As a result, a pH electrode is subject to
the same sort of interference from similar ions as general electrodes are. Accordingly,
cationic species most similar to protons should cause the largest deviations in
measurement. The ionic radii of the cationic species considered here are as follows: Na+
(1.02); K+ (1.38), and Mg2+ (0.72) (9). The smallest monovalent is Na+, suggesting that
this cation should compete most effectively with H+ to interact with the electrode, and
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this is in good agreement with experimental data presented here. Mg2+ has a very small
radius, but it differs in charge state (a significant difference in electrochemistry) and
therefore has little effect on the electrode. K+, the largest cation, was observed to have no
effect. In addition to competing for binding sites on the pH electrode, sodium can use its
small size to actually enter the glass in a glass electrode (10), an effect called the “sodium
effect” (11). This effect was originally noted by Ssokolof and Passynsky (12), wherein
they discovered that significant probe error occurs when the solution and glass
comprising the probe contain the same cation (or a smaller cation). The combination of
competition for pH probe binding sites and incorporation into the glass matrix would
make Li+ particularly disruptive to probe accuracy, in good agreement with observations
by Been in solutions of LiCl. Finally, addition of charged species by definition changes
the electrostatic potential of a solution, and alters the cell potential of the solution and pH
probe system. This change in cell potential causes a drift in reading as a function of salt
concentration.

5.5.2

Salt-dependence of UUCUU pKa

As seen in Figure 5-3, the pKa of C in the context of a UUCUU single strand exhibits a
complex salt dependence. In the absence of meter calibration and subsequent correction,
pKa values are observed to decrease linearly with NaCl concentration (data not shown);
however, such a trend predicts pKa values at 1 M NaCl that are in disagreement with
literature values for free cytosine at moderation ionic strength (Figure 5-2) (13). With
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meter calibration and subsequent calculations, at low sodium concentration (0.1 M), the
pKa of cytosine is observed to shift from 4.2 to 4.66, similar to uncorrected data, however
this shift decreases as Na+ concentration increases, leveling off at a value of ~4.25 by a
concentration of ~0.7 M NaCl (Figure 5-3). The decrease in pKa with increasing Na+
concentration is in agreement with an anti-cooperative binding model presented in
Chapter 6 for protonation of an AC wobble pair.

Figure 5-2: Sample UV titrations of rUUCUU model unfolded-state system and
uncorrected pKa vs log[NaCl] plot. A) UV titration data monitored at 240 nm B) UV
titration data monitored at 290 nm. Both panels present data over a NaCl concentration
range of 0.1 to 1 M.
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Figure 5-3: Plot of pKa versus [NaCl] for rUUCUU. pKa values shift upward by 0.46
units at low sodium concentration to 4.66. As [Na+] increases, pKa is observed to
decrease, leveling off to a value of ~4.25 by ~0.7 M salt.
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These data suggest that favorable charge-charge interactions can provide
moderate stabilization to a protonated species (0.4 pH units, or 0.5 kcal/mol), and support
weak charge coupling of nucleobases to the phosphodiester backbone of an unfolded state
conformation. Consistent with this interaction, addition of high concentrations of NaCl
causes pKa values to return to and level off at non-shifted values – presumably a result of
both screening of phosphate charge (and concomitant decoupling of charge-charge
interactions between protonated cytosine (C+) and the backbone) and unfavorable
interactions between charged on Na+ and C+. That the pKa of C is salt insensitive once
the phosphates are screened is consistent with the literature on C (13) and the fact that
protonation involves neutral to cationic rather than anionic to neutral (14).

5.6

Conclusions

Ionic strength effects on pH meter readings can cause substantial error in pH
measurements. We have outlined a two-step calibration method that allows pH meter
readings to be converted into solution pH in a simple calculation. This calibration takes
into account both ionic strength effects on solution species (by calculation of a pH from
known quantities) and ionic strength effects on the pH meter (by experimental
determination via custom calibration standards). The importance of this calibration
process is illustrated by experiments examining the salt dependence of the pKa of a
single-stranded RNA sequence. By correcting for ionic-strength effects on solution and
pH meter reading, a plot is obtained where the pKa value is observed to decrease from a
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significantly shifted value at low salt concentration to an unshifted value in good
agreement with literature values at 1 M salt concentration. Not only does this example
illustrate that pH meter calibration can significantly affect experimental outcomes, it also
suggests that charge-charge interactions in an unfolded state can stabilize a protonated
nucleobases and cause pKa shifting towards neutrality, albeit by only ~0.5 pKa units.
Such an effect could be particularly large when one considers the electrostatic
environment inside a globular RNA, where salt and solvent exclusion might favor
stronger and longer distance charge-charge coupling. The next chapter of this thesis
looks at this effect in the context of a double-stranded DNA.
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Table 5-1: Meter Calibration Measurements: Na+
Non-corrected
pHa
2.0
2.5
3.0
3.5
4.0

pH
2.113
2.613
3.113
3.613
4.113

Meter
Reading
2.02
2.47
2.94
3.39
3.90

0.2

2.0
2.5
3.0
3.5
4.0

2.138
2.638
3.138
3.638
4.138

1.97
2.39
2.87
3.43
3.89

-0.17
-0.25
-0.27
-0.21
-0.25

0.33

2.0
2.5
3.0
3.5
4.0

2.153
2.653
3.153
3.653
4.153

1.93
2.41
2.90
3.39
3.91

-0.22
-0.24
-0.25
-0.26
-0.24

0.5

2.0
2.5
3.0
3.5
4.0

2.161
2.661
3.161
3.661
4.161

1.84
2.27
2.82
3.33
3.83

-0.32
-0.39
-0.34
-0.33
-0.33

1.0

2.0
2.5
3.0
3.5
4.0

2.155
2.655
3.155
3.655
4.155

1.73
2.18
2.70
3.20
3.76

-0.43
-0.48
-0.46
-0.46
-0.40

1.5

2.0
2.5
3.0
3.5
4.0
11.0
12.0

2.147
2.647
3.147
3.647
4.147
11.147
12.147

1.73
2.23
2.74
3.23
3.79
10.31
11.26

-0.42
-0.42
-0.41
-0.42
-0.36
-0.84
-0.89

[Na+]
0.1

a

b

Deviation
-0.09
-0.14
-0.17
-0.22
-0.22

Calculated by –log(cH+) bpH = -log aH+ cCalculated as (Meter Reading – pH)

c
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Table 5-2: Meter Calibration Measurements – 100 mM KCl and variable MgCl2
Non-corrected
pHa
2.0
3.0
4.0
11.0
12.0

pHb
2.105
3.101
4.100
11.101
12.105

Meter
Reading
2.07
3.05
4.10
11.00
12.11

Differencec
-0.04
-0.05
-0.00
-0.10
-0.00

0.001

2.0
3.0
4.0
11.0
12.0

2.115
3.114
4.114
11.114
12.115

2.06
3.05
4.05
10.67
12.02

-0.06
-0.06
-0.06
-0.44
-0.10

0.0015

2.0
3.0
4.0
11.0
12.0

2.116
3.114
4.114
11.114
12.116

2.06
3.05
4.09
10.59
11.95

-0.06
-0.06
-0.02
-0.52
-0.17

0.002

2.0
3.0
4.0
11.0
12.0

2.116
3.115
4.115
11.115
12.116

2.07
3.06
4.06
10.49
11.86

-0.05
-0.05
-0.05
-0.62
-0.26

0.0025

2.0
3.0
4.0
11.0
12.0

2.117
3.115
4.115
11.115
12.117

2.06
3.06
4.10
10.46
11.75

-0.06
-0.06
-0.02
-0.66
-0.37

0.003

2.0
3.0
4.0
11.0
12.0

2.117
3.116
4.116
11.116
12.117

2.06
3.06
4.05
10.52
11.60

-0.06
-0.06
-0.07
-0.60
-0.52

[Mg2+]
0

a

Calculated by –log(cH+) bpH = -log aH+ cCalculated as (Meter Reading – pH)
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Chapter 6
Driving Forces for Nucleic Acid pKa Shifting:
Effects of Helix Position, Temperature, and Ionic Strength
Nathan A. Siegfried, Bernie O’Hare and Philip C. Bevilacqua*

6.1

Abstract

Secondary structure plays critical roles in nucleic acid function. Mismatches in DNA can
lead to mutation and disease, and some mismatches involve a protonated base. Among
protonated mismatches, A+●C wobble pairs form near physiological pH with relatively
minor effects on helix geometry, making them especially important in biology. Herein,
we investigate effects of helix position, temperature, and ionic strength on pKa shifting in
A+●C wobble pairs in DNA. We observe that pKa shifting is favored by an internal helix
position and disfavored by more flexible terminal regions, in good agreement with helical
folding cooperativity previously established. An inverse relationship between pKa
shifting and temperature is found, supporting a model wherein proton binding is coupled
to exothermic DNA structure formation. We also observe greater pKa shifts as ionic
strength decreases, consistent with anticooperativity between proton and monovalent
cation. Notably, a slight increase in pKa is observed upon introducing physiological
concentrations of Mg2+, suggesting that unfavorable proton-cation interaction can be
opposed by favorable secondary structure formation. Under the most favorable
temperature and ionic strength conditions tested, a pKa of 8.0—a shift of 4.5 units from
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the unperturbed value—is observed for an A+●C wobble pair. This suggests that
protonated A+●C wobble pairs exist in DNA under biologically relevant conditions where
they can drive conformational changes and affect replication and transcription fidelity.
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6.2

Introduction

In RNA and DNA the nucleobases typically exist as neutral species at biological pH. The
pKa values for the imino nitrogens are ~3.5 and 4.2 for single-stranded A and C,
respectively, and ~9.3 for single-stranded G and U/T (1, 2). Despite this, protonated
bases can play important roles in biology (3-7) with pKa values shifted toward 7 (8-12).
Understanding the driving forces behind pKa shifting could give insight into biology and
provide a means to predict behavior in uncharacterized systems.
On the one hand, ionization of imino functionalities interferes with Watson-Crick
base pairing and is therefore typically disfavored, with pKa values shifted further from
neutrality (3). On the other hand, ionization of functional groups promotes certain nonWatson-Crick base pairs resulting in pKa values shifted toward neutrality. For instance,
protonation of C at the N3 drives C●C+ mismatch formation (13), while protonation of A
at the N1 idrives GA (GN7-AN1+) pairing (14). In both cases, it is the gain of hydrogen
bonding, stacking, and electrostatic interactions that drives folded-state pKa values
towards or away from 7 (15, 16).
Some bases require complex tertiary structures to protonate and in these cases
electrostatic focusing often plays an important role (5, 16, 17). Examples of protonated
bases include cytosines and adenines that play structural and catalytic roles in ribozymes
and viral RNAs (9, 10, 18-24). In catalytic RNAs, bases with pKas of neutrality facilitate
general acid-base catalysis, while bases with pKas above 7 are possible oxyanion holes.
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Such catalytic functions parallel roles of histidine and lysine in proteins, effectively
increasing the functional diversity of RNA.
Certain protonated bases require just a simple helical context to form, making
them amenable to model studies. The most common protonated base pair of this type is
the A+●C wobble, which is isosteric with a GU wobble and has a pKa shifted towards 7
(Figure 1).3 Protonated A+●C wobbles are common in RNA, where they play structural
and functional roles (5, 8, 25, 26). For example, an N1 adenine pKa values shifted toward
neutrality have been reported for A+●C wobbles in the lead-dependent RNA enzyme (3,
25), the U6 loop of the splicesome (11) and tobacco ringspot virus (8). Similarly, a pKa
near 7 has been identified in or near the peptidyl transferase center in 23S ribosomal
RNA (27), and likely arises from an A+●C wobble, although precise assignment has been
challenging (28).
Protonated A+●C wobbles also occur in DNA where they can be mutagenic and
carcinogenic (29, 30). For example, A+●C wobbles created during repair of oxidative
DNA damage can be incorrectly repaired to a GC base pair (rather than a correct AT pair)
thereby ‘immortalizing’ a mutation (29). In addition, the highly carcinogenic aflatoxin
B1-DNA adduct often causes an A+●C wobble to be incorporated upstream of the
modification—an event that causes GC-to-AT mutations (30).
In the present study, effects of helical position, temperature, and ionic strength on
the folded state pKa of an A+●C wobble are studied. Results are interpreted in terms of a
thermodynamic framework that couples protonation to DNA folding. The

3

We refer to the A+●C mismatch as a wobble throughout owing to its wobble geometry.
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thermodynamic driving forces revealed herein lead to pKa values at and beyond
physiological pH.

6.3

Materials and Methods

Preparation of DNA
To favor a single cationic counterion, synthetic DNA oligonucleotides (IDT DNA,
Coralville IA) were subjected to salt exchange followed by desalting using a two-step
protocol: 1.) Dialysis against 100 mM of desired monovalent cationic salt, typically KCl
and 2.) Dialysis against sterile deionized water. Prior to certain experiments, additional
KCl was added from a concentrated stock solution. Samples in Mg2+ were prepared by
one of two protocols: 1.) Dialysis against 100 mM KCl, then against water, followed by
addition of MgCl2 to a final concentration of 2 mM, or 2.) Dialysis against 100 mM KCl,
then against 100 mM KCl/2 mM MgCl2.
All dialysis steps were carried out for 6 h in an eight-well microdialysis system
(Gibco-BRL Life Technologies, Rockville MD) attached to a peristaltic pump set at a
flow rate of ~2 mL/min. Cation counterion identity and oligonucleotide purity were
confirmed using MALDI-TOF mass spectrometry and atomic absorption (see next
subsection). Final concentration of DNA for NMR studies was 1–1.7 mM in 10% 2H2O
(added after dialysis). Because it would interfere with pH titrations, no buffer was
present during dialysis. The pH of DNA sample before and after each step of dialysis
was found to be ~5.5.
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Dialysis was important because samples prepared in KCl without the first step of
dialysis against 100 mM KCl displayed smaller (~0.5 units) pKa shifts (data not shown).

Atomic Absorption
Analysis of total cationic species in NMR samples was carried out on a Varian 220 FS
atomic absorption spectrophotometer using Varian potassium and also
calcium/magnesium hollow cathode lamps to detect K+ (at 766.5 nm) and Mg2+ (at 285.2
nm), respectively. Calibration was carried out prior to analysis of each ion using samples
prepared by serial dilution, and K+ and Mg2+ cations were analyzed.

NMR Experiments
Oligonucleotides were 0.6–1.2 mM in 90% H2O and 10% 2H2O. To favor hairpin
formation, oligonucleotides were renatured at the beginning of each experiment by
incubating at 90 oC for 2 min, followed by cooling to room temperature for 15 min on the
bench. Standard experimental conditions are defined herein as 100 mM KCl, 10 oC. Salt
concentrations greater than ~750 mM were not tested because of NMR experimental
constraints, although a value at 1 M salt could be obtained by extrapolation. Protondecoupled 31P pH titrations were carried out in the NMR tube, and the pH of the solution
was measured using an ISFET micro pH probe (IQ Scientific Instruments) at the
temperature of the titration.
We previously reported that ion-dependent effects for this probe can result in
errors in measurement of solution pH (31). The effects of potassium and magnesium ions
on pH meter readings were therefore examined. A series of dilute HCl solutions at known
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pH values between 2.0 and 4.0 and between 11.0 and 12, were prepared in 100 mM KCl
and 0 to 3 mM Mg2+ (30 solutions). Observed meter readings were compared to the
known solution pH values (corrected using a form of the Debye-Huckel equation as
previously discussed (31)) and no significant differences were observed. As such, meter
readings are used synonymously with pH herein. NMR titrations were carried out with
several spectrometers. A Bruker-Spectrospin AMX-2-500 spectrometer and a BrukerBiospin Avance III 500 spectrometer both utilizing a 5 mm broadband observe probe. A
Bruker-Biospin Avance 360 with a 5mm quadranuclear probe was also used. Titration
data were sigmoidal and fit well to Equation 6.1 eq 1,

δ = δP +

∆δ
1 + 10 n ( pKa − pH )

(Equation 6.1)

where ∆δ = δU-δP, and δU and δP are the chemical shifts of the unprotonated and
protonated folded DNA states, respectively, and n is a Hill constant related to the number
of proton binding sites. As presented in the Tables, Hill constant values were close to
unity, consistent with uptake of a single proton binding, or binding to several independent
sites.
Homonuclear gradient selected and phase sensitive 1H 2D-NOESY and ROESY
spectra were collected with a Bruker-Biospin Avance-III 600 spectrometer implementing
a 5mm Bruker CTI cryoprobe. The probe was operated at a sample temperature of 274 K
to slow chemical exchange. NOESY mixing times were varied from 100-600 msec.
Water suppression was achieved for all 1H detected NMR experiments using excitation
sculpting techniques with pulsed field gradients (32). Water suppression was optimized
using 180 degree shaped 1H pulses using a Sinc1.1000 shape with a phase alignment
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offset of 0.5. A power level of 0.003 Watts and pulse width of 2 msec was used in
conjunction with pulsed field gradients for the excitation sculpting water suppression.
ROESY experiments were carried out to verify suspected chemical exchange peaks using
the same water suppression technique and parameters. All 2D experiments were 2048 x
256 with at least 128 scans. The number of dummy scans used was 32 and the data was
zero filled by two orders in the indirect dimension and by one order in the direct
dimension. The transmitter frequency was on the water resonance and the spectral width
was 22.03 ppm in both dimensions in order to see the imino protons. Acquisition was
carried out using States-TPPI detection and the appropriate phase cycle superimposed on
the common exorcycle to eliminate unwanted distortions.

Van’t Hoff Analysis of NMR Data
NMR titrations were performed over temperatures ranging from 10 to 42 oC, and pKa
values plotted versus 1/T. The standard Van’t Hoff equation can be rearranged to afford
Equation 6.2,
∆H °
∆S °
1
pK a =
* −
2.303R T 2.303R

(Equation 6.2)

where the folding free energy is defined by Equation 6.3:
∆G = 2.303RTpK a

(Equation 6.3)

Plots of pKa versus 1/T were linear and fit to eq 2 using linear least-squares
regression in order to obtain ∆Ho and ∆So. Since pKa is for proton dissociation, the
algebraic signs were reversed when discussing protonation phenomena.

150

Thermal Denaturation Experiments
Thermodynamic parameters were obtained via UV-monitored thermal denaturation
experiments in 100 mM KCl to maintain constant and physiologically relevant ionic
strength (33) and to match the standard NMR experimental salt conditions. Denaturation
experiments were carried out at pH 5.7 and pH 8.0 in 25 mM MES or HEPES,
respectively. These buffers have a shallow temperature dependence to their pKas
(∆pKa/oC values of -0.014 and -0.011, respectively) (34). Specific solution conditions
near the transition midpoint have a greater effect on affecting ∆Ho and ∆So values than in
other regions of the melting profile. Buffers were therefore prepared such that they
would be at appropriate pH values at temperatures near the Tm of the oligonucleotides
similar to previously reported (15).
Melting experiments were carried out at 280 nm on a Gilford Response II
spectrophotometer equipped with a temperature-controlled microcuvette assembly set at a
heating rate of 0.5 oC/min. To favor hairpin formation, oligonucleotides were renatured
in the same manner as in the NMR experiments discussed above. For each experiment,
temperature scans over the range of 5 to 95 oC were performed in both heating and
cooling directions; overlapping spectra were obtained, consistent with reversibility of the
folding transition. Data were repeated three or more times, and representative melts are
provided in the text.

Simulations of Protonation and pH Denaturation
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In this study, two categories of folding will be presented: 1) Global folding events, which
occur at constant pH and variable temperature, and 2) Local folding events, which occur
at constant temperature but variable pH. Global folding is represented by thermal
denaturation between unfolded (U) and folded (F) states, and assays structural stability at
pHs removed from measured pKa values (Scheme 1).
Scheme 1
Local folding, on the other hand, is represented by pH titrations between folded
(F) and folded protonated (FH+) states forming an A+●C wobble pair, and assays are
conducted at temperatures low enough that constructs remain globally folded (Scheme 2).
Scheme 2
Schemes 1 and 2 can be combined to give a global view of all actions on proton
binding on RNA folding (Scheme 3).
Scheme 3
For Scheme 3, an ensemble of unfolded, protonated (i.e. U, U+, +U, +U+, etc.) and
unfolded, deprotonated (U, U-, -U, -U-, etc.) states are represented at the left and right
ends of the expression and represent acidic and alkaline denaturation, respectively.
Experimental data of δ versus pH were simulated according to equations derived
(see Supporting Information) from Scheme 3 using linked equilibria. Doing so produces
a partition function term we will label the quotient (Q) shown in Equation 6.4:
⎛10 n ( pKa f − pH ) + 1 + K U (1 + 10 pH − pKaG ) #ofG 's (1 + 10 pH − pKaT ) #ofT 's ⎞
⎟
Q=⎜
⎜
⎟
pKaC − pH # ofC ' s
pKa A − pH # ofA ' s
)
(1 + 10
)
+ K U (1 + 10
− KU
⎝
⎠

(Equation 6.4)
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The fractional population of a given state is calculated by dividing that states’
term in Q by Q itself. The observed spectroscopic signal, δobs, is the weighted average of
all spectroscopic signals, affording Equation 6.5:

δ obs

⎛ δ FH + (10 n ( pKaF − pH ) ) + δ F + δ U − K U (1 + 10 pH − pKaG ) #G 's (1 + 10 pH − pKaT ) #T 's ⎞
⎜
⎟
⎜
⎟
+ δ U + K U (1 + 10 pKa A − pH ) # A's (1 + 10 pKaC ) #C 's − δ U K U ]
⎝
⎠
=
Q

6.4

Results

6.4.1

Overview of Results

(Equation 6.5)

The first three sections of the Results describe effects of helical position, temperature,
and ionic strength on a folded-state A+●C wobble pKa in dsDNA obtained from 31P NMR
titrations using near neutral pH in the range of ~5-9. Helical position studies establish
effects of mismatch location on pKa shifting, while temperature and ionic strength studies
ascertain the range of pKa shifting possible, under conditions that are potentially
biologically relevant; all three studies describe thermodynamic driving forces for pKa
shifting. The fourth section provides a titration over a wider range of pH values (~3.5 –
12) and relates actions of pH on local and global stability; in this section, protonationcoupled folding data are compared favorably to a mathematical model. In the fifth and
final section of the Results, we examine the structural and thermodynamic properties of
the two states from the near-neutral pH titrations using 1H NMR and UV-monitored
thermal denaturation.
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6.4.2 Effect of Helix Position on pKa Shifting

We recently probed folding cooperativity in RNA and DNA helices using double mutant
cycles (35). Mutations were introduced into internal or external helical contexts,
maintaining the same nearest neighbors, and folding cooperativity was assessed by UV
melting. It was determined that for DNA, external changes gave significantly more
cooperativity (by a minimum of ~0.5 kcal/mol) than internal changes. On the other hand,
internal mutations provided greater destabilizations (by ~1 kcal/mol in ∆Go37) than
external mutations; this latter trend similar was also found for RNA (35, 36). These
findings indicate that the most cooperative helical regions do not necessarily correspond
to the most thermodynamically stable regions. Given that structural cooperativity and
base-pairing strength are modulated by helix position, it seemed likely that pKa shifting
of an A+●C wobble pair could also be affected by helix position.
The standard DNA hairpin used in the present study has an A+●C wobble located
in an internal helical context and is referred to herein as ‘WT’4 ( Figure 6-1C). To
change the position of the A+●C wobble in the helix while maintaining nearest-neighbors,
the terminal base pair was deleted in a step-wise manner until the mismatch was
penultimate to the base of the helix, which resulted in sequences ‘-1’, ‘-2’, and ‘-3’

4

This particular sequence has been previously studied using 31P NMR and was referred to there as ‘DNA2’ (Moody et
al. 2004). We opt to label this sequence as ‘WT’ herein because variants here were designed on the basis of this core
sequence. We used a similar ‘WT’ nomenclature in a recent report (Siegfried et al. 2007).
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(Figure 6-1C). These three constructs provide a platform for studying the relationship
between helical context and pKa shifting of an A+●C wobble in dsDNA.
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Figure 6-1: Wobble base pairs in dsDNA. (A) A+●C wobble base pair. Protonation of
N1 of adenine (red) is required. (B) G●T wobble base pair. The base pairs in panels A
and B share the same wobble geometry wherein both nucleosides are anti, have two
hydrogen bonds, and the pyrimidine 4-position is in the major groove. C) Full length
(WT) DNA hairpin and three constructs (–1, –2, and –3) resulting from terminal base pair
deletions. The asterisk denotes location of the phosphorothioate label, which is constant
across these constructs. Numbering of the base pairs shown in WT is held constant for
deletion constructs.
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In all constructs used, a phosphorothioate was installed 3’ to the C of the A+●C
wobble on G17 (Figure 6-1C). This modification provides two spectrally isolated labels5
for 31P NMR titrations (37). Previous studies gave pKa values for the two diastereomers
that were in good agreement with each other and with pKa values for phosphorothioates
at other positions, suggesting that these labels are nonperturbing (37).
NMR titration curves were collected for WT, –1, and –2 constructs in which the
chemical shift of the phosphorus of G17 is plotted as a function of pH. For both WT and
the –1 construct, the data have a distinct sigmoidal shape and can be fit well to Equation
6.1; however the data for the –2 construct fit well to a straight line (Figure 6-2 ). To

ensure that the equilibrium observed is between folded (F) and folded protonated (FH+)
states as shown in Scheme 1, titrations were performed at 10 oC, which is well below the
melting temperature (Tm) of WT, –1, and –2 .

5

The R(p) and S(p) diastereomers are formed with nearly equal populations and are intentionally not separated prior to
the experiment; thus two labels can be followed during an experiment to provide two pKas (Moody et al. 2004).
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Figure 6-2: Context dependence of pKa titrations. Titrations of WT (●), –1 (○), and –2
(▲) constructs for peak 1 are provided. Values of pKas from fitting to eq 1 are 7.67 ± 0.05,
7.11 ± 0.05, and <5, respectively. Average pKa’s determined from both peaks are provided
in Table Table 6-1. Data from –2 were fit to a straight line. All experiments were
conducted under standard conditions of 100 mM KCl and 10 oC.
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The pKa value is largest and well above biological pH for the full-length WT
system (7.66 ± 0.069)6. The pKa is slightly smaller in the –1 construct (7.13 ± 0.085) and
is missing altogether in construct –2, in which the A+●C wobble is penultimate to the
base of the helix (Table Table 6-1). In fact, the chemical shift of the –2 construct at all
pH is similar to the chemical shift for the –1 construct at higher pH, 52.03 and 51.88 ppm
respectively, consistent with the –2 construct being deprotonated from pH 5.5 to 9.57. It
should also be noted that the total signal change observed for the WT titration is
somewhat smaller than for the –1 titration, ∆δ of 0.20 versus 0.376 ppm respectively
(Table Table 6-1), which supports a greater change in chemical environment of the
phosphorothioate label in –1 construct. Lastly, we note that the Hill coefficient from
fitting to eq 1 is greater for WT than the -1 construct, 1.32±0.27 and 0.87±0.15
respectively (Table Table 6-1), consistent with greater cooperativity for WT (see
Discussion). In summary, the A+●C mismatch requires at least two GC base pairs at its
base to form, with greater base pairing leading to greater pKa shifting, less change in
chemical shift, and greater cooperativity.

6.4.3 Effect of Temperature on pKa Shifting

Protonation and coupling to (exothermic) DNA structure formation may result in an
observable temperature dependence of the pKa. The effect of temperature on pKa shifting
6
7

Average pKa values of the two diastereomers are provided in the text wherever possible.

The WT construct had a somewhat lower chemical shift, likely because the WT construct is considerably more
structured than the -1 construct at higher pH (See Discussion).
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was therefore examined for both WT and –1 over a range of 10 to 42 oC (Figure 3).
Titrations were fit to Equation 6.1 and the resulting pKa values were plotted versus
inverse temperature.
As shown in Figure 6-3, the slopes of both plots are positive, indicating that larger
pKa shifts occur at lower temperatures. A van’t Hoff analysis was carried out, providing
thermodynamic values for proton disassociation (Ka). The data were fit to a linear
regression line, producing slopes of 2300 ± 440 and 1100 ± 340 K, and y-intercepts of 0.26 ± 1.5 and 3.4 ± 1.2 pKa units for WT and -1, respectively. The enthalpic and
entropic contributions to the overall energy for protonation for the WT construct were
found to be –10 ± 2 kcal/mol and –1.0 ± 2 eu, respectively. In contrast, the –1 construct
has an enthalpic contribution half that of the WT (–4.9 ± 1.6 kcal/mol) and an entropic
contribution of +5 ± 2 eu. The greater enthalpic bonus to protonation for WT may be
due to the stronger base pairing of WT favoring accompanying helix formation, while the
entropy change near zero may be due to organization of the proton binding site in WT.
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Figure 6-3: Temperature dependence of pKa titrations. Plot of WT (●) and –1 construct
(○) pKa values as a function of inverse temperature. As temperature decreases from 42 to
10 oC, pKa values increase from 6.84 ± 0.1 to 7.66 ± 0.1. The –1 construct displayed no
pKa transition at 42 oC. Data were fit with linear regression, with R2 values of 0.81 and
0.67 for WT and –1, respectively. Fits produced slopes of 2300 and 1100 K and yintercepts of -0.26 and 3.4 pKa units for WT and –1, respectively. This led to ∆Ho and
∆So values for protonation of –10 ± 2 kcal/mol and –1.0 ± 2 eu for WT, and –4.9 ± 1.6
kcal/mol and 5 ± 2 e.u. for the –1 construct.
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6.4.4

Effect of Salt Concentration on pKa Shifting

The presence of negatively charged phosphates in nucleic acids results in unique
physicochemical properties. For example, repulsive forces between backbone charges
lead to rigidity of the DNA helix and a strong salt dependence for secondary and tertiary
structure formation (38, 39). In a similar manner, a positively charged A+●C mismatch
may interact favorably with nearby negative backbone charges, providing an additional
driving force for pKa shifting and altering the salt dependence of structure formation.
The effect of salt concentration (KCl) on pKa shifting of WT was therefore
examined over a range of 55 to 782 mM KCl. Titrations were fit to Equation 6.1 and the
resulting pKa values were plotted versus log[K+]. As shown in Figure 6-4A, the slope is
negative, indicating that the pKa decreases as salt concentration increases. This general
trend suggests that monovalent metal cation binds in an anticooperatively with respect to
proton. The data were well fit to a linear regression line with an R2 value of 0.94,
producing a slope of –0.53 ± 0.08 and y-intercept of 7.32 ± 0.07 pKa units, which is the
pKa extrapolated to 1 M KCl. According to Scheme 4 and Equations 6.6 and 6.7,
approximately 0.5 ions are taken up for every proton released. As presented in the
Discussion, this is similar to the number of ions taken up upon formation of a 6 bp duplex
of dsDNA.
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Figure 6-4: Ionic strength dependence of pKa titrations. (A) Plot of pKa values for WT
(●) as a function of the logarithm of K+ concentration. WT samples containing both K+
and Mg2+ (□) are overlaid, but excluded from the fit. As ionic strength increases,
observed pKa values decrease from 8.04 ± 0.1 to 7.38 ± 0.1. Data were well fit with
linear regression with an R2 value of 0.94. Error bars are from statistical errors in
individual pKa values. Slope and y-intercept values are -0.53 ± 0.08 and 7.32 ± 0.07 pKa
units, respectively. (B) NMR titration data for WT in 1.71 and 2.10 mM Mg2+ prepared
via Method 1 (●) and Method 2 (○) in the Materials and Methods
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In order to aid interpretation, a molecular model is presented wherein n K+ ion(s)
replace n protons (Scheme 4).
Scheme 4.
The overall equilibrium equation for this Scheme, Ktot, is expressed in Equation
Equation 6.6A. The acid dissociation constant, in this case Ka apparent (Ka,app), is
expressed in Equation 6.6B.
(A) K tot =

[ H + ]n [ F • K + ]
,
[ FH + ][ K + ]n

(B) K tot =

K a ,app
[ K + ]n

(Equation 6.6)

Taking the negative logarithm of both sides of eq 6.2 produces pKa,app and pKtot,
where pKtot is pKa,app at 1 M KCl and we rename pka’. These manipulations result in
Equation 6.7 :
pK a ,app = pK a' − n log[ K + ]

(Equation 6.7)

Next, we tested how the pKa would respond to physiological levels of divalent
ions. We chose Mg2+ at a concentration of 2 mM because: this is a commonly used Mg2+
in the literature, is important for DNA and RNA function, and is a biologically relevant
concentration (33, 40). As described in the Materials, MgCl2 was added in one of two
manners: 1.) As a post-dialysis addition of concentrated stock, and 2.) By dialysis against
100 mM KCl / 2 mM MgCl2. Atomic absorption experiments were performed to
determine K+ and Mg2+ concentrations. The NMR sample and the dialysate from
preparation method 2 were found to have the same Mg2+ concentration (1.71 ± 0.03 mM),
but a significant excess of monovalent K+ was present in the DNA sample (104.7 mM
versus 129.9 mM, respectively), providing charge screening.
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Next, pKas were measured in the absence and presence of MgCl2 (Figure 6-4B).
As seen in Table 6-4, addition of Mg2+ has little impact on the pKa, and the overlay of the
two Mg2+ titration values in Figure 6-4A suggests that there is perhaps a slight
enhancement of pKa values. pKa values of 7.67 ± 0.10 and 7.84 ± 0.06 were measured in
the presence of 2.03 and 1.7 mM Mg2+, respectively; samples were prepared via method
1 and 2 and had similar Mg2+ concentrations but slightly different KCl concentrations
(see Table 6-4). In the absence of this difference, Mg2+ would appear to decrease
observed pKa, however, as seen in Figure 4, the Mg2+ points fall above a non-Mg2+ and
above the data fit line. This observation suggests that secondary structure stabilization
can counteract opposing electrostatic forces between protonation and counterion
condensation (see Discussion).

6.4.5 Effects of pH on Local and Global Structure

It is important to consider the scope of the structural effects observed. The
oligonucleotides used in this study have a phosphorothioate label at G17, which has been
previously shown to respond to local structural changes such as depicted in Scheme 2
(37). However, the capacity of this oligonucleotide to report global structural changes
like unfolding shown at the far left and right of Scheme 3 has not been determined.
We therefore performed a pH titration on WT over a very wide pH range, wherein
acid- and alkaline-denaturation occur due to protonation at N1 of (non-mismatched)
adenosines and N3 of cytidine (single-stranded pKas of 3.5 and 4.2, respectively) and
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deprotonation at N1 of G and N3 of T (single-stranded pKas of 9.2 and 9.7, respectively).
A concurrent change in chemical shift over these extreme pH values would suggest that
the phosphorothioate labels are sensitive to global structural changes in this DNA hairpin.
Titration data are presented in Figure 6-5 Figure 5 and have five distinct features.
The first of these is observed at strongly acidic pH. From pH ~4.5 to 3.8 the data have a
steep negative slope, which reflects acid denaturation of the global structure. Secondly, a
relatively flat region of data is observed between pH 4.5 and 6, reflecting a folded
protonated state that is not ionizing. The third feature observed is a positively-sloping
region between pH 6 and 8, which reflects local structural changes in response to
ionization. This region is followed by a fourth feature, another flat section from pH 8 to
10 reflecting a folded deprotonated state that is not ionizing. Features 2 through 4 make
up the regions of the data that are fit to obtain the local pKa values for AC protonation;
they also represent the states depicted in Scheme 2 where the primary protonation of
interest takes place. At pH 10 the data take on a fifth feature, a positive slope that
continues through pH 12, which reflects alkaline denaturation of the global structure.
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Figure 6-5: Wide-range pH titration of WT. NMR data (▲) reflect changes in the
environment of the phosphorothioate label, with transitions beginning near pH values of:
~4.8, 7, and 10.3. Data were collected in 100 mM KCl at 10 oC. Chemical shift signal
changes are observed in response to both local and global structural changes, and are
superimposed over a mathematical model (—) from eqs 4 and 5, which incorporates
acidic and alkaline denaturation. The mathematical model uses the folded state pKa
determined from the present study and unfolded state pKas previously determined (15)
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The simulated data were fit to Equations 6.4 and 6.5, where all states present in
Scheme 2 are present as a fraction of the total population using a partition function.
These equations assume that the observed signal is the weighted average of each
population, which are in the fast-exchange regime (41). Fast exchange is shown to be
valid in every NMR titration, as the monitored phosphorus shifts smoothly as a function
of pH rather than splitting into many smaller populations. As seen in Figure 5, the
simulated data are in good agreement with experimental data in all five features.

6.4.6

Probing Structure and Thermodynamics of the Folded Protonated and
Unprotonated States

In an effort to characterize the low and high pH folded states described in Scheme 3,
NMR imino data were collected for WT, –1 ( Figure 6-6), –2, and –3 (Appendix 2)
constructs at 1 oC. Within this region of the spectrum the imino proton resonances from
GC and AT base pairs resonate at 12-13 and 13-15 ppm, respectively (42).
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Figure 6-6: Overlay of 1H NMR data for A) WT and B) -1 construct, recorded at 1 oC.
Resonances are assigned using the WT nomenclature in Figure 1C.
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A persistent peak is present at ~13.3 ppm in all spectra collected, while the
remaining peaks are present between 12 and 13 ppm. (The most upfield-shifted peak
found at 10.58 ppm results from a protonated loop base, as discussed in Appendix 2. The
peak at 13.29 ppm is therefore consistent with the single AT (bp 7 in WT).
Disambiguation of the remaining peaks can be simplified by considering the low-pH
spectra of all hairpin constructs; systematic removal of terminal base pairs allows the
missing imino peak to be identified. For example, comparing the pH 5.7 spectra of WT
and -1 (Fig 6-6A and B) reveals a small resonance at 12.81 ppm that is absent in the -1
construct spectrum, suggesting that this resonance corresponds to the terminal base pair
(base pair 1 in the WT construct). Moreoever, the peak at 12.81 ppm broadens and
begins to disappear at 10 oC (data not shown), a trend consistent with terminal (number 1)
base pair.
The low pH WT spectrum exhibits six peaks: 13.29, 12.81, 12.76, 12.65, 12.45,
and 10.58 ppm. The peaks at 13.29, 12.81, and 10.58 ppm have been accounted for.
Similarly, the peak at 12.65 ppm can be assigned to base pair 2, as it is the terminal base
pair in the -1 construct where it has broadened and shifted at 12.72 ppm. The large peak
at 12.76 ppm in both the WT and -1 spectra can be assigned to base pair 3; it is distinctly
sharper in WT at low pH and disappears in the -1 spectrum at pH 8.0. Sharpening of the
peak in WT supports nearby A+●C wobble formation (13), while the absence of the peak
at high pH 8.0 in –1 suggests that this base pair is broken. Additionally, this peak is
effectively absent from either pH spectrum in the -2 construct (Appendix 2). This
observation supports the earlier finding that the -2 construct does not exhibit an
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observable pKa value (Figure 6-2), and is consistent with our earlier studies in which a
terminal base pair did not form in the absence of a penultimate base pair (35).
The remaining feature at 12.45 ppm in the pH 5.7 WT spectrum is most likely a
poorly resolved set of peaks corresponding to base pairs 5, 6, and 8. These base pairs are
removed from the local dynamics of the A+●C wobble and are instead found in a region
of regular helical structure that is not pH-dependent. This factor, in combination with
their identity as GC or CG pairs, results in similar bases in generally similar chemical
environments which produce overlapping peaks. As terminal base pairs are removed and
the effective helical terminus is brought closer to these bases greater peak dispersion is
observed, and what appears to be a single peak at 12.45 ppm in the WT low pH spectrum
can be observed to “fan” out into three distinct peaks in spectra from -1, -2, and -3
constructs. Additional spectral analysis would be necessary to assign these peaks;
however, as they have no pH-dependence and do not impact analysis, they were not
pursued.
Next, we consider the pH dependence of the NMR spectra explicitly. The WT
spectrum at pH 8.0 displays the same number of peaks as the low pH spectrum, but the
peaks between 12.5 and 13 ppm have shifted downfield and become broader, consistent
with increased exposure to and subsequent chemical exchange with the solvent. Peaks on
this spectrum are found at 13.26, 12.88, 12.80, 12.60, and 12.46 ppm.
The –1 construct spectra exhibits a more pronounced pH dependence than WT.
At low pH, the feature corresponding to base pairs 5, 6, and 8 is seen at 12.47 and 12.45
ppm and, as discussed above, is slightly more resolved. The base pair 7 resonance is
present at 13.28 ppm, the sharp base pair 3 peak appears at 12.77 ppm and nearly
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obscures the base pair 2 peak at 12.72 ppm. At pH 8.0, only peaks corresponding to base
pairs above the A+●C wobble site are present, suggesting that deprotonation and
subsequent disruption of this wobble base (base pair 4) causes base pairs 2 and 3 to break
in a cooperative fashion, consistent with a greater ∆δ observed in the context experiments
discussed above.
Additional constructs were analyzed and their spectra appear in the Supporting
Information. Included is a DNA hairpin identical to WT except the A+●C wobble is
replaced by a Watson-Crick AT base pair (AT Control). As expected, the imino proton
NMR spectrum of this construct was identical at low (5.7) and high (8.0) pH and did not
show the peak broadening that marked the pH 8.0 WT spectrum. This observation
supports the presence of a protonated base in the WT construct at pH 5.7. One additional
control examined was a duplex version of WT wherein loop residues are gone. In
contrast to WT at low pH, this construct does not exhibit a peak at 10.58 ppm, indicating
that this peak in WT is not originating from an imino proton in the hairpin stem such as
the A+●C wobble.
Next, the thermodynamic properties of the construct were determined by UVmonitored thermal denaturation experiments at both pH 5.7 and 8.0, which are the pH
values near the Tm (see Methods). Buffer-corrected normalized pH 5.7 data reveal that
WT and –1 unfold with significantly greater hyperchromicity than the –2 and –3
constructs (~0.23 versus 0.17 absorbance units (au), respectively, Figure 6-7A). This
trend is consistent with the aforementioned imino NMR experiments, which revealed that
WT and -1 constructs both form more base pairs than shorter constructs at low pH.
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Figure 6-7: UV-monitored thermal denaturation of WT, –1, -2, and -3 constructs at A) pH 5.7
and C) at pH 8.0. Experiments were monitored at 280 nm, and first derivatives of data are
plotted for B) pH 5.7 and C) pH 8.0.
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Interestingly, the -1 construct has a melting transition that is significantly broader
than the WT over the 30-60 oC range. Indeed, the first derivative plot of these data
reveals two maxima, indicating that the –1 construct melts in a non-cooperative, threestate manner at low pH. This three-state behavior is much less pronounced at pH 8.0
(Figures 6-7C and 6-7D). These data can be explained with a model wherein the lower
portion of the stem (most likely from the A+●C wobble to the helical terminus) melts out
independently of the upper portion at low pH, and does not form at high pH and therefore
cannot contribute to the unfolding hyperchromicity. As discussed above, this model is
consistent with imino proton NMR data.

6.5

Discussion

Protonation of the bases plays significant a role in biology. Protonated bases have been
implicated in mutagenesis, viral frame shifting, and catalysis (7, 10, 20, 29, 30, 43). It is
therefore important to understand the driving forces for nucleobase protonation. In this
study, we examined the effects of base position, temperature, and ionic strength on pKa
shifting. All three factors have a strong influence on the pKa of an A+●C mismatch,
leading to pKa values as high as 8.1 and as low as 6.6. In the Discussion, we consider
possible molecular bases for pKa shifting, as well as potential biological relevance given
these factors.
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6.5.1 Regions of cooperative structure formation are not tantamount to large pKa
shifts

The pKa shift associated with A+●C mismatch formation was observed to respond to its
helical location. The most internal A+●C, in WT, displayed a pKa of 7.66 ± 0.07, a value
that corresponds to a shift of ~4.2 units from the unfolded state pKa value of adenosine
(~3.5) (15), which corresponds to a free energy change of 5.4 kcal/mol. Removal of the
terminal CG base pair to form the –1 construct, which places the A+●C mismatch two
base pairs from the helical terminus, also results in an observable, albeit somewhat
smaller, pKa of 7.13 shift (~3.6 pKa units), corresponding to a driving force of 4.7
kcal/mol. Finally, removal of the terminal GC in the –2 construct results in a penultimate
mismatch that did not titrate over the experimentally accessible region, suggesting nonsufficient thermodynamic driving force to form the A+●C mismatch.
The thermodynamic driving force for pKa shifting is a net value derived from base
stacking and hydrogen bonding. One useful path for considering A+●C formation is
loading of the proton onto an adenine with an unshifted pKa of 3.5, followed by favorable
structure formation (15). Failure of the A+●C mismatch to form in the –2 construct then
suggests that the thermodynamic driving force resulting from the formation of the A+●C
mismatch and a terminal CG base pair is insufficient to overcome the energy to protonate
an unshifted adenine at pH 6 (an assumed limit for an observable pKa) or higher. We
previously reported that the ∆Go37 = –1.42∆pKa (15). Thus, ∆Go37 of the A+●C mismatch
and a terminal CG base pair appears to be less than –3.6 kcal/mol (=1.42x(6.0-3.5)). This
mechanism is formed on the basis of absence of any observable interaction below the
A+●C mismatch according to NMR (Appendix 2, plots).
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Continuing this line of reasoning, observation of A+●C mismatch in the –1 and
WT constructs indicates that the additional base pairing (beyond that in the –2) is able to
compensate for the free energy of protonating an unshifted adenine. Thus, in the –1
construct, the additional base pairing upon protonation is worth 4.7 kcal/mol in ∆Go37,
while in WT it is worth 5.4 kcal/mol (see above). For the –1 construct, NMR data
suggests that the additional base pairing forms cooperatively, while for WT the additional
base pairing appears to form non-cooperatively (Figure 6-6). Thus, cooperative structure
formation is not tantamount to large pKa shifts.
One potential strategy to obtain very large pKa shifts is to couple additional
structure formation to the formation of an A+●C wobble. This strategy could provide a
large thermodynamic driving force for pKa shifting. We previously examined the
cooperativity of secondary structure formation as a function of helix location in DNA and
RNA hairpins. An inverse correlation between cooperativity and stability was found:
DNA hairpins with mismatches near the terminus of the helix displayed significant
cooperative coupling but were thermodynamically weaker, while hairpins with internal
mismatches did not provide as much cooperative coupling but were thermodynamically
stronger (35). For example, a terminal GC base pair did not form in the absence of a
penultimate AT base pair (strong cooperative coupling), and disruption of the penultimate
base pair resulted in a destabilization of just 2.2 kcal/mol. The same disruption in the
middle of a helix (flanked by GC base pairs) only slightly weakened neighboring base
pairs (a less cooperative result) but resulted in a large energetic disruption of 3.3 kcal/mol
(35). The pKa shift observed herein gives rise to a stabilization of 5.4 kcal/mol (see
above) suggesting that the A+●C wobble contributes 2.1 kcal/mol (=5.4-3.3) beyond what
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was found for AT formation in the simple helix. This likely arises from favorable
electrostatic interaction between protonated A and the anionic phosphates. In summary,
the driving force for A+●C wobble formation in dsDNA follows free energy rules similar
for helix formation.

6.5.2 van’t Hoff Analysis Suggests Proton Binding Pocket is Pre-Organized

An inverse relationship between pKa and temperature was observed, where the largest
pKa shifts are observed at low temperatures (Figure 6-3). The pKa of the WT construct
has a steeper dependence on temperature than the -1 construct (Figure 6-3), suggesting
that a wide range of pKa values are accessible to this A+●C wobble, potentially enabling
this wobble pair to protonate in response to changes in temperature. The enthalpy
associated with protonation of the WT construct is significant and favorable (-10 ± 2
kcal/mol) and is comparable to the predicted enthalpy from formation of an AT or GT
wobble in the place of the A+●C wobble using nearest neighbor thermodynamic
parameters (-16.3 and -14.3 kcal/mol, respectively (44) (45)). This value is composed of
protonation of the base and concomitant structure formation. Protonation of adenine is ≈
-4.5 kcal/mol, accounting for approximately half of this enthalpy (1). The remaining
enthalpy is consistent with concomitant base pair formation. In comparison, the entropic
contribution to this process is nearly zero, only 1.0 ± 2 eu, which supports a model where
protonation occurs in a pre-organized binding pocket, particularly when compared to the
much larger ∆S values predicted using nearest neighbor parameters for an AT or GT
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wobble in place of the A+●C wobble (-47.3 and -36.3 eu, respectively)(44) (45). Imino
spectra show little change with pH for WT, consistent with a pre-organized binding
pocket.
The pKa of the -1 construct has a shallower temperature dependence (Figure 6-3)
and, considering cooperative structural formation observed by imino-proton, a more
complex ensemble of processes coupled to protonation. In enthalpic terms, protonation
of the -1 construct is less favorable than WT (-4.9 ± 1.6 versus -10 ± 2 kcal/mol,
respectively), which can be accounted for entirely by the enthalpy of adenine protonation.
Thus, structure formation in -1 construct is thermoneutral. This could be due to the need
to break single strand stacking in the unprotonated state, as well as dehydration of this
state. The change in entropy associated with protonation of the -1 construct was
determined to be an unfavorable -5 ± 2 eu. Athough error precludes a detailed
interpretation of this value, its magnitude is consistent with cooperative structure
formation in that ordering of more bases occurs upon protonation.

6.5.3

The Magnitude of pKa Shift is Dampened by Increasing Ionic Strength

The interaction between an ionizing base and a cation can be considered in different
contextual models, each increasing in complexity. In the most simplistic model one can
consider the effect of salt concentration on the pKa value of a single nucleic acid (such as
cytosine) in aqueous solution undergoing a transition from a deprotonated, uncharged
state to a protonated, positively charged state. Cytosine (C) can be protonated at N3 with
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an unperturbed pKa value of 4.2 to form CH+. The effects of ionic strength on the pKa
value of cytidine (the free base) has been evaluated (1) and found not to have a
significant effect, indicating that a salt dependence is not intrinsic to nucleobases
protonation alone. Similarly, introduction of a single negatively-charged phosphate in
the form of 5’-CMP does not imbue the system with a pKa value dependent on ionic
strength (1).
In contrast, a slightly more complex system, single stranded UUCUU, does
exhibit an ionic strength dependence; pKa values were observed to decrease as ionic
strength increased with a slope of -0.33 ± 0.072 (31). A single strand of RNA is a more
accurate model of a biological RNA and introduces more negatively charged backbone
phosphates to interact favorably with positively charged cations in the counter-ion
condensation cloud. Cytosine protonation results in a positive charge that will interact
unfavorably with these locally-bound metal ions, resulting in some amount of cation
displacement upon protonation; in this case 0.33 ions are displaced. This hypothesis is
supported by the lack of ionic strength dependence in the pKa values of more simple
systems where the counter-ion cloud is absent due to the lack of negative backbone
moieties. Increasing the concentration of this ion cloud via increased ionic strength will,
in accordance with the Le Chatelier principle, favor cation association and, conversely,
disfavor protonation. This effect is observed in the negative dependence of pKa value on
monovalent ionic strength.
The most complex to consider is the self-cleaving ribozyme from Hepatitis Delta
Virus (HDV). Cleavage activity is dependent on accurate formation of an active site
through tertiary structure. This active site contains a cytosine residue (C75) that exhibits
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a large pKa shift resulting in a protonated base that has been implicated to act as a general
acid in the catalytic mechanism (10). While the HDV ribozyme does experience
counterion condensation, monovalent salt effects on the pKa value of this residue have
been shown to be negligible (Nakano and Bevilacqua, unpublished results), a result that
has been interpreted as a sign of exclusion of monovalent cations from the active site (31)
and is consistent with the ion-cloud origin of pKa-salt effects.
Just as in cytosine, protonation of adenine results in a positive charge, which
allows direct comparison of A+●C wobble pKa trends to the cytosine studies mentioned
above. The location of the A+●C wobble in the middle of a double helical stem doubles
the number of phosphate groups located near the generated positive charge as compared
to UUCUU. An observed displacement of 0.53 ± 0.08 K+ ions, nearly double the number
of ions released from the UUCUU strand, as expected.
Work carried out by Williams et al. (46) examined DNA folding (formation of a
dGCATGC self-complimentary duplex) as a function of Na+ concentration. Studying this
process over a range of Na+ concentrations of 12 to 150 mM gave rise to a value of 0.4
ions/strand taken up upon transition from coil (unfolded) to helix (folded). This
corresponds to an uptake of 0.08 Na+ ions per phosphate during folding, and can be
compared to the 0.53 K+ ions released upon protonation and concomitant structure
formation. Our value is opposite in sign to the Williams et al. study in the sense that ions
are released upon formation of greater structure herein, owing to accompanying
protonation. Moreover, while the WT construct contains 18 phosphates, protonation has
been identified as a local event in this case; the number of phosphates directly involved is
most likely ~5 as in Williams et al, leading to one net ion being released upon
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protonation (0.08 ions per phosphate taken up offsets this value to 0.53 K+ ions
observed).

6.6

Engineering Extreme pKa Shifts and Potential Biological Relevance

The stability of an organism’s genetic information is dependent on high fidelity
replication, a process that relies on Watson-Crick base pairing to help determine which
nucleotide will be attached to a new strand by DNA polymerase. While this process is
generally very reliable (error rates from 10-3 to > 10-6), misincorporation events occur and
can have a large impact on replication, reducing the efficiency of replication by a
hundred to a million fold (47-49).
Interestingly, these kinetic disruptions exhibit a position dependence based on the
distance between the mismatch and the polymerase active site. Catalytic disruptions
resulting from mismatch incorporation have been observed when mismatches were
located up to 4 base pairs away from the polymerase catalytic site (50), a phenomenon
that suggests structural perturbations can be communicated over a significant distance.
This trait is in good agreement with a position-dependent model of pKa shifting
developed herein and with DNA folding cooperativity published previously (35). A
study examining the structures of mismatch errors complexed with a polymerase found
an AC or CA mismatch incorporated at the post-insertion site (the terminus of a doublestranded binding region) causes significant disorder in the modeled duplex, also
consistent with the position dependence observed in this study (51). When mismatches
do occur in replication, multiple DNA proofreading mechanisms exist to repair this
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potential damage, each with their own recognition patterns and specificities. In one
specific example, an AC wobble can be repaired by competing repair mechanisms (MutY
protein versus the MutS-dependent mismatch repair system in E. coli) which can either
result in correct repair to an AT base pair or transition to a GC pair, thereby introducing
more error into the genetic code (29).
In addition to these biological roles, protonation has the potential to extent the
functional diversity of DNA and RNA structures. In previous studies different classes of
protonated RNA nucleobases were discussed (52) (5); Class I protonated bases have
protonated sites that act as donors in hydrogen bonding interactions, while Class II
protonated bases have protons that are not involved in interactions, and are therefore free
to take part in acid base catalytsis . It has been postulated that Class I protons cannot
directly play a role in acid-base catalysis due to their involvement in hydrogen bonds,
however it is possible that these protonations may indirectly promote acid-base
functionality. For example, protonation at N1 of adening such as found in an A+●C
wobble has been found to significantly lower the pKa on the C6-exocylclic amine. Such
catalytic function would be analogous to histidine-like function in protein catalysis and
would optimally require a pKa of ~7. Alternatively, electrostatic focusing can play a role
in catalytic function by stabilizing negative charge development in the transition state or
destabilizing a ground state with the +1 charge resulting from protonation. This sort of
function is analogous to the role sometimes played by positively-charged lysine in protein
enzymes, and would require a protonated nucleobase at neutrality, a factor that
necessitates a pKa value of 8 or higher to ensure a functionally significant population. In
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this study pKa values were observed that meet the requirements for both acid-base and
electrostatic catalytic mechanisms.
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Table 6-1: Context Dependence NMR Titration Dataa

a

Sequence
WT

Peakb
1
2
Avg

∆δ (ppm)
0.28
0.12
0.20

nc
1.32 ± 0.18
1.31 ± 0.21
1.32 ± 0.27

pKad
7.67 ± 0.05
7.65 ± 0.05
7.66 ± 0.07

∆Go10 (kcal/mol)e
–10.88
–10.84
–10.86

–1

1
2
Avg

0.39
0.36
0.38

0.91 ± 0.09
0.83 ± 0.12
0.87 ± 0.15

7.11 ± 0.05
7.15 ± 0.07
7.13 ± 0.085

–10.08
–10.14
–10.11

–2

1
2
Avg

—
—
—

<5
<5
<5

—
—
—

—
—
—

Experiments were carried out with added 100 mM KCl concentration at 10 oC. Total K+
concentration was greater than this, as described in Table 6-4. bPeak 1 is defined at the furthest
down-field shifted peak. cErrors are from data fitting dErrors in pKa values are from fits, but are
increased to 0.1 in other plots to account for potential systematic errors. eCalculated from ∆Go=
-2.303RTpKa, which is the value for proton association.
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Table 6-2: WT Temperature Dependence NMR Titration Dataa
Temp ( C)
10

Peak
1
2
Avg

∆δ (ppm)
0.28
0.12
0.20

n
1.32 ± 0.18
1.31 ± 0.21
1.32 ± 0.27

pKa
7.67 ± 0.05
7.65 ± 0.05
7.66 ± 0.07

∆Go
(kcal/mol)
–9.93
–9.90
–9.92

15

1
2
Avg

0.31
0.16
0.24

0.98 ± 0.10
1.04 ± 0.16
1.01 ± 0.19

7.65 ± 0.04
7.45 ± 0.08
7.55 ± 0.09

–10.08
–9.82
–9.95

20

1
2
Avg

0.33
0.23
0.28

0.81 ± 0.12
0.80 ± 0.15
0.80 ± 0.19

7.20 ± 0.07
7.27 ± 0.10
7.23 ± 0.12

–9.65
–9.74
–9.70

25

1
2
Avg

0.31
0.20
0.26

0.99 ± 0.15
1.12 ± 0.24
1.05 ± 0.28

7.49 ± 0.06
7.49 ± 0.08
7.49 ± 0.1

–10.21
–10.22
–10.22

30

1
2
Avg

0.26
0.20
0.23

0.91 ± 0.20
1.09 ± 0.27
1.00 ± 0.33

7.05 ± 0.09
7.06 ± 0.09
7.05 ± 0.12

–9.77
–9.79
–9.78

37

1
2
Avg

0.33
0.21
0.27

0.78 ± 0.10
1.21 ± 0.12
0.99 ± 0.16

7.15 ± 0.06
7.20 ± 0.04
7.18 ± 0.07

–10.1
–10.2
–10.2

42

1
2
Avg

0.21
0.17
0.19

1.04 ± 0.53
1.12 ± 0.24
1.08 ± 0.59

6.76 ± 0.18
6.92 ± 0.07
6.84 ± 0.19

–9.74
–9.98
–9.86

o

a

Experiments were carried out with added 100 mM KCl concentration at 10 oC. Total K+
concentration was greater than this, as described in Table 6-4. All other details are as described in
Table 6-1.and 6-2
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Table 6-3: -1 Temperature Dependence NMR Titration Dataa

a

Temp (oC)
10

Peak
1
2
Avg

∆δ (ppm)
0.39
0.36
0.38

n
0.91 ± 0.091
0.83 ± 0.12
0.87 ± 0.15

pKa
7.11 ± 0.05
7.15 ± 0.07
7.13 ± 0.085

∆Go (kcal/mol)
–9.21
–9.26
–9.24

15

1
2
Avg

0.43
0.37
0.40

0.84 ± 0.12
0.88 ± 0.13
0.86 ± 0.18

7.04 ± 0.07
7.06 ± 0.07
7.05 ± 0.1

–9.27
–9.31
–9.29

20

1
2
Avg

0.35
0.36
0.36

1.03 ± 0.14
0.97 ± 0.14
1.00 ± 0.22

7.13 ± 0.05
7.15 ± 0.06
7.14 ± 0.08

–9.55
–9.59
–9.57

20

1
2
Avg

0.32
0.36
0.34

0.96 ± 0.21
0.97 ± 0.14
1.00 ± 0.22

7.22 ± 0.09
7.19 ± 0.06
7.20 ± 0.09

–9.67
–9.63
–9.65

25

1
2
Avg

0.26
0.36
0.30

1.63± 0.28
1.08 ± 0.13
1.36 ± 0.31

7.07 ± 0.05
6.93 ± 0.06
7.00 ± 0.075

–9.64
–9.45
–9.55

30

1
2
Avg

0.29
0.40
—

0.97 ± 0.12
0.97 ± 0.080
0.97 ± 0.14

6.94 ± 0.06
6.96 ± 0.04
6.95 ± 0.07

–9.61
–9.64
–9.63

37

1
2
Avg

0.24
0.51
—

1.14 ± 0.38
0.71 ± 0.11
0.92 ± 0.40

7.00 ± 0.13
6.61 ± 0.09
6.80 ± 0.16

–9.92
–9.37
–9.65

42

1
2
Avg

—
—

—
—
—

—
—
—

—
—
—

Experiments were carried out with added 100 mM KCl concentration at 10 oC. Total K+
concentration was greater than this, as described in Table 3. All other details are as described in
Table 6-1.
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6-4: Ionic Strength NMR Titration Dataa
[Mg2+]
(mM)

a

[K+]b
(mM)
55.7

Peak
1
2
Avg

∆δ (ppm)
0.28
0.12
0.20

n
0.83 ± 0.10
1.23 ± 0.37
1.03 ± 0.38

pKa
8.09 ± 0.06
7.99 ± 0.12
8.04 ± 0.13

∆Go10
(kcal/mol)
–11.47
–11.33
–11.40

73.0

1
2
Avg

0.28
0.18
0.23

1.03 ± 0.10
0.99 ± 0.20
1.01 ± 0.22

7.91 ± 0.04
7.92 ± 0.09
7.92 ± 0.10

–11.22
–11.24
–11.23

145.0

1
2
Avg

0.27
0.15
0.21

1.32 ± 0.18
1.31 ± 0.21
1.32 ± 0.27

7.67 ± 0.05
7.65 ± 0.05
7.66 ± 0.07

–10.88
–10.84
–10.86

348.0

1
2
Avg

0.26
0.19
0.23

1.12 ± 0.18
1.51 ± 0.39
1.32 ± 0.43

7.60 ± 0.07
7.64 ± 0.09
7.62 ± 0.11

–10.78
–10.83
–10.81

782.0

1
2
Avg

0.32
0.20
0.26

0.89 ± 0.07
0.91 ± 0.11
0.90 ± 0.13

7.38 ± 0.05
7.39 ± 0.07
7.38 ± 0.08

–10.46
–10.48
–10.47

0.0017c

129.9

1
2
Avg

0.29
0.17
0.23

1.06 ± 0.05
1.16 ± 0.14
1.11 ± 0.15

7.83 ± 0.02
7.85 ± 0.05
7.84 ± 0.06

–11.10
–11.14
–11.12

0.0021d

145.0

0.29
0.18
0.24

0.97 ± 0.20
1.05 ± 0.16
1.01 ± 0.26

7.62 ± 0.08
7.71 ± 0.06
7.67 ± 0.10

–10.81
–10.93
–10.87

1
2
Avg

All experiments were carried out in KCl at 10 oC on the WT sequence. All other details, with the
following exceptions, are as described in Table 1. bSalt concentrations are adjusted for K+ ions
associated with negative-backbone charge neutralization, which was calculated on the basis of the
DNA concentration. cMg2+ added via dialysis (method 2 in Materials and Methods)
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Appendix A
Appendix Information for Chapter 3: Folding Cooperativity in RNA and DNA is
Dependent on Position in the Helix

[Published as an article Entitled “Folding Cooperativity in RNA and DNA is
Dependent on Position In the Helix” by Nathan A. Siegfried, Shana L. Metzger, and
Philip C. Bevilacqua in Biochemistry, 46, 2007, 172-181.]

A.1

Absorbance versus temperature plots resulting from UV-monitored thermal
denaturation.

Low salt, internal registers for RNA are shown here as representative of typical data. All
data are normalized by dividing absorbance values by the maximal absorbance. This was
done so that percent hyperchromicity could be compared between sequences. Data were
fit to a two-state model with sloping baselines and analyzed using a Marquadt algorithm
for non-linear curve fitting in Kaleidagraph v3.5 (Synergy Software); see Materials and
Methods Chapter 3. Fits are represented by solid lines; agreement between the fits and
the experimental data is consistent with the accuracy of the model used. The drop in Tm
caused by each mutation can clearly be seen from the mid-point of the transitions.
Sample data is displayed in Figure A1
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A1: Typical UV-monitored thermal denaturation data.
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A.2

Analysis of Oligonucleotides by PAGE and TOF-ES Mass Spectroscopy

Oligonucleotide purity was confirmed by the following steps. Oligonucleotides were 5’
end-labeled using [γ-32P]ATP and polynucleotide kinase (PNK) (New England Biolabs).
Samples were mixed with an equal volume of 95% formamide loading buffer/20 mM
EDTA and loaded onto a 10% acrylamide/7 M urea gel, which revealed a single band for
all RNA oligonucleotides. The electrophoretic mobility of these bands was in
approximate correlation with the thermodynamic stability of the oligonucleotide, i.e. the
least stable (double mutant) oligonucleotide migrated the shortest distance, supporting
folding events on the urea gel. The presence of a single band supported a homogenous
molecular population. The DNA samples did not resolve into highly distinct populations
under these conditions, but rather migrated in broad bands with uneven intensity. We
suspected that different extents of denaturation were occurring for DNA on this
denaturing gel, suggesting secondary structure was partially disrupted. Complete
disruption of secondary structure was unsuccessfully attempted through the use of
glyoxal modifications prior to gel electrophoresis. Next, an ultra-denaturing 40%
formamide/7 M urea/6% acrylamide gel was used, which caused the radiolabeled DNA
samples to resolve into single bands of equivalent migration consistent with a
homogenous molecular population.
Mass spectroscopy data were obtained on a Waters Micromass LCT Premier
time-offlight mass spectrometer equipped with a Waters Alliance 2695 Separations
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Module and utilizing electrospray ionization (The Huck Institute of Life Sciences
Proteomics and Mass Spectrometry Core Facility, The Pennsylvania State University).
Table A-1: Summary of Mass Spectroscopy Data

Sequence
DNA
WT
Ext AA
Ext IC
Ext DM
Int AA
Int IC
Int DM
RNA
WT
Ext AA
Ext IC
Ext DM
Int AA
Int IC
Int DM

Calculated
MW (amu)

Measured MW
(amu)

6099
6108
6084
6093
6108
6084
6093

6099.73 ± 0.23
6109.01 ± 0.22
6081.28 ± 3.68
6094.18 ± 0.14
6109.00 ± 0.13
6084.98 ± 0.20
6093.92 ± 0.31

6320.8
6343.8
6305.8
6328.8
6343.8
6305.8
6328.8

6320.09 ± 0.22
6343.33 ± 0.36
6305.27 ± 0.18
6328.48 ± 0.53
6342.89 ± 0.11
6304.99 ± 0.04
6327.92 ± 0.19
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A-3

Procedures for Error Propagation

Error for ∆H and Tm were obtained from non-linear curve fits of UV-melt data to
a two-state model as described in S.1. Error in a value is represented as σx, where x is the
property of interest. Propagation of this error into ∆S, ∆G, and the averages of these
errors were carried out according to Bevington for a general function x=f(u,v) (1) shown
in Equation A.1:
(σ x ) 2 = (σ u ) 2 (∂x / ∂u ) 2 + (σ v ) 2 (∂x / ∂v) 2 + 2(σ uv ) 2 (∂x / ∂u )(∂x / ∂v)

(Equation A.1)

Application of this form to the standard equation ∆G = ∆H – T∆S gives
Equation A.2:

σ ∆2G

⎛
⎜
= ⎜
⎜
⎝

2

2

⎛
⎞
∂∆G ⎞⎟ 2
⎜ ∂∆G ⎟⎛ ∂∆G ⎞
⎛ ∂∆G ⎞ 2
⎟⎜
⎟ σ ∆H + ⎜
+ 2(σ ∆H ∆S ) 2 ⎜
σ
⎟
⎟
S
∆
⎜ ∂∆H ⎟ ∂∆S
∂∆H ⎟⎠
⎝ ∂∆S ⎠
⎠
⎝
⎠⎝

(Equation A.2)

and Equation A.3
(σ ∆G ) 2 = (σ ∆H ) 2 + T 2 (σ ∆S ) 2 − 2T (σ ∆H

∆S

)2

(Equation A.3)

The square of the covariance between ∆H and ∆S, (σ∆H∆S)2, can be expressed in
terms of the correlation coefficient (R∆H∆S) of a plot of ∆H versus ∆S, and σ∆H and σ∆S
(2). As a result Equation A.4 can be written.

(σ ∆G ) 2 = (σ ∆H ) 2 + T 2 (σ ∆S ) 2 − 2T ( R∆H∆S )σ ∆H σ ∆S

(Equation A.4)
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Typical correlation values of ∆H and ∆S are ~0.99 (2), and similar values were
obtained for our sequences (data not shown). This allowed the R value to be
approximated as unity. To determine the value of σ∆S, the equation ∆S = ∆H/Tm was
treated according to Equation A.1 to give Equation A.5 :

σ ∆S =

1
2
σ ∆2H + ∆S 2σ Tm
− 2∆Sσ ∆H σ ∆Tm
Tm

(Equation A.5)

The error in Tm was typically quite low. This led to the second and third terms
under the radical in Equation A.5 contributing only 0.007% and 1% on average to the
radical near a temperature of 310.15 K, where ∆G◦37 is calculated, indicating that they
make a negligible contribution to σ∆S. As a result, the following simplification of
Equation A.4 is possible (Equation A.6 and Equation A.7 ):
2Tσ ∆2H
−
(σ ∆G ) = (σ ∆H ) + T
Tm
Tm 2
2

2

σ ∆G = σ ∆H ×

2

σ ∆2H

(Equation A.6)

T − Tm

(Equation A.7)

Tm

Equation A.7 holds true for temperature values away from the Tm. Values
reported in the paper are at 310.15 K, and typical Tms are in the 338.15-353.15 K range.
Equation A.7 represents the error in a single ∆G value resulting from a UV melt. A given
sequence was melted three or more times. To evaluate the final error in the average ∆G,
Equation A.8 (below) was treated according to Equation A.1 to give the following:
∆G1 + ∆G 2 + ... + ∆Gn
n
2
⎛ ∂∆G Avg ⎞ 2
⎛ ∂∆G Avg
⎟⎟ σ ∆G1 + ... + ⎜⎜
= ⎜⎜
⎝ ∂∆G1 ⎠
⎝ ∂∆Gn
∆G Avg =

σ

2
∆G Avg

(Equation A.8)
2

⎞ 2
⎟⎟ σ ∆Gn
⎠

(Equation A.9)
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σ ∆2G

Avg

σ ∆G

Avg

[

=

1
× σ ∆2G1 + ... + σ ∆2Gn
2
n

=

1
× σ ∆2G1 + ... + σ ∆2Gn
n

]

(Equation A.10)

(Equation A.11)

In the limit that all ∆G determinations are approximately the same for a given
sequence, Equation A.11 reduces to the familiar Equation A.12 :

σ ∆G

Avg

=

σ ∆G
N

(Equation A.12)

In Eq 12, σ∆G is the error in a given melt, and N is the number of melts.
Having determined the ∆G values and their respective errors for individual sequences, we
propagated error into the thermodynamic boxes by applying Equation A.1. All
mathematical operations carried out beyond this point consisted of addition and
subtraction of non-correlated terms (eg. ∆∆Gs for isolated species), therefore all the
remaining error functions (error in ∆GA, δ, etc.) reduced down to Equation A.13 :

δ IA = ∆G37o (WT ) + ∆G37o ( DM ) − [∆G37o ( SM 1) + ∆G37o ( SM 2)]

(Equation A.13)

Errors in δ values were calculated according to Equation A.14 rather than
Equation A.1 in the paper to avoid overcounting (3).

δ = ∆G37o (WT ) + ∆G37o ( DM ) − [∆G37o ( AA) + ∆G37o ( IC )]

(Equation A.14)
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Appendix B
Appendix For Chapter 6: Driving Forces for Nucleic Acid pKa Shifting: Effects of
Helix Position, Temperature, and Ionic Strength
Nathan A. Siegfried, Bernie O’Hare, and Philip C. Bevilacqua

This Appendix will cover the following topics mentioned in Chapter 6:
1.

Derivation of equations 6.4 and 6.5

2:

Error Analysis for temperature dependence of pKa

3:

1

4:

Atomic Absorption Data

H NMR of additional constructs
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B.1

Derivation of equations 4 and 5

{U+} ⇌ F + H+ ⇌ FH+ ⇌ {U-}

Scheme 3

Considering all populations in Scheme 3 (above), the fractional population of the
unfolded state can be expressed in the following manner (Equation B.1):
fU =

U
U + {U } + {U − } + F + FH +
+

B.1

Note that the unfolded states, {U+} and {U-} represent an ensemble of states
reflective of multiple protonation sites, {i.e. U, U+, +U, +U+, etc.} and {U, U-, -U, -U-,
etc.} respectively. The base unfolded state U is incorporated into both series,
necessitating a corrective term (- [U]) that will be incorporated below explicitly. Next,
we select the folded, deprotonated state, F, as the reference state and divide S.0.1 by F,
resulting in Equation B.2 :
fU =

KU
{U + U + U + U } {U + U − + −U + −U − }
[ FH + ]
KU +
+
+1+
− KU
[F ]
[F ]
[F ]
+

+

+

+

B.2

where the unfolded state equilibrium term, KU, represents the equilibrium between the F
and U states. The equilibrium constant between F and FH+ for n protonations, Ka,F, can
be rearranged to the middle term of S.0.3. Taking the log of this term while raising it to
base 10 results in the leftmost term in S.0.3, which can then be substituted back into
equation S.0.2. This substitution and a factoring of {U+} and {U-} terms leads to
Equations B.3 and B.4 :
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n

[ FH + ] ⎛⎜ [ H + ] ⎞⎟
n ( pK − pH )
=
= 10 a , F
⎜
⎟
[F ]
⎝ K a, f ⎠

fU =

B.3

KU
+
⎛ U
⎛ U − −U −U − ⎞
U +U + ⎞
⎜
⎟
⎟ + 1 + 10 n ( pK a , F − pH ) − K U
K U + K U ⎜1 +
+
+
+ K U ⎜⎜1 +
+
+
⎟
U
U ⎠
U
U ⎟⎠
⎝ U
⎝ U
+

Protonations that interfere with base pairing (i.e. occurring on the Watson-Crick
face of a base) can be attributed to adenine and cytosine while similarly disruptive
deprotonations occur on guanine and thymine (or uracil in RNA). As a result, the
charged species in the ensembles above can be attributed to the individual nucleobases in
a particular structure. Since Ka terms are by definition proton dissociation and in this case
dissociations that result in unfolding, the charged, unfolded states above can be assigned
identities, as shown in Table B.1 below.

B.1: Assignment of unfolded state terms to nucleobases
Assosciated with
Term:
(de)protonation of bases:

U+
+
U
+ +
U
UU
- U

Cytosine
Adenine
Cytosine and Adenine
Guanosine
Uracil
Guanosine and Uracil

B.4
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These assignments are reflected in Equation B.5:
fU =

KU
+
+
+
⎛
⎛
U C+, A ⎞
⎜ K + K ⎜1 + U C + U A +
⎟+
U⎜
⎟
⎜ U
U
U
U
⎝
⎠
⎜
−
−
⎜
−
−
⎛
U G ,U ⎞
⎜ K U ⎜1 + U G + U U +
⎟ + 1 + 10 n ( pK a , F − pH ) − K U
⎜
⎜
U
U
U ⎟⎠
⎝
⎝

⎞
⎟
⎟
⎟
⎟
⎟
⎟
⎠

B.5

The pKa terms for the individual bases can substituted into Equation B.5 and the
resulting two terms in the denominator are excerpted below in Equation B.6 :
⎛ [ H + ]n [ H + ]n [ H + ]n 2
⋅ ⋅ ⋅ K U ⎜1 +
+
+ C A
C
A
⎜
K
K
Ka Ka
a
a
⎝

G
U
G
U
⎞
⎛
⎟ + K U ⎜1 + K a + K a + K a K a
⎜ [ H + ]n [ H + ]n [ H + ]n 2
⎟
⎝
⎠

⎞
⎟ ⋅⋅⋅
⎟
⎠

B.6

( pH − pK a ,U ) #U

)⋅ ⋅ ⋅

These terms can be factored and rearranged as in Equation B.3 to produce
Equation B.7 :

(

⋅ ⋅ ⋅ KU 1 + 10

( pK a ,C − pH ) #C

)(1 + 10

( pK a , A − pH ) # A

)+ K (1 + 10

( pH − pK a ,G ) #G

U

)(1 + 10

In the interest of space, the first multiplied term in Equation B.7 will be referred
to as ‘X’ and the second as ‘Y’. The full equation can then be written as Equation B.8:
fU =

KU
KU + X + Y + 1 + 10

n ( pK a , F − pH )

− KU

B.8

The denominator in Equation B.8 is the quotient (Q) in a partition coefficient.
The fraction of any given population can be represented by placing the term
corresponding to that population in Q as the numerator. For example, the fractional
population of the folded, protonated state FH+ can be calculated using Equation B.9 :

B.7
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n*( pK

f FH + =

− pH )

a, f
10
n ( pK − pH )
KU + X + Y + 1 + 10 a , F
− KU

B.9

Finally, the observed spectroscopic signal is the weighted average of all
spectroscopic signals resulting from each state, which is the product of the fractional
population of that state and the signal corresponding to that state. In this case the
observed signal is the chemical shift of the phosphorothioate phosphate, d, and the
observed signal can be calculated using Equation 6.5 in Chapter 5, reproduced below.

δ obs

⎛ δ FH + (10 n ( pKaF − pH ) ) + δ F + δU − KU (1 + 10 pH − pKaG ) #G 's (1 + 10 pH − pKaT ) #T 's ⎞
⎜
⎟
⎜
⎟
pKaC #C 's
pKa A − pH # A 's
+
+
−
δ
)
(
1
10
)
δ
]
K
+ KU (1 + 10
U
U
U
⎠
=⎝
Q
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B.2

Error Analysis for the temperature dependence of pKa

Error for ∆Ho and DSo were obtained from linear least-square regression line fits of pKa
versus 1/T (K-1). Error in a value x is represented as σx. Propagation of this error into
∆Ho and ∆So and the averages of these errors were carried out according to Bevington for
a general function x=f(u,v):{Bevington, P.R., 1969, New York: McGraw-Hill. 336.}, as
in Appendix 1. In these experiments ∆Ho and ∆So are non-correlated, and will be treated
as such in this analysis. Equation 3, below, is used in y = mx+b format in the following
discussion. Errors in m and b are taken from plot fits.
pK a =

∆H
∆S
1
* −
2.303R T 2.303R

(Equation B.10)

To consider the error in the intercept term (b) in Equation B.10 we will write Equations
Equations B.11 and B.12:
b = ∆S *

−1
2.303 * R

⎛
⎞
⎜
⎟
2
db
2
2 ⎛ db ⎞
2
⎜
⎟
σ b = σ ∆S ⎜
⎟ + σ −1 ⎜
−1 ⎞ ⎟
⎝ d∆S ⎠
2.303 R d ⎛
⎟⎟
⎜ ⎜
⎝ ⎝ 2.303 * R ⎠ ⎠

(Equation B.11)

2

(Equation B.12)

Since (-1/2.303*R) contains no error, we can simplify and take the square root of
both sides, resulting in Equation B.13 and Equation B.14 :
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⎛ −1 ⎞
σ =σ ⎜
⎟
⎝ 2.303 * R ⎠
2
b

2

2
∆S

σ ∆ S = σ b (2 . 303 * R )

(Equation B.13)

(Equation B.14)

The simple and convenient Equation B.14 serves as a model for solving for the
error in enthalpy from the slope (m) term in Equation B.10, illustrated in Equation B.15
m = ∆H *

1
2.303 * R

(Equation B.15)

and, by analogy, Equation B.16:

σ ∆H = σ m (2.303 * R)

\

(Equation B.16)
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1

H NMR data, imino region

Figure B-1: Overlay of the 1H NMR imino proton region of the WT Base Pair Control
construct at high (pH 8.0, top) and low (pH 5.7, bottom). This sequence lacks the GCA
triloop found on all other constructs, and as a result lacks the residue hypothesized to be
the source of a pH dependent peak at 10.6 ppm. Absence of this residue coincided with
the absence of this peak (as indicated by the red box), consistent with the proposed
hypothesis. It is important to note that the presence of two termini in this construct likely
has significantly altered the chemical environment of the upper stem base pairs, making
previous assignments less applicable to this construct. The presence of an A+●C wobble
in this duplex results in a significant pH dependence to the spectra presented here. Peak
loss at high pH is consistent with disruption of pH dependent structure, a trend noted in
WT, -1, and -2 constructs, suggesting this construct behaves similarly.
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Figure B-2: Overlay of the 1H NMR imino proton region of the AT Base Pair Control
construct at high (pH 8.0, top) and low (pH 5.7, bottom). The A+●C mismatch in the WT
construct was replaced with an AT canonical Watson-Crick base pair (see inset). Peak 1
is observed in the pH 5.7 spectrum but absent in the pH 8.0 spectrum, consistent with
increased exchange of the (partially solvent exposed) imino proton on the terminal
guanine at higher pH, and is not surprising. All other base pairs (including the AT pair at
position 4) lack significant pH-dependence, and can be starkly contrasted to the
broadening and slight shift of WT imino peaks that is observed to occur at high pH
(Figure 6.6). This result lends further support to the pH-dependent presence of an A+●C
wobble pair and suggests pH-dependent differences observed in other constructs are not
idiosyncratic to this experimental assay.
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Figure B-3: Overlay of the 1H NMR imino proton region of the -2 construct at high
(pH 8.0, top) and low (pH 5.7, bottom). Only the uppermost portion of the hairpin
stem (base pairs 5-8) are observed at both high and low pH, consistent with the lack of
pH dependent structure formation observed in Figure 6.2. It is interesting to note the
“fanning out” of the peaks corresponding to peaks 5, 6, and 8 mentioned in the
discussion can be observed both spectra, however is most pronounced at high pH,
consistent with the unique microenvironment created by dangling terminal base pairs.
Perhaps a small population of protonated A+●C wobble base pairing occurs at low pH;
this pairing would prevent base pair 5 from being the effective base pairing terminus,
resulting in merged peaks similar (but less severe) to that seen for the WT and -1
constructs. Alternatively, a weak Watson-Crick base pair association at base pair 3
would result in a similar effect. Furthermore, weak formation of base pair 3 would
result in a non-Wobble AC base mismatch (due to lack of protonation), and this
disruption could also result in increased exchange of the imino proton on the guanine
in base pair 5.
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Figure B-4: Overlay of the 1H NMR imino proton region of the -3 construct at high (pH
8.0, top) and low (pH 5.7, bottom). This spectrum is almost entirely pH independent,
with a very slight difference in the right-most peak in the base pair 5, 6, and 8 imino
proton peak. As mentioned above, this difference may be due to increased exchange of a
terminal base at higher pH conditions.
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B.4

Atomic Absorption Data

Dilute samples of known concentration were analyzed to create a calibration
curve for each metal prior to analysis of samples. In addition, the lamp output was
monitored to ensure stability and signal was maximized following a (minimum of) half
hour of instrumental warm-up time.
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Figure B-5: Calibration curve for determining Mg2+ concentration by atomic absorption.
Data were fit to a linear least-squared regression line, and the slope, intercept, and R2
value were 0.01942 ± 0.0005 (uM-1), -0.00626 ± 0.01684, and 0.999, respectively. The
MgCl2 - bearing NMR sample prepared via Method 2 in the text was diluted 151 times
and produced an average signal of 0.2131 ± 0.004 where error is the standard deviation
from multiple readings. This corresponds to a Mg2+ concentration of 1.705 ± 0.032 mM.
A separate experiment determined the concentration of a second NMR sample prepared
via method 1 in the text; the slope of that calibration curve was 0.01959 ± 0.00039, the
intercept -0.01536 ± 0.01131, and the concentration was determined to be 2.03 ± 0.20
mM MgCl2.
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Figure B-6: Atomic absorption calibration curve for determining K+ concentration by
atomic absorption. Data were fit to a linear least-squared regression line, and the slope,
intercept, and R2 value were 0.004482 ± 0.00017 (uM-1), 0.01710 ± 0.01457, and 0.996,
respectively. The MgCl2 containing NMR sample (prepared via Method 2) as well as the
dialysate used in sample preparation were analyzed and were found to have K+
concentrations of 129.908 ± 2.503 mM and 104.657 ± 1.661 mM, respectively. This
result reveals a greater concentration of K+ ion concentration inside the NMR sample than
in the dialysate, and is consistent with K+ ion counter-ion condensation around the DNA
construct.
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