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Abstract

Herein, the diffusion of lipids in a supported lipid membrane is explored. Models
for membrane lipid diffusion are first explored in context with modern experi-
ments. A new model is proposed to reconcile differences between experimental
results and model predictions revealing lipid diffusion’s dependence on interac-
tions between the substrate and the bilayer. Modulation of lipid diffusion is then
accomplished by varying the substrate material, the bilayer composition, and the
solution conditions. These modulations reveal more about the nature of the inter-
actions and the forces at play. Additionally, evidence is provided for aggregation
of lipid-conjugated dye within the bilayer, a necessary component for visualization
under fluorescent microscopy. The results not only show direct visualization of
the aggregates but also provide a molecular explanation for the fitting method uti-
lized for fluorescence recovery after photobleaching experiments. Finally, this work
extends the principles of lipid diffusion and fluorescence microscopy to synthetic
water filtration membranes. Experimental support is provided for water transport
mechanisms. This dissertation provides critical insights into how lipids interact
with surroundings while anchored within a membrane and explores the critical
factors affecting such interactions. The results herein can be applied not only to
synthetic systems, but also to the cell to better understand the role of membrane
interactions with cellular components.
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Chapter 1
Introduction

1.1 Phospholipid Bilayers and Lipid Diffusion

Phospholipids are produced by cells and self assemble into two-dimensionally fluid

bilayers[1]. These bilayers surround cellular organelles, the nucleus, and the cell it-

self, creating a semipermiable barrier to various molecules and controlling the flux

of molecules across the membrane[2][3]. By maintaining particle gradients across

the membrane, bilayers aid in cellular processes[4]. Additionally, the cellular lipid

membrane contains many proteins and peptides involved in a variety of processes

including transport, production, and signalling[5][6][7]. The function of some such

proteins is linked to the lipids themselves, as they preferentially embed in certain

lipid regions[8]. Interestingly, the ability of a protein or peptide to interact with or

potentially embed itself into the membrane requires the bilayer be fluid[9]. Addi-

tionally some proteins exist preferentially in certain lipid environments, indicating

a tied functionality between the lipid and the protein[10][11]. While much work

has been done to understand the protein functions in the bilayer, the focus on the

role of lipids in the bilayer has only more recently been explored. A goal of this
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work is to better understand the bilayer lipids’ properties in various environments.

One such environment mimicked hereing is the cell’s cytoskeleton. The cell’s

cytoskeleton supports the lipid bilayer, helping to provide structure and support to

the membrane and to aid in spacial separation in the cell[12]. In eukaryotic cells,

the cytoskeleton is composed of microscopic actin tubules and filaments which

form a non-static network of underlying support[13]. Herein, the cytoskeleton

is mimicked by a protein-passivated substrate, utilizing denature bovine serum

albumin (BSA) to mimic amino acid-based interactions[14]. The protein-passivated

substrate is observed to severely decrease lipid diffusion due to strong interactions

between the protein’s amino acids and the bilayer lipids. The work suggests the

cellular stability from the cytoskeleton is not only resultant from a resistance to

deformation, but is also a resultant from hindered diffusion by the strong, numerous

protein-bilayer interactions.

To model the complex cellular membrane herein, various lipids are used, shown

structurally in Figure 1.1. The most prevalent cellular membrane lipid, the zwit-

terionic lipid 1-palmitoyl -2-oleoyl-glycero-3-phosphocholine (POPC) was used in

all bilayers as the primary component[15]. To modulate a negative charge in the

bilayer, the negatively charged lipid 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphate

(POPA) was used. POPA has a pKa of 8.0, making it primarily singly charged

at pH 7.4, the experimental pH[16]. To modulate a positive charge in the bilayer,

the positively charged lipid 1,2-di-oleoyl-3-trimethylammonium-propane (DOTAP)

was used. As seen structurally, the DOTAP head group is terminated by a quater-

nary amine, creating the lipid’s positive charge. As the experiments in this work

focus on fluorescence experiments, a fluorescent dye-conjugated lipid was added to

bilayers. The dye used in most bilayers herein was Texas Red 1,2-dihexadecanoyl-

sn-glycero-3-phosphoethanolamine (TR-DHPE).
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This dissertation makes extensive use of a supported lipid bilayer, consisting of

a two-dimensionally mobile lipid plane separated from a solid support by a small

constrained water region, shown in Figure 1.2. The work herein explores meth-

ods to modulate the diffusion of lipids in such a system, including exploring the

impact of other substrates with varying composition and topology. We focus on

commonly used substrates including annealed borosilicate glass, mica, and fused

quartz. These surface have seen broad applications instrumentally, including as

fluorescence microscopy and atomic force microscopy substrates, as well as sub-

strates for the study of biological samples[17][18][19][20]. While much work has

been done to study bilayer formation on different substrates, this work looks to

expand the understanding of how bilayer diffusion is affected by substrate con-

ditions after bilayer formation. To this extent, we expand the knowledge of the

nature of bilayer-substrate interactions.

1.2 Measuring Lipid Diffusion

While various methods exist for measuring lipid diffusion in a membrane, this

work focuses on the use of fluorescence recovery after photobleaching (FRAP). In

a FRAP experiment, a small amount of fluorescently labeled lipids are added to

the bilayer. These lipids provide a means to visualize the bilayer under a fluo-

rescent microscope; additionally, these fluorescent lipids act as a diffusion marker,

providing a target whose movement can be monitored. The amount of fluorescent

lipid is small enough so as to not expect a change in the membrane properties[21].

The amount is enough, however, to create a uniform sheet of fluorescent intensity

when observed under a microscope, occurring for most dyes between 0.1 and 2

mol%[22][23]. The FRAP process is shown through a sample recovery curve in
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Figure 1.3.

First, a laser is directed at the bilayer, causing photo-oxidation of the lipid-

conjugated dye[24]. This bleaching event causes a dark region where the laser

was targeted as approximately 10 to 15% of the dye molecules are no longer

fluorescent[25][26]. Because the lipids have two dimensional mobility, the dark re-

gion will appear to defocus as bleached dye molecules randomly diffuse out of the

bleached region and non-bleached dye molecules randomly diffuse in. Eventually,

the dye molecules will be dispersed sufficiently such that the bilayer fluorescence

appears uniform like prior to bleaching. The fluorescent intensity of the bleached

region is therefore monitored over time to generate Figure 1.3.

The apparent defocusing of the bleached region is a result of the movement of

the lipid-conjugated fluorescent dye. To this end the bleached region intensity is

normalized to an unbleached region of the bilayer and the percent recovery at a

given time is calculated according to the following equation,

F (t) =
Ft − F0

Fo − F0

(1.1)

wherein Ft is the normalized fluorescence at a given time, t, F0 is the normalized

fluorescence intensity immediately following bleaching at t=0 seconds, and Fo is the

normalized fluorescence intensity prior to bleaching[27]. The percent fluorescence

recovery as a function of time can plotted and fitted to an exponential rise to max,

as shown in the equation,

F (t) = a(1− e−bt) (1.2)

wherein t is the time following bleaching, and a is the maximum normalized inten-
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sity. This maximum is taken to represent the fraction of the bilayer able to freely

diffuse, or the mobile fraction. The final term, b, is related to the time needed to

reach half recovery. After using b to find the half recovery time, the time of half

recovery is used to calculate a diffusion coefficient as follows,

τ1/2 =
ln(2)

b
(1.3)

D =
w · γ
4τ1/2

(1.4)

wherein τ1/2 is the time of half recovery, D is the diffusional coefficient, w describes

the width of the laser beam, and γ is a correctional term descriptive of the laser

beam shape and intensity distribution[25]. More precise variations of this approach

have been suggested and used[27]. However, this method has been shown generally

applicable and robust for a variety of lipid systems[28][29].

1.3 Lipid Membrane Models

Models are an important tool for understanding biological systems. Biological

systems, especially cell membranes are extremely complicated with huge variety

on the number and types of proteins, peptides, and even lipids present. A model

can simplify the system by connecting system conditions to resultant effects. An

effective should be applicable to as many of the conditions as possible while still

retaining the simplicity to make it easily applied. Additionally, the model predic-

tions and trends must be very well reconciled to experimental results. As better

models are developed, they provide insights into the system and increase the ability
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to predict cellular behaviors and understand mechanisms.

Multiple models have been developed to describe the phospholipid bilayer, the

most famous of which is the fluid mosaic model. The fluid mosaic model is a quali-

tative description of the cellular membrane and describes proteins and other mem-

brane bound components embedded within a lipid matrix[30]. The work herein

focuses on the diffusion of the lipids themselves, and mathematical models have

also been developed to describe lipid membrane diffusion. An early description of

diffusion came through the Einstein-Stokes relation[31]. This description is gen-

eral for any particle, including lipids, moving through a liquid and only captured

some details of the particles themselves[32]. The model was developed further by

Saffman and Delbrück, who described a membrane component as a simple cylinder

diffusing in two dimensions through a viscous fluid[33]. In the model, a less viscous

fluid above and below create a drag on the cylinder’s ends. This model was an im-

portant step forward in understanding how objects interact with and move within

the bilayer and still provides a reasonable estimation for transmembrane protein

diffusion[34]. However, the model has limitations for small diameter particles, par-

ticularly lipids. To this end, a model was proposed by Thompson et al.[35], which

built upon the free volume model of Turnbull and Cohen[36]. This extended free

volume model corrected the previous models’ temperature dependence by utilizing

the volume required for lipids to slip by one another. Unfortunately, the bilay-

ers used in this model were a multilamellar mixture of structures rather than the

unilamellar supported bilayers used in the more recently developed supported lipid

membrane platforms[37]. As a result, the model is more fitting to a non-supported

or partially supported bilayer, consistent with its inception as an extension of the

free volume model for phase transition[36]. This dissertation explores experimen-

tal data from unilamellar supported lipid membranes and further modifies the



7

extended free volume model to account for substrate interactions. As such, this

work furthers the existing membrane models to better describe and understand

the supported lipid membrane.

1.4 Dye Aggregation

The fitting of FRAP data by a single exponential rise to maximum suggests the

lipids in a supported membrane can be described as a single type of molecule

and all the lipids are in the same average environment. The degree to which

this is true varies depending on the membrane, but for a simple model membrane

this assumption is generally accepted[28]. However, work done herein at very

low lipid-conjugated dye concentration suggest even in very simple bilayers this

assumption is not true. The dye used to visualize the bilayer has been shown to

create aggregates, likely even involving the non-fluorescent bilayer lipids. These

aggregates vary in size, creating a distribution of lipid environments and therefore

a distribution of diffusion rates. Herein, we connect this distribution to the fitting

of a FRAP curve. We further suggest the need to fit to a double exponential to

better describe the multiple lipid conditions.
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(a)	 (b)	 (c)	

(d)	

Figure 1.1. Strucutre of Phospholipids. Shown are the structures for (a) POPC, (b)
POPA, (c) DOTAP, and (d) TR-DHPE
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Figure 1.2. Schematic of a Supported Lipid Bilayer. A typical support used experi-
mentally is glass. Shown also is the interstitial water layer, formed between the support
and lipid bilayer.
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Figure 1.3. Sample Fluorescence Recovery After Photobleaching Curve. Sample bilayer
consists of 99.5 mol% POPC and 0.5 mol% TR-DHPE supported by annealed borosilicate
glass. Prior to bleaching, bilayer fluorescence is uniform and even. Immediately following
laser exposure, a dark region is observed wherein 10 to 15 % of the fluorescent dye has
been bleached. The bilayer is then observed to recover, as the lipids within the bilayer
diffuse randomly in and out of the bleached area. After some time, the bilayer intensity
fully recovers to pre-bleach intensity.



Chapter 2
Modeling the Effect of Temperature

on Supported Lipid Bilayer Diffusion

2.1 Introduction

Cellular membranes are formed by phospholipid bilayers and act as a semiperme-

able barrier, controlling the flow of material in and out of the cell[38]. Proteins

and other membrane-associated materials serve many cellular functions, including

transport and signaling[39]. The cytoskeleton and extracellular support reinforce

the bilayer and help to maintain its form[40]. The bilayer is not, however, static;

lipids move two-dimensionally within the bilayer and can flip from the top leaflet

to the bottom leaflet and vice-versa with the aid of specialized proteins[41]. Some

functions, such as cooperative binding to the bilayer, would be impossible with-

out fluidity of the bilayer[42][43]. Many features, specifically bilayer composition

and interactions with a support, impact fluidity of the bilayer. The most notable

impact of bilayer composition is the melting temperature of the lipids. Depending

on the lipids, the bilayer may be in a gel or liquid phase at room temperature. For
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example, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) has one degree

of unsaturation in the tail region and has a melting temperature of -2 ◦C and is

therefore in the liquid phase as room temperature[44]. Likewise, 1,2-dipalmitoyl-

sn-glycero-3-phosphocholine (DPPC) has the same head group but with fully sat-

urated tails and as a result, a melting temperature of 41 ◦C; DPPC is therefore in

a gel phase at room temperature[45]. A bilayer in the gel phase, such as DPPC

at room temperature, diffuses very slowly and is often considered immobile. A

bilayer in the liquid phase, however, diffuses noticeably in the presence or absence

of a support[46].

The study of bilayer physical properties, including the above discussed phase

transitions, is often done in model phospholipid membrane systems. Two of the

most common biomimetic methods to study bilayer properties are Giant Unil-

amellar Vesicles (GUVs) and Supported Lipid Bilayers (SLBs). In a GUV, two

frictional forces hinder lipid movement within the bilayer, namely the drag from

one leaflet tail to the other and the drag from the lipid head interacting with the

water. In an SLB, the bilayer sits 1 nm above a solid support with a thin layer of

water between the support and bottom leaflet[47].

Interactions of the bilayer with the support and water layer, be it electrostatics,

van der Waals, or hydrogen bonding, cause a decrease in the fluidity and there-

fore a decrease in the diffusion of the bilayer. As a result, the bilayer diffuses

approximately five times slower for an SLB than for a GUV[48]. One may think

the movement of only the leaflet adjacent to the substrate would be significantly

retarded, however the tail interactions are strong such that only approximately 5%

difference in the diffusion is observed between the top, distal leaflet and bottom,

proximal leaflet[49]. This difference in diffusion is insignificant and within error

of the measurements used herein. As such, the leaflets will be considered to move
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together unless otherwise noted.

Fluidity can be measured by multiple techniques, namely nuclear magnetic

resonance, electron spin resonance, and fluorescence techniques[50]. Unfortunately,

most techniques require probes and sample preparation prior to experimentation.

For example, this experiment uses a lipid labeled with a fluorescent group, Texas

Red. The mobility of the bilayer is inferred based on the mobility of Texas Red.

The mobility of the dye is tied to the bilayer mobility though the value obtained

may differ for each dye; as such, care must be taken when comparing diffusion

coefficients from one dye to another.

The most commonly used method to measure fluidity and the method em-

ployed herein is FRAP[51]. As discussed in Chapter 1 of this dissertation, FRAP

consists of focusing a laser on a fluorescent bilayer; a percentage of the fluo-

rophores in the region are irreversibly photobleached, resulting in an observed

dark spot. Over time, the bleached and unbleached fluorophores diffuse randomly

two-dimensionally within the bilayer, causing the dark spot to appear to spread

and fade. After roughly 10 minutes (depending on the sample) the bleached area

appears like the bilayer prior to bleaching as the photobleached molecules are now

dispersed throughout the bilayer[25].

To help understand the supported membrane system and the nature of the

bilayer properties, mathematical models are employed. Models help provide proof

of concept for explanations to observed phenomena[52]. In the case of bilayer

diffusion, these phenomena include the underlying interactions present as well as

the response to certain stimuli. The most basic description of diffusion stems to

the Einstein-Stokes relationship correlating the diffusion rate of any particle to

the temperature of the system, the viscosity of the medium, and the size of the

particle[31]. While simplistic in nature, the model provides a surprisingly applica-
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ble and modifiable basis to describe diffusion[53][54][55]. Herein, FRAP is used to

investigate the effect of temperature on supported phospholipid bilayer diffusion.

Experimental data are compared to expectations from the Saffman-Delbrück and

extended free volume mathematical models. The extended free volume model is

modified and reconciled to the data, providing a new model for lipid diffusion in

a supported membrane. Although the difference in SLB and GUV lipid diffusion

has previously shown the effect of a substrate on lipid diffusion, the new model

provides proof of the substrate coupling with the bilayer and inducing changes in

lipid diffusion.

2.2 Materials and Methods

2.2.1 Materials

Borosilicate glass microscope slides were obtained from Fisher Scientific (Hamp-

ton, NH). Sodium chloride salt was purchased from DOT Scientific Inc. (Bur-

ton, MI). Tris(hydroxymethyl)aminomethane salt (Tris) was purchased from Cal-

biochem (San Diego, CA). Polydimethylsiloxane (PDMS) was obtained from Dow

Corning (Midland, MI) as Sylgard, silicone elastomer-184.

POPC was purchased in chloroform from Avanti Polar Lipids, Inc. (Alabaster,

AL). TR-DHPE was obtained from Life Technologies (Grand Island, NY).

A temperature-programmable circulator was obtained from VWR International

(Radnor, PA). Lipid extrusion was performed with a 10 mL LIPEX Extruder

purchased from Northern Lipids Inc (Vancouver, Canada) using 200 nm Whatman

track-etch membrane filters (Maidstone, United Kingdom).
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2.2.2 Methods

Fluorescence Recovery After Photobleaching

FRAP was performed on a home-built instrument including a Nikon Eclipse

TE2000-U microscope with an X-Cite Series 120 halogen light source. Bleaching

of the TR-DHPE lipid was accomplished with an Opto Engine LLC MGL-III-532

300 mW 532 nm laser with a PSU-III-FDA power source. Laser power was reduced

in the optical train to approximately 5 mW at the microscope stage. The sample

was exposed to the laser for approximately 2 seconds for the initial bleaching

event. The laser beam was fit to a Gaussian and the radius was found as the full

width at half maximum. The intensity of the bleached region was measure prior

to and after bleaching and corrected to a similar, unbleached region of the bilayer.

The region intensity was monitored until full recovery observed, as evident by the

leveling off of the region intensity. The bleached region intensity was normalized

to an unbleached region of the bilayer and the percent recovery at a given time

was calculated according to Equation 1.1. The percent fluorescence recovery as a

function of time was plotted and fit to an exponential rise to maximum according

to Equation 1.2 to extract the mobile fraction and the τ1/2 from Equation 1.3.

The time of half recovery was then used to calculate the translational diffusion

coefficient of the bilayer from Equaiton 1.4. The correctional term, γ, was taken

to be 0.88 for the TE2000-U microscope configuration.

Substrate Preparation

Borosilicate float glass cover slips were first cleaned in a 1:7 diluted solution of

7X detergent and 18.2 MΩ deionized water for 1.5 hours at 80 ◦C. Slides were then

rinsed with copious amounts of 18.2 MΩ water, soaked in 18.2 MΩ water for 1.5

hours at 80 ◦C, and dried under a stream of nitrogen until not water was visible,
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approximately 5 minutes. Substrate samples were further treated by annealing at

550 ◦C for 6 hours[56].

Lipid Vesicle Formation

Lipid vesicles were prepared by the freeze thaw extrusion method. Various

amounts of POPC and TR-DHPE corresponding to the desired mole ratio were

mixed in chloroform, and then dried under nitrogen. The dried lipids were placed

under vacuum for at least two hours to remove any residual chloroform. The lipid

films were then rehydrated in buffer solution (100 mM NaCl, 10 mM Tris) at pH 7.4

to a concentration of 1 mg/mL. The vial containing lipid solution was sonicated

for 10 minutes to ensure complete rehydration of the lipids. The lipids sponta-

neously form multilamellar vesicles of varying size upon rehydration. The lipid

solution was then put through 10 freeze thaw cycles by alternating liquid nitrogen

and warm water (approximately 70 ◦C). The lipids were then extruded through

a polycarbonate membrane with 200 nm pores[57]. The freeze thaw cycles and

extrusion create unilammelar vesicles of consistent size. Vesicle size was confirmed

by dynamic light scattering and the average vesicle size was approximately 130

nm.

Lipid Bilayer Formation

A PDMS well was placed atop the prepared borosilicate slide and 75 µL vesicle

solution was added into the well. The vesicles were allowed 20 min for fusion

to spontaneously occur. Excess lipids were then rinsed off with 18.2 MΩ water.

To create contrast for fluorescent imaging, a scratch was made to the bilayer by

gently running tweezers along the substrate after bilayer fusion. The bilayer was

subsequently rinsed with excess 18.2 MΩ water. For bilayers formed at elevated

temperature, the substrate and PDMS well were preheated and the temperature
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was maintained as the vesicle fusion occurred. Additionally for the bilayers formed

at elevated temperature, the sample was rinsed with warm 18.2 MΩ water prior to

and after the scratch was made. For samples heated throughout the experiment

or maintained at an elevated temperature, the PDMS well with the now formed

lipid bilayer was then sealed by capping the well with a cleaned glass cover slide.

Additional experiments were done wherein all rinsing steps were instead performed

with buffer containing 100 mM NaCl and 10 mM Tris at pH 7.4; however, no

difference was observed in experimental results.

Temperature Control

A hollow aluminum block with a circular hole in the center was connected to the

temperature-programmable circulator. The aluminum block was placed on top of

the sample, with the PDMS well inside the aluminum block’s hole. Additionally,

the hole in the aluminum block was covered to reduce temperature fluctuation.

A thermocouple was used to monitor the bilayer temperature by measuring the

substrate temperature on the side opposite to the bilayer. When the temperature

was changed, a minimum of 30 minutes was allowed for re-equilibration at the new

temperature.

2.3 Results and Discussion

Fluidity of the bilayer has been described through multiple models; the most widely

used model is the Saffman-Delbrück model[33]. The model describes the Brown-

ian diffusion of a cylindrical object within a viscous, three-dimensional plane of

thickness equal to the cylinder. Above and below the plane is a much less vis-

cous fluid. Both the plane itself and the surrounding fluid are assumed to have

no specific interactions with the embedded object. Applied to a lipid bilayer, the
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model predicts a temperature dependence of the diffusion coefficient, shown below

in Equation 2.1,

DSD =
kBT

4πµmh
· [ln(

µmh

µfar
)− γE] (2.1)

in which kB is the Boltzmann constant, T is the system temperature, µm is the

membrane viscosity, h is the membrane height, µf is the viscosity of the sur-

rounding fluid, water, ar is the radius of the object diffusing, and γE is the Euler-

Mascheroni constant, 0.577. To predict the impact of temperature on the diffusion,

a ratio of the TR-DHPE lipid’s diffusion coefficient in a POPC bilayer at high tem-

perature versus low temperature (DH

DL
) was analyzed. After an approximation for

the bilayer viscosity, the diffusion coefficient at 50 ◦C, DH , was calculated as 2.2

µm2s−1, approximately 1.5 times greater than the diffusion coefficient at 23 ◦C,

DL = 1.5 µm2s−1, shown as the blue inverted triangles in Figure 2.1.

Surprisingly, the Saffman-Delbrück model prediction is much lower than what

has now been observed for a typical supported lipid bilayer, for which DH was

approximately 4 times higher than DL for the same temperature range, shown as

black squares in Figure 2.1. The work herein suggests the model fails because

no term in the equation accounts for the difference in fluidity of the top, distal

water and the bottom, proximal water or for the possibility of bilayer-substrate

interactions. Additionally, the extended free volume model claims the Saffman-

Delbrück model fails because the lipid of interest is too small for the surrounding

lipids to be considered a continuous fluid[35].

To explore the possibility the phenomenon is dependent on bilayer formation

and defects, obtained diffusion coefficients at various temperatures were compared

for lipid bilayers formed at 23 ◦C to lipid bilayers formed at 37 ◦C. Interestingly, the
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diffusion of the bilayer and mobile fraction was found independent of the formation

temperature. As the formation temperature impacts the completion and presence

of defects in the lipid bilayer, the results imply the defect differences in lipid

bilayers formed 23 ◦C and 37 ◦C are not responsible for the observed temperature

dependence.

Work has been done to extend the free volume model to lipid systems and

manages to predict a larger change in diffusion with temperature than the Saffman-

Delbrück model[35]. The model utilizes a free volume required for one lipid to slip

past another lipid and takes the form of Equation 2.2,

DFV =
kBT

f
· exp[ −γFV a

∗

ao(β + αa(T − Tm))
] (2.2)

in which Tm is the phase transition temperature of the lipids in the membrane, γFV

is the overlap of free area between two lipids, a∗ is the critical free area surrounding

a molecule which will allow translocation, ao is the van der Waals area of the lipid,

aoβ is the free area at Tm, and αa is the lateral thermal expansion coefficient in

the liquid crystalline phase. The term f is the translational friction coefficient

and is considered in Vaz et al. to be f = fw + fm[35], or the sum of the friction

coefficients from the drag forces of the surrounding water (fw) and of the bilayer

midplane (fm). Using the approximations given by Vaz et al.[35], the green triangle

points in Figure 2.1 were obtained.

Although the extended free volume model gives a closer approximation than

the Saffman-Delbrück model, the extended free volume model predicted values

still fall short of the large temperature dependence of the experimentally obtained

data. To this end another frictional coefficient term was added to account for the



20

association of the bilayer with the surface, fs. Values for fs were determined as

fs =
1

1 + e(kBT )/x
(2.3)

in which x was first solved to fit the experimental data at 23 ◦C and had a value

of 2.7 × 10−22. It should be noted the frictional term, fs, simply suggests a high

viscosity, restrained region between the bilayer and the substrate; no atomic in-

dication is made as to the source of the restraint, be it from highly constrained

hydrogen bonded water, salt bridging, or direct interactions between the substrate

and lipid bilayer. Furthermore, the equation for fs is not based upon specific phys-

ical principles, but is rather purely phenomenological. Further work will need to

be done to derive an equation which is based on statistical mechanical arguments.

fs was then solved for across the experimental temperature range and had

the values shown in Figure 2.2.The values for fs show a decrease as temperature

increases, as expected. As the temperature increases, the interactions between

the bilayer and the substrate should break and result in a decrease of the overall

adhesion of the bilayer to the substrate, as reflected in a smaller value of fs.

Values from the extended free volume model were unaltered from Vaz et al.s

approximation[35]. fw was approximated by the Stokes relation, fw = 6πηwar,

utilizing the viscosity of bulk water, ηw; this viscosity was adjusted by fitting the

calculated diffusion coefficient to the experimental diffusion coefficient at 23 ◦C.

The value of ηw was then assumed to vary with temperature in accordance to the

change in bulk water viscosity. It should be noted the water around the lipid

heads should be considerably more restricted than bulk water, a factor accounted

for by fitting to the experimental diffusion coefficient at 23 ◦C. The breaking of the

water constraint near the lipid head groups is unlikely to be the same as breaking
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bulk water structure and therefore the change in water viscosity with temperature

would not be the same. Additionally, fm was assumed to be invariable across the

experimental range. For a fluid bilayer well above the melting phase transition,

this assumption is accurate for this temperature range. The addition of the third

frictional term results in a very good fit to the data, shown as the red circles in

Figure 2.1.

The interaction between the surface and the bilayer was further examined by

plotting ln(fs) versus 1/T , as shown in Figure 2.3. According to the Arrhenius

equation, the linear fit of this plot should have a slope equal to −Ea/R, wherein

Ea is the activation energy of the process. By the fit, the activation energy to

overcome this barrier is 38 kJ/mol, roughly the energy to break 2 liquid water hy-

drogen bonds[58]. This value is consistent with the bilayer coupled to the substrate

through a constrained water region.

The close fitting with a small change to the total friction exerted on the diffusing

lipid shows the consistencies within the free volume concept. By the model, the

movement of a lipid is dependent on the creation of a volume around the lipid

wherein the lipid is able to slip by another lipid. The parameters for this volume

remains unchanged in the modified model and confirms the lipids are behaving

as expected, with dependence on the free area of the lipids, the overlap of area,

and the bilayer thermal expansion. The modified model instead simply suggests

the method for calculating the lipid coupling to its environment is incorrect for a

supported system. Instead, the coupling to the substrate must also be accounted

for. The new model also suggests how the temperature affects this bilayer-substrate

coupling and provides an effective means to estimate lipid diffusion in a supported

lipid bilayer. Furthermore, the new model highlights the important role of bilayer-

substrate coupling in the diffusion of lipids.
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Figure 2.1. Typical Diffusion at Various Temperatures and the Predictions of Various
Models. Shown is the collected data of bilayer diffusion on annealed borosilicate (black
square), Saffman-Delbrück model predictions (blue inverted triangle), extended free vol-
ume model (green triangle), and the extended free-volume model modified to include
bilayer-substrate friction (red circle).
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Chapter 3
Modulation of the Bilayer-Substrate

Interactions

3.1 Introduction

Phospholipid membranes form a semipermiable protective barrier around cells to

help control cellular functions and conditions[59][60]. These lipid membranes are

extremely complicated, with different membrane components present in different

amounts depending on the cellular conditions and biological purposes[61][62]. As

cellular function is extremely complex and therefore difficult to study, biomimetic

model systems are often employed to focus a study on specific properties[63]. Two

common biomimetic systems are GUVs and SLBs. GUVs are free-floating spher-

ical bilayers, which are commonly used to study the flow of material across the

membrane[64][65]. SLBs are planar bilayers formed over a solid support with a

sub-nanometer layer of water between the bilayer and the support. SLBs are use-

ful for fluorescence experiments, especially for studying particle interactions with

the bilayer, sensing assays, and phase separation of lipid rafts[66][67][68]. Unfor-
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tunately, SLBs generally are not well suited for studying transmembrane protein

functions, as the proximal leaflet (bilayer leaflet closest to the support) is close

enough to the support such that the protein will denature as it comes in direct

contact with the substrate; hence, work has been done to separate the bilayer from

its underlying support[69][70].

An important attribute of lipid bilayers is fluidity as it allows for the function of

membrane and membrane bound component, including proteins[71]. The lipids in

a GUV are known to diffuse much more quickly than the lipids in an SLB[72]. The

most pronounced difference between a GUV and SLB is the presence of a support;

hence, the interactions between the substrate and lipid bilayer must be responsible

for the decreased lipid fluidity in an SLB. Interestingly, the diffusion of lipids in an

SLB is much closer to the lipid diffusion observed in actual cells[73][50]. A living

cell has multiple factors contributing to the decreased diffusion, namely a viscous

inner fluid, a supportive actin-based cytoskeleton, and the presence of many bilayer

components such as proteins, cholesterol, and associated materials, many of which

may be charged[74][75][76][77]. To explore the effects of these cellular components

on diffusion, a model POPC supported lipid bilayer was employed. The impact of

the substrate characteristics, the bilayer composition, and the solution conditions

on bilayer fluidity was elucidated by employing fluorescence microscopy.

3.2 Materials and Methods

3.2.1 Materials

Borosilicate glass microscope slides were purchased from Fisher Scientific (Hamp-

ton, NH). Fused quartz slides were purchased from Quartz Plus Inc. (Brookline,
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NH). Muscovite mica was purchased from Ted Pella Inc. (Redding, CA). Bovine

serum albumin fluorescently labeled with Alexa Fluor 488 (BSA) was purchased

from Life Technologies (Carlsbad, CA).

POPC, DOTAP, and POPA in chloroform as well as cholesterol powder were all

obtained from Avanti Polar Lipids, Inc. (Alabaster, AL). TR-DHPE was obtained

from Life Technologies (Grand Island, NY).

Sodium chloride salt was purchased from DOT Scientific Inc. (Burton, MI).

Calcium chloride salt was purchased from Sigma-Aldrich (St. Louis, MO). Tris

buffer salt was purchased from Calbiochem (San Diego, CA). PDMS was obtained

from Dow Corning (Midland, MI) as Sylgard, silicone elastomer-184. For temper-

ature control, a temperature-programmable circulator was obtained from VWR

International (Radnor, PA).

Lipid extrusion was performed with a 10 mL LIPEX Extruder purchased from

Northern Lipids Inc (Vancouver, Canada) using 200 nm Whatman track-etch mem-

brane filters (Maidstone, United Kingdom).

3.2.2 Methods

Fluorescence Recovery After Photobleaching

Fluorescent experiments were carried out on a custom-built Nikon Eclipse Ti

inverted fluorescent microscope equipped with a Hamamatsu C11440 CCD camera.

Sample was illuminated with 561 nm light generated by an Aura II 4-NII-FA LED

source. Sample bleaching was accomplished by a 561 nm laser generated by a Nikon

LU-N3 laser box and directed by a Bruker Miniscanner. A 30 µm diameter circle

was bleached by targeting each pixel for 30 µs with an approximately 5 mW 532 nm

laser. The laser would scan through the pixels, returning to the first after all pixels
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had been targeted, until a total time of 3 seconds was accomplished. Although

this does allow for some diffusion while the bilayer is bleached, the diffusion in

the bleached region is significantly slower than the bleaching time; additionally, a

line scan of the bleached region intensity revealed the region was evenly bleached

relative to the bilayer. The intensity of the bleached region was measure prior to

and after bleaching and corrected to a similar, unbleached region of the bilayer.

The spot intensity was monitored until full recovery observed, as evident by the

leveling off of the spot intensity. The bleached region intensity was normalized

to an unbleached region of the bilayer and the percent recovery at a given time

was calculated according to Equation 1.1. The percent fluorescence recovery as

a function of time was plotted and fit to an exponential rise to maximum, as

shown in Equation 1.2. The maximum is taken to represent the fraction of the

bilayer able to freely diffuse, or the mobile fraction. The fit is used to calculate

τ1/2 from Equation 1.3. t1/2 is then used to calculate the diffusion coefficient

from Equation 1.4. The correctional term, γ, was taken to be 1.0 for cylindrical-

bleaching Eclipse Ti microscope configuration.

Preparation of Annealed Borosilicate Float Glass

Borosilicate float glass cover slips were first cleaned in a 1:7 dilute solution of

7X detergent and 18.2 MΩ water for 1.5 hours at 80 ◦C. Slides were then rinsed

with copious amounts of 18.2 MΩ water and soaked in 18.2 MΩ water for 1.5 hours

at 80 C. The slides were then dried under a stream of nitrogen. Finally, samples

were treated by annealing at 550 ◦C for 6 hours[56]. Annealed borosilicate was

then ready for use.

Preparation of Non-Annealed Borosilicate Float Glass

Borosilicate float glass cover slips were first cleaned in a 1:7 dilute solution of
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7X detergent and 18.2 MΩ water for 1.5 hours at 80 ◦C. Slides were then rinsed

with copious amounts of 18.2 MΩ water and soaked in 18.2 MΩ water for 1.5 hours

at 80 C. The slides were dried under a stream of nitrogen. Non-annealed samples

were then ready for use.

Preparation of Fused Quartz

Fused quartz slides were first cleaned in a 1:7 solution of 7X detergent and 18.2

MΩ water for 1.5 hours at 80 ◦C. Slides were then rinsed with copious amounts

of 18.2 MΩ water and soaked in 18.2 MΩ water for 1.5 hours at 80 ◦C. and dried

under a stream of nitrogen. Quartz samples were further treated by heating at

550 ◦C for 6 hours. Note that 550 ◦C is well below the annealing temperature of

quartz; therefore, this heating only removed potential contaminants and did not

affect the surface topology.

Preparation of Mica

Immediately prior to use, mica was freshly cleaved to create a new, clean surface

for use. No further treatment was necessary

Preparation of Protein Passivated Annealed Borosilicate Glass

A PDMS well was first placed on a fresh annealed borosilicate float glass slide.

50 µL of a 0.1 mg/mL solution of BSA in buffer containing 100 mM NaCl and 10

mM Tris at pH 7.4 was added to the well and allowed to incubate for 20 minutes.

The surface was then rinsed with buffer. Vesicle solution was then mixed with the

now present solution for bilayer formation.

Lipid Vesicle Formation

Lipid vesicles were prepared by the freeze thaw extrusion method. Various

amounts of POPC, DOTAP, POPA, Cholesterol, and TR-DHPE corresponding to
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the desired mole ratio were mixed in chloroform then dried under nitrogen. The

dried lipids were placed under vacuum for at least two hours to remove any resid-

ual chloroform. The lipid films were then rehydrated in buffer solution (100 mM

NaCl, 10 mM Tris) at pH 7.4 to a concentration of 1 mg/mL. The vial containing

lipid solution was sonicated for 10 minutes to ensure rehydration of the lipids. The

lipids spontaneously form multilamellar vesicles of varying size upon rehydration.

The lipid solution was then put through 10 freeze thaw cycles by alternating the

vial between liquid nitrogen and a hot water bath. The lipids were then extruded

through a polycarbonate membrane with 200 nm pores[57]. The freeze thaw cycles

and extrusion create unilammelar vesicles of consistent size. Vesicle size was con-

firmed by dynamic light scattering and the average vesicle size was approximately

130 nm.

Lipid Bilayer Formation

A PDMS well was placed atop the prepared substrate and 75 µL vesicle solution

was added into the well. The vesicles were allowed 20 minutes for fusion to sponta-

neously occur. Excess lipids were then rinsed off with 18.2 MΩ water. To provide

contrast for fluorescence microscopy, a scratch made to the bilayer by gently run-

ning tweezers along the substrate and the bilayer was subsequently rinsed with

excess 18.2 MΩ water. For bilayers formed at elevated temperature, the substrate

and PDMS well were preheated and the temperature was maintained as the vesi-

cle fusion occurred. Additionally for the bilayers formed at elevated temperature,

the sample was rinsed with warm 18.2 MΩ water prior to and after the scratch

was made. For samples heated throughout the experiment or maintained at an

elevated temperature, the PDMS well with the now formed lipid bilayer was then

sealed by capping the well with a cleaned glass cover slide. Additional experiments
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were done wherein all rinsing steps were instead performed with buffer containing

100 mM NaCl and 10 mM Tris at pH 7.4; however, no difference was observed in

experimental results.

Temperature Control

A hollow aluminum block with a circular hole in the center was connected to

a temperature-programmable circulator (VWR). The aluminum block was placed

on top of the sample, with the PDMS well inside the aluminum block’s hole. Addi-

tionally, the hole in the aluminum block was covered to reduce temperature fluctu-

ation. A thermocouple was used to monitor the bilayer temeprature by measuring

the substrate temperature on the side opposite to the bilayer. When the temper-

ature was changed, a minimum of 30 minutes was allowed for re-equilibration at

the new temperature.

3.3 Results and Discussion

3.3.1 Impact of Substrate Topology on Lipid Bilayer Dif-

fusion

To explore the impact of the substrate on bilayer-substrate coupling, topograph-

ical and diffusion data were compared for substrates with different composition.

Chemically, the borosilicate and quartz glasses are similar since both contain silicon

dioxide as a primary component[78]. In addition to silicon dioxide, the borosili-

cate glass has additional ions, including boron, sodium, and aluminum. Unlike the

borosilicate glass, the quartz glass is formed from very high purity silicon dioxide

sand and is therefore assumed to contain few if any contaminants. Physically,

the borosilicate and quartz surfaces have vast differences, as differences in the
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preparation have created vastly different surface topologies, as seen in Figure 3.1.

Annealed borosilicate was observed to have a consistently flat surface with a 0.48

nm rms roughness. In contrast, quartz was observed to have a highly inconsis-

tent surface with a 9.26 nm rms roughness, almost 20 times higher than annealed

borosilicate.

In the case of the annealed borosilicate, the annealing process reduced the

number of defects by softening the borosilicate to allow for a reorganization of

the surface. As a result, the annealed borosilicate is essentially defect free and

very flat[56]. In the case of the fused quartz, prior cleaning and experimentation

have resulted in a rough surface with many large defects, as seen from the AFM

data. As the quartz is not heated to its annealing temperature, the surface retains

its roughness through the cleaning process. However, both the borosilicate and

quartz surfaces display large numbers of surface silanol groups and are therefore

chemically similar[79]. Mica is a naturally occurring mineral whose surface also

displays silanol groups, but like the annealed borosilicate, the mica also additional

atoms as part of its structure. Specifically, mica’s structure contains potassium

ions and aluminum as well as silicon and oxygen[80]. Physically, it is very similar

to the annealed borosilicate glass, as the borosilicate glass is very flat and smooth

from the annealing process and the freshly cleaved mica surface is characterized

atomically flat with disperse terraces averaging 0.6 nm in height[81]. In contrast to

these surfaces, the BSA surface is chemically unique as it is composed of denatured

protein, presenting a variety of amino acid groups which are able to interact with

the bilayer. Physically, it is rougher than either the annealed borosilicate or mica

surface, though not as rough as the quartz surface[82]. At the concentration used,

the denatured BSA is known to form in the mushroom regime[69].

We seek to understand how the substrate roughness and chemical groups affect
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the lipids of an SLB, particularly the lipids’ mobility. As the bilayer needs to be in

close proximity to the substrate for the van der Waals interactions to be effective,

increasing substrate roughness may disrupt some of the interactions and result in

a more quickly diffusing bilayer. The effect of the observed substrate topology

on bilayer diffusion was therefore explored by comparing the FRAP data for the

differing substrates. Shown in Figure 3.2 is the effect of temperature on bilayer

diffusion for four substrates, annealed borosilicate glass, quartz glass, mica, and

protein-passivated (BSA) glass.

As shown by the curves of diffusion at various temperatures, quartz and mica

display increased diffusion rates relative to the annealed borosilicate. In terms of

non-silanol groups present on the substrate surface, these three substrates could

be ordered as such: mica surface with many silanol, aluminum, and other mineral

groups; annealed borosilicate with primarily surface silanol groups present, though

an additional number of boron groups may also be present; and quartz glass with

only surface silanol groups present. This ordering does not match the observed

trend, as both high and low silanol concentration of quartz and mica surfaces

lead to increased diffusion relative to annealed borosilicate. As mentioned, the

quartz glass used herein was much rougher than the annealed borosilicate. The

increased roughness corresponds to a larger number of bilayer defects, which may

be partially responsible for the increased bilayer diffusion on quartz. The mica,

though smoother than the annealed borosilicate glass on the sheets, displays some

number of step edges. Similar to bilayer defects on the quartz surface, these step

edges may be responsible for the increased bilayer diffusion observed on the mica

surface.

The FRAP results for the mica also showed very large error bars, even with

many samples observed. It is plausible the large variance of the diffusion rate for
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mica was a result of the variance in the number of step edges present, not only from

one sample to the next, but also in the region bleached for the FRAP experiment.

These results suggest the bilayer-surface interactions are highly dependent on the

surface topology. The results do not, however, answer whether the diffusion is

dependent on the number of defects or the surface area in contact with the bilayer.

To explore the question of surface contact area, work was done with a rough,

protein passivated surface in which direct interacts at specific points were present.

Interestingly, the BSA surface shows a decrease in diffusion rate relative to the

annealed borosilicate. In fact, the bilayer remains relatively immobile until the

temperature of the system is increased well above room temperature to approx-

imately 30 ◦C. The highly hindered diffusion is surprising, since if the topology

were the driving consideration for bilayer-substrate interactions, one would expect

the rough BSA surface to have similar results to those of quartz glass and mica,

as discussed. The slowed bilayer diffusion suggests that the interactions between

the BSA amino acids and the bilayer are dominating, hence restricting the bilayer

diffusion almost entirely. It is known that mobile bilayers will not form on a BSA

surface if the concentration of BSA is above 0.3 mg/mL, as the vesicles will not rup-

ture if the BSA is in a brush configuration[69]. It could therefore be suggested that

the bilayer is relatively immobile on a BSA surface because the vesicles have not

ruptured to form the bilayer at lower temperature; as the temperature increases,

the vesicles rupture and the bilayer becomes mobile. However, this argument was

not found incorrect as it implies a BSA-supported bilayer heated to help vesicle

rupture then subsequently cooled below room temperature should then have a dif-

fusion rate closer to 1 µm2s−1. This was not the case, as the system could be

systematically heated and cooled without hysteresis in the FRAP results at each

temperature. Additionally, the diffusion rate was observed to increase gradually
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with temperature, not to jump; if vesicles were fusing, the sample should be rela-

tively immobile until a critical temperature wherein vesicles fused, at which point

the diffusion rate would jump to a more normal value. The results instead suggest

the highly hindered bilayer diffusion is a result of neither surface topology nor

unruptured vesicles, but instead a result of the type and strength of the chemical

interactions involved. As the temperature increases, the interactions, including the

tightly constrained interstitial water and amino acid-lipid head group interactions,

are broken, allowing the bilayer to diffuse more freely. The breaking of these in-

teractions would be gradual with temperature and reversible with temperature, as

was observed. This is an interesting result as it implies the bilayer-surface interac-

tion for a POPC bilayer on a BSA passivated substrate is dominated by chemical

interactions, not by surface structure or topology.

3.3.2 Impact of Bilayer Charge on Bilayer Diffusion

In addition to changing the substrate characteristics, the bilayer-substrate interac-

tion can be modulated by tuning the bilayer characteristics. To explore the impact

of the bilayer characteristics on the bilayer-substrate interactions, the diffusion of

lipids in bilayers of varying lipid compositions were observed. First, the impact

of the charge of the bilayer on bilayer-substrate interactions was investigated by

altering the molar concentration of charged lipids in a bilayer formed on annealed

borosilicate glass. Three compositions of bilayers are examined: a neutral bilayer

composed of 99.5/0.5 mole% POPC/TR-DHPE, a positively charged bilayer com-

posed of 10/89.5/0.5 mol% DOTAP/POPC/TR-DHPE, and a negatively charged

bilayer composed of 10/89.5/0.5 mol% POPA/POPC/TR-DHPE. All three bilayer

compositions were formed on annealed borosilicate. It should be noted all bilayers
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referred to in this section were formed with 10 mM Tris buffer at pH 7.4 with

100 mM NaCl. Attempts were made to form the bilayers at lower salt concentra-

tion; unfortunately, the vesicles containing 10 mol% of the negatively charged lipid

POPA would not fuse. Since the substrate carries a negative charge and POPA

contains a negatively charged phosphate group, the higher ionic strength was nec-

essary to screen the repulsive force for bilayer fusion to occur. The observed lipid

bilayer diffusion of differently charged bilayers on annealed borosilicate is shown

in Figure 3.3.

Based solely on the negative charge of the substrate, one would expect the

negative bilayer to be electrostatically repulsed from the substrate, pushing it

away and enhancing observed diffusion relative to a neutral bilayer; likewise, one

would expect a positively charged bilayer to be electrostatically attracted to the

substrate, bringing it closer and hindering diffusion relative to a neutral bilayer.

Surprisingly, all three bilayers look similar both in the diffusion coefficients at room

temperature as well as in impact on diffusion from temperature. This finding is

contrary to expectations and suggests the interaction may not be solely resultant

from the negative silanol groups coupling with the membrane. All SLBs were

formed in ionic solutions and after bilayer fusion, some amount of salt remained

in the interstitial water region, trapped between the bilayer and the substrate.

The similarity of the three bilayers could therefore be a result of interstitial ions

interacting with the bilayers.

The similarity of bilayer diffusion coefficients at various temperatures suggests

the negatively charged bilayer containing POPA acts very similarly to the neutral

POPC bilayer in terms of the interactions between the bilayer and the substrate.

Additionally, both interactions have similar response to increasing temperature.

The similarity between the POPC and POPA bilayers is likely a result of the
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negative ζ potential of POPC bilayers[83]. Additionally, the dye used to visualize

under fluorescent microscopy, TR-DHPE, carries a negative charge. Though the

dye is only present at 0.5 mol%, the dye furthers the apparent negative charge of

the bilayer.

As was suggested by changing the substrate identity, the interactions between

the substrate and bilayer are more likely dependent on the surface structure than

the identity, which implies the interaction is dominated by non-specific interactions.

Hence, changing the charge of the bilayer to modulate electrostatic attraction or

repulsion between the substrate and bilayer does not create a large difference in

lipid diffusion at most temperatures. In the case of the POPC and 10 mol%

POPA bilayers, the salt screens the electrostatic repulsion between the substrate

and bilayer when vesicle fusion occurs, leaving some amount of salt present between

the substrate and the bilayer. The results show this residual salt must mediate the

interaction of the bilayer and substrate, screening the electrostatic repulsion and

encouraging bilayer coupling.

Relative to the neutral POPC and negative POPA bilayers, a larger increase

in diffusion with increasing temperature was observed for the positively charged

DOTAP bilayer, though the DOTAP bilayer’s diffusion coefficients also showed a

much larger variance at elevated temperature. The larger change in the DOTAP

containing bilayer diffusion with temperature suggest the interactions coupling it

to the substrate are more temperature sensitive than those present between the

substrate and a POPC or POPA containing bilayer. As stated above, a bilayer

containing positive lipids is expected to interact more directly with the negatively

charged substrate without the intervention of the salt. The direct bridging be-

tween a bilayer lipid and a substrate silanol would be expected to decrease the

overall lipid diffusion. The diffusion of the DOTAP containing bilayer is instead
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observed to either be approximately the same as that of the POPC and POPA

bilayers or faster. The data suggests either interactions between a lipid bilayer

and annealed borosilicate are dominated by non-specific interactions rather than

by charge interactions, or the salt reduces the impact of the substrate charge on

the bilayer coupling. However, the greater response of the interaction to increasing

temperature for a DOTAP containing bilayer reveals there must be a difference

between the interaction of a DOTAP containing bilayer and the interaction of a

POPA or POPC containing bilayer.

3.3.3 Impact of Cholesterol on Bilayer Diffusion

To explore the impact of the flexibility of the bilayer and interaction points between

the bilayer and substrate, cholesterol was added to POPC vesicles and bilayers were

formed on both annealed borosilicate and BSA passivated glass. Cholesterol in a

bilayer is known to change the bending elastic modulus of the bilayer by helping

to fill in gaps in the tail region[84]. This change can decrease the diffusion of

the lipids[85], as there is now a smaller free volume through which the lipids are

able to slide by one other, thus decreasing the probability of such an event[86][87].

Additionally, the cholesterol stiffens the bilayer, increasing the difficulty for the

bilayer to bend and follow the curvature and defects of a substrate. For a rough

surface, the inability to follow the substrate would result in fewer points of interac-

tion with the substrate, resulting in a competing effect and potentially increasing

the observed diffusion. As seen for the annealed borosilicate glass, the lipid dif-

fusion was slowed relative to the POPC bilayer. Because annealed borosilicate is

relatively flat form the annealing process, the addition of cholesterol to the bilayer

will decrease the lipid free volume but will have very little effect on the number
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of contacts between the planar substrate and an already planar bilayer. As such,

the decrease in observed lipid mobility with the addition of cholesterol was not

surprising.

For the BSA-passivated surface, the interaction is not determined by surface

roughness, as discussed. However, the surface is intrinsically much rougher than

the bilayer formed on annealed borosilicate and the bilayer must conform to the

substrate topology to form the lipid-amino acid interactions. When cholesterol is

added and the bilayer can no longer conform, the total substrate-bilayer interac-

tions are weakened. However, the decrease in free volume has a competing effect,

as shown in Figure 3.4.

The change in free volume has a dominating effect on the bilayer diffusion com-

pared to the overall substrate-bilayer interaction. Hence, the diffusion coefficient

is observed to decrease as a function of cholesterol content. To further explore

the decrease in diffusion with the addition of cholesterol, the data were fit to an

exponential decay and the decay rates were extracted. The decay rates for the

bilayers formed on annealed borosilicate and on BSA passivated glass were 8.54

and 10.85 mol%−1, respectively. The larger decay rate for the bilayer formed on

a BSA passivated surface implies the bilayer is not as susceptible to changes in

the cholesterol content as a bilayer formed on annealed borosilicate, though the

data clearly show bilayers formed on both substrates are dominated by a slowing

effect from the addition of cholesterol. The result suggests either the BSA some-

how prevents the cholesterol from staying in the lipid bilayer, or a second effect is

increasing lipid mobility.

As both bilayers were formed with identical compositions, the decrease in free

volume with increasing cholesterol content should be the same. If only the free

volume of the lipids were changing, the two bilayers would have the same decay
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constant. As discussed, increasing the cholesterol composition also changes how

the bilayer can morph to follow the shape of the substrate. The larger decay rate

for the bilayer formed on BSA passivated glass suggests as well as decreasing the

lipid free volume, the addition of cholesterol is changing a second aspect of the

bilayer. Interestingly, this second aspect seems to result in an increased diffusion.

As the cholesterol is known to affect the bending elastic modulus[88], it is possible

the bilayer is stiffened such that the total amount of surface area in contact with

the rough BSA surface is decreased. This effect would decrease the number of

interactions between the BSA amino acids and the lipid head groups, resulting

in a faster diffusing bilayer. Taken together, the data suggest the addition of

cholesterol has a net slowing effect on bilayer diffusion, but bilayers formed on a

BSA passivated substrate have a competing, quickening effect from a decrease in

bilayer flexibility and number of surface contact points.

The work herein provides a method by which bilayer attributes may be modu-

lated to achieve a desired condition. The data show the modulation of interaction

is not highly dependent on bilayer charge up to 10 mol% charged lipid content.

However, the change in bilayer-substrate interaction is shown to change more dras-

tically with temperature for a positively charged bilayer than for a neutral or neg-

atively charged bilayer. The addition of cholesterol is observed to slow the bilayer

diffusion, an expected result due to the decrease in free volume in the lipid tails.

Interestingly, cholesterol’s effect on the bending modulus created a competing ef-

fect on a BSA passivated substrate. The decrease in the bilayer’s ability to bend

to the substrate topology reduced the amount of interaction with the substrate, as

evident by the larger decay rate for a bilayer formed on the rough BSA compared

to a bilayer formed on the flat annealed borosilicate.
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3.3.4 Combined Salt-Substrate Impact on Bilayer

Diffusion

Preparation of annealed borosilicate glass prior to use included a cleaning bath of

diluted 7X detergent and annealing at 550 ◦C for 6 hours. The cleaning bath helped

remove any residue, coatings, or other material on the glass surface. The annealing

process had two purposes: further cleaning by burning off any organics remaining

after the bath and annealing to flatten the glass and remove any defects. During the

annealing process, surface silanol groups break from the substrate; upon cooling,

new silanol groups are formed, though not necessarily in the same positions or as

frequently[89]. The annealing process helps to standardize the amount of surface

silanol groups, and combined with the other effects, helps create uniform glass for

experiments.

To test the effect annealing has on the substrate and bilayer subsequently

formed on the substrate, different batches of glass were cleaned in identical manner

to the annealed borosilicate except the batches were not subjected to the annealing

and were instead used directly after drying with nitrogen. The diffusion of bilayers

formed on such surfaces varied depending on production batch, and the bilayers

showed either normal diffusion, or in some cases, extremely hindered diffusion.

Interestingly, this result is in conflict with Seu et al. who found bilayers formed

on non-annealed samples to diffuse more quickly[90]. This work highlights the

need for substrate standardization as batch variability can lead to vastly different

bilayer formation. Figure 3.5 highlights the differences observable, as one batch

of non-annealed borosilicate gave very hindered bilayer diffusion compared to the

annealed borosilicate.

It should be noted that the modified free volume outlined in Chapter 2 was
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also applied to the non-annealed borosilicate diffusion curve, as seen in Figure 3.6.

Interestingly, the model was well able to predict the effect of temperature on lipid

diffusion until the large increase in diffusion at 50 ◦C. The fit suggests up to 40 ◦C,

the substrate-bilayer interactions change as expected with temperature. Between

40 and 50 ◦C, however, the substrate-bilayer interaction changes far more drasti-

cally, suggesting the breaking of some interaction. The bilayer is known to interact

with surfaces through van der Waals forces[91]; the large change is explainable by

a strong, second, temperature dependent interaction present between the bilayer

and substrate. An Arrhenius plot was also made for the fs calculated for this

system. The fit suggested the activation energy to overcome the bilayer-substrate

coupling was 33 kJ/mol. This energy is again consistent with the bilayer coupled

to the substrate through a constrained water region, though the value is less than

the energy calculated for annealed borosilicate.

Both glasses had bilayers formed with the same lipid composition and solution

conditions, and the only notable difference in the preparation was the lack of an

annealing step. One might argue the low diffusion values suggest the lipid vesicles

have either incompletely or failed to fuse. However, this cannot be the case as

upon heating, the bilayer increases in diffusion rate and reaches more expected

values, albeit still slow for the experimental temperature. Additionally, the bilayer

returns to abnormally low diffusion values upon cooling to lower temperatures,

which shows the bilayer was fused prior to heating.

Interestingly, the extremely hindered diffusion was found dependent on the

ionic strength of the buffer solution upon bilayer formation. That is to say the

heavily hindered diffusion was observed below a given ionic strength. Formed

above that critical ionic strength, the bilayer diffused as normal with no change

in diffusion with additional salt. Additionally, the critical ionic strength varied
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with substrate batch. As observed experimentally with 99.5/0.5 mol% POPC/TR-

DHPE bilayers, some non-annealed borosilicate allowed the formation of a normal

diffusing bilayer, even with no NaCl added to the buffer. Another batch required at

least 25 mM NaCl before normal-diffusing bilayers were observed. A third batch,

shown in Figure 3.5, formed a slow-diffusing bilayer even after the addition of 100

mM NaCl. A high concentration of salt (>1 M NaCl) is known to impact bilayer

properties, including bilayer height and fluidity; however, at the relatively low ionic

strength used herein, these direct interactions between the bilayer and salt are not

expected[92]. Therefore, ions in the proximal water later must have a crucial role

in bilayer diffusion on non-annealed borosilicate.

It is well known that the presence of ions in solution aid in the formation

of the lipid bilayer[93]. As the negative potential vesicle comes in contact with

the negatively charged substrate, electrostatic repulsion can hinder the interac-

tion. Monovalent cations, such as sodium, can screen the charge repulsion; di-

valent cations, such as calcium, can bridge the two surfaces and aid in bilayer

formation[94]. After bilayer formation, some salt must remain in the interfacial

region between the bilayer and substrate and form interactions with both the bi-

layer and substrate[95], though little work has probed this salt directly. This work

suggests the salt trapped in the interstitial water region plays a critical role in the

normal diffusion of a supported bilayer. In addition to silicon dioxide and surface

silanol groups, borosilicate glass has other atoms embedded in the structure and

present on the surface, including boron, sodium, and aluminum; the amount of

ions present on the surface must vary from one batch of glass to another. It is

most logical to conclude the difference in required ionic strength arises from the

difference in ions and non-silica based groups already present at the surface. These

surface ions must be critical for bilayer diffusion; if a hypothetical bilayer has too
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few ions present or available on its surface, a higher ionic strength must be required

to trap more ions in the interstitial region between the lipid bilayer and surface

and thus allow for normal diffusion.

As shown, the work herein indicates bilayer diffusion is dependent on ionic

strength. While the importance of ionic strength on bilayer fusion is well doc-

umented, little evidence has shown ionic strength to impact the bilayer after

formation[96]. This work challenges that assumption and shows a supported lipid

bilayer requires a critical presence of ions for bilayers to diffuse normally. As an

additional control, the identity of the salt was changed from NaCl to CaCl2 for

a POPC bilayer formed on annealed borosilicate, keeping the total ionic strength

constant. Interestingly, the bilayer is found to diffuse independent of the salt iden-

tity. This finding suggests the interstitial and embedded non-silanol groups are

not bridging between the bilayer and the substrate, as calcium would be expected

to bridge much differently than sodium. Instead, the ions and groups are mediat-

ing the interaction in another way, possibly by creating a hydration shell barrier

between the two surfaces. Unfortunately, such a barrier is very difficult to probe

directly, as the number of molecules involved in such an interaction would be very

small and would provide very little signal experimentally. Still, the work herein

suggests a new way of considering the critical role of salt in mediating bilayer-

substrate interactions.
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(a)	 (b)	

Surface	 Annealed	Glass	 Non-Annealed	Quartz	

Roughness	(Rms;	nm)	 0.48	 9.26	

Diffusion	23°C	(μm2/s)	 1.45	±	0.07	 3.0	±	0.4	

Diffusion	40°C	(μm2/s)	 4.2	±	0.3	 5.8	±	0.5	

(c)	 (d)	

Figure 3.1. Atomic Force Microscope Results for Substrates. The substrates examined
were (a) annealed borosilicate float glass] and (b) fused quartz. Shown below the AFM
images are the (c) line scan for the annealed borosilicate surface and (d) the line scan
for quartz surface. Root-mean-square roughness as well as diffusion at 23 ◦C and 40 ◦C
are also provide in the included table.
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Figure 3.2. Temperature Dependent Diffusion of Bilayers Formed on Various Sub-
strates. All bilayers were composed of 99.5 mol% POPC and 0.5 mol% TR-DHPE. Data
is shown for bilayers formed on fused quartz (black square), mica (red circle), annealed
borosilicate (green triangle), and protein-passivated surfaces (inverted blue triangle
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Figure 3.3. Diffusion-Temeperature Relationship for Charged Bilayers. For all bilay-
ers, composition was 0.5mol% TR-DHPE, the desired amount of charged lipid, and the
remaining mol% POPC. The three bilayers compared are as follows: a 10 mol% DOTAP
bilayer (green triangle, positive charge), a strictly POPC bilayer with fluorescent dye
(red circle, neutral charge), and a 10 mol% POPA bilaer (black square, negative charge)
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Figure 3.4. Impact of Cholesterol on Lipid Bilayer Diffusion. Shown are results for a
POPC bilayer with 0.5 mol% TR-DHPE with varying amounts of cholesterol. Bilayers
were formed on either annealed borosilicate glass (black) or protein-passivated glass
(red).
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Figure 3.5. Effect of Annealing on Bilayer Diffusion. Shown are bilayers composed of
99.5 mol% POPC and 0.5 mol% TR-DHPE formed on either annealed borosilicate glass
(black squares) or non-annealed borosilicate glass (red circles).
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Figure 3.6. Non-Annealed FRAP Data Fit to a Modified Free Volume Model. Data for
a 99.5/0.5 mol% POPC/TR-DHPE bilayer formed on non-annealed borosilicate glass
(black square). The modified free volume model developed herein was applied to the
data and the resultant predictions are shown (red circle).



Chapter 4
Aggregation of Lipid-Conjugated

Dyes in Supported Lipid Bilayers

4.1 Introduction

Lipid bilayers form a protective barrier around cells to control the flow of nutri-

ents and harmful materials as well to maintain gradients inside and outside of the

cell[97]. These barriers are composed of many different types of lipids with a va-

riety of characteristics, allowing the lipids to provide various functions including

binding sites and maintaining membrane protein function[98][99][100][101]. Mod-

ulation of these lipids has also been explored to improve medical treatments, often

through the disruption of bilayer functions, including ion permeability and bi-

layer fluidity[102][103][104][105]. Additionally, changes to the lipid environment,

including temperature, have been shown to have an effect on the lipids and the

bilayer[106][107][108]. To study properties of the membrane and its components,

fluorescent dyes are often used to mark and track membrane bound proteins, pep-

tides, and lipids, allowing for the direct visualization of the membrane through
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fluorescence microscopy[109][110][111][112][113].

Because of its high quantum yield and stability, TR-DHPE is commonly used as

a lipid conjugated dye. A Web of Science search of Texas Red shows 2,184 sources

cite Texas Red as of May 2019. TR-DHPE belongs to the large class of dyes rho-

damine, which includes rhodamine B and tetramethylrhodamine. Each dye has

19,267 and 1,308 citing references respectively as of May 2019. Some work has

shown the presence of these dye-conjugated lipids can have an effect on the bilayer

properties, including a broadening of the lipid phase transition[21][114]. However

in many experiments, the effect of dye molecules, including TR-DHPE, is generally

taken to be small or neglected. Additionally, the dye is assumed to not interact

with other dye molecules because of the low molar concentration of dye used exper-

imentally and the lack of observable self-quenching. When two dyes interact or are

in close proximity to one another, studies have shown a resultant shift in the excita-

tion and emission spectra of the dye, resulting of self-quenching of the signal[115].

TR-DHPE does not show significant self-quenching until above approximately 2

mol%, well above the concentrations used for most experiments[116]. As such,

TR-DHPE has been assumed to be non-aggregated at experimental conditions.

Herein, we utilize a custom fluorescence microscope system to observe sup-

ported lipid bilayers at very low dye concentration. We note the presence of mobile,

fluorescent bright spots in the bilayer and conclude the spots are dye aggregates

based on bleaching events and diffusion. We further use the existence of aggregated

dye to explain changes to the shape of the FRAP recovery curve with temperature.



53

4.2 Materials and Methods

4.2.1 Materials

Borosilicate glass microscope slides were purchased from Fisher Scientific (Hamp-

ton, NH). Sodium chloride salt was purchased from DOT Scientific Inc. (Burton,

MI). Tris buffer salt was purchased from Calbiochem (San Diego, CA). PDMS

was obtained from Dow Corning (Midland, MI) as Sylgard, silicone elastomer-184.

A temperature-programmable circulator was obtained from VWR International

(Radnor, PA).

POPC was purchased in chloroform from Avanti Polar Lipids, Inc. (Alabaster,

AL). The lipid conjugated dye TR-DHPE in chloroform was obtained from Life

Technologies (Grand Island, NY). The lipid conjugated dye 1-oleoyl-2-12-[(7-nitro-

2-1,3-benzoxadiazol-4-yl) amino] dodecanoyl -sn- glycero -3- phosphoethanolamine

(NBD-PE) in chloroform was purchased from Avanti Polar Lipids, inc. (Alabaster,

AL). Atto 680 conjugated DOPE in chloroform was purchased from Atto Tec

(Aalen, Germany).

Lipid extrusion was performed with a 10 mL LIPEX Extruder purchased from

Northern Lipids Inc (Vancouver, Canada) using 200 nm Whatman track-etch mem-

brane filters (Maidstone, United Kingdom).

4.2.2 Methods

Substrate Preparation

Borosilicate float glass cover slips were first cleaned in a 1:7 solution of 7X

detergent and 18.2 MΩ water for 1.5 hours at 80 ◦C. Slides were then rinsed with

copious amounts of 18.2 MΩ water and subsequently soaked in 18.2 MΩ water for
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1.5 hours at 80 ◦C. Samples were again rinsed with 18.2 MΩ water and dried under

a stream of nitrogen until all water was observed to have evaporated. Samples were

further treated by annealing at 550 ◦C for 6 hours[56].

Lipid Vesicle Formation

Lipid vesicles were prepared by the freeze thaw extrusion method. POPC and

TR-DHPE at 99.999/0.001 mol% respectively were mixed in chloroform then dried

under nitrogen. The dried lipids were placed under vacuum for at least 2 hours

to remove any residual chloroform. The lipid films were then rehydrated in buffer

solution (100 mM NaCl, 10 mM Tris) at pH 7.4 to a lipid concentration of 1

mg/mL. The vial containing lipid solution was sonicated for 10 minutes to ensure

rehydration of the lipids. The lipids spontaneously form multilamellar vesicles of

varying size upon rehydration. The lipid solution was then put through 10 freeze

thaw cycles by alternating liquid nitrogen and 80 ◦C water. The lipids were then

extruded through a polycarbonate membrane with 200 nm pores[57]. The freeze

thaw cycles and extrusion create unilammelar vesicles of consistent size. Vesicle

size was confirmed by dynamic light scattering and the average vesicle size was

approximately 130 nm.

Lipid Bilayer Formation

A PDMS well was placed atop the prepared substrate and 75 µL vesicle solu-

tion was added into the well. The vesicles were allowed 20 minutes for fusion to

spontaneously occur. Excess lipids were then rinsed off with 18.2 MΩ water. A

scratch made to the bilayer by gently running tweezers along the substrate and the

bilayer was subsequently rinsed with excess 18.2 MΩ water. For bilayers formed

at elevated temperature, the substrate and PDMS well were preheated and the

temperature was maintained as the vesicle fusion occurred. Additionally for the



55

bilayers formed at elevated temperature, the sample was rinsed with the corre-

sponding temperature 18.2 MΩ water prior to and after the scratch was made. For

samples heated throughout the experiment or maintained at an elevated tempera-

ture, the PDMS well with the now formed lipid bilayer was then sealed by capping

the well with a cleaned glass cover slide. Additional experiments were done wherein

all rinsing steps were instead performed with buffer containing 100 mM NaCl and

10 mM Tris at pH 7.4; however, no difference was observed in experimental results.

Temperature Control

A hollow aluminum block with a circular hole in the center was connected to a

temperature-programmable circulator (VWR). The aluminum block was placed on

top of the sample, with the PDMS well inside the aluminum block’s hole. Addition-

ally, the hole in the aluminum block was covered to reduce temperature fluctuation.

A thermocouple was used to monitor the bilayer temperature by measuring the

substrate temperature on the side opposite to the bilayer. When the temperature

was changed, a minimum of 30 minutes was allowed for re-equilibration at the new

temperature.

Fluorescence Experiments

Fluorescent experiments were carried out on a Nikon Eclipse Ti inverted fluo-

rescent microscope equipped with a 10X objective and a Hamamatsu C11440 CCD

camera. The sample was illuminated with 561 nm light generated by an Aura II

4-NII-FA LED source. Sample bleaching was accomplished by a 561 nm laser

generated by a Nikon LU-N3 laser box and directed by a Bruker Miniscanner.

Trajectory Analysis and Bleaching of Bright Spots

To record the bright spot trajectory, a 3 second video at 20 frames per second

was captured. The trajectory analysis was carried out by the FIJI plugin Mosaic
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Suite. To bleach the observed bright spots, a target circle roughly 30 µm in

diameter was drawn and placed in the trajectory region of the mobile bright spot.

A line scan was then taken across the bright spot and the peak intensity was

recorded. The region was then bleached by a single pass hitting each pixel with

a 5 mW 561 nm laser at a 100 µs dwell time. The peak intensity of the spot

was then remeasured by line scan. The peak intensity measurement and bleaching

event were alternated until the spot reached background fluorescence intensity.

Fluorescence Recovery After Photobleaching

A 30 µm diameter circle was bleached by targeting each pixel for 30 µs with

an approximately 5 mW 532 nm laser. The laser would scan through the pixels,

returning to the first after all pixels had been targeted, for a total of 3 seconds.

Because both the time on each pixel and total bleaching time were small, the

bilayer was taken to be evenly bleached in the bleaching area. This assumption

was confirmed by a uniform, cylindrical bleaching profile as observed by a line scan

of the bleaching area. The intensity of the bleached region was measured prior to

and after bleaching and corrected to a similar, unbleached region of the bilayer.

The spot intensity was monitored until full recovery was observed, as evident by

the leveling off of the spot intensity. The bleached region intensity was normalized

to an unbleached region of the bilayer and the percent recovery at a given time

was calculated according to Equation 1.1. The fluorescence recovery as a function

of time was plotted and fitted in one of two ways, either a single or a double

exponential. For a single exponential fit, the data were fit to an exponential rise to

maximum, as shown in Equation 1.2. The maximum at which the recovery leveled

off is taken to represent the mobile fraction. For a double exponential fit, the data

were fit according to Equation 4.1
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F (t) = a(1− e−bt) + c(1− e−dt) (4.1)

in which a second exponential component is added. The two terms a and c now

represent the weights of two populations; the combination of a and c represents

the mobile fraction of the sample. The exponential terms b and d are related to

the τ1/2 for each population according to Equation 1.3. τ1/2 was in turn used to

calculate two diffusion coefficients by utilizing Equation 1.4 for each population.

In Equation 1.4, γ, the term enveloping the laser beam shape and intensity, was

taken to be 1 due to its cylindrical bleach profile.

4.3 Results and Discussion

4.3.1 Dye Aggregation

At near-single molecule concentrations of dye, spots roughly four times the inten-

sity of background fluorescence were observed. Interestingly, many of the spots

were observed to be mobile. The number of bleaching laser pulses required to re-

duce intensity to background levels was recorded for each mobile fluorescent spot

observed. Additionally, the diffusion coefficient was calculated for each spot; the

correlation of the two parameters is shown in Figure 4.1.

As seen in the figure, the larger the number of bleaching events, the slower

the diffusion coefficient. As multiple bleaching events imply multiple fluorescent

molecules, it can be assumed the particles are dye aggregates. According to the

Einstein-Stokes relationship, particle size and diffusion coefficient should be in-

versely proportional, a trend observed in the Figure 4.1. It should be noted all
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bleached particles are assumed to be aggregates. The system contains a distri-

bution of aggregate sizes; therefore, it is assumed there are also individual, non-

aggregated fluorescent probes as well. These were not observed on the FRAP mi-

croscope setup, likely a result of low intensity relative to the aggregates. However,

samples were view under 100x on a more sensitive microscope and a large num-

ber of previously undetected fast-diffusing molecules were observed. This agrees

with the assumption smaller aggregates and non-aggregates were present but not

observable by the FRAP microscope setup.

According to the Einstein-Stokes relationship, the relationship between dif-

fusion coefficient and analyte radius should follow D ∝ −ln(a). Although the

number of bleaching events is not precisely the radius of the aggregate, the data

fits well to the trend. It stands to reason that the more bleaching events needed to

bleach a spot would depend on the number of dye molecules present in the spot.

As such, the more dye molecules present, the larger the assumed particle radius

must be. This fit is further evidence the observed bright spots are aggregates, as

a larger aggregate would have a larger radius in the membrane.

Some of the spots measured required only a single laser pulse to bleach to

background intensity. Unfortunately, these points were difficult to track because

they were moving quickly; as the particle would move across multiple pixels in

a single exposure, the intensity was often spread across multiple pixels and the

intensity would invariably fluctuate. The software used to track the particles and

calculate diffusion coefficient would occasionally have frames where the particle

was considered to have vanished. Constraints applied to continue tracking caused

the diffusion values to have large error. As a result, the error bars for the spots

requiring a single bleaching event are large.

There is also some ambiguity for the very slow diffusing particles requiring
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more than 20 laser pulses to reach background intensity. The diffusion coefficients

were near zero and the lack of movement makes it difficult to distinguish between

very large aggregates and adsorbed, un-ruptured vesicles attached to the bilayer.

It is assumed there is a mixture of very large aggregates and un-ruptured vesi-

cles, though the trend remains unchanged with the inclusion of these questionable

points.

A noteworthy characteristic of Texas Red is its ability to self quench. At

high concentrations, the emission energy following photon absorption of one dye

molecule can be absorbed by another dye molecule in very close proximity and

lead to a non-radiative relaxation of the dye molecule. This effect is generally only

seen when the dyes are forced into close proximity by high mole percent of the dye

in the membrane[116]. If aggregates have indeed been observed in this system, the

question as to why they are not self-quenching must inevitably follow. Some of the

spots have displayed a notable increase in intensity following the initial bleaching

event. It is plausible the dye molecules are quenching and once the initial bleaching

event turns off some of the dyes, the dye molecules paired to a bleached dye now

contribute to an overall increase in fluorescent intensity. Another possibility is of

a lipid-mediated aggregation. Simulation data has suggested the dipoles of Texas

Red and a PC head group can interact and form a relatively stable interaction[117].

This interaction may be further induced by the aforementioned mismatch between

the large xanthene ring of TR-DHPE embedding into the predominantly POPC

bilayer. The presence of these additional POPC lipids may help provide enough

spacing to prevent the Texas Red from self-quenching.
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4.3.2 Aggregate Size Influenced by Heating the Bilayer

Samples were then heated and the number of bleaching events required to com-

pletely bleach a particle was recorded and compared to the samples prior to heat-

ing, as shown in Figure 4.2. As observed, an increase in temperature decreases the

distribution of bleaching steps required to reduce the bright spots to background

intensity. This result is consistent with the claim the bright spots are aggregates,

not simply non-ruptured vesicles.

If the particles are indeed aggregates, higher temperature should decrease the

likelihood any two dye molecules will stick together; hence, aggregates should

decrease as temperature increases. The result shows exactly the expected result

for aggregates; that is, the aggregates have less fluorescent molecules at higher

temperature and go through less intensity drops to reach background intensity.

Additionally, the approximate number of spots observed at higher temperature

was less than those observed at lower temperature, also suggesting the aggregates

are smaller and less prevalent at high temperature.

4.3.3 Dependence of Dye Aggregation on Sample Prepa-

ration and Dye Characteristic

Additional preparation techniques were used to test if the observed aggregates were

an artifact of sample preparation. In addition to the method involving serial di-

lution of known concentration of fluorescent probes, a contamination method and

a tip sonication method were used. For the contamination method, vesicles con-

taining no fluorescent dye (100 mol% POPC) were extruded through a membrane

which had been previously used to extrude vesicles containing 99.5 mol% POPC

and 0.5 mol% TR-DHPE. For the tip sonication method, vesicles prepared by serial
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dilution of TR-DHPE were sonicated by a tip sonicator rather than a bath sonica-

tor. Interestingly, none of the techniques increased or decreased the prevalence of

observed spots. Additionally, the same aggregation properties were observed for

all samples, indicating the aggregation is not a result of sample preparation but

rather a characteristic of the fluorescent dye.

Other dyes were also used to confirm if this phenomenon was isolated to just

TR-DHPE, to only xanthene based dyes, or ubiquitous for all dyes. To this end

NBD-PE and Atto 680, whose structure is proprietary, were examined using the

same procedure as used for TR-DHPE. All dyes used in this work showed mobile

spots, though the amount and intensity of observed spots varied for each dye. This

result is taken to indicate the aggregation is a general phenomenon of fluorescent

dyes, possibly related to lipid mismatch[118].

4.3.4 Relating Aggregates to FRAP Data

FRAP data can be fit to an exponential growth function to retrieve information

about the mobility of the lipids, particularly the diffusion coefficient and the mobile

fraction, as shown through Equation 1.2. The recovery curve is often fit to a single

exponential, as this provides a general description of the bilayer. However, the

data clearly is not fully described by the single exponential, as seen in Figure 4.3.

A double exponential matches the observed data well with much lower residuals

than the single exponential fit. The double exponential fit suggests the presence

of at least two diffusing populations present in the bilayer, though an even larger

number of populations could be fit to the data. Based on the data shown previously,

a bilayer has a distribution of aggregate sizes and therefore fits in theory to an

exponential of an order matching the number of aggregate sizes. However, the
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noise level of current FRAP techniques does not allow one to differentiate the

higher order fits. In fact, even a third order fit does not greatly reduce the number

of residuals relative to a second order fit. Therefore, the double exponential fit is

considered sufficient for this technique. The slow diffusing population is considered

representative of large, slow diffusing aggregates while the fast diffusing population

is considered representative of the non-aggregated dye and small aggregates. As

seen in Figure 4.4, the temperature of the system has a significant effect on the

shape of the recovery curve.

At low temperature, the recovery of the slow population is more prominent, giv-

ing rise to a majority of the recovery occurring after 20 seconds. As temperature

is increased, the recovery of the fast population becomes more prominent, giving

rise to a large amount of recovery occurring between 0 and 20 seconds. This data

suggests that as temperature increases, the dye shifts from being predominantly

in larger aggregates (slow and immobile populations) to smaller aggregates and

non-aggregated dye. The result is further confirmation the spots are indeed aggre-

gates, and the result suggests that one can use temperature to control the level of

aggregation. For experiments requiring the dye in a non or mostly non-aggregated

environment, higher temperature is suggested. Working at a higher temperature

will have the compounding effect of simplifying the recovery curve, as the high

temperature curve fits well to a single exponential. As evident by the population

fractions in Figure 4.4, even working at a biologically relevant temperature of 37

◦C significantly decreases the impact of aggregation on the system.

In summary, the work shown herein shows direct visualization of lipid con-

jugated dye aggregation in a supported lipid bilayer system. Evidence supports

the claim of aggregation based on the characteristics and behavior of the bright

spots at very low lipid concentration. Additionally, the work provides a method



63

by which the level of aggregation may be controlled through temperature and dye

selection. Although lipid-conjugated dye in a supported lipid bilayer is generally

assumed to be individual dye molecules moving in a sea of lipids, this work clearly

shows this is not the case. Dye aggregation should be considered in all fluorescent

bilayer studies, especially those run at ambient temperature.
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Figure 4.1. Diffusion Coefficient versus Number of Bleaching Events. The red line is
the data fit to f(y) = −A · ln(x). Inset to the graph is the Saffman-Delbrück equation
relating diffusion to particle size.



64

1 2 3 4
0

2

4

6

8

10

12

14
Nu

m
be

r o
f S

po
ts

Number of Intensity Drops

  23°C
  37°C
  45°C

Figure 4.2. Impact of Heat on Aggregate Bleaching. Shown are the number of spots
which required a certain number of intensity drops to reach background fluorescence
intensity for spots observed at 23 ◦C (blue), 37 ◦C (green), and 45 ◦C (red).

0 200 400 600 800 1000 1200

0.0

0.2

0.4

0.6

0.8

1.0

No
rm

al
ize

d 
Fl

uo
re

sc
en

ce
 R

ec
ov

er
y

Time (s)

 Experimental Data
 Double Exponential Fit
 Single Exponential Fit

0 200 400 600 800 1000 1200
-0.12

-0.10

-0.08

-0.06

-0.04

-0.02

0.00

0.02

0.04

0.06

0.08

0.10

0.12

Re
sid

ua
ls

Time (s)

 Double Exponential
 Single Exponential

Figure 4.3. FRAP Recovery Curve Fit to a Single and Double Exponential. Fitting
results are for a 99.5 mol% POPC and 0.5 mol% TR-DHPE bilayer formed on annealed
borosilicate at 40 ◦C. Shown on the left are experimental data (black square), a double
exponential fit (red circle), and a single exponential fit (blue triangle). Shown on the right
are the residuals from the double exponential fit (red square) and the single exponential
fit (blue circle).
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Chapter 5
Applications of Fluorescence

Recovery After Photobleaching to

Water Filtration Membranes

5.1 Introduction

Beyond studying the characteristics of the phospholipid bilayer, SLBs can be a

useful tool to understand other particles either associated with the bilayer or em-

bedded directly into the membrane[119][120]. The presence of these additional par-

ticles can cause measurable and observable changes to the bilayer, allowing deduc-

tion of how a particle may function or may be arranged within the bilayer[121][122].

This same approach may be extended even beyond phospholipid bilayers, as the

same characteristics and qualities apply to synthetic systems, particularly to block

copolymer systems[123][124].

Block copolymer bilayers are designed to be structurally very similar to phos-

pholipid bilayers[125]. The two regions of the bilayer exposed to water are the polar
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head region and the hydrophobic tail region[126]. In a phospholipid bilayer, the

head group could be a phosphatidylcholine or a phosphatidylethanolamine, the two

most biologically common head groups[127]. In a block copolymer, this could be

any polar polymer chain, including poly(2-methyloxazolin) or polylactide[128][129].

The part of the bilayer hidden from the water is the nonpolar tail region. In a phos-

pholipid bilayer, this could be any number of carbon chains, though biologically

the chains are generally 16 or 18 carbons in length[130]. The chains may also differ

in terms of the degrees of unsaturation depending on the purpose of the bilayer or

the packing of additional components[131]. In a block copolymer bilayer, this tail

region would be occupied by a nonpolar chain, such as polydimethylsiloxane and

polybenzoxazole[132][133].

The advantage of a phospholipid bilayer is the mimicry of a living cell. As such,

phospholipid bilayers are used heavily in biological studies. The advantage of a

synthetic bilayer is the ability to easily customize the bilayer as well as resistance

to or susceptibility to degradation[134][135]. If certain binding cites are desirable

on the copolymer bilayer, the polymer head region can easily be modified; if a

taller or shorter bilayer is desirable, the length of the head and tail region can be

adjusted. Because of this high level of customization, synthetic block copolymer

bilayers are often favored in industrial and biological applications[136][137][138].

Herein is discussed how fluorescence microscopy was utilized to understand and

characterize the functionality and aggregation of synthetic, aquaporin-like water

channels in both block copolymer and phospholipid membranes.
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5.2 Materials and Methods

5.2.1 Materials

Pillar[5]arene channels (PAP channels) and Poly(butadiene)-b-poly(ethylene ox-

ide) (PB-PEO) block copolymers were prepared was synthesized by Shen using

previously published methods[139][140].

Peptide-appended hybrid[4]arene (PAH[4]) channels were synthesized by Song

according to a combined procedure proposed by literature inolving the synthe-

sis of hybrid[4]arene macrocyles followed by subsequent appending of the hy-

brid[4]arene with phenylalanine tripeptide (D-Phe-L-Phe-D-Phe-COOH, triPhe)

side chains[141][84].

NBD-PE, POPC, and 1- palmitoyl- 2- oleoyl- sn- glycero- 3- phospho-L-serine

(POPS) were purchased from Avanti Polar Lipids, Inc. (Alabaster, AL) and used

without any further purification. TR-DHPE was obtained from Life Technologies

(Grand Island, NY) and used without any further purification.

Borosilicate float glass was purchased from Fisher Scientific (Hampton, NH)

and prepared by cleaning and annealing, further described below. PDMS was

obtained from Dow Corning (Midland, MI) as Sylgard, silicone elastomer-184.

5.2.2 Methods

Substrate Preparation

Borosilicate float glass cover slips were first cleaned in a 1:7 dilute solution of

7X detergent and 18.2 MΩ water for 1.5 hours at 80 ◦C. Slides were then rinsed

with copious amounts of 18.2 MΩ water and soaked in 18.2 MΩ water for 1.5

hours at 80 ◦C. The slides were then dried under a stream of nitrogen until all
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water was evaporated, approximately 5 minutes. Glass slides were further treated

by annealing at 550 ◦C for 6 hours[56].

PAP Channel in PB-PEO Vesicle Preparation

For experiments involving the PAP channel in PB-PEO block copolymer bi-

layers, vesicles were prepared by the film rehydration method[142]. PAP channels

were added at 0.5 mol% to PB-PEO block copolymers in chloroform. For experi-

ments requiring the visualization of the PAP channels, the channels were labelled

with 5-(and-6)- ((N- (5-aminopentyl) amino) carbonyl) tetramethylrhodamine. For

experiments requiring the visualization of bilayer, 0.5 mol% NBD-PE was added.

Mixtures were dried on a rotary evaporator, then placed under high vacuum to

remove any residual chloroform. The resultant polymer cakes were re-suspended

in buffer containing 10 mM Hepes, 100 mM PEG600, and 0.01% (w/v) NaN3 at

pH 7 and left overnight on a stir plate at 4 ◦C. Vesicles were subsequently frozen

and thawed ten times, followed by extrusion through a membrane with 200 nm

pores ten times. Vesicle size was confirmed by dynamic light scattering.

PAH[4] Channel in Lipid Vesicle Preparation

For experiments involving the PAH[4] channel in lipid bilayers, vesicles were

prepared by the film rehydration method[142]. PAH[4] channels were added to a

POPS and POPC mixture at the desired ratio (0.5:20:79.5 PAH[4]:POPS:POPC)

in chloroform. Channels were fluorescently labeled with 5- (and-6)- ((N- (5-

aminopentyl) amino) carbonyl) tetramethylrhodamine to track the channel diffu-

sion. Mixtures were dried on a rotary evaporator, then placed under high vacuum

to remove any residual chloroform. Lipid cakes were re-suspended in buffer con-

taining 10 mM Hepes, 100 mM PEG600, and 0.01% (w/v) NaN3 at pH 7 and left

overnight on a stir plate at 4 ◦C. Vesicles were subsequently frozen and thawed ten
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times, followed by extrusion through a membrane with 200 nm pores fifteen times.

Vesicle size was confirmed by dynamic light scattering.

Additional vesicles were made using non-labeled PAH[4] channels and TR-

DHPE to assess the bilayer fluidity in the presence of channels. TR-DHPE and

PAH[4] channels were added to a POPS, POPC mixture at the desired ratio

(0.5:0.5:20:79.5 TR-DHPE:PAH[4]:POPS:POPC) in chloroform. Mixtures were

then dried on a rotary evaporator, then placed under high vacuum to remove any

residual chloroform. Lipid cakes were then re-suspended in buffer containing 10

mM Hepes, 100 mM PEG600, 0.01% (w/v) NaN3 at pH 7 and left overnight on a

stir plate at 4 ◦C. Vesicles were subsequently frozen and thawed ten times, followed

by extrusion through a membrane with 200 nm pores ten times. Vesicle size was

confirmed by dynamic light scattering.

Bilayer Formation

A PDMS well was placed on annealed borosilicate glass. Vesicle solution was

added into the well and allowed to fuse for either 30 minutes (PAP channel) or 10

minutes (PAH[4] channel). After fusing, unruptured vesicles were rinsed off with

buffer. Tweezers were then gently run along the substrate’s surface to remove a

line of bilayer material, providing contrast for fluorescent imaging. The surface

was again rinsed with buffer and was capped with a clean glass slide.

Fluorescence Recovery After Photobleaching

Fluorescence recovery after photobleaching (FRAP) was performed on a home-

built system including a Nikon Eclipse TE2000-U microscope with an X-Cite Series

120 halogen light source. Bleaching of the labelled lipid was accomplished with

an Opto Engine LLC MBL-III-473 20 mW 473 laser with a DPSSL Driver power

source. Bleaching of the labelled channel was accomplished with an Opto Engine
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LLC MGL-III-532 300 mW 532 nm laser with a PSU-III-FDA power source. Power

for each laser was reduced in the optical train to approximately 5 mW at the

microscope stage. Sample was exposed to the laser for approximately 2 seconds for

the initial bleaching event. Fluorescence intensity was monitored in the bleached

region and normalized to a similar, unbleached region of the bilayer. Fluorescence

recovery at a given time was then calculated according to Equation 1.1. The

maximum at which the recovery leveled off is taken to represent the mobile fraction.

For a double exponential fit, the data were fit according to Equation 4.1. τ1/2 was

calculated for each population according to Equation 1.3. τ1/2 was in turn used to

calculate two diffusion coefficients by utilizing Equation 1.4 for each population.

In Equation 1.4, γ, the term enveloping the laser beam profile, was taken to be

0.88 for this microscope configuration.

5.3 Results and Discussion

5.3.1 Diffusion of PAP Channels in Synthetic Bilayers

To create a more robust water filtration membrane, artificial water channels, PAP,

were inserted in block copolymer membranes. As filtration membranes are gen-

erally formed over a solid, porous support, the fluidity of the block copolymer

bilayer and embedded artificial water channel over annealed borosilicate glass was

explored. As shown in Figure 5.1 taken from Shen et al.[143], the diffusion of the

embedded PAP channels was very slow and not adequately described by a single

exponential fit.

The double exponential fit revealed a faster diffusing population with a dif-

fusion coefficient of 0.086 µm2/s as well as a slower diffusing population with a
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diffusion coefficient of 0.0069 µm2/s. Additionally, both diffusion coefficients show

the labelled PAP channel’s diffusion was much slower than expected for a like-

sized particle. As discussed in Chapter 4, the need to fit FRAP data to a double

exponential is indicative of aggregation of the diffusing particle. The aggregation

of PAP channels was in agreement with other results from vesicle based experi-

ments; this work confirmed a collective structure could also form in an SLB system.

Notably, the fitting of fluorescence recovery to a double exponential does not nec-

essarily require two aggregate size distributions. Instead, it suggest a distribution

of aggregate sizes which can be adequately described by two average sizes.

Aggregation of the channels is important for water filtration, as more channels

per unit area correlates to a higher water throughput per unit area. An aggregated,

functional channel is therefore preferred as it results in lower operational pressures

and cheaper, faster water filtration. Thus, this work was exciting as it was able to

show highly packed artificial water channels in a robust artificial block copolymer

membrane could be easily generated over a solid support.

5.3.2 FRAP Evidence of PAH[4] Channel Aggregation

Further work focused on a second artificial water channel, PAH[4], which obtained

even higher water transport rates and ion selectivity than the PAP channel. Molec-

ular dynamics simulations (MD) previously suggested these desirable characteris-

tics were related to the assembly of the individual channels into complex aggregates

of two or more channels, allowing for an unusual but highly effective and selective

water transport chain. Providing experimental evidence for sub-micron aggregates

can present a challenge as they are not easy to visualize in the membrane.

As explored in Chapter 4, we have provided a means by which aggregation can
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be assessed using FRAP curve fitting. Fluorescence experiments were therefore

used as a key experimental tool in support of the simulation’s suggestion of aggre-

gation. As seen in results taken from this work in Figure 5.2, the channel diffused

both slowly and with a strong need to fit to a double exponential. In fact, if the

time past 1200 seconds is included in the fit, an argument could be made for even

a third population. This is highly indicative of a wide distribution of aggregate

sizes.

Additionally, fitting the diffusion of a lipid-bound dye, TR-DHPE, reveals the

bilayer itself has hindered diffusion. This finding is consistent with aggregates

which are not exclusive, but instead form an extended network encompassing bi-

layer lipids, hindering diffusion and possibly trapping the bilayer lipids. These

results are in agreement with the MD simulations results and provide experimen-

tal evidence in support of the model’s claim.

The combination of theory and experimental data provide strong corroborating

evidence and a fundamental explanation for the aggregation of artificial water

channels. The collaboration shows new applications of FRAP, highlighting its

ability to characterize the size of aggregates as well as the aggregates’ impact on

the bilayer in which they are embedded.
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Figure 5.1. Fluorescence Recovery After Photobleaching of PAP Channel. A 0.5 mol%
PAP channel in a PB-PEO diblock copolymer bilayer was formed over annealed borosil-
icate. Shown inset is the fluorescence recovery from the initial bleaching event to 2000
seconds for clarity.
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Figure 5.2. Fluorescence Recovery After Photobleaching of PAH[4] Channel. A
0.5:20:79.5 PAH[4]:POPS:POPC bilayer was formed over annealed borosilicate. Shown
insert is the fluorescence recovery from the initial bleaching event to 1200 second.



Chapter 6
Conclusions

This dissertation has demonstrated a new model to describe the dynamic depen-

dence on temperature for the diffusion of lipids in a supported lipid membrane. By

modifying the extended free volume model to account for a change in the interac-

tion between the lipid bilayer and the underlying substrate, a very good agreement

to experimental results was obtained. This new model provided insights into the

dominating factors affecting lipid diffusion. The model showed not only are the

lipid volume, water friction, and intermembrane friction important, the drag of

the bilayer over the substrate creates a crucial force to control lipid diffusion. This

drag may be a result of the thin water layer or direct interactions between the

bilayer and support.

The modified free volume model suggested methods to modulate the observed

lipid diffusion. By changing the substrate, the impact of different interactions be-

tween the bilayer and the substrate were explored. A dependence on the substrate

roughness was observed, where the number of close interaction points becomes

important to describing the overall bilayer diffusion. This roughness dependence

was further explored with cholesterol experiments to change the free volume of the
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lipids and the bending elastic modulus of the bilayer. Additional ionic strength ex-

periments showed the interesting behavior of some substrates, suggesting a critical

role of salts in the ability of a lipid bilayer to flow over a substrate.

As suggested by the models, the diffusion of a particle was found dependent

on the size of the particle. In the case of a simplistic model lipid membrane

containing a small amount of fluorescent labelled lipids, aggregation was observed.

This result was shown by a combination of photobleaching and particle tracking

experiments and showed the dye-conjugated lipids will aggregate, even at very low

concentration. Interestingly, the models suggest a distribution of aggregate sizes

will result in a distribution of diffusion rates. The existence of a wide distribution

of lipid diffusion provides a clear explanation for the need to fit FRAP curves to a

double exponential.

Lastly, this dissertation showed applications lipid bilayers to industrially di-

rected synthetic water filtration membranes. The same principles of diffusion and

fluorescent microscopy were applied and provided insights into the presence, struc-

ture, and size of aquaporin-mimicking water channels. The results helped provide

experimental evidence to support a molecular dynamics suggested mechanism for

high water throughput. Additionally, the experiments offered an unusual applica-

tion of FRAP, showcasing a simple method by which information about aggregation

could be obtained without the use of expensive or time-consuming techniques.

The work shown herein has provided examples and evidence of how FRAP can

be utilized to study a supported bilayer system. Though FRAP has a primary use

in testing for bilayer formation, the work has proven FRAP is capable of exploring

bilayer interactions and component aggregation. The development of a new model

better describes the role of the support in an SLB provides a means by which

temperature may be used to accurately control membrane fluidity. Exploration of
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the impact of the support and membrane components provides methods by which

a bilayer may be tuned to accomplish a specific condition. Justification for fitting

FRAP data to a double exponential opens up the field to a method to simplify

information about the mobility of membrane components, allowing for the isolation

and study of a specific component. In total, this work has provided new insights

into supported lipid bilayers and important new FRAP methodologies.
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