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ABSTRACT
Nature provides excellent examples of highly efficient and selective material transport
across cell membranes through biological membrane proteins. Bioinspired artificial water channels
combine the high permeability and selectivity of biological aquaporin (AQP) water channels with
chemical stability, opening the possibility to develop bioinspired channel-based materials for
separations that utilize their unique transport properties.
This work first focused on developing methods to characterize the molecular transport of
artificial water channels. Peptide-appended pillar[5]arene (PAP) artificial water channels were
found to have a single-channel water permeability of 1.0(±0.3)×10−14 cm3/s or 3.5(±1.0)×108 water
molecules per second, which is in the range of AQPs (3.4∼40.3×108 water molecules per second)
and their current synthetic analogs, carbon nanotubes (CNTs, 9.0× 108 water molecules per s). PAP
channels were also found to self-assemble into 2D arrays in lipid membranes, with a pore density
(∼2.6×105 pores per μm2) two orders of magnitude higher than that of CNT membranes
(0.1∼2.5×103 pores per μm2).
Another artificial water channel (imidazole-quartet channel) formed a 2.6 Å pore
encapsulating oriented dipolar water-wires in a confined chiral conduit via self-assembly of
imidazole-based molecules in lipid bilayers. They mimic the selective filter of M2 proton channel
from Influenza A and transport ~106 water molecules per second and reject all ions except protons.
PAP artificial water channels could also be incorporated into block copolymer (BCP)
membranes and have shown the same high water conductance as observed in native lipid
membranes. Despite of the less favorable interaction with poly(butadiene)-b-poly(ethylene oxide)
(PB-PEO) BCPs due to chemical hydrophobic mismatch, PAP channels could be densely packed
into polymer membranes through a controlled dialysis-based self-assembly when physical
hydrophobic mismatch is minimized. The packing density is found to be of the same magnitude as
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observed in 2D arrays of PAP channels in lipids. This completely artificial material that possesses
aquaporin-like permeability and maintains chemical and mechanical stability can be potentially
used for the next-generation filtration materials.
In order to be more scalable for membrane fabrication, a solvent cast-based method was
developed to fabricate a polymer film with PAP artificial water channels incorporated. Using a
sacrificial water-soluble layer, the PB-PEO film, with a thickness of 20-30 nm, can be floated on
water and transferred to another substrate after crosslinking. The cross-sectional transmission
electron microscopy images implied a possible lamellar structure and the presence of PAP channels
was confirmed by time-of-flight secondary ion mass spectrometry. Future work should focused on
using these channel-based BCP membranes for gas and liquid separations.
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Chapter 1
Biomimetic membranes: A review
Preface
This review is adapted from the publication: Shen, Y.-x., Saboe, P. O., Sines, I. T., Erbakan,
M. & Kumar, M. Biomimetic membranes: A review. J. Membr. Sci. 454, 359-381, (2014). Y.X.
Shen wrote the majority of the paper. M. Kumar wrote the final section. Y.X. Shen and M. Kumar
finished the paper with the assistance from P.O. Patrick, I.T. Sines and M. Erbakan. We thank Dr.
Andrew Zydney for his critical reading of this paper and valuable suggestions.

Abstract
Biomimetic approaches to developing membranes for separations have seen a renewed
interest in recent years. Biomimetic membranes incorporate biological elements or borrow concepts,
ideas or inspiration from biological systems. Such membranes can take advantage of the strategies
evolved by nature over billions of years for improving transport efficiency and specificity. This
review covers biological paradigms that are relevant to membranes for separations and then
presents an overview of strategies that are inspired by these paradigms. It also presents both
fundamental and practical challenges to implementation of these strategies at application relevant
scales.
1. Introduction
Mankind has always been fascinated with biological systems1 due to their complexity and
their efficiency in completing tasks required for living organisms to thrive. In recent years there
has been a rapid increase in the understanding of molecular structure2 and function of biological
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molecules (see single molecule studies on biomolecules).3-6 Concurrently, rapid advances in
molecular engineering through supramolecular chemistry7 and sophisticated high-resolution
analytical techniques have increased our ability to mimic biological structures with near molecular
precision. These advances have also generated interest in the area of biomimetic membranes. Cell
membranes conduct substrate and solvent (water) transport with exceptional selectivity and high
transport rates that are unprecedented in synthetic systems. These efficient membranes are also of
interest because living organisms have evolved excellent antifouling capabilities both at the cellular
level and at higher levels of organization (e.g., lotus leaves8 and shark scales9).
The increasing interest in biomimetic membranes across various disciplines has resulted in
the publication of several reviews addressing various aspects of this field. In particular, the reviews
by Meier and coworkers have covered the area of block copolymer (BCP) biomimetic membranes
extensively.10-14 A recent book chapter review from our group traced the research on lipid and
polymer based membranes back to biological membranes.15 Nielsen’s contributions to a recent
book16 and another review17 have focused on the use of membrane proteins in BCP and lipid
matrices to develop separation and sensor membranes. There have been other reviews on the
methodology and application of solid supported lipid and to a lesser extent polymer membranes as
biomimetic membranes18-22 and on their application to sensors.23 Two excellent reviews focused on
the use of aquaporin-based biomimetic membranes for desalination were published recently.24,25
Despite the number of reviews listed above available on this topic, a comprehensive overview of
biomimetic approaches relevant to membrane separations does not exist. This review presents for
the first time a broad thematic description of the principles that biological membranes utilize for
efficient separations while maintaining selectivity and performance. It also describes current
implementations and promise of biomimetic approaches to developing membrane materials and
processes.
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This review first discusses biological membrane paradigms (structures and mechanisms)
that are relevant to separations from the perspective of a single cell. It then describes hybridbiological and synthetic biomimetic materials inspired by these biological paradigms for efficient
separations and operations including the use of lipid-like polymers, membrane proteins and
artificial channels mimicking membrane proteins. The subsequent paragraphs cover the antifouling
strategies inspired by cellular coatings, quorum sensing molecules released by cells and biological
surface morphology. The review concludes with a detailed discussion on the fundamental and
practical challenges and a future outlook section on the application of biomimetic materials to
larger scale separations processes.
2. Biological membrane separation paradigms
Biological membranes rely on their intricate structures and a host of different mechanisms
to implement separations (summarized in Fig. 1-1 and Table 1-1). Thus they represent excellent
models that provide inspiration for synthetic membrane design. The following sections discuss
these paradigms in detail.
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Table 1-1. Biological membrane separation paradigms
Membrane type

Dimensions or mechanism

Location (in biological
systems)

Relevant Membrane
Applications

Surface layer (S-layer)
membranes

2-8 nm of pore size

External membrane surface

Ultrafiltration membrane

Lipid bilayers

Nonporous, diffusion

Enveloping the cell and cell
compartments

Reverse osmosis and forward
osmosis membranes

Ionophore based membranes

Nonporous, diffusion by carrier

Hydrophobic region of lipid
bilayers

Electrode sensors, liquid
membranes

Membrane protein facilitated lipid
bilayers

0.3-1.5 nm of pore size

Transmembrane

Biomimetic desalination
membranes, artificial channels

Biological antifouling surface

Surface physiochemical
interactions, antifouling chemical
signals, surface topography

Membrane surfaces (Blood
cell membrane, plant and
animal skin)

Surface antifouling coating for
separations
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Figure 1-1. Biological membrane separation and antifouling strategies for an example of gramnegative bacterial organism. These organisms perform size graded membrane filtration, which is
comparable to similar strategies used in membrane filtration. Structures on the outer membrane
surface provide coarse filtration (surface layer proteins) and fouling resistance. The second level of
filtration is through large outer membrane channels for macromolecular separations and specialized
inner (or plasma membrane) membrane proteins for specific transport of solutes and water using
pumps, channels, and transporters. The lipid membrane bilayers by themselves allow for passive
diffusion of water, gases and specific solutes by solution diffusion as well as by carrier mediated
diffusion of ionophores in the hydrophobic membrane interior. These cells also employ antifouling
strategies to prevent unwanted protein deposition on their surface and attachment by other
microorganisms.
2.1. Surface layer proteins
Ordered arrays of proteins assembled on the exterior of cell walls of prokaryotic cells are
known as surface layer (S-layer) proteins.26 These proteins are bound noncovalently to an
underlying lipid bilayer, or cell surface bound polymer molecules such as peptidoglycans, teichoic
acids and lipoglycans (Fig. 1-2 (A)). S-layer proteins are arranged in oblique, square or hexagonal
arrays26,27 and form porous membranes with sizes ranging from approximately 2-8 nm and
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porosities from 30-70%. S-layer protein arrays have been imaged by high-resolution electron
microscopy and scanning force microscopy (Fig. 1-2 (B)).28,29 The S-layer provides functions such
as cell protection, cell adhesion, surface recognition, molecular sieving, and molecule and ion traps.
In vitro self-assembly of S-layer proteins into regular lattices identical to those observed in vivo
has been demonstrated on solid surfaces, at air/water interfaces, and in lipid vesicles.26 Because of
their ideal isoporous structure, S-layer membranes have been proposed for production of
ultrafiltration membranes with very sharp molecular weight cutoff.30 Schuster et al. synthesized Slayer ultrafiltration membranes (SUMs) by depositing S-layer fragments of Bacillus sphaericus
CCM 2120 as a continuous layer on microfiltration membranes followed by chemical crosslinking
(Fig. 1-2 (C)).31 The high density and well-defined position of carboxylic groups on the surface of
SUMs can be chemically modified to display different surface charge properties,32,33 and exploited
for immobilization of bio-functional macromolecules such as enzymes for biological surface
mediated reactions.34 Other applications of S-layer membranes include supported lipid membranes
and nanoparticle assemblies.31,35 Although S-layers provide a route for surface modifications, as
well as filtration with antifouling properties,33,36-38 they have not been used on larger scales perhaps
due to scale up considerations and membrane instabilities.

Figure 1-2. Surface layer (S-layer) membranes: (A) Illustration of bacterial cell membranes with
S-layer proteins (hexagonal lattice); (B) Inverse fast Fourier transform image of re-assembled B.
sphaerius S-layer taken from the water-lipid interface. Reproduced with permission from Keizer et
al., 2008.29 Copyright 2008 Elsevier; (C) Electron micrograph of an S-layer ultrafiltration
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membranes. Reproduced with permission from Schuster et al., 2001.31 Copyright 2001 American
Chemical Society.
2.2. The lipid bilayer
The lipid bilayer provides a dynamic but stable barrier between extracellular and intracellular
compartments of a biological cell. The permeation of small uncharged molecules through a bilayer
is described by the solution diffusion model where molecules must enter the membrane and diffuse
through the hydrocarbon section of the membrane in a two-step transport mechanism. This
transport is due to a chemical potential gradient39 and the permeability of the membrane is defined
as: P = KD/d, where K is the solute partition coefficient between water and the hydrocarbon section
of the bilayer, D is the solute diffusivity in the membrane, and d is the thickness of the hydrocarbon
section. The linear relationship between permeability and the solute partition coefficient is known
as Overton’s rule.40 The solution diffusion type transport of small molecules such as water, nutrients,
and gas molecules across bilayers is an essential type of transport across biological membranes
such as the blood-brain barrier.41-44 Ions can also be transported through the lipid bilayer at a slow
rate,45 although a higher level of control is exerted by protein based channels, pumps and
transporters as described in a subsequent section. Osmotic pressure across cell walls is balanced
through water transport, which can either expand or shrink the volume of a cell. Osmotic and water
permeation principles present at the cellular level have been relevant and in part guided the
understanding and design of membrane technologies for reverse osmosis (RO) and forward osmosis
(FO) desalination.46
2.3. Carrier mediated transport in biological membranes
The diffusion of molecules across biological membranes can be facilitated by carriers
called ionophores residing in the hydrophobic core of the lipid membrane. These carriers were
discovered through their role in catalyzing energetic processes in the mitochondria of
microorganisms by facilitating transport of ions such as Na+, K+, Ca2+, Mg2+ and Cl−.47,48 Ionophores
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are macrocyclic peptides that have oxygen atoms or other compatible ligands to provide a binding
pocket for a specific ion. When the ion is bound to the ionophore, the ion’s charge is delocalized
to create a membrane soluble complex, which can diffuse across a bilayer with a maximum turnover
rate on the order of thousands per second. The flux of ions is linearly proportional to the carrier
concentration and is driven by a concentration gradient and electrophoretic drift of the ionophore.
Equilibrium across the membrane is characterized by both concentration and membrane potential
according to the Nernst equation and can be utilized to design ion selective electrodes. A wellknown ion selective electrode (ISE) is based on the K+ ionophore―valinomycin, which has a high
affinity for potassium over other cations. The transport rate by a single valinomycin molecule
(referred to the association and dissociation constants of potassium and valinomycin complex at
the interface, the translocation constant of the complex across the membrane) is ~104 K+ ions
sec−1.49 A typical ISE is shown in Fig. 1-3 (A). This ISE is used for chloride detection by utilizing
the chloride ionophore I (meso-Tetraphenylporphyrin manganese (III)-chloride complex, Fig. 1-3
(B)). The ion-selective membrane in ISE is fabricated by evaporating the solvent in the mixture of
polymers (e.g., poly(vinyl chloride)), ionophores and other additives such as plasticizers. The
chloride ISE has been successfully applied to measure chloride in blood serum and intracellular
environments.50 Ionophores also have applications in liquid membranes (LM) due to their
selectivity (see section 3.3.2).51,52
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Figure 1-3. Ionophore based membranes: (A) Schematic illustration of a traditional ion selective
electrode. Ion-selective membranes are composed of specific polymers, ionophores, and additives;
(B) Structure of the chloride ionophore I. The central manganese can strongly complex to chloride.
2.4. Membrane protein mediated separations
Biological cells are highly efficient at transporting materials across their membranes due
to the presence of specific membrane proteins facilitating both passive and active transport. These
proteins can be grouped into three types based on their transport mechanisms: channels, pumps and
transporters (Fig. 1-4).53
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Figure 1-4. Main membrane protein classes and their approximate transport rates. Channels
provide passive transport across a bilayer and can be highly selective. Transporters and pumps work
through a bind, transport and release strategy; where specific external binding sites are first
occupied, allowing for transport across the protein, which is dependent on the mechanism and
structure of the protein.
Channels are transmembrane passive pores. Their selectivity depends on size, charge, and
interaction of the substrates with the protein structure. The most common channels are gap
junctions, porins, water channels, and ion channels.53 The driving force for transport of solutes by
channels is a concentration gradient across the membrane. The transport rate for channels is the
highest of all membrane proteins as minimal or no conformational change is required for transport.
They are orders of magnitude faster than the next fastest membrane protein type―transporters,
which require conformational changes over a larger time scale.53 Transporters can be grouped into
three types based on their transport mechanisms: uniporters, symporters, and antiporters.
Uniporters transport one solute down its concentration gradient; symporters use the energy stored
in the electrochemical gradient for one solute to move another solute upstream in the same direction,
while antiporters use the gradient for one solute to move another solute up its gradient in the
opposite direction. Pumps move ions or electrons against the concentration gradient using
chemicals or light as energy sources. Like transporters, pumps have binding sites for specific ions
or substrates and may undergo a conformational change. This change is driven by conversion of
ATP to ADP, or by absorbing photons. The transport rate of pumps in general is the slowest of the
three types of membrane proteins when considering ions (Fig. 1-4).53 Electrons are moved most
efficiently by photosynthetic pumps, which utilize bound redox cofactors spaced for efficient
electron transfer across the protein.54
Here we introduce two typical human organ systems, the kidney and the eye lens, as
examples of membrane separation systems where complex separations are achieved by a
combination of different membrane proteins, which work together to maintain the function and
homeostasis of these organs.
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Kidneys are responsible for the regulation of electrolytes, pH, nutrients, toxins and wastes
such as urea in the human body.55 The proximal tubule in the nephron plays a large role in this
function (Fig. 1-5). The proximal tubule receives the blood filtrate from glomerulus through the
Bowman’s capsule, which acts like an ultrafiltration membrane to retain large proteins. The
glomerulus filtrate in the proximal tubule lumen contains water, salts and other small solutes. The
proximal tubule is surrounded by tubular cells that are in turn surrounded by capillaries containing
blood, in which important components can be reabsorbed. A sophisticated membrane protein
transport system in the tubular cells is responsible for mediating the reabsorption of salts, water
and nutrients from the glomerular filtrate while excluding toxins and wastes (see details in Fig. 15).55,56

Figure 1-5. Reabsorption of critical solutes from the proximal convolute tubule of the nephron is
via a series of membrane protein mediated transport steps. Blood is ultrafiltered through Bowman’s
capsule and enters the proximal convoluted tube, which is surrounded by the tubular cells that are
in turn surrounded by capillaries. The capillary color turning from red to blue shows the transition
from artery to vein. The glomerular filtrate contains high concentrations of salt, nutrients and other
small molecules. Via a combination of membrane proteins in the tubular cell (composed of Na+/H+
antiporter, Na+/K+ ATPase pump, Na+/Cl− symporter, sodium glucose transporter 2, glucose
transporter 2, water channel aquaporin 1, p-aminohippurate/anion antiporter and other membrane
proteins); Na+, Cl−, HCO3−, water, glucose and amino acids are reabsorbed by the tubular cells and
reenter the capillary while wastes (such as acid, base and drug metabolites) are secreted into the
lumen for excretion.
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Another intricate membrane protein based transport system lies in the deceptively simple
mammalian eye lens. The eye lens is an avascular tissue, not supplied by blood vessels in order to
enhance transparency. The eye lens has evolved multiple packing layers of transparent fiber cells,
from differentiating fibers near the surface to mature fiber cells in the center (Fig. 1-6).57-60 On the
surface, a single layer of epithelial cells covers the lens from the anterior to the equator and supplies
nutrients and water that are then transported into the fiber cell layers through a network of
membrane proteins. The overabundance of crystalline patches of membrane proteins (e.g., gap
junction channels61 and aquaporin 0 (AQP0)62) in lens fiber cells not only provides mechanical
support and light transmission properties, but also allows the transport of nutrients and wastes that
maintains the cell homeostasis.

Figure 1-6. Structure and function of mammalian eye lens. Left: the architecture shows the
monolayer epithelial cells cover lens from the equator to the anterior; eye lens is composed of
multiple layers of transparent fiber cells, evolving from differentiating fibers (dark blue) near the
surface to mature fiber cells (light blue) in the center. The grey arrows display the flow circulation
in the eye lens. Right: A segment of eye lens at the equator shows microcirculation mediated via a
group of membrane proteins. The membrane proteins within the surface layer power the circulation
of nutrients and water while the proteins inside the lens fiber provide mechanical support,
translucency and interior permeability. Reproduced with permission from Donaldson et al., 2001.58
Copyright 2001 American Physiological Society.
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We further discuss two major membrane proteins mentioned in the two organ systems
discussed above: aquaporins and Na+/K+ ATPases. Aquaporins are water channels and are a family
of membrane proteins that specifically transport water across cell membranes63 These proteins have
six lipid membrane spanning domains, forming a narrow pore of around 2.3 Å and lined with
hydrophobic amino-acid residues which results in single-file water transport at very high rates
while excluding all other solutes including protons64 The unique selectivity mechanisms of
aquaporins include: (1) size exclusion of the narrowest part of the pore that rejects most hydrated
ions larger than the pore size; (2) electrostatic repulsion by the charged arginine residue close to
the selectivity filter region that rejects positively charged ions and (3) water dipole reorientation
(proton exclusion) that facilitates a single file transport of water molecules (Fig. 1-7 (A)). The fast
transport of water in aquaporin channels can be explained by an analogy to “frictionless” flow (slip
flow) in smooth narrow hydrophobic channels such as carbon nanotubes instead of conventional
Poiseuille flow65 Na+/K+ ATPases belongs to P-Type pump category where ATP binding and
dephosphorylation are used to drive transport. P-Type pumps usually contain four subunits: the
transmembrane domain residing in the membrane, actuator domain (A domain), phosphorylation
domain (P domain) and nucleotide-binding domain (N domain) (Fig. 1-7 (B)).66 The P domain has
an ATP-binding site and the transmembrane domain has regulatory functions. Binding of Na+ and
K+ to be transported onto the specific binding sites leads to an increase in ATP binding affinity.
Upon ATP binding and phosphorylation of P domain, there is a conformation change of the protein
so that 3 Na+ are released to the other side of the membrane by exchanging 2 K+. The efficient
transport properties of natural membrane proteins are being utilized to develop artificial channels
and novel materials for separation.67-69

14

Figure 1-7. Aquaporins and Na+/K+ ATPases: (A) Mechanisms for rejection of solutes illustrated
using aquaporin 1 as a model. Histidine 180 (His 180) and Arginine 185 (Arg 185) form the
narrowest part of the channel (2.8 Å) that excludes all other larger solutes except water molecules.
Arg 185 is also positively charged that rejects positively charged solutes by electrostatic repulsion.
Arg 185 and two conserved asparagine-proline-alanine (NPA) motifs form a series of hydrogen
bonds reorienting the water molecules the water and preventing passage of protons. (B) Na+/K+
ATPase is composed of a transmembrane domain, an actuator domain (A domain), a
phosphorylation domain (P domain), a nucleotide-binding domain (N domain) and other subunits.
Upon ATP binding and phosphorylation of P domain, there is a conformation change of the protein
leading to the transport of Na+ and K+ though transmembrane domain across the cell membrane.
2.5. Biological antifouling strategies
Biological surfaces show excellent antifouling properties towards common foulants
ranging from small proteins to whole cells. Antifouling mechanisms seen in biology use a
combination of the following approaches: (1) Surface physiochemical interactions: the affinity
between foulants (e.g., proteins) and surfaces depends on a combination of steric effects,
electrostatics and hydrophobic interactions, which are specifically tuned at the cell membrane
surface to prevent fouling; (2) Antifouling chemicals: these are released to prevent adhesion by
other cells; (3) Nano and microscale topography: this influences fluid dynamics near the surface
and minimizes chances for contact and thus attachment between biological surfaces and foreign
cells (Fig. 1-8).

15

Figure 1-8. Biological antifouling strategies at interfaces can be divided into three major categories
based on the antifouling mechanisms: (A) Surface physiochemical interactions; (B) Antifouling
signal chemicals; (C) Nano and microscale topography. The inset shows the scanning electron
microscopy image of the surface structures on the lotus leaf with self-cleaning properties.
Reproduced with permission from Barthlott and Neinhuis, 1997.70 Copyright 1997 Springer-Verlag.
Many biological cells have specific functional groups on the outer layer of cell membranes
that prevent exterior foulants from adhesion (zwitterionic lipid head groups in Fig. 1-1). Protein
adsorption and adhesion onto the red blood cell surface are inhibited by the zwitterionic
phosphocholine layer on the cell surface.71 Both positive and negative charged units of zwitterionic
materials induce electrostatic hydration (ionic solvation) so that a significant amount of water
molecules are strongly and stably bound to the zwitterions which reduces protein adsorption.72,73
This hydration film has inspired the development of zwitterionic polymer coatings for antifouling
applications.74-76 In a similar mechanism, superhydrophilic surfaces can be coated with a thin water
layer, analogous to fish scales, preventing foulant attachment. In another strategy, the glycocalyx
of cell membranes (also highlighted in Fig. 1-1) contributes to prevent undesirable non-specific
protein adhesion via a combination of electrostatic and entropic forces (termed as steric
stabilization).77 Oligosaccharide grafted polymers have been successfully developed to mimic
glycocalyx-like antifouling surface.78,79
Anti-biofouling effects can be achieved by interrupting cell adhesion and biofilm formation.
One effect is through interfering with bacterial quorum sensing (QS). Bacterial communities use
QS to regulate the formation, maturation and dispersion of biofilms. The best characterized QS
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system is acyl homoserine lactone (AHL)-mediated QS of Gram-negative bacteria.80,81 AHLs are
synthesized and secreted out of cells. When the extracellular AHLs reach a certain concentration,
they reenter the cells via either active or passive transport and bind to a cytoplasmic receptor. The
formed active dimers bind to the specific regions of genetic promoter sequences and activate gene
expression responsible for biofilm formation and other processes. Organisms control or prevent the
growth of alien biofilm formation by interrupting the AHL-mediated QS cycle. Extracted chemicals
from these organisms display inhibition of QS signals or interference with QS receptors.82,83 It is
worthwhile to mention that for some organisms, this QS regulation is reversed. For example, Vibrio
cholerae84 and Rhodobacter sp.85 form biofilm when AHL concentration is low and the biofilm is
dispersed when AHL reaches high concentrations. These results provide a basis for developing a
bio-inspired approach for antifouling applications in membrane separation technologies.86,87
Porcine kidney acylase I, which can inactivate the AHL molecule by amide bond cleavage, was
confirmed to mitigate biofouling in membrane bioreactors.88 D-tyrosine was found to be capable
of preventing irreversible biofouling of P. aeruginosa in a bench scale nanofiltration (NF) system.89
Other biological anti-biofouling paradigms include nitric oxide-induced biofilm dispersal,90
disruption of biofilm by bacteriophage91 and enzymatic disruption.92 One caveat is that these
biological anti-biofouling procedures have mostly been applied to laboratory pure cultures.87
Surface topography is crucial to the attachment of cells onto surfaces. Biofouling could be
caused by bacteria (>1μm), algal spores (5-10 μm) and even larger cells. A common attachment
theory is that if microtexture dimension is larger than foreign cells, more attachment area is exposed
so that the fouling is increased. In contrast, cells that are much larger than the microtexture
wavelength generally are less likely to attach onto the surface.93 Shark skin has a longitudinal rib
pattern in terms of microtopography and show excellent antifouling properties against
ectoparasites.82,83 SharkletTM technology, characterized with its shark-mimicking microscopic
texture that impedes the growth of bacteria and algae, is manufactured for antifouling application
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in hospitals against bacterial infections and in marine coatings against potential spread of marine
organisms.94
3. Synthesis and application of the biomimetic separation membranes
The following section describes biomimetic membrane synthesis and strategies
corresponding to the materials and methods used by biological membranes (here the synthesis and
strategies in subsection numbers correspond to the materials and strategies in the biological
membrane section (Section 2)). Research in this area can be divided into three biomimetic
approaches (summarized in Fig. 1-9): (1) Biomimetic-hybrid membranes, incorporating biological
membrane proteins and carriers reconstituted into natural or synthetic supporting membranes; (2)
Biomimetic-modified membranes, made from synthetic materials and modified with functional
molecules so that it is ‘smart’ and able to mimic the function of natural membrane proteins; (3)
Biomimetic-synthetic membranes, incorporating artificial channels into synthetic materials. The
following subsections give detailed descriptions on these membranes.
3.1. Biomimetic sieves and nanopores

Figure 1-9. Three approaches to biomimetic membranes for separation. (A) Biomimetic-hybrid
membranes; (B) Biomimetic-modified membranes; (C) Biomimetic-synthetic membranes.
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Biomimetic sieves and nanopores can be classified into two groups. One is biological pores
directly embedded into synthetic materials, including engineered α-hemolysin (αHL) and outer
membrane proteins. These hybrid systems will be discussed in a later section ‘Channel mediated
biomimetic membranes’. The other approach is the utilization of functional molecules to modify
synthetic organic/inorganic nanopores to manipulate specific transport. This type of biomimetic
nanopores may have an advantage of mechanical and chemical stability over hybrid biological pore
based membranes.
The first step in preparing biomimetic nanopore membranes is fabrication of different
shapes and structures of the nanopore substrates (Fig. 1-10). Nanoporous materials can be produced
using various fabrication technologies, such as ion track-etching, ion beam sculpting (i-beam
lithography), electron beam drilling (e-beam lithography) and nanopipette etching. Track-etching
technology first utilizes heavy ions to produce a localized damaged hole, termed as latent track, in
substrates such as polycarbonate, polypropylene, and polyvinyl fluoride membranes (Fig. 1-10
(A)).95 The irradiation current density of the heavy ions controls the number of tracks. The resultant
latent tracks are further converted into pores by chemical etching, which is also a critical step in
controlling pore size and shape. It is possible to achieve a variety of pore geometries by
manipulating etch rates by varying type and concentration of the etchant, reaction time and duration
of etching process. A similar approach to ion track-etching is ion beam sculpting, which uses
feedback from ion-detectors below the substrate to monitor pore size.96 The focused beam first
erodes the substrate and opens a pore, which can be narrowed and even closed due to the surface
diffusion, viscous flow and redisposition under diffuse beam condition. Electron beam drilling is
typically performed using a transmission electron microscope (TEM), granting immediate visual
feedback on pore formation (Fig. 1-10 (B)).97 By utilizing TEM, it is also possible to modify the
pore geometry by adjusting the electron beam, permitting pore modification. Fabrication of
nanopores using nanopipettes was developed by White and coworkers (Fig. 1-10 (C).98 A sharp Pt
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wire is sealed into a glass capillary, and polished until the Pt disk of nanometer dimensions is
exposed and used to create a truncated cone-shaped nanopore in glass via electrochemical etching.
The pore geometry is defined by the Pt disk electrode.

Figure 1-10. Fabrication of nanopore membranes: (A) Porous structures produced in polymer film
using ion track-etching technology; (B) Fabrication of silicon oxide nano-sized pores using electron
beam drilling. Reproduced with permission from Storm et al., 2003.97 Copyright 2003 Nature
Publishing Group; (C) Fabrication of nanopore using nanopipettes. Reproduced with permission
from Zhang et al., 2004.98 Copyright 2004 American Chemical Society.
After fabrication of the nanopores, chemical modification with functional molecules is
necessary to make a selective membrane.99-101 Functional molecules can alter the charge and
hydrophobicity of the channel walls, control the pore size, provide recognition sites for a specific
molecule, and make the pore both chemically and biologically responsive.99 Here we summarize
the three most common approaches (Fig. 1-11). A common approach is forming amide bonds
between carboxyl and amino groups using a crosslinking reagent such as 1-ethyl-3-(3dimethylaminopropyl)carbodiimide hydrochloride (EDC), if the original pores have carboxyl or
amine groups (Fig. 1-11 (A)). Silicon oxide or alumina based membranes can be modified using
silanization chemistry because their hydroxyl groups displace the alkoxy groups on the silane thus
forming a covalent ‘-Si-O-Si-’ bond (Fig. 1-11 (B)). Another major approach is through thiol
chemistry. A very thin gold layer is coated along the pore walls via electroless deposition, followed
by the covalent binding between gold and thiol, due to the spontaneous formation of S-Au bonds
(Fig. 1-11 (C)).102 Thiol molecules can be further modified in order to achieve desired functional
terminal groups.

20

Figure 1-11. Three major approaches to chemical modification with functional molecules within
synthetic nanochannel wall: (A) Formation of peptide bonds between carboxyl and amino groups
using 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide hydrochloride (EDC); (B) Formation of
covalent ‘-Si-O-Si-’ bond between the alkoxy groups on the saline and hydroxyl groups on the
surface; (C) Formation of covalent S-Au bonds between gold and thiol.
Biomimetic nanopore membranes can be functionalized to have a specific combination of
specific size, shape, charge, hydrophobicity and affinity. These parameters can interact in a
synergistic way to enhance the transport of certain molecules. Without any modification, the bare
nanopores can be used to reject molecules by size discrimination. Siwy and coworkers synthesized
track-etched SiN membranes, which acted as molecular sieves differentiating smaller bovine serum
albumin over larger immunoglobulin G.103 When two molecules are of similar size but have
different charges, molecules can be separated based on electrostatic interactions. The
aforementioned SiN membranes selectively transported positively charged rhodamine and rejected
negatively charged Alexa fluorophore due to its negatively charged surface.103 The pore size can
be also precisely controlled via attached polymers. Savariar et al. developed a strategy for coating
nanopore membranes with functional polymers (Fig. 1-12 (A)).104 They utilized the coordination
between Sn2+ ions with the nitrogen and carbonyl groups from the track-etched polycarbonate
membranes to add subsequent anionic coating layers. By controlling the coating layer properties,
the modified membranes were capable of discriminating small molecules based on size, charge and
hydrophobicity. Brushes can be dynamically responsive to external stimulus, such as pH,
temperature and ions.100 For example, nanopores modified with zwitterionic polymer brushes will
display an overall positive charge and anion-selectivity at low pH, while transitioning to an overall
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negative charge and cation-selectivity at high pH (Fig. 1-12 (B)).105 The grafted layers can also be
biomolecules in order to achieve desired affinities to specific molecules. The nuclear pore complex
(NPC) located within the cell’s nuclear envelope is a highly selective, bidirectional transporter for
a tremendous range of cargoes while preventing the passage of nonspecific macromolecules (Fig.
1-12 (C), inset).106,107 Phenylalanine-glycine nucleoporins (FG-Nups) polypeptides, which are
believed to be the key component of the NPC’s selectivity mechanism, were tethered into
nanopores to mimic natural NPCs (Fig. 1-12 (C)).108,109 FG-Nups formed a dense barrier near the
pore entrance, provided reversible binding to the receptor (e.g., Impβ) and implemented its fast
transport; while non-specific protein transport was strongly inhibited.

Figure 1-12. Biomimetic nanopore membranes: (A) A nanopore membrane (grey) is coated with a
polymer film (green) using Sn2+ ions (yellow) to promote chemical adsorption. Separation of
molecules in solution can be carried out on the basis of specific interactions with the polymer
coating. Reproduced with permission from Savariar et al., 2008.104 Copyright 2008 Nature
Publishing Group; (B) pH responsive nanopores via grafting zwitterionic brushes. Reproduced with
permission from Ali et al., 2009.105 Copyright 2009 American Chemical Society; (C) The
biomimetic nuclear pore complex (NPC, inset shows the original NPC structure. Reproduced with
permission from Wente et al., 2010.107 Copyright 2010 Cold Spring Harbor Laboratory Press.) is
engineered by attaching phenylalanine-glycine nucleoporins (FG-Nups) to a solid-state nanopore
and the transport of Impβ is measured by monitoring the trans-pore current. Reproduced with
permission from Kowalczyk et al., 2011.109 Copyright 2011 Nature Publishing Group.
3.2. Biomimetic solution diffusion membranes
The principles of solution diffusion are applicable to non-porous membrane technologies
such as RO, FO and NF, but since these technologies are not commonly considered biomimetic;
they are not included in this review (see the following references for a review on current
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applications and state of the art of research on these technologies).110-115 Another application of
solution diffusion membranes is liquid membranes. These membranes are often coupled with
carriers to enhance the transport and we introduce them below.
3.3. Carrier mediated biomimetic membranes
3.3.1. Liquid membranes
Liquid membrane (LM) systems facilitate liquid-liquid extraction and membrane
separation simultaneously. It is analogous to solution diffusion process in lipid bilayer of biological
membranes, but this technology is not generally considered biomimetic.116 It utilizes an extraction
solution to mediate transport from the source to the receiving phases due to a chemical potential
gradient. The extraction phase is often immiscible with the feed and stripping phases. Based on
their configurations, LM systems can be classified into three groups: (1) bulk liquid membranes
(BLM); (2) supported liquid membranes (SLM) and (3) emulsion liquid membranes (ELM). BLMs
consist of two aqueous feed and stripping phases isolated by a bulk organic, water-immiscible
liquid phase. LM immobilized into a thin solid microporous support is defined as SLM. In ELM
systems, receiving phase is emulsified and encapsulated in an immiscible liquid membrane made
of amphipathic surfactant molecules and the emulsion is dispersed into the feed solution (Fig. 113, left). The efficiency and selectivity of transport in LM systems can be remarkably enhanced by
the presence of carriers. Therefore, LM systems are often employed as carrier mediated separation
systems. For heavy alkali metal cation, ligands such as crown ethers are often used as carriers,48
because they provide multidentate chelating groups to bind the cation while the hydrophobic shield
assists in fast transport in the oil phase. Due to the simple process with small footprint, LM systems
have been used to separate contaminants or recover useful chemicals such as heavy metals,117-119
weak acids/bases,120,121 inorganic species122 and hydrocarbons.123 An illustration of ELM process is
shown in Fig. 1-13. LM is a promising technology but still limited to small-scale commercial
application because of the leakage and stability of LMs.51,124-126 Parameters such as LM composition,
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the selectivity and concentration of carrier, pH, ion strength, operational temperature, contact time,
etc. are crucial to the performance of LM process.51 Detailed descriptions and solutions can be
found in the specific review papers and books.51,119,126,127

Figure 1-13. Illustration of a typical emulsion liquid membrane (ELM) separation process: (1)
emulsification of the liquid membrane and internal phase; (2) emulsion globule contacting with
feed phase; (3) settling the emulsion from the external feed phases after extraction; (4)
demulsification and recovering both the pollutant chemicals and the membrane phase. The left
figure shows the overall concept of ELM system.
3.3.2. Ion-selective ionophore-based membranes
Ion-selective membranes utilize ionophores and are directly analogous to the ionophores
in biological bilayer processes (section 2.3). Ion-selective membranes are composed of ionophores
dissolved in polymeric membranes (e.g., poly(vinyl) chloride, polyimide, silicone rubber,
polyurethane, acrylate, perfluoropolymers). These polymer materials provide an appropriate
homogenous hydrophobic medium with superior thermal and mechanical stability, allowing for
ionophore complexes to freely move.128 The major drawback of polymer matrices is their low
fluidity, which reduces the mobility of ionophores. Addition of plasticizers, which are fully
miscible with the polymer, lower the glass transition temperature of the polymer and helps the
membrane retain fluidity. In addition to plasticizers, anionic binding sites are used as additives to
increase the ion concentration in the membrane phase and lower membrane resistance to transport.52
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Ionophore-doped membranes have been commercially applied in ion-selective electrodes but are
still confined to being ‘sensing membranes’ rather than ‘separation membranes’ because of their
ion flux limitations.
3.4. Channel mediated biomimetic membranes
3.4.1. Lipid and block copolymer based biomimetic membranes
Biological membranes have exceptional selectivity and permeability in terms of solute or
water transport as described in Section 2.4. The lipid bilayer is the basic component in biological
membranes and provides a supporting matrix for incorporation of membrane proteins. Since lipid
bilayers are relatively unstable membranes compared to commercially available membranes,
synthetic bilayers may be required in order to successfully mimic biological membranes.
Amphiphilic BCPs have been shown to assemble into bilayer-like structures.129,130 They are most
commonly synthesized for biomimetic applications as either diblocks with a hydrophilic and a
hydrophobic block, or as triblock copolymers with two hydrophilic blocks and one hydrophobic
middle block. There are several advantages of BCPs over lipid membranes including high
mechanical and chemical stability,129,131,132 low water and gas permeability133 and customizable
properties (e.g., a larger ranges of membrane thickness129 and end groups134,135).
Based on the fabrication procedures and configurations, artificial bilayer membranes can
be classified into two major types: bilayer membranes and supported bilayer membranes. Bilayer
membranes are made to span an aperture. Lipids or BCPs are first dissolved in appropriate organic
solvent and then applied to small Teflon apertures to form a freely supported membrane upon
solvent evaporation and hydration (occurring on opposite sides of the membrane interface). Two
commonly used assembly approaches are the painting method136 and the folding method.137
Membrane proteins can be incorporated into the membrane through direct addition of detergent
solubilized proteins or proteoliposomes to the membrane adjacent aqueous phase. Although bilayer
lipid membranes are generally unstable and have a life span on the order of hours, they have
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provided a platform for studying the properties of membrane proteins including αHL, outer
membrane protein F (OmpF), and aquaporins among others.17,138-140 Supported bilayer membranes
are formed or deposited on a solid substrate. The two main assembly methods used are vesicle
deposition22 and monolayer transfer.141 In vesicle deposition (Fig. 1-14 (A)), lipid or BCP vesicles
are fused or ruptured onto the substrates by hydraulic pressure, electrostatic interaction or chemical
crosslinking. A commonly used monolayer transfer technique, Langmuir-Blodgett, has also been
used to transfer films formed at air-water interface onto solid supports (Fig. 1-14 (B)).141 Supported
bilayer membranes have recently been widely used to synthesize biohybrid filtration membranes.
Water channel membrane proteins, aquaporins have been reconstituted into lipid or BCP vesicles
and immobilized onto porous substrates―the studies in this field will be reviewed in detail in the
following sections.

Figure 1-14. Strategies for making lipid and block copolymer based biomimetic membranes: (A)
Liposome or polymersome rupture approaches onto a solid substrate followed by chemical
crosslinking; (B) Langmuir-Blodgett transfer strategy: Monolayer films are first created by adding
solvent-solubilized lipids or block copolymers onto the air-water interface. The monolayer is then
transferred and compressed onto a moving vertical substrate. The second layer can be transferred
during the subsequent lowering step.
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3.4.2. Membrane protein based biomimetic membranes
Membrane protein based biomimetic membranes can be defined as biomimetic-hybrid
membranes. In this type of membranes, natural membrane proteins are reconstituted into artificial
lipid bilayers, BCP bilayers or solid-state nanopores. These studies have increased exponentially
in recent years.
Water channel membrane proteins, aquaporins, are being studied and incorporated into
water purification membranes due to their high water transport rate and selectivity properties.
Providing a proof of concept for aquaporin based-synthetic membranes, Kumar et al. showed that
the bacterial aquaporin, Aquaporin Z (AqpZ), remains active in BCP vesicles.133 This hybrid
systems is estimated to have a water permeability up to 2 orders of magnitude higher than the
existing desalination membranes and a selectivity approaching 100%.133 Studies on aquaporin
based desalination membranes have rapidly increased in number over the last two years.142-155
While aquaporins provide excellent material for the next-generation separation technologies,
critical questions still remain including ‘Are aquaporins stable enough to withstand the conditions
that may exist during separation (e.g., high salinity, pressure, fouling and the presence of
microbes)?’ and ‘How to produce large-area and defect free membranes?' Considering the above
questions, aquaporin studies have been mostly limited to small scales (e.g., lipid or polymer
vesicles of sizes ~100-200 nm). Sun et al. used nickel-chelating lipids as one component of lipid
mixture and incorporated AqpZ into planar lipid bilayers via Langmuir-Blodgett transfer; however
no water permeability or salt rejection test was conducted based on this fabrication method.144 Most
strategies rely on depositing functional aquaporin vesicles onto porous substrates functioning as
supports (Fig. 1-14 (A), these studies are summarized in Table 1-2). Several strategies have been
studied to enhance deposition and immobilization of vesicles on the support including direct
deposition of vesicle onto the substrates, pressure assisted vesicle fusion,146,147,149,152,153 charge
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induced vesicle adsorption,146,150,151 magnetic enhanced vesicle deposition,151 and chemical
crosslinking between functionalized lipid/polymer and the substrate.145,147,149,152-154
While aquaporins are of interest in water filtration membranes, α-hemolysin (αHL) is a
membrane protein being used for sensing applications and DNA sequencing. This protein, αHL, is
found in the human pathogen Staphylococcus aureus bacterium, and is a mushroom-like
transmembrane pore with a narrow constriction site of 1.4 nm. Due to its unique internal structure,
αHL can transport a single strand of DNA while excluding double stranded DNA.101,156 In addition,
modified αHL can be employed to detect other molecules such as proteins, metal ions, and drug
molecules.101 Dekker and coworkers first made hybrid functional membrane via direct insertion of
αHL into SiN nanoporous membranes (Fig. 1-15, inset).157 Another recent study showed that αHL
was capable of being reconstituted into solid-supported poly(butadiene)-block-poly(ethylene oxide)
(PB-PEO) diblock copolymer membranes via monolayer transfer.158 Similarly, another biological
ion channel, Gramicidin-A, has been inserted into track-etched polycarbonate nanopores with a
significant increase of ion diffusion coefficient through the membrane.159 In addition to protein
pores, DNA origami (as artificial channel, detailed information in section 3.4.3.1) can be
incorporated into the SiN chip containing a nanopore to detect λ-DNA molecules (Fig. 1-15).160
The SiN chip containing a nanopore was first sealed into polydimethylsiloxane microfluidic
channels. The origami channel tip was tagged with a double strand DNA in order to guide the
voltage-driven self-assembly. The inserted channel blocking the pore resulted in a lower and stable
conductance level.

28

Table 1-2. Aquaporin vesicle-based biomimetic membranes for desalination.
Vesicle
AqpZ-ABA
AqpZ-DOPC

Substrate

Fabrication approach

Gold coated porous
silicon wafer
NF-270, coated with
DOTAP

Crosslink between disulfide
functionalized ABA and gold.
Pressure assisted adsorption; charge
induced vesicle adsorption.
Hydraulic fusion; UV crosslink
between methacrylate of ABA and
acrylate on the substrate.
Vesicles were embedded in the
composite polyamide film via
interfacial polymerization.

Permeability

NaCl
rejection

8 LMH/bar

45%

145

~3.5 LMH/bar

20%

146

16 LMH

98.8%

FO mode; 0.3 M sucrose
as draw solution.

147

4 LMH/bar

98%

The fabrication used strong
detergent (SDS) and
organic solvent (n-hexane).

148

AqpZ-ABA

Track-etched membrane
coated with gold

AqpZ-DOPC

Polysulfone substrate

AqpZ-ABA

Salinized cellulose
acetate

UV crosslink after vacuum fusion.

34 LMH/bar

33%

Polyacrylonitrile
substrate

Charge induced vesicle adsorption.

6 LMH/bar

95%

AqpZPOPC/POPG/
Chl
AqpZPOPC/POPG/
Chl

Polyacrylonitrile
substrate

AqpZ-DOPC

Polyacrylonitrile
substrate

AqpZ-ABA

Track-etched membrane
coated with gold

AqpZ-ABA

Amine functionalized
cellulose acetate

ABA- DOPC

Poly(amide-imide)
substrate

Charge induced vesicle adsorption;
magnetic enhanced vesicle
deposition.
Pressure assisted adsorption;
crosslink between amine
functionalized lipid and the surface
polydopamine layer.
Hydraulic fusion; UV crosslink
between methacrylate of ABA and
acrylate on the substrate.

15~20 LMH

Note

Ref.

149

MgCl2 as feed

150

FO mode; 0.3 M sucrose
as draw solution and
MgCl2 as feed.

151

152

3.8 LMH/bar

65%

17.6 LMH

91.2%

FO mode; 0.3 M sucrose
as draw solution.

153

Chemical crosslink

NF: 23 LMH/bar;
FO: 5.5 LMH

NF: ~39%;
FO: ~50%

Using organic solvent and
strong detergent such as
SDS.

154

Encapsulated in the selective layer of
the membrane by chemical crosslink

36.6 LMH/bar

95%

MgCl2 as feed

155
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These hybrid biomimetic membranes have the advantage of combining the precise
structure of a biological pore with the robustness, durability and the ability to control pore size and
shape of a solid-state nanopore membrane.101 However, other parameters such as the functional
reproducibility of biological proteins in the synthetic nanopores and the cost for fabricating these
synthetic nanopores are still challenging in this field.161 This hybrid approach may turn out to be a
powerful technique for biomolecule filtration and sensing.

Figure 1-15. Schematic illustration of the insertion of a DNA origami into a SiN chip containing a
nanopore (inset shows the insertion of α-hemolysin with a 3 kbp double strand DNA attached into
a SiN nanopore).157 The origami channel tagged with a double strand DNA was electrophoretically
translocated through and inserted into a nanopore. The inserted channel blocking the pore resulted
in a lower and stable conductance level. Reproduced with permission from Bell et al., 2011.160
Copyright 2011 American Chemical Society.
3.4.3. Artificial channel based biomimetic membranes
Biological cell membranes conduct efficient and selective transport of solutes and water
through sophisticated channel proteins. These proteins have inspired powerful synthetic approaches
that have opened the door to a library of artificial channels. Some of the channels are designed
directly from biological structures; others might be based on chemical synthesis and
supramolecular assembly. In a broad sense we define biomimetic channels as: (1) The channel is
designed to have a membrane-spanning tubular structure with a thickness on the order of
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nanometers; (2) The structure has an outer surface that interacts favorably with the membrane
environment; (3) The internal structure has been designed to accommodate the desired solute and
provide a carefully tuned affinity to provide selectivity. Most functional studies on artificial
channels are conducted with vesicles or planar bilayer membranes. For ion or solute channels, a
pH or ion sensitive fluorescent dye encapsulated in lipid or polymer vesicles can be used to track
the intravesicular concentration of the relevant species and determine the transport parameters.162
23

Na NMR spectroscopy and ion selective electrodes can be also used to measure the ion transport.

163

Planar bilayer membranes (section 3.4.1) are ideal for the conductance study of ion channels

using voltage clamp apparatus.164 For water channels, osmotic swelling and shrinking of vesicles,
as completed in transport studies of aquaporin, have been used to determine water permeability.
None of these channels have been fabricated into planar membranes yet and thus this area is still in
its infancy. However, the studies of artificial channels not only contributes to a better understanding
of the transport mechanism of membrane proteins, and could generate powerful materials for future
applications to drug delivery, catalysts, environmental sensors and membrane separations.
Artificial channels can be classified into artificial ion channels and artificial water channels and
they are discussed in detail in the following subsections.
3.4.3.1. Artificial ion channels
Artificial ion channels have been studied for approximately three decades.165 Inspired by
biological ion channels, hundreds of different synthetic structures have been synthesized so far.
Current approaches are based on chemical synthesis and supramolecular assembly mimicking
biological macromolecules such as polypeptide and DNA. Detailed description of the synthesis
chemistry and analysis can be found in several excellent reviews.67,164,166 Here we use a modified
classification based on that provided by Matile in his latest review covering the breadth of this field,
which divides these channels into macrocycles, peptide-based, π-stacks, metal organic frameworkbased and DNA-origami-based channels.165 We describe one representative channel of each
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category based on this classification. These channels have shown excellent lipid membrane
spanning and ion conductance properties and have been incorporated into planar membranes.160
Crown ether macrocycles are widely used artificial ion channels because of their strong
affinity for certain ions. However, single crown ethers cannot span membrane bilayers.
Amphiphilic chains are coupled with the crown ethers to provide membrane spanning domains (Fig.
1-16 (A)).167 The resulting structure can be compatible with the dimension of a bilayer. Other
macrocycles include cyclodextrin,168 resorcinarenes,169 calixarenes,170 pyrogalloarenes,171
cucurbiturils,172 and porphyrins.173 Peptide-based tubular structures are based on mimicking natural
protein secondary structures: α-helical and β-barrel. Matile and coworkers rolled planar β-sheets
made of a sequence of amino acids with the same chirality into cylindrical structures (Fig. 1-16
(B)).174 This channel was designed to achieve controllable lengths to match the bilayer thickness
and have the ability to be functionalized on both external and internal barrel surfaces. π-stacks are
another structural motifs that can serve as synthetic ion channels. An excellent example of π-stacks
is the G-quadruplex ion channel (Fig. 1-16 (C)).175 A single cyclic tetramer is first formed by
guanosine derivatives around potassium cation templates. The tubular structure comprising Gquadruplex ion channel was formed due to the π-π interaction between each cyclic tetramer with
several other cyclic tetramers stacking on top of each other. This channel acts as Na+ transporter in
the phospholipid bilayer. Metal-organic frameworks (MOFs) are widely proposed as materials that
can store gas due to its highly porous structure.176 A synthetic ion channel made of a well-defined
MOF (copper–polyhedra framework) has been shown to be capable of transporting proton and
alkali-metal ions across lipid membranes.177 Tecilla and coworkers provided another excellent
MOF example. (Fig. 1-16 (D)).178 They used 10, 20-mesodipyridylporphyrin to coordinate with Re
(I) fragment, forming thermodynamically stable porphyrin tetramers with a 2 nm pore size.
Functionalizing the carboxylic acid residues from two Re (I)-porphyrin frameworks led to the
hydrogen-bonding driven dimerization of these two tetramers. The dimer formed had a size
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compatible to span lipid bilayer membranes. The standard base-pulse assay proved that this
nanopore structure had ionophoric activity. DNA origami has also been used to form natural
channel analogs (Fig. 1-16 (E)).179 In the center of the DNA origami is a stem that consists of 6
double-helical DNA domains. This interior hollow tube inserts into bilayer membrane and serves
as a transmembrane channel with a diameter of approximately 2 nm. The remaining 48 doublehelical DNA domains are packed in honeycomb lattice and anchored to a lipid bilayer mediated by
26 cholesterol moieties that are attached to the cis-facing surface of the barrel. The entire structure
resembles the biological pore αHL. This biomimetic channel was shown to have ion channels in
single-channel electrophysiological measurements; and it was capable of discriminating single
DNA molecules. This type of channel has been incorporated into solid-state nanopore membranes
as a novel bio-filtration/sensing device.160
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Figure 1-16. Artificial ion channels: (A) A biomimetic ion channel consisting of a central crown
coupled with three amphiphilic chains on each side to produce a bilayer-spanning domain.
Reproduced with permission from Carmichael et al., 1989.167 Copyright 1989 American Chemical
Society; (B) Peptide tubular ion channels formed via rolling planar β-sheets made of a sequence of
amino acids for sugar sensing. Reproduced with permission from Litvinchuk et al., 2005.174
Copyright 2005 American Chemical Society; (C) G-quadruplex ion channel made of guanosine
derivatives. The tubular structure was due to the π-π interaction between each cyclic tetramer with
several other cyclic tetramers stacking on top of each other. Reproduced with permission from
Kaucher et al., 2005.175 Copyright 2005 American Chemical Society; (D) A synthetic ion channel
made of a dimer of two Re (I)-porphyrin metal-organic frameworks associated via hydrogen
bonding. Reproduced with permission from Boccalon et al., 2012.178 Copyright 2012 American
Chemical Society; (E) Schematic illustration of the channel formed by 54 double-helical DNA
domains packed on a honeycomb lattice and the cross-sectional view through the channel when
incorporated in a lipid bilayer. Cylinders indicate double-helical DNA domains. Red denotes
transmembrane stem; orange strands with orange ellipsoids indicate cholesterol-modified
oligonucleotides that hybridize to single-stranded DNA adaptor strands. Reproduced with
permission from Langecker et al., 2012.179 Copyright 2012 Science.
3.4.3.2. Artificial water channels
Artificial water channels that have nanotubular structures may be designed to selectively
transport water. These channels are of particular importance since they might lead to the new
generation of water purification materials. However, compared to the diverse structures of synthetic
ion or solute channels, artificial water channel is still an emerging field. This is because of the lack
of the available architectures that can accurately mimic the structure and function of natural water
channel proteins such as aquaporins.68,180 The basic mechanisms responsible for water transport in
aquaporins have been well studied (see Fig. 1-9 (A)).64,65 However, to design and build an artificial
analog of water channel proteins has proven to be a challenge. Current synthetic water channels
can be divided into two categories: (1) carbon nanotubes (CNTs) and (2) organic building block
nanochannels (organic nanochannels). CNTs have attracted much attention because they show fast
water transport, which is higher than conventional Hagen–Poiseuille flow. The fast flow rate has
been demonstrated using both experiments and molecular dynamic simulations.181,182 The reasons
for high flow are related to atomic smoothness and single-file transport, which is similar to that
observed in aquaporins. Organic nanochannels are assembled from organic subunits via
noncovalent forces such as hydrogen bonds, electrostatic, hydrophobic, π−π and ion–π interactions.
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There are only five structures that have been studied and published so far; they have pore sizes in
the range of 3-10 Å and thickness in 3-4 nm.
Fei et al. synthesized a channel based on zwitterionic coordination polymers using a
reaction between N, N’-diacetic acid imidazolium bromide and zinc (Fig. 1-17 (A)).183 The zinc
polymer units were linked by bridging dicarboxylate anions, which assembled into helical channels
and were supported by weak π stacking interactions between the imidazolium moieties and by
intrahelical hydrogen bonds. The two polymer molecules constitute a full cycle within the helix
with the distance between the layers of 6.2 Å. The structure determined by X-ray diffraction and
solid-state NMR measurements show a single file water chain inside the channel and constriction
sites with dimensions approaching 2.6 Å in diameter. The authors hypothesize that the transport
rate of water should be much lower than natural water channels because of the presence of hydrogen
bonds between the encapsulated water molecules and the inner oxygen atoms of the channel.
In 2007, Percec and coworkers184 utilized self-assembled dendritic dipeptide to form stable
cylindrical helical pores via enhanced peripheral π-stacking, with an inner pore diameter of 14.5 Å
(Fig. 1-17 (B)).185 The channel formed was reconstituted into lipid giant unilamellar vesicles to
prove that the channel was capable of selectively transporting water molecules against other solutes
using visual optical microscopy and osmotic shock experiments.184
Inspired by the (His37)4 selectivity filter in M2 proton channel from influenza A virus,
Barboiu and coworkers synthesized imidazole compounds with urea ribbons that can self-assemble
into tubular architectures by inner π-π stacking and strong hydrophobic interactions. These
channels are stabilized by strong hydrogen bonding with inner water in the solid state (Fig. 1-17
(C)).186 Four imidazole compounds in rhomboidal shape formed a gap in the channel of 2.6 Å,
which is very close to the narrowest constriction observed in some aquaporins. When these
channels are reconstituted in lipid bilayers, they are able to transport water.
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In a recent contribution by Hou and coworkers, the hydrazide-appended pillar[5]arenes and
their derivatives were shown to form tubular structures as single-molecular water channels of ~ 6.5
Å in diameter (Fig. 1-17 (D)).187 Water transport was demonstrated by inserting these channels into
lipid vesicles and conducting time-resolved dynamic light scattering measurements. The alternative
hydrophobic/hydrophilic domains along the cylindrical channel structure disrupted water wires,
which may be responsible for blocking the proton flux in the channels.
Zhou et al. (Fig. 1-17 (E)),188 assembled macrocycles into nanotubular building blocks
based on the interplay of multiple hydrogen bonding and π-π stacking interaction (π-conjugated
hexa(m-phenylene ethynylene)). The resultant nanotubes had a uniform diameter of 6.4 Å
determined by the constituent macrocycles. The reconstituted nanotubes in lipid membranes not
only facilitated highly selective ion transport, but also generated high water permeability.

Figure 1-17. Artificial water channels: (A) Helical tube formed by zwitterionic coordination
polymers with the one-dimensional water chain in the center. Reproduced with permission from
Fei et al., 2005.183 Copyright 2005 Wiley-VCH; (B) Cross-section of the helical pore assembled
from dendritic dipeptides.184 Reproduced with permission from Percec et al., 2004.185 Copyright
2004 Nature Publishing Group; (C) Cross section views of imidazole I-quartets generating water
channels, in which the water molecules present a unique dipolar orientation. Reproduced with
permission from Duc et al., 2011.186 Copyright 2011 Wiley-VCH; (D) Tubular structures of
pillar[5]arene derivatives used as water channels. Reproduced with permission from Hu et al.,
2012.187 Copyright 2012 American Chemical Society; (E) Macrocycles for assembling into
hydrogen-bonded nanotubes and a snapshot of a helical stack of the macrocycles at the end of the
5 ps quantum molecular dynamics simulation. Reproduced with permission from Zhou et al.,
2012.188 Copyright 2012 Nature Publishing Group.
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3.5. Bio-inspired antifouling separation membranes
For decades, enormous efforts have been made to enhance the fouling resistance via surface
modification in medical,189-191 marine192-194 and other industrial fields.82,83,195 Particularly in
membrane separation, there are many excellent articles196-200 and books201,202 introducing cuttingedge research and the related applications in this area. Most of these studies are not commonly
considered biomimetic in its narrow sense, so they are not included in this review. Here we only
summarize the antifouling membranes directly following the two bioinspired approaches: (1)
surface modification with bio-inspired molecules, providing an energy barrier for foulants
attachment to membrane surfaces, (2) modifying the surface topography to achieve
superhydrophobicity or superhydrophilicity: this approach changes surface morphology to control
attachment between surface and foulants.
Xu and coworkers modified a series of microporous membranes via chemically grafting
bio-inspired brushes onto membrane surface.203-207 The brushes can be classified into three groups:
polyethylene glycol related polymers,203,204,208,209 phospholipid analogues206,210 and sugar
moieties.205,207,211,212 Here we give two examples. Polymers derived from phospholipid analogues
were anchored onto the poly(acrylonitrile-co-2-hydroxyethyl methacrylate) (PANCHEMA)
asymmetric membrane surface via a reaction of hydroxyl groups on the surface with 2-chloro-2oxo-1,3,2-dioxaphospholane (COP) followed by a ring-opening reaction of COP with
trimethylamine (Fig. 1-18 (A)).206 This concept is inspired by the cell phospholipid membrane or
specifically zwitterionic phosphocholines on the cell surface that show antifouling properties. The
relative flux reduction was improved by ~15% after the membrane surface was anchored with
phospholipid moieties. Glycosylation on the cell membrane surface has dual effects that it can
recognize certain proteins with rejection to the others. Following this idea, a ring-opening
glycomonomer (D-gluconamidoethyl methacrylate, GAMA) was grafted onto the surface of
polyacrylonitrile membrane by ultraviolet-initiated grafting polymerization (Fig. 1-18 (B)).207 The
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modified membranes, with improved hydrophilicity and biocompatibility, were proved to have
higher protein solution permeability and better flux recovery after cleaning. However, most these
studies are achieved for model protein solutions rather than highly complex plasma or serum
containing hundreds of different proteins.191 Recent report by Gunkel and Huck demonstrated
current excellent antifouling surfaces (polyether-based brushes, side-chain zwitterionic polymers
and hydroxylated polymers) suffered from the fouling from human blood plasma, regardless of the
different polymer structures.213 There is still a need of deeper understanding of the interactions
between different proteins and modified antifouling surfaces in the areas of biomaterials research.

Figure 1-18. Biomimetic antifouling membranes using surface modification: (A)
Poly(acrylonitrile-co-2-hydroxyethyl methacrylate) (PANCHEMA) ultrafiltration membrane
grafted with phospholipid analogues polymer chains. PANCHEMA06, PANCHEMA09 and
PANCHEMA18 mean that 2-hydroxyethyl methacrylate contents in PANCHEMA are 6.4, 9.3 and
17.8 mol%, respectively. The relative flux reduction was measured at 1 MPa before and after the
PANCHEMA membranes were anchored with phospholipid moieties. Reproduced with permission
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from Huang et al., 2006.206 Copyright 2006 Elsevier Ltd.; (B) Polyacrylonitrile ultrafiltration
membrane grafted with a ring-opening glycomonomer D-gluconamidoethyl methacrylate (GAMA).
With the grafting degree increased from 0 to 350.1 μg/cm3, the relative flux reduction drop from
81.7% to around 24%. Reproduced with permission from Dai et al., 2008.207 Copyright 2008
Elsevier Ltd.
In membrane distillation, a hydrophobic membrane separates water vapor from dissolved
materials. In order to increase the water productivity, a larger driving force (temperature gradient)
and a large pore size is preferred. However, this may result in the leakage of impure liquid phase
entering the permeate side. It is thus vital to improve the hydrophobicity of the distillation
membrane
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superhydrophobicity can introduce an air gap between liquid and the membrane surface, which
prevents foulants from getting in contact with the membrane.214 This idea is designed by mimicking
the surface morphology of superhydrophobic lotus leaves, which relies on epicuticular wax
microstructure to repel water drops.215 Ma et al. fabricated a superhydrophobic glass distillation
membrane with highly ordered arrays of nanospiked microchannels through a series of processes
involving glass fiber drawing, dissolving template material from microchannels and differential
chemical etching (Fig. 1-19 (A)).216 The membrane also had a narrow pore size distribution. Both
approaches allowed for reducing pore wetting by liquid while maximizing pore sizes to increase
the permeability. The modified membrane properties reached water contact angle over 160° with
90% of the pore diameters falling in the range of 3-4 μm. The superhydrophobic membrane showed
higher flux than other polymeric membranes under the same conditions. The superhydrophobic
spiked nanostructures on the membrane surface also retarded fouling by reducing liquid-membrane
contact areas. For conventional polymer membranes, depositing nanoparticles or modification
during membrane fabrication can be also used to achieve superhydrophobic surface. Razmjou et al.
deposited TiO2 nanoparticles onto polyvinylidene fluoride membranes and obtained
superhydrophobic membranes with contact angle around 160° (Fig. 1-19 (B)).214 which
significantly improved the antifouling properties. It also increased the liquid entry pressure, which
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is defined as the pressure difference from which the liquid penetrates into the pores of the
hydrophobic membrane.217 Huang et al.218 controlled the cooling rate during the formation of
polytetrafluoroethylene membrane, with specific micro-nano structures (Fig. 1-18 (C)). The
resulting superhydrophobicity made the membrane very porous and permeable.

Figure 1-19. Biomimetic antifouling strategies based on surface topography design: (A) Scanning
electron microscopy (SEM) image of nanospiked microchannels made by etching a polished glass
plate in a 1% hydrofluoric acid solution for 30 min. Reproduced with permission from Ma et al.,
2009.216 Copyright 2009 American Chemical Society; (B) SEM image of TiO2 nanoparticle
deposited polyvinylidene fluoride membranes. Reproduced with permission from Razmjou et al.,
2012.214 Copyright 2012 Elsevier Ltd.; (C) Micronano structures of polytetrafluoroethylene
membranes produced at different cooling rates. Reproduced with permission from Huang et al.,
2013.218 Copyright 2013 The Royal Society of Chemistry.
Surface modification to achieve superhydrophilicity is another antifouling strategy, which
is suitable for aqueous separation membranes. Superhydrophilic surfaces attract water molecules
and form a tightly bound hydration layer, thus protecting membrane from foulants.82 This approach
has been achieved via immobilizing superhydrophilic nanoparticles such as calcium carbonate or
silica. Chen et al. utilized poly (acrylic aid) brushes, which were negatively charged, to induce the
deposition of superhydrophilic CaCO3 nanoparticles onto microporous polypropylene membrane.
The modified membrane obtained excellent water permeability and ultralow operational
pressure.219 Tiraferri at el. incorporated superhydrophilic −N(CH3)3+ functionalized silica
nanoparticles onto thin-film composite polyamide membranes via chemical crosslink.220 The
relative flux decline of the modified membranes was approximately 10-15% less in both forward
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osmosis and reverse osmosis modes, compared to the averaged relative flux decline of the control
membranes. The superhydrophilic membranes also showed 95-100% flux recovery after cleaning.
4. Challenges and opportunities for biomimetic membranes
The following section presents a brief overview of the challenges―both fundamental and
practical, as well as the current status of biomimetic membrane technologies. This is also
summarized in Table 1-3. A specific focus of this section is aquaporin based membranes that has
seen substantial research activity recently including a few ongoing commercialization
attempts.221,222
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Table 1-3. Challenges to development and scale-up of various biomimetic membranes
Practical challenges

Fundamental challenges

Current status

Selection of functionalization
Scale-up at reasonable cost
ligands to provide selectivity

Commercialization attempts
for DNA sequencing [223]; no
separations applications yet

Liquid
membranes

Stability; process
configuration

Low transport rates

Not commercialized

Ionophore
based membranes

Low transport rates would
require large membrane
areas

Overcome, but transport rates low
for separations applications

Electrodes for sensing
commercialized; no
separations applications

Membrane protein mediated
biomimetic membranes

Membrane protein
production scale-up; large
area membrane scale-up;
leakage prevention

Limited range of proteins and
polymers

Commercialization attempts
ongoing

Artificial channel membranes

Scale-up

Designing specificity into channels,
packing channels in membranes,
increasing permeability

New research area for water
channels, ion channels studied
but not commercialized

Antifouling strategies

Cost and efficacy

Not substantial for most
applications

Various stages of research and
commercialization

Biomimetic nanopores (solid state)

Carrier mediated
biomimetic
membranes
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4.1. Biomimetic nanopores
Biomimetic nanopores including those created with solid-state materials such as silicon is
a new research area. Scale-up to practical dimensions for separation applications could face several
challenges. Making nano scale pores using current methods such as i-beam and e-beam lithography
is currently a lab scale process and requires expensive infrastructure. Furthermore, a fundamental
challenge still being explored is that the functionalization of these pores using specialized
biological molecules and chemistry, which may be difficult to implement on larger scales.
Questions regarding the ligands that can be used to functionalize pores are also challenging to
address particularly if ion discrimination, such as those seen in potassium channels, is desired.
However, their application to DNA sequencing has reached commercialization levels with several
technologies licensed to start-up organizations.223
4.2. Carrier mediated biomimetic membranes
Carrier mediated biomimetic membranes include LMs and ionophore based membranes.
LMs have interested researchers in the last few decades as described earlier and an excellent
understanding of the transport process has developed. However, commercialization efforts in
separations have been hindered by the poor stability and other practical difficulties in
implementation process. These practical difficulties include unstable immobilization of LMs in
SLMs and process inefficiencies in separation of the recovered materials from the emulsion phase
in ELMs. Nevertheless, some applications have been scaled up to the pilot scale and larger in recent
years. ELMs have been used for zinc, phenol and cyanide removal from industrial waste streams.51
Ionophore based membranes are widely used in ion selective electrodes. Ion selective
membranes are the gold standard for this application. However, their application in separation
membranes has not yet progressed due to the low transport rates of ions in practical polymeric
matrices.224 In order to provide fluidity to the polymer matrix, plasticizers are used but these still
do not improve the transport to reasonable levels for separation applications.
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4.3. Membrane protein mediated biomimetic membranes
Membrane protein-based biomimetic membranes, in particular aquaporin based
membranes, have seen a large increase in interest in recent years and there are a few attempts at
commercialization. This is also the subject of a recent review.25 However, there are several
fundamental and practical challenges that still need to be addressed before large-scale membranes
suitable for applications can be developed. These are discussed in the paragraphs below.
Application of aquaporin biomimetic membranes face many fundamental challenges,
primarily because of the limited scope of fundamental studies conducted in this area so far. In
particular, BCPs that have been used for inserting membrane proteins have been primarily limited
to a single polymer type with polydimethylsiloxane (PDMS) hydrophobic block.65 Recent reports
have shown that the mammalian eye lens aquaporin (AQP0) was incorporated into PB-PEO BCP
membranes with success.69 While these polymers have been shown to insert membrane proteins, it
is not well understood what dictates membrane protein polymer interactions and compatibility.
Perhaps other polymers with superior characteristics have not been explored because a rational
basis for polymer selection does not exist. More experimental and theoretical explorations are
required to inform this rapidly growing field.
A related question to this is that how to quantify insertion efficiency of membrane proteins
in BCPs in order to determine the best polymer (most compatible) for a particular membrane protein.
No assay currently exists for quantifying the amount of protein inserted per unit membrane area
with sufficient accuracy. Biochemistry based methods such as western blotting,225,226 antibody-gold
labeling,227 and freeze fracture228 are challenging to implement and do not provide quantitative
information. A new method is needed to accurately determine insertion efficiency and thus
compatibility of membrane proteins in various polymers to provide a rational basis for BCP
selection.
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A successful biomimetic membrane would require high levels of protein packing in
membranes. In most studies, full function of aquaporins in BCP membranes has only been
demonstrated at packing densities that are relatively low, when the concentration of membrane
proteins in native membrane systems such as eye lenses, the retina, and bacterial photosynthetic
membranes is considered. A typical packing density showing the expected function was
demonstrated

for

AqpZ

reconstituted

(dimethylsiloxane)-block-poly-(2-methyloxazoline)

into

poly-(2-methyloxazoline)-block-poly(PMOXA-PDMS-PMOXA)

triblock

copolymer membranes at a molar polymer to protein ratio (mPoPR) adjusted for triblock
architecture of 50-100, beyond which permeability has been shown to decrease.133 In a recent study,
AQP0 function was shown to persist at a mPoPR of 15 in a PB-PEO polymer.69 This study also
show that the reconstitution method is critical, but polymer block lengths and chemistries may also
be important factors that determine how much protein can be functionally reconstituted into BCP
membranes. The possibility to obtain a high density of functional membrane proteins in BCP
membranes has significant implications for applications of such systems. High protein packing has
been shown in lipid bilayers by studies that investigate membrane protein structure using 2D
crystallization229-231 and several native membranes described earlier.229,232,233 A better
understanding and characterization of membrane protein-BCP compatibility will also assist in
making highly packed aquaporin based membranes similar to lipid-based membrane protein 2D
crystals. There is also a need to explore aquaporins beyond the traditionally used E. coli AqpZ,
which may have perhaps higher permeability and or better insertion efficiency in BCPs.
Another fundamental challenge is the use of systems for expressing large amounts of
membrane proteins. AqpZ is well expressed in E. coli and yields of up to 200 mg L−1 of culture in
a fusion form have been reported.234 This is promising for scale-up of this particular aquaporin. In
general for membrane proteins, yields are much lower (typically 1 mg L−1 of culture). The major
membrane protein expression systems that have been developed and used widely primarily for
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laboratory research are: E. coli, yeast (P. pastoris and S. crevisiae), baculovirus infected insect cells
(e.g., Sf9 cells from Spodoptera frugiperda) and mammalian cells (Chinese hamster ovary cells in
particular). However, membrane protein production is limited both by the ability of the cells to
survive membrane protein overproduction and due to the lack of coordination between membrane
protein production and cell membrane production to accommodate membrane proteins. Alternative
approaches to producing membrane proteins in general and aquaporins in particular should be
further explored.
The primary practical challenge is in the scale-up of defect free membranes. So far the sizes
that are being realized are in the scale of mm2 even though rapid strides are being made in this
direction.25,142,143,145-154 The methods used for membrane fabrication-vesicle deposition, monolayer
formation, and pore suspended bilayers are all challenging to replicate at higher scales. Also most
substrates used for supporting or immobilizing active AqpZ containing membranes are specialized
ranging from gold coated track-etched membranes147,153 to polymer based membranes.146,148-152,154
A more scalable approach would perhaps be the use of polymer membranes if technical hurdles to
sealing around deposited vesicles and bilayers are solved.
The economics of making such membranes is challenging. Membrane protein purification
is expensive primarily due to the need to disrupt cell membranes, use of specialty nonionic
detergents, ultracentrifugation, and chromatography. A thorough analysis of membrane protein
scale-up has not been conducted before and should be a thrust if this class of membranes progresses
to larger scales of production and commercialization. Another challenge may be the unknown
landscape of regulation regarding the use of membrane proteins, particularly in water treatment
applications. The possibility of release of these materials is real and may be regulated. This
challenge is similar to that faced by membranes that incorporate nanomaterials.
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4.4. Artificial channel based membranes
Artificial channel based biomimetic membranes are a relatively new research area and most
work has been focused on their synthesis and characterization. Transport measurements are still
rudimentary in this field165 and more studies are needed to be able to compare their efficiency to
membrane protein channels.
Artificial water channels attract interest since they might be the novel materials for water
purification. The challenges of CNTs for desalination applications, where it could have the most
impact, include non-sufficient salt rejection and the challenge to inherent in manufacturing largesale aligned CNT membranes.235 Organic nanochannels based water channels, in particular, are just
beginning to be explored. To date, there are no specific guiding principles for the design, as can
been seen from the five channels discussed above.183,184,186-188 The only semi-empirical principle is
mimicking natural selective filters. However, the current structures are still far from perfect.
Current data indicates that they suffer from low permeability (>3 orders of magnitude lower than
aquaporins) and possibly imperfect rejection of solutes in some cases where channel diameters are
large.187 As mentioned by Fei et al., extensive hydrogen bonding helps encapsulate water wires
within the channel, but also reduces the mobility of water molecules. This is probably the reason
why the channels showed very low water permeability (>4 orders of magnitude lower than lipid
background permeability). This also leads to another challenge―How to measure the permeability
of low permeable channels? A systematic platform for water permeability measurement should be
established.165 The next generation of water channels is expected to improve the design of the pore
structure in order to increase the water permeability while maintaining or improving solutes
rejection. The geometry of the channels is also one possible area of improvement, which will assist
in packing these channels with very high density in lipid or polymer matrix for membrane
fabrication.
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None of these ion or water channels have been tested in a practical membrane like form as
they are currently being studied in lipid vesicles. However, they hold great promise for separation
applications due to their higher stability, properties potentially matching natural channels,
scalability of their production and ability of immobilization in membrane-like supports in a scalable
manner.
4.5. Biomimetic antifouling strategies
Bioinspired antifouling strategies proposed for existing membranes are also generating
interest in this field. Many of the approaches proposed, specifically surface modification, seem to
be technically feasible. A cost benefit analysis and their practical implementability may be
important to consider advancing them to the application level, particularly because some of these
approaches decrease the initial permeability of membranes.
5. Outlook for biomimetic membranes
Research and development in biomimetic membranes has reached a promising stage.
Several technologies are being developed that could advance the state of the art in membrane
separations. However there are many challenges to overcome before this technology can be
considered mainstream. In our opinion, three major challenges for biomimetic membranes include:
(1) A lack of fundamental understanding (for many of the technologies discussed) of the interaction
between functional molecules used and matrix materials, (2) Scalability of current approaches to
synthesis of biomimetic membranes, and (3) The cost for making large quantities of biomimetic
materials.
Fundamental understanding of materials’ interactions such as membrane proteins, artificial
channels, bio-based coating materials and biomimetic polymer brushes with commonly used and
proposed membrane matrix materials such as polymers and silicon substrates is still largely
unexplored. There is need for further systematic research into the interactions, compatibility and
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long-term stability of biomimetic hybrid assemblies such as membrane protein-BCP membranes
and composites such as functionalized solid-state nanopores. This information is critical to the two
other challenges identified―scalability and costs.
Many biomimetic membrane synthesis approaches are bottom-up type processes that rely
on self-assembly which are challenging to scale up. Because of this approach, the current
dimensions of many biomimetic membranes (not including antifouling functionalized membranes)
are quite small from the nm2 to mm2 scale. Innovations are required to develop techniques for
organizing these self-assembled aggregates into functional membrane forms.
The cost of many raw materials for biomimetic membranes is quite large because of the
unique nature of these products. Many of these materials (amphiphilic BCPs, membrane proteins,
artificial channels, quorum sensing chemicals and others), to our knowledge, have been produced
beyond lab scales and in some case pilot scale amounts of mgs to a maximum of several hundred
grams. Membrane applications may require several 100 kgs to up to millions of kgs of these
materials. The cost of many of these materials will have to be addressed through efficient scale-up
and profitable business models for membranes that are produced.
Despite these challenges, this promising area of research presents major opportunities for
paradigm shift technologies in areas most critical to human health, quality of life and the
environment. Three major opportunities that we think provide an impetus for accelerated research
and development in the area of biomimetic membranes include: (1) Use of synthetic biomimetic
channels in membrane matrices, (2) Bioinspired approaches for membrane fouling prevention, and
(3) Utilization of novel biological materials interfaced with stable synthetic materials.
While membrane protein-based membranes have captured the imagination of many
researchers in this field and there is substantial progress towards scale-up, performance
enhancement and commercialization of this technology, an exciting alternative could be organic
building block based artificial channels. We are rapidly gaining a better understanding of the

49
structure and function of membrane proteins. At the same time, our ability to design supramolecular
and self-assembled structures is increasing. We are approaching a stage in channel research where
some of the intricate functions provided by membrane proteins can be recapitulated by artificial
structures. These could be better engineering materials for membranes from the perspective of
mechanical, chemical and biological stability while providing many routes for functionalization
and incorporation in to membranes through synthetic chemistry.
Bioinspired approach to membrane fouling mitigation is another promising area of research.
Fouling, especially biofouling, is a challenging problem that persists despite the application of
chemicals and use of novel materials and operational strategies. Biological molecules evolve to
colonize the most challenging man-made surfaces, while many biological systems seem resistant
to severe fouling. Thus, lessons learnt from biofilm control, prevention and dispersal in biological
systems may be valuable for preventing fouling. This could be a sustainable and powerful
alternative to current approaches. In particular, the use of quorum sensing for biofilm dispersal
seems promising and the use of zwitterionic biofouling surfaces already seems to be approach
growing in popularity.
We believe that the integration of biological materials with synthetic materials is still in its
infancy with only simple biological molecules and proteins being incorporated into relatively
simple polymers and solid state constructs. There are new proteins with novel functions being
discovered almost on a daily basis and their atomic structures determined. Their integration within
usable stable matrices and hierarchical systems with many layers of control could still be the most
straight forward way to construct membrane systems, which may one day reach the complexity,
efficiency and responsiveness of model organ systems such as the kidney.
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Chapter 2
Overview of artificial water channels
Research background and motivation
Access to safe drinking water is one of the biggest challenges to be addressed in the 21st
century.236 Seawater, treated wastewater and contaminated fresh water have become alternative
water resources but need to be treated with advanced technologies. Membrane technologies capable
of producing high-quality water such as reverse osmosis and membrane distillation have been
developed for decades and scaled up for large applications. Although both capital and operational
costs have been optimized to an acceptable level, these technologies are still energy intensive. In
addition to traditional membrane processes, scientists are working on a number of innovative ideas
to develop sustainable high-performance membrane materials for water treatment, in particular for
desalination and wastewater reuse.235
Biological cells conduct efficient water transport through water channel proteins known as
aquaporins.63 These natural water channels are found in mammalian organs (such as kidney,237
blood cells,238 eye lens59 and brain239), plant cells240 and bacteria.241 Dr. Peter Arge received the
2003 Nobel Chemistry Prize for the discovery of the aquaporin family and their important
biophysical functions.63 Experimental242 and simulation approaches243 have uncovered the mystery
of why this unique protein can transport water at a high rate while maintaining high selectivity (Fig.
1-7 (A)). Aquaporins are typical transmembrane proteins with a hydrophobic outer surface, which
is crucial for the orientation and stability in lipid bilayers. Its six α-helical bundles form an
hourglass-like pore with the smallest region of less than 3 Å in diameter. This narrow pore lined
with hydrophobic amino-acid residues results in single-file water transport at very high rates using
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a mechanism similar to that in carbon nanotubes (CNTs).243,244 Because of some charged AA
residues present inside the pore, aquaporins also reject charged ions due to electrostatic repulsion
in addition to size exclusion.
These unique separation properties of aquaporins have inspired ideas to develop novel
energy-efficient water purification materials. Providing its full functionality in lipid-like block
copolymer (BCP) membranes, aquaporins have being studied intensively for the use in biomimetic
membranes for water purification and other applications.133 The research in this area has rapidly
increased in the last 5 years.25,245 Table 1-2 summarizes the effects and results of recent studies on
aquaporin based biomimetic membranes. Fig. 1-14 (A) provides an illustration of the vesicle
rupture technique used in many of the studies listed in Table 1-2. A detailed description of
biomimetic membranes can be found in Chapter 1.245 In Chapter 1, I address several challenges for
the biomimetic application of aquaporins. For example, it is really difficult to produce a large-area
membrane without defects using the aforementioned method. In addition, the physical and chemical
stability as well as resistance to biological attack of aquaporins in engineering applications are still
questionable. Economic challenges also remain because the fabrication involves expensive
membrane protein purification processes that have not been scaled up yet. Another limitation we
have recently found is that aquaporin has relatively low effective cross sectional area246,247 even
though it is very permeable per protein.248 The permeability of aquaporin-based membranes is
limited to only one order of magnitude enhancement over current membranes114 even if the proteins
are packed with high density (see Fig. 2-1 for detailed explanation). For these reasons, aquaporin
membranes may not offer significantly higher than an order of magnitude advantage over current
membrane technologies.
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Figure 2-1. Aquaporins are packed with very high density and deposited onto porous surface.
Providing this packing is close to 2 dimensional crystals of aquaporins, the basic unit is a protein
tetramer (9.5 nm×9.5 nm).246 On a 1 μm×1 μm membrane, there will be approximately 44,300
aquaporin monomers. If we use the permeability data of aquaporin 1 (1.17×10−13 cm3/s per
channel),248 this membrane will have the permeability of 3.97 μm/s·bar. The number is around 10
times higher than current forward osmosis membranes.249 This is because aquaporin has very little
effective cross sectional area.
On the other hand, the atomic structures of various aquaporins and their molecular transport
mechanism provide unique strategies to engineer high permeability while maintaining selectivity
in artificial structures. This bioinspired strategy forms the basis of my Ph.D. work to develop novel
aqueous separation materials―artificial water channel based membranes.180 The design of the
artificial water channel is based on the biological channels’ structures and self-assembly with the
lipid bilayer membranes.245 That is, artificial water channels should have the following
characteristics:
1)

A membrane-spanning tubular structure with a thickness on the order of nanometers;

2)

An outer surface that interacts favorably with the membrane environment;

3)

A water transport rate and selectivity comparable to aquaporins.

Problem Statement
Artificial water channel research was a perfect niche area for my Ph.D. research because
there is very few published articles in this field, but great opportunity exists in characterizing and
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engineering improved channels. Currently there are five published artificial water channels (Fig. 117). These include: helical channels formed by self-assembled zwitterionic coordination
polymers,183 self-assembled dendritic dipeptide helical pores,184 self-assembled imidazole
channels,186 pillar[n]arene (n=5,6)187 and nanotubular building blocks assembled by
macrocycles.188 These channels are still far from perfect compared to aquaporins when water
permeability and solute selectivity are considered. These results may be attributed to the overall
structure and current characterization methods of the channels. From the structure perspective,
there is a lack of available architectures that accurately mimic the structure of natural water channel
proteins. In some cases,183 the transport rate of water was found to be much lower than natural
water channels because of the presence of excess hydrogen bonds between the encapsulated water
molecules and the inner oxygen atoms of the channel. Low measured permeabilities of these ‘firstgeneration’ water channels also bring to fore the second challenge of accurate characterization of
these low-permeability channels. This is because the liposome stopped-flow technique (commonly
used for natural water channels) results in a high background signal from the water transport
contributed by the lipids used to make liposomes. In some cases the water transport through the
liposome walls is greater than the channel so that it is challenging to resolve the channel’s
permeability.165 Thus there is an obvious and critical need for the determination of single channel
permeabilities of artificial water channels to allow for accurate comparison to aquaporins. This is
further complicated by the unknown insertion abilities of these channels into the membrane formed
by lipids or lipid-like amphiphilic block copolymers.
Among the currently published artificial channels, pillararene is unique since it is a single
molecular channel. The pillararene structure is the product of the Lewis acid catalyzed
condensation of 1,4-dialkoxybenzene and paraformaldehyde, followed by the removal of the
methyl groups.250 The pillararene main body is highly symmetrical and rigid compared to other
macrocycles such as crown ethers and calixarenes. Pillar[5]arene (see Fig. 2-2, 5 indicates five
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benzene molecules in the ring) and has a pore diameter of approximately 5 Å. The ease of
functionalization with substituents on different benzene rings allows for turning a simple
macrocycle into a tubular structure which behaves like a biological channel. The diverse
functionalization also can be used to manipulate the channels’ water permeability, solute selectivity
and membrane insertion ability. Pillararene also has good solubility in various organic solvents
allowing for simple chemistry compared to CNTs and aquaporins. These features provide this
channel plenty of room for improving its water transport ability. Additionally, pillar[5]arene has a
cross section area of approximately 3 nm2, which is at least 3 times smaller than that of aquaporins.
The small cross section area may lead to a high pore packing density which is favorable for
membrane separation applications.

Figure 2-2. The structure of pillar[5]arene.
Dissertation overview
The ultimate goal of my overall research was to design a high water-permeability and
solute-rejection pillararene channel and use the designed channel to fabricate flat artificial channel
based-desalination membranes. The first objective was to develop a systematic platform to
characterize artificial water channels, since lipid and polymer membranes in which these channels
are incorporated are already water permeable. A further critical challenge is the determination of
single-channel permeability to allow for accurate comparison to biological channels. Chapter 3 will
describe this platform in detail. Since the current design of artificial water channels may not be
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perfect (most pores are not small enough to reject salt), the secondary goal is to change the pore
size of artificial water channels to improve solute rejection. Chapter 4 will introduce an alternative
synthetic water channel self-assembled by imidazole-based molecules. This channel has a pore size
of ~2.6 Å and can completely reject all ions except protons. I have also studied the functionality of
the pillararene artificial water channels in block copolymer (BCP) membranes because lipid
membranes are not chemically stable in applications. In Chapter 5, I start to use solvent castingbased method to develop artificial channel based membranes.
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Chapter 3
Highly permeable artificial water channels that can self-assemble into twodimensional arrays
Preface
This chapter is adapted from the following publication: Shen, Y.-x., Si, W., Erbakan, M.,
Decker, K., De Zorzi, R., Saboe, P. O., Kang, Y. J., Majd, S., Butler, P. J., Walz, T., Aksimentiev,
A., Hou, J.-l. & Kumar, M. Highly permeable artificial water channels that can self-assemble into
two-dimensional arrays. Proc. Natl. Acad. Sci. U.S.A. 112, 9810-9815, (2015).
Y. Shen and M. Kumar designed the paper. Y. Shen performed the major characterizations.
Y. Shen and M. Erbakan performed the FCS experiments with the assistance from M. Kumar and
P.J. Butler. W. Si and J. Hou synthesized the artificial water channel and provided the patch clamp
data. K. Decker and A. Aksimentiev conducted the simulation section. Y. Shen and P.O. Saboe
performed the EM analysis. Y. Shen and R.D. Zorzi carried out the cryo-EM analysis with the help
from M. Kumar and T. Walz. Y. Shen and Y.J. Kang finished the giant vesicle experiments under
the supervision of M. Kumar and S. Majd. Y. Shen and M. Kumar wrote the paper with the
assistance from all the other co-authors. We thank undergraduate student Creedon W. Meminger
for his contribution to the experiments.
Abstract
Bioinspired artificial water channels aim to combine the high permeability and selectivity
of biological aquaporin (AQP) water channels with chemical stability. We characterized a new
architecture of artificial water channels, peptide-appended pillar[5]arenes (PAPs). The average
single-channel osmotic water permeability for PAPs is 1.0(±0.3)×10−14 cm3/s or 3.5(±1.0)×108
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water molecules/s, which is in the range of AQPs (3.4~40.3×108 water molecules/s) and their
current synthetic analogs, carbon nanotubes (CNTs, 9.0×108 water molecules/s). This permeability
is an order of magnitude higher than first-generation artificial water channels (20 to ~107 water
molecules/s). Furthermore, within lipid bilayers, PAP channels can self-assemble into twodimensional arrays. Importantly for permeable membrane design, the pore density of PAP channel
arrays (~2.6×105 pores/μm2) is two orders of magnitude higher than CNT membranes (0.1~2.5×103
pores/μm2). PAP channels thus combine the advantages of biological channels and CNTs and
improve upon them through their relatively simple synthesis, chemical stability and propensity to
form arrays.
Introduction
The discovery of the high water and gas permeability of aquaporins (AQPs) and the
development of artificial analogs, carbon nanotubes (CNTs), have led to an explosion in studies
aimed at incorporating such channels into materials and devices for applications that utilize their
unique transport properties.17,236,245,251-256 Areas of application include liquid and gas
separations,182,257-259 drug delivery and screening260, DNA recognition,261 and sensors.262 CNTs are
promising channels because they conduct water and gas 3-4 orders of magnitude faster than
predicted by conventional Hagen-Poiseuille flow theory.258 However, their use in large-scale
applications has been hampered by difficulties in producing CNTs with subnanometer pore
diameters and fabricating membranes in which the CNTs are vertically aligned.252 AQPs also
efficiently conduct water across membranes (~3 billion molecules per second)63 and are therefore
being studied intensively for their use in biomimetic membranes for water purification and other
applications.17,25,245 However, their use in large-scale applications is complicated by the high cost
of membrane protein production, their low stability, and challenges in membrane fabrication.245
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Artificial water channels, bioinspired analogs of AQPs created using synthetic
chemistry,180 ideally have a structure that forms a water-permeable channel in the center and an
outer surface that is compatible with a lipid membrane environment.245 Interest in artificial water
channels has grown in recent years, following decades of research and focus on synthetic ion
channels.180 However, two fundamental questions remain: 1) Can artificial channels approach the
permeability and selectivity of AQP water channels, and 2) How can such artificial channels be
packaged into materials with morphologies suitable for engineering applications?
Because of the challenges in accurately replicating the functional elements of channel
proteins, the water permeability and selectivity of ‘first-generation artificial water channels’ were
far below those of AQPs (Table S3-1).183,184,186-188,263 In some cases, the conduction rate for water
was much lower than that of AQPs, a result of excess hydrogen bonds being formed between the
water molecules and oxygen atoms lining the channel.183 The low water permeability that was
measured for first-generation water channels also highlights the experimental challenge of
accurately characterizing water flow through low-permeability water channels. Traditionally, a
liposome-based technique has been used to measure water conduction, in which the response to an
osmotic gradient is followed by measuring changes in light scattering264,265 or fluorescence.266 The
measured rates are then converted to permeability values. These measurements suffer from a high
background signal due to water diffusion through the lipid bilayer, which, in some cases, can be
higher than water conduction through the inserted channels, making it challenging to resolve the
permeability contributed by the channels.165 Thus, there is a critical need for a method to accurately
measure single-channel permeability of artificial water channels to allow for accurate comparison
with those of biological water channels. Furthermore, first-generation artificial water channels were
designed with a focus on demonstrating water conduction and one-dimensional assembly into
tubular structures.183,184,186-188 but how the channels could be assembled into materials suitable for
use in engineering applications was not explored. To derive the most advantage from their fast and
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selective transport properties, artificial water channels are ideally vertically aligned and densely
packed in a flat membrane. These features have been long desired but remain a challenge for CNTbased systems.252
Here we introduce peptide-appended pillar[5]arene (PAP, Fig. 3-1)267 as a new architecture
for artificial water channels, and we present data for their single-channel permeability and selfassembly properties. Non-peptide pillar[5]arene derivatives were among first-generation artificial
water channels.187,245 Pillar[5]arene derivatives, including the one used in this study, have a rigid
pore size of ~5 Å in diameter and are excellent templates for functionalization into tubular
structures.268-271 However, the permeability of hydrazide-appended pillar[5]arene channels was low
(~6 orders of magnitude lower than that of AQPs, Table S3-1). We addressed the challenges of
accurately measuring single-channel water permeability and improving the water conduction rate
over first-generation artificial water channels by using both experimental and simulation
approaches. The presented PAP channel contains more hydrophobic regions267 compared to its
predecessor channel,187 which improves both its water permeability and its ability to insert into
membranes. To determine single-channel permeability of PAPs, we combined stopped-flow lightscattering measurements of lipid vesicles containing PAPs with fluorescence correlation
spectroscopy (FCS).272,273 Stopped-flow experiments allow the kinetics of vesicle swelling or
shrinking to be followed with millisecond resolution and water permeability to be calculated, while
FCS makes it possible to count the number of channels per vesicle.273,274 The combination of the
two techniques allows molecular characterization of channel properties with high resolution and
demonstrated that PAP channels have a water permeability close to those of AQPs and CNTs. The
experimental results were corroborated by molecular dynamics (MD) simulations, which also
provided additional insights into orientation and aggregation of the channels in lipid membranes.
Finally, as a first step towards engineering applications such as liquid and gas separations, we were
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able to assemble PAP channels into highly packed planar membranes, and we experimentally
confirmed that the channels form two-dimensional arrays in these membranes.

Figure 3-1. Structure of the peptide-appended pillar[5]arene (PAP) channel. (A) The PAP channel
(C325H320N30O60) forms a pentameric tubular structure through intramolecular hydrogen bonding
between adjacent alternating D-L-D phenylalanine chains (D-Phe-L-Phe-D-Phe-COOH). (B)
Molecular modeling (Gaussian09, semiempirical, PM6) of the PAP channel shows that the benzyl
rings of the phenylalanine side chains extend outward from the channel walls (C, purple; H, white;
O, red; N, blue). (C-D) Molecular dynamics (MD) simulation of the PAP channel in a POPC bilayer
revealed its interactions with the surrounding lipids. The five chain-like units of the channel are
colored purple, blue, ochre, green, and violet, with hydrogen atoms omitted. In panel C, the POPC
lipids are represented by thin tan lines; in panel D, water is shown as red (oxygen) and white
(hydrogen) van der Waals spheres.
Results and discussion
Single-channel water permeability
The PAP channel was functional in phosphatidylcholine/phosphatidylserine (PC/PS)
liposomes, but its water conduction rates differed under hypertonic and hypotonic conditions (Fig.
3-2). We first consider the permeability under hypertonic conditions. Upon establishing outwardly
directed osmotic gradients, the liposomes shrank and the light-scattering signal at 90° increased.
The curves could be fit in the form of a sum of two exponential functions, indicating two shrinkage
rates, one characterized by a large exponential constant, k1, that was independent of the density of
channels in the vesicles and the other one characterized by a smaller constant, k2, that increased
with increasing molar channel-to-lipid ratios (mCLRs) (Fig. 3-2 (A)). This result indicated that the
contribution of the PAP channels to the overall water permeability of the vesicles was lower than
that of the lipid membrane, and so the smaller exponential coefficient (k2) was used to calculate the
permeability of the channel. The same approach was recently used to measure the low water
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permeability of AQP0.275 The permeability contributed by the PAP channels increased linearly
when the mCLR was increased from 0 to 0.005 (Fig. 3-2 (B)). In contrast, when vesicles with
reconstituted PAP channels were exposed to hypotonic solutions (under these conditions the
vesicles swelled and the light scattering signal measured at 90° decreased), there was a significant
increase in the larger exponential constant (k1) over that of the control vesicles (Fig. 3-2 (C)). The
net permeability calculated in the swelling mode was found to be 61 times higher than that in the
shrinking mode (Fig. 3-2 (C)). Water conduction by PAP channels was further confirmed by a set
of experiments on giant unilamellar vesicles (Appendix B, Fig. S3-1 and S3-2), showing that
vesicles containing PAP channels swell significantly faster than pure lipid vesicles (Appendix B,
Supplementary Movie S3-1). The effect of residual DMSO, the solvent used for the channel, on the
permeability of the vesicles was found to be negligible (Appendix B, Fig. S3-3).

Figure 3-2. The water permeability of PAP channels was calculated using a combination of
stopped-flow and fluorescence correlation spectroscopy (FCS) experiments. (A) Representative
stopped-flow traces from experiments performed on liposomes formed with different molar
channel-to-lipid ratios (mCLRs; 0, 0.001, 0.002, 0.0033 and 0.005) after a rapid exposure to a
hypertonic solution containing 400 mM sucrose. (B) The water permeability of PAP channelcontaining liposomes formed with different mCLRs measured under hypertonic conditions. Data
shown are the average of triplicates with error bars representing standard deviation. (C)
Representative stopped-flow traces from experiments performed on liposomes with mCLRs of 0
and 0.005 after rapid exposure to a buffer without the 100 mM PEG600 used to form the vesicles.
(D) Net channel permeability measured for PAP channel-containing liposomes (mCLR=0.005)
under vesicle shrinking and swelling conditions. (E) FCS was used to determine the number of PAP
channels per vesicle. First, FCS was used to analyze vesicles containing fluorescently labeled
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channels (left panel). The vesicles were then solubilized with detergent, releasing the channels into
detergent micelles (right panel), and the solution was again analyzed by FCS. (F) The normalized
FCS autocorrelation curves of the free dye tetramethylrhodamine cadaverine, labeled PAP channel
in detergent micelle, and vesicles incorporating the labeled PAP channel. They have significantly
different diffusion coefficients (Dx represents diffusion coefficient of x species while dx represents
the estimated diameter, Dfree dye=4.6(±0.6)×10−6 cm2/s, dfree dye=1.0±0.1 nm; DMicelles=5.3(±0.2)×10−7
cm2/s, dMicelles=8.5±0.4 nm; DLiposomes=2.4(±0.2)×10−8 cm2/s, dLiposomes=191.3±18.2 nm). The FCS
measurements give a diameter of the micelles containing PAP channel of 8.5±0.4 nm, close to the
value determined by dynamic light scattering (DLS) (8.4±0.1 nm). The channel-containing micelles
were slightly larger than pure octyl glucoside micelles (7.8±0.2 nm, determined by DLS), indicating
that one micelle contains only a single channel. (G) The FCS autocorrelation curves for vesicles
with labeled PAP channels (mCLR=0.005) before and after solubilization with 2.5% OG. The high
correlation function amplitude G(0) obtained for the vesicles indicates a low number of fluorescent
liposomes in the confocal volume (NLiposomes). After detergent solubilization, the number of free
particles increased by more than 500 times (NMicelles). The number of channels per vesicle was then
calculated as NMicelles/NLiposomes. (H) Single-channel water permeability of the PAP channel (obtained
from the vesicles formed at an mCLR of 0.005; permeability data were from panel D. Data shown
are the average of triplicates with error bars representing standard deviation.
To calculate the average single-channel permeability of PAP channels, an FCS technique
was used to count the number of channels per vesicle.273,274 The channels were tagged with a
fluorophore, tetramethylrhodamine cadaverine, using dicyclohexylcarbodiimide as crosslinking
reagent (Fig. 3-2 (E)). The labeling process was optimized to ensure that all channels were labeled
(Appendix B, Fig. S3-4 to S3-6), and the labeled channels were incorporated into PC/PS liposomes.
A two-species model was employed to fit the autocorrelation curves of both liposomes and micelles
to differentiate them from free fluorophores. Curve fitting yielded the number of fluorescent
liposomes (NLiposomes) (the inverse of the correlation function amplitude) in the confocal volume.
The liposomes were then solubilized in 2.5% octyl glucoside (OG) to release the labeled channels
into micelles (Fig. 3-2 (E)) and the number of the micelles (NMicelles) was obtained by fitting.
As expected, the diffusion time (τd) for labeled channels in liposomes was longer than those
for channels in detergent micelles (Fig. 3-2 (F)). The size of detergent micelles with and without
channels, as determined by both FCS and dynamic light scattering, was similar, which implies that
most micelles contains only one channel molecule (Fig. 3-2 (F), Appendix B, Table S3-2). The
subsequently calculated insertion efficiency (Appendix B, Fig. S3-7) shows that if micelles

63
contained two or three channels, the insertion efficiency would be better than 100%, which is not
possible. These insertion efficiency considerations, together with size measurements and the
amount of detergent used during FCS experiments, it is most likely that most micelles contained
only one channel. However, even if some micelles contained two channels per micelle, the
experimentally determined single-channel permeability values would only drop by a factor of two,
not affecting the order of magnitude of the determined permeability.
The lower correlation amplitude indicated that solubilization created a large number of
fluorescent micelles (Fig. 3-2 (G)). The number of the labeled channels per liposome (NChannels) was
calculated as the ratio NMicelles/NLiposomes. Compared with the theoretical number of channels that
could be inserted into a liposome of ~150 nm in diameter, the size used in our experiments, the
calculated number corresponded to an insertion efficiency of ~45% (Appendix B, Fig. S3-7). Since
fluorophore labeling reduced the water conductance of PAP channels in the shrinking mode
(Appendix B, Fig. S3-8), single-channel permeability (Fig. 3-2 (H)) was calculated using the
number of channels determined by FCS and the permeability data obtained with unlabeled channels
for both modes (Fig. 3-2 (D)). In the shrinking mode, the PAP channel has a water permeability of
1.1(±0.3)×10−16 cm3/s, corresponding to 3.7(±1.2)×106 water molecules/s. In the swelling mode,
the water conduction of the channel is approximately 2 orders of magnitudes higher than that in the
shrinking mode, with a measured permeability of 1.0(±0.3)×10−14 cm3/s, corresponding to
3.5(±1.0)×108 water molecules/s.
MD simulations
MD calculations276 were performed with a system of 25 regularly spaced PAP channels in
a 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphatidylcholine (POPC) bilayer that was surrounded by
water molecules (Fig. 3-3 (A)). The simulations revealed several interesting features. First,
individual channels exhibited wetting-dewetting transitions, i.e., the average fraction of channels
filled with water fluctuated over the simulation time (Fig. 3-3 (B) and Appendix B, Supplementary
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Movie S3-2). After 30 ns of unrestrained simulation, on average 40% of the channels were filled
with water, regardless of whether simulations were initiated with water-filled or empty PAP
channels. Figure 3c illustrates the occupancy of a typical PAP channel over a 150 ns segment of a
MD trajectory, showing that it takes less than 3 ns for a channel to transition from completely wet
to completely dry. The water occupancy probability of a single channel (Fig. 3-3 (C), inset)
averaged over all microscopic states observed in our MD simulations has two maxima,
corresponding to the dry and wet states. The snapshots in Figure 3d illustrate the microscopic
conformation of the channel before and after the wetting-dewetting transitions. Such transitions
have also been observed in other biological and artificial channel systems.244,277,278 Secondly, the
PAP channels had a propensity to aggregate into clusters (Fig. 3-3 (E)). For example, in the 240ns simulation initiated with water-filled channels, the average number of channels being part of a
cluster increased from 1 to 13 (Appendix B, Supplementary Movie S3-3). Visual inspection
identified hydrogen bonds between the carboxyl and amine groups at the peptide chains of the
neighboring channels to stabilize the aggregates. Third, the channels showed considerable
dynamics in the lipid bilayer. Although the peptide side chains remained rigid in the Gaussian
model due to inter-chain hydrogen bonds (Fig. 3-1 (A) and (B)), the side chains exhibited greater
flexibility as they interacted with the hydrophobic core of the lipid bilayer (Appendix B,
Supplementary Movie S3-4). In addition, the PAP channels tended to be tilted with respect to the
membrane plane, and although the angle varied considerably from channel to channel (Appendix
B, Fig. S3-9), the most probable angle was 25°. A few channels were observed to tilt so much that
they no longer spanned the membrane.
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Figure 3-3. Molecular dynamics (MD) simulations of PAP channels in a lipid environment reveal
wetting-dewetting transitions of the pore and a tendency of the channels to aggregate. (A) A cutaway view of the simulated system. PAP channels are depicted in purple, the POPC bilayer in green,
and water molecules are shown as red and white van der Waals spheres. The image shows the
system 1 ns after inserting water molecules into the channels. (B) The average fraction of channels
that contain water molecules as a function of the simulation time. Irrespective of whether the
simulations were initiated with empty or water-filled channels, the system equilibrated to
approximately 40% of the channels containing water. In this plot, 0 ns corresponds to the beginning
of free equilibration. The error bars represent the error of the mean. (C) The number of water
molecules present in a PAP channel during a representative fragment of an MD trajectory. The
inset shows the normalized probability of observing a given number of water molecules in a PAP
channel. The probability was computed by examining the occupancy of all channels during the last
200 ns of two MD trajectories sampled every 0.1 ns. Red dashed lines indicate the time points of
the snapshots shown in the next panel. (D) Wetting/dewetting of a PAP channel. The channel is
shown as purple van der Waals spheres, POPC lipids in green stick representation, and water
molecules by red and white van der Waals spheres. The cyan arrows indicate the region of the
channel that was used to determine the occupancy and permeability of the channels. (E) A sequence
of snapshots illustrating the aggregation of PAP channels in the lipid bilayer. Each image shows a
top view of the simulation system. PAP channels are depicted in purple, POPC lipids in green stick
representation, and water is not shown. When released from constraints, channels migrate through
the membrane and form clusters. For the simulations initiated with water-filled channels, the
average cluster sizes with standard deviation were: 0 ns, 1.0±0.0; 57 ns, 1.9±1.4; 115 ns, 3±3; 173
ns, 8±6; 230 ns, 13±13. Simulations initiated with empty channels showed similar clustering
behavior.
The water permeability was calculated using a collective diffusion model for a system in
equilibrium.279 To test its appropriateness, the method was first used to calculate the permeability
of AQP1. The calculated value of 2.0(±0.1)×10−13 cm3/s was within the range of previously
determined values (1.4 to 2.9×10−13 cm3/s).280 For simulations on PAP channels, the root mean
square deviation (RMSD) of the coordinates of the channels with respect to their crystallographic
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coordinates (Appendix B, Fig. S3-10) and the fraction of water-filled channels (Fig. 3-3 (B))
showed that the system had converged to equilibrium after 30 ns. Hence, MD trajectory data from
that time onward were used to calculate the water permeability. Simulations yielded a very similar
average permeability irrespective of whether simulations were initiated with water-filled or empty
channels, 1.9(±0.4)×10−14 cm3/s and 1.5(±0.5)×10−14 cm3/s, respectively. Individual channels
exhibited considerable variability with permeability values ranging from 0.1-3.1×10−14 cm3/s
within the 240-ns simulation. The average tilt of a channel showed little correlation with its water
permeability provided the channel remained accessible to water from both sides of the membrane.
Of the 50 simulated channels, about 10 channels showed low water conductance (< 3×10−15 cm3/s)
at any given moment during the MD simulations. At any time during the simulation, on average
approximately 9 of these were devoid of water and seven had the entrance blocked by a
phenylalanine chain. For one low-conductance channel, one acyl chain of a lipid molecule entered
the channel, blocking it completely for the remainder (>200 ns) of the simulation (Appendix B,
Supplementary Movie S3-5 and Fig. S3-11). We speculate that an increase in the fraction of lowconductance channels in the shrinking mode by one of the mechanisms described above might
reduce osmotic permeability compared to that under the swelling mode. However, simulations for
the shrinking mode, in which the area occupied by channels and lipids was reduced, did not reveal
an increase in the number of low-conductance channels. Longer and more detailed simulations will
be required to investigate this effect.
Self-assembly behavior
Pillar[5]arene channels can be packed into lipid membranes with very high densities. A
slow dialysis technique69 was used to conduct self-assembly experiments with PAP channels and
lipids over a wide range of mCLRs. Like for membrane proteins,281 the concentration of PAP
channels in the membrane had a significant impact on the morphology of the resulting PAP
channel-lipid aggregates as observed by negative-stain electron microscopy (EM) (Fig. 3-4 (A)).
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When the channel concentration was low (below an mCLR of 0.05), dialysis produced vesicles
mostly with a diameter of 100 to 200 nm. When the mCLR was increased to approximately 0.5, the
vesicles grew to approximately one micron in diameter. At mCLR of 0.714, sheet-like membranes
began to form. At mCLRs higher than 1, channel aggregates were observed in addition to
membrane-like morphologies (see Fig. S3-12 in Appendix B for the different aggregate
morphologies observed over the full mCLR range). Increasing the density of the channel in the
membrane thus changed the curvature of the lipid bilayer and resulted in the formation of flat
membranes. The mCLR at which the PAP channel-lipid aggregates transition from curved to flat
membranes was close to 0.5, compared to a range of 0.02 to 0.125 for most membrane protein-lipid
aggregates.69 The transition at a lower mCLR for PAP channel-lipid aggregates can be explained
by the cross-sectional area of the PAP channel, which is an order of magnitude smaller than that of
most membrane proteins. To further analyze the packing of the channels in the membranes, PAP
channel-containing vesicles produced at an mCLR of 0.909 were prepared by the carbon sandwich
technique282 and analyzed by cryo-EM (Fig. 3-4 (B), left panel). Power spectra of the images
showed blurry first-order diffraction spots, indicating the presence of very densely packed or even
somewhat ordered regions with lattice constants of a=b=21 Å and γ=120º (Fig. 3-4 (B), right panel).
Considering that the entire cross-sectional area of the channel is approximately 300 Å2, a single
unit cell within the 2D crystal can only accommodate one channel molecule. The PAP channels are
most likely densely packed in a hexagonal arrangement. A molecular model of these densely
packed PAP sheets is shown in Fig. 3-4 (C).
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Figure 3-4. The concentration of PAP channels influences the morphology of self-assembled
channel-lipid aggregates. (A) Negative-stain EM images show the representative morphologies of
aggregates formed at different molar channel-to-lipid ratios (mCLRs). Increasing mCLRs from
0.05, 0.2, 0.625 to 0.714 resulted in morphology transitions from small vesicles to large vesicles,
and finally to flat membranes. Scale bars are 100 nm. (B) The left panel shows a cryo-EM image
of a self-assembled channel-lipid aggregate formed at an mCLR of 0.909 that was frozen in
trehalose. Scale bar is 100 nm. The right panel shows the power spectrum, which reveals blurry
first-order diffraction spots, indicating that the PAP channels form a somewhat ordered hexagonal
array with lattice dimensions of a=b=21 Å and γ=120º. Scale bar is 0.5 nm−1. (C) Top (left) and
tilted (right) views of a molecular model of a partially ordered array of hexagonally packed PAP
channels in a lipid bilayer. The inner channel rings (dimethoxy benzene) are rendered as opaque
dark violet surfaces, phenylalanine arms as translucent purple surfaces, and lipid molecules as
transparent grey polygons. For clarity, water is not shown. The model is the result of an MD
simulation guided by the ordering observed in the EM images. Scale bar is 2.1 nm.
Solute rejection and ion selectivity
Stopped-flow light-scattering measurements were also performed in the presence of
osmolytes of different molecular weights (Appendix B, Fig. S3-13 to S3-15). The reflection
coefficient for each osmolyte was calculated as the ratio of the measured water permeability in its
presence to that in the presence of a completely retained osmolyte (Dextran500).283 Based on a
reflection coefficient of 0.9, the molecular weight cut-off of the PAP channel was determined to be
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~420 Da (Appendix B, Fig. S3-16), consistent with its pore diameter of ~5 Å. The ion selectivity
of the channel was determined by patch-clamp experiments. The voltage-current relationship
showed PAP channels to be cation selective (Appendix B, Fig. S3-17), which was expected as the
channel has five carboxylic groups at each entrance. The order of ion selectivity was NH4+ > Cs+ >
Rb+ > K+ > Na+ > Li+ > Cl− (Appendix B, Table S3-3).
Comparison of PAP channels with AQPs and CNTs
The water permeability of the PAP channel under swelling conditions is only one order of
magnitude lower than that of AQP1, the AQP with the highest water permeability (11.7×10−14
cm3/s),248 and is close to that of CNTs (2.61×10−14 cm3/s).182 If water channels are to be used in
separation materials, it is important to consider their effective cross-sectional area. AQPs occupy a
large cross-sectional area in the membrane (~9 nm2), but the actual water pore represents only a
very small portion of the occupied membrane area (Appendix B, Fig. S3-18). This will offset the
high water permeability of AQPs, even if a membrane is very densely packed with AQPs, such as
in two-dimensional crystals.69,245 Taking into account the cross-sectional areas of the PAP channel
(3.0 nm2), AQP1 (9.0 nm2)242 and CNTs (2.1 nm2),182,284 the single-channel permeability of the PAP
channel per cross-sectional area is similar to that of the most water-permeable AQPs and CNTs
(Appendix B, Fig. S3-18). Artificial water channels provide two additional advantages over channel
proteins, namely high physicochemical stability as well as solubility in and compatibility with
organic solvents. The latter is particularly critical for membrane fabrication, as organic solvents are
used in polymer membrane processing. A method based on solvent casting to self-assemble
artificial water channels in lamellar amphiphilic block copolymers may allow scalable
manufacturing of high permeability membranes.
PAP channels also present advantages over CNTs. First, the structure of the PAP channel
could be further modified so that the pore size is compatible for use in water desalination. The
majority of currently reported artificial water channels have a pore diameter of less than 0.6 nm

70
(Appendix B, Table S3-1), but CNTs with this pore size cannot yet be synthesized.252 Furthermore,
artificial channels with specially designed pore sizes may not only be useful in water purification
but also hold promise in other fields currently proposed for CNT-based systems, such as
biomolecule sensing, gas separations, drug delivery, and protective fabrics.252-254,261,285 Second,
most CNTs produced in bulk today suffer from disorganized architectures,252 which significantly
limit their use in applications that depend on transport through their pores. The experimental and
simulation studies presented here demonstrate that the PAP channel are aligned in lipid bilayers,
and that PAP channels can form 2D arrays, mimicking crystalline protein arrays found in some
biological membranes, such as the mammalian eye fiber cell membranes,60 retinal rod
membranes,286 and photosynthetic membranes.287 The packing density of the PAP channels
(2.6×105/μm2) is an order of magnitude higher than those of AQP 2D crystals (8.6×104/μm2 for
AQP1 and 9.5×104/μm2 for AQP0)246,288 and two orders of magnitude higher than those of current
CNT-based membranes (0.1~2.5×103/μm2) (Appendix B, Table S3-4).182,289-292 Taking into account
the effective cross-sectional pore areas of the membranes, the packing of PAP channels at an mCLR
close to 0.5 is also far more efficient than that of cyclic peptide nanotubes in block copolymer
membranes.293 Third, pillar[n]arene-based artificial channels present the opportunity for simple
modification of their side chains to modify their transport properties. Compared to hydrazideappended pillar[n]arene,187 the presented peptide-appended pillar[5]arene channels have greatly
improved water permeability and membrane insertion characteristics. A drawback of the current
PAP channel is its substrate selectivity. With a molecular weight cut-off of 420 Da, the channel is
not suitable to remove salt and other small solutes. However, the ability to attach different
substituents to the pillar[5]arene scaffold may provide a way to enhance selectivity. Overall, this
study shows the promise of pillar[5]arene-based artificial water channels to mimic the high
permeability of biological water channels and carbon nanotubes.
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Materials and methods
Preparation of lipid vesicles
The peptide-appended pillar[5]arene (PAP) channel shown in Figure 1 was synthesized
using protocols described previously.267 Lipids were purchased from Avanti Polar Lipids (Alabaster,
AL) and used without further purification. For permeability measurements, liposomes were
prepared by using the film rehydration method294 while adding channels. PAP channels in DMSO
(between 0 and 0.22 mg) were added to 6 mg of a 4:1 (mol/mol) phosphatidylcholine/
phosphatidylserine (PC/PS) mixture in CHCl3. The mixture was gently dried on a rotary evaporator
under high vacuum to remove all solvent, and the resulting film was rehydrated with 1 mL buffer
(10 mM Hepes, pH 7, 100 mM NaCl and 0.01% NaN3). For swelling experiments, the rehydration
buffer was 10 mM Hepes, pH 7, 100 mM PEG600 and 0.01% NaN3. After incubation on a stir plate
at 4°C overnight, the suspension was extruded through 0.2 μm track-etched membranes (Whatman,
UK) to obtain monodisperse, unilamellar vesicles. The size of the vesicles was determined by
dynamic light scattering using a Zetasizer Nano instrument (Malvern Instruments Ltd., UK). To
assess the dependence of the morphology of channel-lipid aggregates on the molar channel-to-lipid
ratio (mCLR), channel-containing lipid membranes were formed using a slow dialysis method as
described in a later section.
Water permeability measurements
The water permeability of pure and channel-containing lipid vesicles was measured at 10°C
with an SF-300X stopped-flow instrument (KinTek Corp., PA). Vesicles were rapidly exposed to
hypertonic/hypotonic solutions, causing them to shrink/swell due to the osmotic gradient. For
shrinking experiments, the hypertonic osmolyte was 10 mM Hepes, pH 7, 300 mM NaCl, 0.01%
NaN3; for swelling experiments, the hypotonic osmolyte was 10 mM Hepes, pH 7 and 0.01% NaN3
(lacking the 100 mM PEG600 in the buffer used to form the vesicles). The resulting changes in
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vesicle size were followed by recording light scattering at a wavelength of 600 nm and an angle of
90°.295 The light scattering signal was fit in the form of the sum of two exponential functions. The
osmotic permeability (Pf) was calculated using the following formula:265
𝑃𝑃𝑓𝑓 =

𝑘𝑘
(3 − 1)
(𝑆𝑆/𝑉𝑉0 ) × 𝑉𝑉𝑊𝑊 × ∆𝑜𝑜𝑜𝑜𝑜𝑜

where k is the exponential coefficient describing the change in light scattering (in shrinking
experiments the coefficient with the smaller value (k2) was used, while in swelling experiments the
coefficient with the larger value (k1) was used. See main text for details); S and V0 are the initial
surface area and volume of the vesicles, respectively; Vw is the molar volume of water, and Δosm is
the osmolarity difference. When calculating the osmolarity difference in this equation, we have
carefully considered the non-ideality of the solution. All the osmolarity difference values were
experimentally measured on a freezing point osmometer (Model 3300, Advanced Instruments, Inc.,
MA), rather than approximating them with molarity concentration differences.
Water permeability of giant unilamellar vesicles (GUVs)
GUVs with and without channels were prepared using a modified electroformation method,
which was combined with hydrogel-based microcontact printing.296 Briefly, small proteoliposomes
prepared by using the film rehydration method were loaded onto patterned agarose gel stamps and
then transferred onto an indium tin oxide (ITO) slide. The patterned ITO slide was partially dried
and assembled into an electroformation chamber, a ‘sandwich’ flow chamber consisting of an upper
ITO slide, intermediate PDMS spacer (with integrated inlet and outlet tubing), and the bottom ITO
slide containing the patterned lipid/protein deposits. The chamber was filled with buffer containing
10 mM Hepes, pH 7, 100 mM PEG600, 0.01% NaN3 through inlet tubing with an alternating current
electric field (2.1 Vpp, 50 Hz) applied for 2 hours. The resultant GUVs were detached from the
ITO surface by decreasing the frequency from 50 Hz to 1 Hz for 10 min to assure the isolation of
the vesicles’ interior from the outside. Replacing the buffer containing 100 mM PEG600 with
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buffer containing 100 mM glucose allowed the GUVs to settle on the slide for imaging by light
microscopy. Hypotonic buffer, in which the glucose concentration was reduced to 80 mM, was
injected into the chamber at a flow rate of 500 µL/h using a syringe pump. The size change of
GUVs upon exposure to hypertonic solution was followed for 1 hour by time-lapse imaging with
an inverted Zeiss Axio Observer Z1 microscope equipped with an X-Cite Series 200 fluorescence
lamp (EXFP Life Sciences, Ontario, Canada) and a CoolSNAP CCD camera (Photometrics, Tucson,
AZ). The AxioVision 4.8.2 software (Carl Zeiss Microscopy, Oberkochen, Germany) was used for
image acquisition.
Labeling procedure and estimating labeling efficiency
For labeling, 100 μL PAP channel stock (5 mg/mL in DMSO) was mixed with 10× molar
excess

of

both

fluorescent

dye

(5-(and-6)-((N-(5-

aminopentyl)amino)carbonyl)tetramethylrhodamine) (Invitrogen, CA) (9.18 μL of 50 mg/mL in
DMSO) and the cross-linker dicyclohexylcarbodiimide (DCC) (Thermo Fisher Scientific Inc., IL)
(3.68 μL of 50 mg/mL in DMSO). The reaction was performed in the dark at room temperature
with stirring overnight. A Slide-A-Lyzer Mini Dialysis Unit with a 2 kDa MWCO with regenerated
cellulose membrane (Thermo Fisher Scientific Inc., IL) was then used to remove residual free dye
and DCC. The efficiency of dye removal was evaluated on a UV-Vis spectrophotometer (Nanodrop
2000c, Thermo Fisher Scientific Inc., IL) based on its specific absorbance wavelength at 544 nm
and the Beer-Lambert law.
Dialysis was found to efficiently remove free dye while retaining nearly 100% of the PAP
channel (Appendix B, Fig. S3-4). We also performed dialysis of pure dye solution. It was found
that 92.6±2.2% of the free dye was removed after dialysis (Appendix B, Fig. S3-5, n=3). After
cross-linking the dye to the channel and dialysis, 52.8±5.4% of the dye was retained (Appendix B,
Fig. S3-6, n=3). Assuming ~7% of the free dye remained in solution after dialysis, approximately
40% of the dye was successfully cross-linked to PAP channels. Considering the 1:10 stoichiometry
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of PAP channel to dye used for the reaction, on average every channel was labeled with
approximately 4 dye molecules.
Fluorescence correlation spectroscopy (FCS)
The number of channels per vesicle was measured based on a fluorescence correlation
spectroscopy (FCS) technique.272-274 Fluorescently labeled channels were incorporated into
liposomes using the film rehydration method.294 The vesicles were dialyzed and subjected to sizeexclusion chromatography to remove residual free dye. The fluorescence intensity F(t) within a
small confocal volume was monitored using a time-resolved single-photon counting module
(Becker-Hickl GmbH, Germany). The fluorescence fluctuation δF(t), t (time) and τ (lag time) were
used to calculate the autocorrelation function G(τ):272
𝐺𝐺(𝜏𝜏) =

〈𝛿𝛿𝛿𝛿(𝑡𝑡)〉〈𝛿𝛿𝛿𝛿(𝑡𝑡 + 𝜏𝜏)〉
(3 − 2)
〈𝐹𝐹(𝑡𝑡)〉2

The specific expression of G(τ) is related to the geometry of the confocal volume (r and z
are the radius and half height of the confocal volume, respectively), the characteristic diffusion
time (τDi) of the fluorescent species i across a distance of r, and the average number (N) of
fluorophores in the confocal volume. fi is the fraction of fluorescent species i.272
𝑀𝑀

1/2

1
1
1
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�
𝐺𝐺(𝜏𝜏) = � 𝑓𝑓𝑖𝑖 �
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1 + 𝜏𝜏/𝜏𝜏𝐷𝐷𝑖𝑖 1 + (𝑟𝑟/𝑧𝑧)2 �𝜏𝜏/𝜏𝜏𝐷𝐷𝑖𝑖 �
𝑖𝑖=1

(3 − 3)

The number of the independent fluorescent molecules in the confocal volume is the inverse
of G(0). Thus, the number of labeled channels per vesicle can be calculated as the ratio of the
number of particles in the confocal volume before and after detergent solubilization of the
vesicles.274
The labeling of PAP channels in our system was corroborated by the significantly different
time frames of the autocorrelation functions of the three fluorescent species: free dye (~0.5 kDa),
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labeled channel in detergent micelles (~7.7 kDa, assuming that on average every channel was
labeled with 4 dye molecules) and labeled channel incorporated into vesicles (Fig. 3-2 (F)).
Molecular dynamics (MD) simulations
All MD simulations were performed using the molecular dynamics program NAMD.297
PAP channels, arranged in a regular array of 5×5 channels, were embedded in a 14.5×14.5 nm
POPC bilayer (overlapping lipid molecules were deleted or moved to maintain the appropriate area
per lipid). The electrically neutral system was solvated in TIP3P water using the autosolvate plugin
of the visual molecular dynamics program, VMD.298 Existing CHARMM36 parameters299 were
used for water, non-bonded interactions, POPC, and phenylalanine arms, while the PAP backbone
parameters were obtained from the paramchem website.300 Particle mesh Ewald full electrostatics
were computed over a cubic grid with a ~1 Å spacing, and a smooth cutoff (8-10 Å) was
implemented for van der Waals interactions. A 2-fs time step, rigid hydrogen bonds, and periodic
boundary conditions were used. Unless stated otherwise, the temperature was held constant at 303
K using the Lowe-Andersen thermostat301 with a rate of 50 ps−1. The TIP3P water model302 was
used for each simulation. Atomic restraints, when used, were enforced using the constraints feature
of NAMD with a spring constant of 1 kcal/mol·Å2 for each restraint. Upon assembly, the energy of
each system was minimized using the conjugate gradient method. Pressure constraints for NPT
(constant number of particles N, constant pressure P, and constant temperature T) simulations303
were enforced by the Langevin piston extendible along each axis with decay and a period of 800
fs, with the system length along the two membrane axes restrained to a 1:1 ratio. Effects of system
drift were removed from the trajectory analysis by post-simulation realignment of the membrane.
To resolve steric conflicts and to allow the lipid bilayer to relax, minimization and
equilibration was performed in NAMD while restraining the channel alpha carbons and fifteen
selected carbons from the central inner ring (dimethoxy benzene) of each channel. After a total of
64 ns of NVT (constant number of particles N, constant volume V, and constant temperature T)
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equilibration, the restraints were released and NPT simulation was performed for 160 ns. While the
simulation was initiated with no water in the PAP channels, during the first 36 ns of equilibration
water was observed to enter a few of the channels, connecting the two compartments separated by
the membrane. Using the positions of the waters in the channels as a guide, a system was created
from the end of the 36 ns MD trajectory in which waters were inserted into every channel. NPT
simulations were then run of this system. The channel water positions were restrained for 9 ns to
allow channel expansion, and the simulation was then continued for 125 ns with the restraints
removed. On average, the root mean square deviation (RMSD) of the channel coordinates from
their X-ray values reached 4.8 Å within 75 ns of unrestrained simulation, while the core dimethoxy
benzene ring reached on average an RMSD of 0.4 Å within 5 ns (Appendix B, Fig. S3-10).
It has previously been shown that the osmotic permeability through a nano-channel can be
determined by simulations under equilibrium conditions using the collective diffusion model.279
This model requires the definition of a volume of interest through which water permeates. We
defined our channel volume of interest as a cylindrical region of 6 Å in diameter and 8 Å in height,
aligned with the z axis (normal to the membrane plane) and positioned at the center of mass of the
carbons of the dimethoxy benzene ring of the channel. The waters in this region were analyzed as
described in the following paragraphs.
First, the vector displacement along the z axis of each water molecule in the region of
interest was determined. To define the collective displacement coordinate, n(t), the sum of the
displacements was divided by the length of the volume along the pore axis to yield the onedimensional displacement, which was integrated over the simulation time t for each channel in the
trajectories. Then, the mean square displacement (MSD), <n2(t)>, was calculated to make use of
the Einstein relation, where D is the diffusion coefficient:
< 𝑛𝑛2 (𝑡𝑡) > = 2𝐷𝐷𝐷𝐷 (3 − 4)
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The osmotic permeability Pf of each channel is proportional to D, where vW is the volume
of a water molecule:
𝑃𝑃𝑓𝑓 = 𝑣𝑣𝑊𝑊 𝐷𝐷 (3 − 5)

This relationship was used to determine the permeability Pf of each channel. The analysis
was limited to MD trajectory data taken after 30 ns, identified in Figure 3b as the point of
convergence for the fraction of water-filled channels in the two systems. The permeability values
were computed for each channel in each 18 ns segment of the MD trajectories. The average
permeability and the standard deviation were obtained by averaging over all 18-ns segments of the
trajectory and all channels present in the simulation system.
To test its appropriateness, the method was first used to calculate the permeability of
AQP1.279 The calculated value of 2.0(±0.1)×10−13 cm3/s was within the range of previously
determined values (1.4 to 2.9×10−13 cm3/s).280 In our simulations, AQP1 was embedded in a POPE
membrane, solvated, equilibrated in the NPT ensemble, then run in NVT for ~60 ns at 310 K. Other
simulation parameters were similar to those used for the simulations of the PAP channels.
To build a model of densely packed PAP channels in a lipid bilayer (Fig. 3-4 (C)), 20 copies
of the PAP channel were placed on a hexagonal grid and surrounded by POPC lipids. The
parameters of the grid were the lattice parameters obtained by cryo-EM (a=b=21 Å and γ=120°),
whereas the coordinates of the channels were taken from a microscopic state observed after 120 ns
equilibration of the assembled system initiated with water-filled channel, Figure 3b. The channels
were added to a POPC lipid bilayer preserving their unique equilibrated conformations. After
solvation and a 12,000-step energy minimization that eliminated steric conflicts, the membrane was
relaxed during a 1 ns equilibration in the NPT ensemble. By removing excess lipids and setting the
rectangular periodic boundaries of the system to x = 105 Å, y = 72.75 Å, the system was reduced
to a truly periodic hexagonal array. Another 12,000 steps of energy minimization removed the
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resulting steric conflicts. The system was then simulated for 4.6 ns in the NVT ensemble. Figure
4c depicts the state of the system at the end of the simulation.
Self-assembly of PAP channel/lipid aggregates and EM imaging
PAP channel/lipid aggregates were produced by a slow dialysis procedure.69 First, 18 μg
phosphatidylcholine and PAP channels (0 to 131 μg) were dissolved in chloroform and mixed at
different mCLRs. After evaporating the chloroform, the film was rehydrated with 60 μL dialysis
buffer (10 mM Hepes, pH 7, 100 mM NaCl, 0.01% NaN3) initially containing 4% OG (w/v). After
incubation overnight, the PAP channel/lipid mixture was transferred into dialysis buttons (Hampton
Research, CA) with a 2-kDa cut-off membrane, in which the final lipid concentration was 0.3
mg/mL. The detergent concentration (initially 4%) was gradually lowered by doubling the dialysis
buffer volume with detergent-free buffer every 24 h until the OG concentration in the dialysis buffer
reached 0.25%. The dialysis buffer was then replaced with detergent-free buffer three times every
8 h. The samples were harvested and adsorbed on glow-discharged carbon-coated EM grids (Ted
Pella Inc., CA), stained with 0.75% uranyl formate, and imaged using a Techai G2 Spirit BioTwin
transmission electron microscope (FEI).
Grids for cryo-EM analysis were prepared using the carbon sandwich technique using 4%
trehalose.282 Grids were transferred into a Polara electron microscope (FEI) operated at an
acceleration voltage of 300 kV. Movies were recorded with a K2 Summit camera (Gatan) at a
calibrated magnification of 40,607× (nominal magnification of 31,000×) and a defocus ranging
from −500 to −1400 nm. Stacks of 30 200-msec frames were collected at a dose rate of 8 e–/s/pixel,
resulting in a total dose of 32 e–/Å2. The image stacks were drift-corrected using the UCSF Image4
software,304 and the unit cell parameters were determined using the 2dx software.305
Solute rejection
We noted that despite using the same osmolarity the apparent permeability induced by
glucose was slightly lower than that induced by sucrose (Appendix B, Fig. S3-13). The disparity

79
can be attributed to the imperfect rejection properties of the PAP channel for small solutes. In
osmotically driven permeability tests, the osmotic gradient creates a driving force not only for water
but also for small solutes to diffuse into the vesicles. If the channel is not completely impermeable
to the small solutes, this decreases the osmotic gradient and thus offsets the volume change. The
reflection coefficient (σ) can be used to estimate the relative rejection properties of a channel.283
Accordingly, we used solutes with different molecular weights as osmolyte, including glycine,
arabinose, glucose, N-acetyl-D-glucosamine, sucrose and Dextran500. The reflection coefficient is
defined as σSolute=JSolute/JDextran500, where σSolute is the reflection coefficient of the solute, JSolute and
JDextran500 are the measured water fluxes when solute and Dextran500 are used as osmolytes,
respectively. The apparent permeability induced by small molecular weight osmolytes that can
permeate the channel does not represent pure water conduction, and thus has to be corrected for by
using its reflection coefficient (Pf=Pf

(solute)/σSolute).

This effect was taken into account when

calculating the single-channel water permeability. The permeability induced by solutes with
different molecular sizes under the same osmolarity conditions was different (Appendix B, Fig. S314). When the molecular weight of the osmolytes became larger, a significant increase in the
exponential constant k2 was observed. The permeability of vesicles formed at an mCLR of 0.005
increased from 0.00±0.03 μm/s, when glycine was used as osmolyte, to 0.47±0.06 μm/s, when
Dextran500 was used as osmolyte. There was no increase in k2 in control vesicles (Appendix B,
Fig. S3-15). Thus, the apparent water permeability when glycine was used as an osmolyte was close
to zero, indicating that the PAP channel is permeable to this small amino acid as previously
reported.267
Ion selectivity
The ion selectivity of the PAP channel was determined using a patch-clamp setup (Warner
Instruments, LLC, CT). A 20 μL aliquot of diphytanoyl-phosphatidylcholine (diPhyPC) (10 mg/mL
in chloroform) was dried using nitrogen gas. The film was dissolved in 5 μL n-decane and applied
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to a 200 μm aperture in the setup. After the re-dissolved lipid formed a thin film across the aperture,
the cis chamber and the trans Delrin cup were filled with different salt solutions, with an Ag-AgCl
electrode applied directly to the two solutions and the cis chamber being grounded. 1.0 μL lipid
solution was then painted on the pretreated aperture to create a planar lipid bilayer with a
capacitance of 80~120 pF. PAP channels were introduced into the lipid bilayer by injecting 3 μL
of PAP channel (1 mM in DMSO) into the cis chamber followed by 5 min of mixing. The
membrane current was measured with a Warner BC-535D bilayer clamp amplifier and recorded
using PatchMaster (HEKA, Germany) with a sampling interval of 10 kHz. The signal was filtered
with an 8-pole Bessel filter at 1 kHz (HEKA, Germany). The FitMaster software (HEKA, Germany)
was used to analyze the data using a digital filter at 100 Hz. The reversal potential, obtained from
the measured voltage-current data, was used to calculate the ion selectivity based on the GoldmanHodgkin-Katz equation.306
Supporting information
Appendix B provides the supporting information including Figures S3-1 to S3-18, Tables
S3-1 to S3-4 and Supplementary Movies S3-1 to S3-5 of this chapter.
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Chapter 4
Salt-excluding artificial water channels exhibiting enhanced dipolar water
and proton translocation
Preface
This chapter is based on the following publication: Licsandru, E., Kocsis, I., Shen, Y.,
Murail, S., Legrand, Y., Lee, A., Tsai, D., Baaden, M., Kumar, M. & Barboiu, M. Salt-Excluding
Artificial Water Channels Exhibiting Enhanced Dipolar Water and Proton Translocation. J. Am.
Chem. Soc. 138, 5403-5409, (2016).
E. Licsandru, I. Kocsis and Y. Shen contributed equally to this paper. E. Licsandru and I.
Kocsis synthesized the channel compounds. Y. Shen performed the most of transport
characterizations and wrote the experimental part of the paper. S. Murail and M. Baaden completed
the simulation section. E. Licsandru, I. Kocsis, Y. Shen, M. Kumar, and M. Barboiu wrote the paper
with the assistance from all the other co-authors.
Abstract
Aquaporins (AQPs) are biological water channels known for fast water transport (∼108 109 molecules/s/channel) with ion exclusion. Few synthetic channels have been designed to mimic
this high water permeability, and none reject ions at a significant level. Selective water
translocation has previously been shown to depend on water-wires spanning the AQP pore that
reverse their orientation, combined with correlated channel motions. No quantitative correlation
between the dipolar orientation of the water-wires and their effects on water and proton
translocation has been reported. Here, we use complementary X-ray structural data, bilayer
transport experiments, and molecular dynamics (MD) simulations to gain key insights and quantify
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transport. We report artificial imidazole-quartet water channels with 2.6 Å pores, similar to AQP
channels, that encapsulate oriented dipolar water-wires in a confined chiral conduit. These channels
are able to transport ∼106 water molecules/s, which is within 2 orders of magnitude of AQPs’ rates,

and reject all ions except protons. The proton conductance is high (∼5 H+/s/channel) and

approximately half that of the M2 proton channel at neutral pH. Chirality is a key feature
influencing channel efficiency.
Introduction
Water is essential for life.307-309 Under physiological conditions, its molecular-scale
hydrodynamics are of crucial relevance to biological functions.308,309 Changes in water’s properties
between conventional bulk water and biologically confined water are not limited to size because
the water’s behavior also becomes quite different.308 The strong ordering of water molecules at the
interface of phospholipid bilayers renders its oriented dipolar structure different from that of bulk
water.310 Moreover, oriented pore-confined water dipoles and correlation motions strongly
determine the water and ionic transport rates and the selectivity of biological pores, such as
aquaporins (AQPs)63,311,312 and gramicidin A.313
In this context, we previously reported that natural AQPs can be mimicked using simpler
artificial water channels.68,180 We noted that artificial water channels formed from the
supramolecular organization of alkylureido-ethylimidazole compounds (Fig. 4-1) present
significant water/proton permeabilities.186 These compounds form imidazole-quartet (I-quartet)
water channels, i.e., stacks of four imidazoles and two water molecules, that can mutually stabilize
oriented dipolar water-wires within 2.6 Å pores (Fig. 4-1 (B)). This channel diameter is very close
to the narrowest constriction (2.8 Å) observed in very efficient AQP biological water-transport
channels.63
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Here, we show that these novel I-quartet channels exhibit enhanced water and proton
transport rates with complete ion rejection. This feature has not been observed for other artificial
water channels, which typically have larger pore diameters (4−5 Å) that approach AQPs’
permeability but do not achieve any salt rejection.187,263,314,315 We focused on two hypothesized
requirements for the realization of more effective artificial water channels using the self-assembling
I-quartet motif: (i) More stable synergistically interacting I-quartets and water-wires within the
bilayer membrane environment will lead to stabilized channels with higher permeability. (ii)
Enhancing the dipolar organization of the water-wires will play an important role in improving
water transport and proton translocation.

Figure 4-1. Artificial I-quartet water channels and their chiral isomers pack differently. (A) Side
and (B) top views of I-quartet water/proton channels that self-assemble into tetrameric tubular
architectures confining dipolar oriented water-wires. Top views of water confining I-quartet
channels in stick representations (N, blue; C, gray; O, red; H, white), taken from crystal structures
of (C) butylureido-ethylimidazole HC4, (D) hexylureidoethylimidazole HC6, (E) octylureido-
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ethylimidazole HC8, (F bis(ethylimidazole ureido)hexyl HC6H (ref 11), (G) S-octylureidoethylimidazole S-HC8, and (H) R-octylureido-ethylimidazole R-HC8. These structures show that
packing and self-assembly are dramatically different between chiral and achiral isomers, but all
channels have pores with a diameter of 2.6 Å.
Considering the requirements mentioned above, a close examination of the I-quartet
structures led us to propose the following novel strategies to control I-quartet water channel
formation and stabilization within bilayers: (a) HC4, HC6, and HC8 compounds, which have
variable alkyl chain lengths, may induce variable morphological hydrophobic stabilization by
promoting external wrapping around I-quartets. (b) Chiral S-HC8 and R-HC8 compounds may
enhance the net chiral self-assembly of I-quartets and thereby strengthen the water dipolar
orientation within the channels. Six compounds were prepared for the studies described here (Fig.
4-1 (C−H)).
We

treated

the

corresponding

isocyanates

with

histamine

(CH3CN/N,N-

dimethylacetamide, 120 °C, 5 h) to crystallize HC4, HC6, HC8, R-HC8, and S-HC8 as white
powders. The nuclear magnetic resonance (NMR) and electrospray ionization mass spectrometry
(ESI-MS) spectra agree with the proposed formulas (Appendix C, Table S4-1). We obtained
colorless single crystals of HC4, HC6, HC8, R-HC8, and S-HC8 after recrystallization from water
at room temperature. The X-ray structures reveal the expected I-quartets, all (except HC4)
containing oriented water-wires (Fig. 4-1 (C−H)) (a detailed discussion of the X-ray structural
results will be published elsewhere). In all structures, the H atoms of the water molecules present
100% occupancy, and the water molecules of one channel adopt the same dipolar orientation. The
overall structures of achiral compounds HC6 and HC8 are centrosymmetric, and thus, water-wires
of opposite water dipolar orientations are present in successive channels. In contrast to achiral
compounds, the noncentrosymmetric structures of chiral compounds R-HC8 and S-HC8 show
unique dipolar orientations for both channels (Appendix C, Fig. S4-1).
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Results and discussions
Water-transport properties
HC4, HC6, HC8, R-HC8 and S-HC8 compounds assemble into functional waterpermeable channels in liposomes. Their water transport rates are strongly dependent on the
hydrophobic behaviours of the alkyl tails grafted on the I-quartets.
We conducted two assays, adding the compounds into the liposomes either before or after
lipid mixing. In the first, premix assay, the imidazole I-quartets were mixed with lipids before the
liposomes

formed.

We

carefully

optimized

the

lipid

systems’

phosphatidylcholine,

phosphatidylserine, and cholesterol (PC/ PS/Chl) composition (molar ratio of 4/1/5) and used a low
temperature (10 °C) to maintain low lipid background permeability (∼4 μm/s). This low
background permeability allowed us to resolve the water transport through these channels in
stopped-flow light-scattering experiments.265 Under hypertonic conditions driven by outwardly
directed osmotic gradients, the shrinkage of the liposomes increased the light-scattering signal. We
fitted a sum of two exponential functions to the latter data.
The kinetics of vesicle shrinkage indicated that some channels had low permeability.
Therefore, we implemented a method used in recent studies of low-water-permeable systems,315
including aquaporin AQP0.275 This analysis yielded two shrinkage rate constants (a larger constant,
k1, and a smaller constant, k2) and, thus, two permeability values. For HC4 and HC6, k1 was
independent of the compound concentrations, while k2 increased with the addition of the selfassembled compounds (Fig. 4-2 (A)); this phenomenon was reversed when we added S-HC8
channels to the vesicles. This result indicates that the superstructures assembled by HC4 and HC6
are probably not stable contributing less to the overall bilayer permeability than the lipid
background (Appendix C, Fig. S4-2), whereas HC8 and its chiral isomers R-HC8 and S-HC8
increased the overall permeability relative to the background lipid permeability. Therefore, we used
the smaller k2 to calculate the permeabilities for HC4 and HC6 assemblies. The larger k1 was used
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to characterize the permeabilities of HC8 and its chiral isomers R-HC8 and S-HC8. The net
permeabilities of HC4 and HC6 assemblies at a channel-to-lipid weight ratio of 1 (CLR=1) were
0.012±0.003 and 0.027±0.015 μm/s, respectively, whereas for HC8 and its chiral isomers R-HC8
and S-HC8, the permeabilities were 1.0±0.3, 2.8±0.7 and 4.1±0.2 μm/s, respectively (Fig. 4-2 (B)).
The permeabilities of the I-quartet channels were confirmed in the postmix assay, in which channels
were injected into preformed liposomes with the aid of dimethyl sulfoxide (DMSO). The
temperature in the postmix experiments was ∼20 °C, leading to a relatively high background
permeability (∼25 μm/s). However, it was still possible to differentiate the channels’ contributions

to water transport (Appendix C, Fig. S4-3 (A)). We obtained postmix results (Appendix C, Fig. S43 (B)) similar to the premix results (Fig. 4-2 (B)). HC4 and HC6 assemblies maintained low
permeability, but HC8 and its isomers channels were more permeable toward water.

Figure 4-2. Water transport activity of I-quartet channels in liposomes. (A) Representative
stopped-flow light-scattering experimental traces of liposome premix assays at a CLR (HC6 and
S-HC8) of 1 after abrupt exposure to a hypertonic solution of 200 mM NaCl. (B) The water
permeabilities of the liposomes containing different I-quartet channels at CLR =1 were measured
under hypertonic conditions from the premix assays. (C) The net water permeability of the HC8
channels in liposomes at a CLR of 1. The liposomes (1 mg/mL, with a molar ratio of PC/PS/Chl=
4/1/5) were abruptly exposed to a hypertonic solution of 200 mM NaCl or 400 mM sucrose from
the premix assays. The data shown in panels B and C are the averages of at least triplicates, and the
error bars represent the standard deviation.
When dissolved in nonionic surfactants, these I-quartet channels show a unique UVabsorbance signal at 230 nm that we used to calculate the bilayer insertion efficiency (Appendix C,
Fig. S4-4). For HC8 and its chiral isomers R-HC8 and S-HC8, the insertion efficiency was
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12.7±2.6%, 68.8±2.9%, and 53.1±6.8%, respectively (Appendix C, Table S4-2). We calculated the
single-channel permeability of each channel type based on the insertion, actual lipid concentration,
and channel configuration in the lipids, as previously described315 (Appendix C, Table S4-3, see
Supporting Information for detailed calculations). In the shrinking mode, HC8, R-HC8, and S-HC8
had permeabilities of 1.4(±0.4)×106, 7.9(±2.1)×105, and 1.5(±0.1)×106 water molecules/s/channel,
respectively, which are only 2 orders of magnitude lower than that of AQPs (∼108−109 water
molecules/s/channel).63,310,311
Proton-transport properties
Proton-transport experiments were performed in two independent assays (Fig. 4-3), both
of which showed that the transport activity of the I-quartet channels increased with alkyl-chain
length.

Figure 4-3. Proton transport activity of I-quartet channels in liposomes. (A) Liposomes
encapsulating pH-sensitive dyes [8-hydroxypyrene-1,3,6-trisulfonic acid (HPTS) and fluorescent
dextran] showed fluorescence quenching because of proton export via imidazole channel and K+
import via valinomycin channel (see Materials and methods for details). (B) Ratiometric
fluorescence (I/I0) curves of the assembled R-HC8 channels with different channel concentrations
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in the HPTS assay. The signal was normalized at t=500 s. (C) Calculated values of EC50 (in μM)
determined in the HPTS assay, representing the concentration at which the given compound
(including racemic RacHC8) achieved half of its total transport capabilities. (D) The pH inside the
liposomes (pH= 6.4) with the incorporated HC8 channels increased over time upon exposure to a
higher pH environment (pH=7.4) in kinetic experiments. The experiments were performed on a
stopped-flow instrument using a fluorescent D-3305 dextran dye as a pH sensor. Higher HC8
channel concentrations correlated with faster transport kinetics. (E) Proton-transport rates of
different I-quartet channels calculated from the fluorescent dextran assay. The data shown are the
averages of at least triplicates, and the error bars represent the standard deviation.
In the first fluorescence spectroscopy assay,316 we encapsulated HPTS, a pH-sensitive
fluorescent dye, inside vesicles, added channels to the vesicle solution and monitored the
fluorescence change over time upon exposure to low pH. The fluorescence intensity was monitored
for 500 s, and the fluorescence change rate followed a typical dose-response profile (Fig. 4-3 (B)
and Appendix C, Fig. S4-5).
The calculated EC50 values showed the effectiveness of each channel−lipid system for
proton transport, with lower values indicating higher transport efficiencies.316 The most active SHC8 channels had the lowest EC50 (11.2 μM) (Fig. 4-3 (C) and Appendix C, Table S4-4). On the
basis of the EC50, we observed no activity for HC4, weak activity for HC6, and fairly strong activity
for HC8, whereas the activities of the S-HC8 and R-HC8 optical isomers were 1 order of magnitude
higher than those of the achiral HC8 channels (Appendix C, Table S4-4 and Fig. S4-5). Tests using
an equimolar mixture of the S-HC8 and R-HC8 isomers displayed reduced transport activity. All
of the determined Hill numbers were below 1, suggesting that the presented channels belong to the
type II class (Appendix C, Table S4-4).316
To complement these results, we conducted kinetic measurements on proton-transport
activity over 50 s using stopped-flow techniques. We subjected the liposomes with I-quartet
channels to a pH gradient across the bilayer and assessed the proton flux by monitoring the
fluorescence intensity of encapsulated fluorescent dextran (Fig. 4-3 (D)). As shown in Appendix C
Fig. S4-6, the addition of HC4 channels did not contribute to fluorescence response, whereas HC6
channels slightly increased the proton-exchange rates across the lipid membranes.
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In contrast, the kinetics were found to increase by orders of magnitude for HC8, and both
the R-HC8 and S-HC8 channels displayed slightly higher transport kinetics than HC8. For R-HC8,
we observed that the second phase of the fluorescence increase saturated in less than 5 s (Appendix
C, Fig. S4-6). This behavior was significantly different from that of S-HC8, which showed
continuously increasing fluorescence without saturation as the concentration increased (especially
for the 380 μM sample). This observation implies that the R-HC8 chiral channels had an
immediately higher kinetic response to the proton transport, whereas the S-HC8 chiral channels
required time to exhibit dynamic behaviors within the lipid bilayer, leading to slower initial
transport rates and, subsequently, higher proton permeability, as observed for the proton activity
over long periods of time.
We further estimated that the single-channel proton transport rates (Fig. 4-3 (E), see Table
S4-3 in Appendix C for detailed calculations) of the HC4, HC6, HC8, R-HC8, and S-HC8 channels
were 0.1±0.2, 0.9±0.4, 2.4±0.5, 5.6±0.5, and 5.1±1.3 protons/s/channel, respectively. The proton
fluxes (especially for the R-HC8 and S-HC8 channels) were similar to that of the M2 proton channel
determined under the same experimental conditions at pH=7.317 Our initial assumption, which
postulated that water-wires are structural descriptors that could be used to understand the M2
channel’s proton-transport function,186 is confirmed by the proton fluxes observed in these systems.
A recent computational study318 based on a high-resolution structure of the M2 proton channel
quantified how water-wires factor into the process of proton translocation.
The bilayer membrane transport experiments allowed us to draw the following conclusions:
(i) Water/proton transport activities increase substantially as the grafted alkyl chain length
increases (HC4<HC6<<HC8), implying a more stable hydrophobic shell wrapping around the Iquartets at the interface with the bilayers. The increased efficiency of the I-quartets could be
synergistically attributed to the enhanced hydrophobic stabilization of the channels within the
bilayer membrane environment based on the optimal molecular packing of the hydrophobic tails.
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Although HC4 and HC6 show channel structures in crystals forms, they did not behave like highly
water-permeable or proton-conductive channels in bilayer membranes. This is a structure−activity
argument and is related to their stability in the bilayer membrane which will be further described
in the simulation part below. Indeed, the tail length seemed to be optimal for octyl chains (longer
chains led to precipitation when mixed with lipids). Molecular dynamics (MD) simulations
described subsequently support this assertion.
(ii) The I-quartets of the chiral R-HC8 and S-HC8 compounds show a unique dipolar
orientation of water-wires within all the channels and exhibit high water/proton conductivities, with
a preference for the S-HC8 isomer. The explanation may relate to the channel chirality: The chiral
S-HC8 channels may be more compatible with the naturally occurring chiral L-lipids than the
isostructural HC8 channels.319 Table S4-1 shows insertion efficiency measurements supporting this
assertion. Moreover, we noted increased water/proton activity of the chiral R-HC8 I-quartets under
kinetic conditions, whereas the overall conductivity of the S-HC8 I-quartets was higher under
thermodynamic equilibrium conditions.
Ion (Na+ and Cl−) transport across the bilayer membranes incorporating the HC8 and SHC8 I-quartet channels was assessed using standard fluorescence procedures, and no response
versus the control experiment and a lack of variation of the transport activity with the concentration
of I-quartets (Appendix C, Fig. S4-7) were observed. In addition, the apparent permeability showed
no significant difference between the two hypertonic solutions (+200 mM NaCl, Fig. 4-2 (C)). We
calculated the reflection coefficient for NaCl as the ratio of the measured water permeability in the
presence of salt to that in the presence of a completely retained sucrose osmolyte. The coefficient
(113±15%, n=4) indicated that this channel (HC8) achieved approximately 100% salt rejection in
the current lipid system.283
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Molecular simulations
We performed MD simulations to understand the structure/activity relationships of the
artificial water channels formed by HC6, HC8, R-HC8, and S-HC8 I-quartets. We embedded small
(ca. 3 nm wide) I-quartet channel patches based on the X-ray structures in a lipid bilayer
environment with the same composition as that used in the experiments to begin each simulation
(Appendix C, Table S4-5). The MD results showed that I-quartets preferentially located within the
bilayer membrane region and stabilized water channels in all simulations, although the degrees of
water occupancy, transport, and structuring varied. We observed that the structural dynamics of Iquartet channels was dependent on the lateral pressure applied to the membrane, with higher
pressure favouring the structuring of the water-wires and stabilizing the structure of the I-quartets
(Appendix C, Fig. S4-8). For our comparative investigations, we chose 10 atm of lateral pressure
as a good compromise to maintain aggregate structuring and allow us to achieve reasonable
sampling and water activity statistics (Appendix C, Fig. S4-9 and S4-10) within the simulation’s
microsecond time scale.
We observed that the chiral R-HC8 and S-HC8 I-quartets form the most stable and
structured systems, followed by the significantly less structured HC8 I-quartet (Fig. 4-4 (A)), in
accordance with the experimentally observed bilayer insertion and water/proton-conduction
behaviors. The latter instability echoes the influence of the alkyl chain length, with improved
packing and a more stable hydrophobic shell formation occurring with longer chains. After the
initial relaxation, the simulations of the chiral S-HC8 and R-HC8 I-quartet systems show slightly
twisted superstructures. The twist angles between the upper and lower leaflets were 18.4°±2.1 and
7.6°±4.0, respectively, over the second half of the simulation, whereas the twist was negligible for
HC6 and HC8 (Appendix C, Fig. S4-11). Both the chiral S-HC8 and R-HC8 I-quartets with bent
structures contained more structured water-wires than the achiral linear HC8 and HC6 I-quartets
and exhibited higher stability over time (Fig. 4-4, Appendix C, Fig. S4-12 and S4-13). We
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quantified the water-wire preservation by analyzing the water dipole orientations within the
membrane, as shown in Fig. 4-4 (B). The R-HC8 and S-HC8 systems show a strong preference for
a dipole orientation of ∼25°, whereas the HC8 system shows two orientations at the beginning of
the simulation and tends toward a near-random distribution at the end. The dipole orientation is

slightly more pronounced for the S-HC8 system compared to the R-HC8 system (Appendix C, Fig.
S4-14).
The MD simulations provided further insights into the dynamic behaviors of the I-quartets
and water molecules under confined conditions in a lipid bilayer environment. Although the HC6,
HC8, R-HC8, and S-HC8 molecules deviate from their initial positions, the chiral channels preserve
their overall integrity, but the achiral ones lose it. Water transport is another important property of
these aggregates. Because the model system size is small, we focused on the central channels to
make inferences regarding water-transport trends.
These buried paths are less affected by boundary effects at the lipid/I-quartet interface than
the peripheral ones. Despite the limited time scale and the absence of an osmotic driving force, we
observed significant spontaneous permeation through R-HC8 compared to the reference HC8
system (Appendix C, Fig. S4-15), whereas the incipient water transport in the S-HC8 channels was
near zero. This observation is consistent with the experimental results, shedding light on the fast
kinetic response of the R-HC8 channels presenting a certain motional behavior within the bilayer.
In contrast, the slower thermodynamic response is related to the incipient stability of the S-HC8
channels within the L-lipids and needs time to reach dynamic behaviors and to achieve functional
water permeability within the bilayer. This is highlighting the importance of the dynamics of the
channels superstructures which may remain stable and dynamic enough to allow water motion
inside the water channels.
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Figure 4-4. MD simulations of the I-quartet channels illustrate how the hydrophobic chain length
and chirality influence the structuring of the hydrophobic shells around the water-wires in these
artificial channels. Data for HC8, R-HC8, and S-HC8 channels at 10 atm are shown. (A) IMIDN17
atom radial distribution function for various time spans of each simulation. (B) Cumulative water
dipole orientation distributions within the membrane region at various time spans indicate the
highest stabilization for the S-HC8 channels. (C) Isosurface water density within the membrane
region cumulated at the beginning (0−50 ns) and the end (400−450 ns) of the simulations of the
HC8, R-HC8, and S-HC8 channels at 10 atm.
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Conclusions
Overall, the self-assembled I-quartet channels, obtained using simple chemistry, can be
assembled into robust artificial water channels and remain stable in lipid membranes. The
complementary MD and experimental studies presented here provide the first molecular-level
insights into the functional dynamics of artificial water channels in the lipid membrane environment.
Their permeability (∼106 water molecules/s/channel) is only 2 orders of magnitude lower than that
of AQPs. The I-quartets are dimensionally compatible with encapsulated water molecules, both
measuring 2.6−2.8 Å in diameter, which is very similar to the narrowest pore dimension of natural
AQPs.63,310,311 Accordingly, we postulate that a pore with a diameter of ∼3 Å is a critical

prerequisite for salt-ion-selective water translocation. The observed total ionic-exclusion behavior
of these channels suggests that they hold significant promise for the incipient development of the
first innovative materials based on artificial synthetic scaffolds mimicking the functions of natural
water channels.
These channels’ lipid affinities influence their stability in the membrane and consequently
constitute a means to tune their activity. In all cases, the activity of the chiral I-quartets is superior
to that of the isostructural nonchiral I-quartets. This observation suggests that the lipids may exert
a conformational preference, stabilizing the chiral superstructures. Additionally, the chiral Iquartets preserve the total dipolar orientation and ordering of the water-wires. The mutual
interactions between the inner chiral surfaces of the I-quartets, which result in the total dipolar
orientation of the water-wires,320,321 probably impose an internal dielectric polarization within the
pore, acting as a constitutive driving force and activating water and proton translocation in a way
that differs significantly from their nonoriented or bulk counterparts.
These findings may inspire the incorporation of I-quartets into future membrane materials
for desalination and water-purification applications.245
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Materials and methods
Chemical synthesis
All of the compounds have been synthesized using the following protocols. The histamine
(30 mmol) is mixed with the corresponding equimolar amount of isocyanate, with sonication. The
mixture was solubilized in 10 ml of THF (tetrahydrofuran), 5 ml of ethylacetate, and 10 ml of
dimethylacetamide. The reaction mixture was heated to 120°C for 15 minutes. When the
precipitation begins 5 ml of acetonitrile are added and the heating is maintained for another hour.
The resulting products as the white powders are then filtered and washed with methanol on the
filter paper. The exceptions to the protocol are compound HC4 for which the reaction temperature
is 60°C and compounds HC6, HC8, R-HC8 and S-HC8 for which the reaction temperature is 80°C.
Compound HC4 is soluble in the reaction mixture and therefore the purification procedure is as
follows. The reaction mass is evaporated under vacuum in a round bottomed flask and the
compound is then recrystallized from CHCl3.
Alternatively a microwave reactor can be used. The procedure is the following: the
isocyanate is dissolved in 5 ml of acetonitrile and added over the amine in the microwave reactor.
The reaction is performed at 140°C under high stirring for 15 minutes. The product is then filtered
and washed with methanol. In the case of compound HC4 the temperature is 50°C and for
compounds HC6, HC8, R-HC8 and S-HC8 is 90°C. Table S4-1 in Appendix C show the NMR data
of all the imidazole compounds.
Water transport experiments
Phosphatidylcholine (chicken egg, PC) and phosphatidylserine (porcine brain, PS) were
purchased from Avanti Polar Lipids. Cholesterol (Chl) was obtained from Sigma. They were used
without further purification. Two incorporation methods were employed to introduce the imidazole
compounds within the lipid phase.
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Method 1. Premix assay
Liposomes were prepared using the film rehydration method.294 The imidazole compounds,
in chloroform/methanol mixture (CHCl3/MeOH, v/v: 1/1) were added to the 1 mg PC/PS/Chl
mixture with a molar ratio of 4/1/5. The solution was dried on a rotary evaporator and subsequently
under high vacuum to remove residual solvent. After rehydration with 1 ml buffer containing 10
mM Hepes (pH=7), 100 mM NaCl and 0.01% NaN3, the suspension was incubated with stirring at
4 °C for 24 h and extruded through 0.2 μm track-etched filters for 10 times (Whatman, UK) to
obtain monodisperse unilamellar vesicles, the size of which was characterized by dynamic light
scattering (Zetasizer Nano, Malvern Instruments Ltd., UK). The water permeability tests were
conducted on a stopped-flow instrument (SF-300X, KinTek Corp., USA). Exposure of vesicles to
hypertonic osmolyte (10 mM Hepes, 300 mM NaCl, 0.01% NaN3 and pH=7) resulted in the
shrinkage of the vesicles due to an outwardly directed osmotic gradient. The abrupt decrease of the
vesicle size lead to the increase in the light scattering at 90° according to the Rayleigh-Gans theory
applied to this system.295 The changes of light scattering caused by vesicle shrinkage were recorded
at a wavelength of 600 nm.
Method 2. Postinjection assay
Liposomes were prepared using the same film rehydration method as above. A PC/PS/Chl
mixture with a molar ratio of 4/1/5 was dissolved in chloroform/methanol mixture (CHCl3/MeOH,
v/v: 1/1). The solution was dried on a rotary evaporator and subsequently under high vacuum to
remove residual solvent. After rehydration with 1 ml buffer containing 200 mM sucrose and 10
mM PBS (pH=6.4), the suspension was extruded through 0.1 μm track-etched filters for 21 times
(Whatman, UK) to obtain monodisperse unilamellar vesicles, the size of which was characterized
by dynamic light scattering (Zetasizer Nano, Malvern Instruments Ltd., UK). The aliquot of the
compounds dissolved in DMSO have been added to the liposomes. The amphiphilic imidazole
derivatives are poorly water soluble but are used at concentrations where precipitation does not
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occur. The water permeability tests were conducted on a stopped-flow instrument
(SFM3000+MOS450, Bio-Logic SAS, Claix, France). Exposure of vesicles to hypertonic osmolyte
(400 sucrose) in the same buffer resulted in the shrinkage of the vesicles due to an outwardly
directed osmotic gradient. The changes of light scattering were recorded at a wavelength of 345
nm.
The abrupt change of the vesicle size lead to variation in the light scattering at 90°
according to the Rayleigh-Gans theory applied to this system and could be fitted in the form of the
sum of two exponential functions. The osmotic permeability (Pf) was calculated using formula (31),265 where k is the exponential coefficient of the change in the light scattering (the choice of using
the larger value k1 or the smaller value k2 depends on the light scattering response of the vesicles
compared to the control liposomes. See the results for details); S and V0 are the initial surface area
and volume of the vesicles, respectively; Vw is the molar volume of water, and Δosm is the osmolarity
difference.
Channel and lipid concentration calibration
200 μl imidazole channels solutions (from 0 mg/l to 0.5 mg/l), in 10 mM Hepes (pH=7),
100 mM NaCl, 0.01% NaN3 and 8% n-octyl-β-D-glucoside (OG), were mixed with 200 μl control
liposomes. The control liposomes were first prepared using the film rehydration method in the same
buffer without OG, containing 1 mg/ml PC/PS/Chl lipids with a molar ratio of 4/1/5. The liposomes
were further extruded through 0.2 μm track-etched filters for 10 times (Whatman, UK) to obtain
monodisperse unilamellar vesicles. The obtained solutions (final channels’ concentration: 0 mg/l
to 0.25 mg/l) were scanned on a UV-Vis spectrophotometer (Nanodrop 2000c, Thermo Fisher
Scientific Inc., IL). We found all channels solutions had specific UV absorbance at 230 nm
(Appendix C, Fig. S4-1). For vesicles used for water transport studies, the channels were
incorporated into bilayers during the film rehydration. 200 μl monodisperse vesicles after extrusion
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were mixed with 200 μl the same HEPES buffer containing 8% OG and the absorbance was
measured at 230 nm.
The insertion efficiency of the channels was calculated based on the calibration curves:
PC/PS/Chl lipids solutions (from 0 mg/l to 1.0 mg/l) with a molar ratio of 4/1/5 were prepared in
buffer containing 10 mM HEPES (pH=7), 100 mM NaCl, 0.01% NaN3 and 4% n-octyl-β-Dglucoside (OG). The solutions were scanned on a UV-Vis spectrophotometer and we found the UV
absorbance of the lipid solutions increased with the concentrations. We chose 280 nm and the
absorbance at this wavelength was proportional to the concentration. When the extruded liposomes
(initially 1 mg/ml) were measured at this wavelength, the actual concentration was 0.78 mg/ml.
Proton transport experiments
Method 1. HPTS assay
Egg yolk L-α-phosphatidylcholine (EYPC, 600 µl, 790 µmol in CHCl3) was dissolved in
CHCl3/MeOH mixture. The solution was evaporated under reduced pressure and the resulting thin
film was dried under high vacuum for 2 h. The lipid film was hydrated in 1.2 mL of phosphate
buffer containing 10 mM sodium phosphate (pH=6.4), 100 mM NaCl and 10 µM HPTS (pyranine,
8-hydroxypyrene-1,3,6-trisulfonic acid trisodium salt) for 40 min. During the hydration, the
suspension was subject to at least 5 freeze-thaw cycles (liquid nitrogen vs. water at room
temperature). The large multilamellar liposome suspension (1 ml) was extruded through a 0.1 µm
track-etched filter (Whatman, UK) for 21 times, affording a suspension of unilamellar vesicles with
an average diameter of 100 nm. The vesicle suspension was further purified from the extravesicular
dye by size exclusion chromatography (stationary phase: Sephadex G-50, mobile phase: phosphate
buffer) and diluted with the same buffer to give a stock solution with a lipid concentration of 11
mM (assuming 100% of lipid was incorporated into liposomes).
0.1 ml of HPTS-loaded vesicles (stock solution) was suspended in 1.9 ml of 10 mM sodium
phosphate (pH=6.5) and 50 mM Na2SO4 solution, and placed into a fluorimetric cell. The emission
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of HPTS at 510 nm was monitored at λex1=403 nm and λex2=460 nm (PerkinElmer LS55
fluorescence spectrometer). During the experiment, 20 μl of a 0-40 mM DMSO solution of the
imidazole compounds was added at t=60 s, followed by injection of 20 μl of 1 nM solution of
valinomycin in DMSO at t=100s. At time=150s an injection of 21 μl of 0.5 M aqueous NaOH.
Maximal possible changes in dye emission were obtained at t=500 s when the aqueous
compartment of liposomes was equilibrated with extravesicular solution by lysis of the liposomes
with detergent (40 µl of 5% Triton X100). The pH values were calculated for each point from the
HPTS emission intensities according to the calibration equation pH=1.1684·log(I0/I1)+6.9807,
where I0 is the emission intensity at λex2=460 nm and I1 is the emission intensity at λex1=403 nm.
To calculate EC50 and Hill coefficient n, we used the fractional activity Y. Y was calculated
for each curve using the normalised value of I460/I403 (just before lysis of the vesicles), from 0 (ratio
for the blank) to 1 (highest ratio obtained, i.e. a plateau). We expressed Y as a function of time, and
we performed fittings using a 2-parameter equation, which is, Hill equation:
𝑌𝑌 =

1
(4 − 1)
1 + (𝐸𝐸𝐸𝐸50 /[𝐶𝐶 ])𝑛𝑛

The Hill coefficient is an indication the cooperativity of the channel forming elements.
There is two ways to find Hill coefficient n and EC50: either fitting of the experimental curve using
the Hill function (as we did), or using the expression
𝑙𝑙𝑙𝑙𝑙𝑙 �

𝑌𝑌
� = 𝑛𝑛𝑛𝑛𝑛𝑛𝑛𝑛𝑛𝑛 − 𝑛𝑛𝑛𝑛𝑛𝑛𝑛𝑛𝐸𝐸𝐸𝐸50 (4 − 2)
1 − 𝑌𝑌

where n is the slope of the curve and n*log (EC50) is the log(C)=0 intercept value.
Method 2. Fluorescent dextran assay
6 mg/ml PC, and 400 mmol/ml fluorescently labelled pH-sensitive dextran (D-3305, Life
Technologies) were first dissolved in buffer containing 10 mM HEPES (pH=6.4), 100 mM KCl
and 4 % w/v OG. The liposomes formed after being dialyzed for 36 hours and were subsequently
extruded through 0.2 μm track-etched filters (Whatman, UK). The resulting monodisperse
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unilamellar vesicles were further subject to size exclusion in order to remove the residual free dye.
Because of the dilution of the size exclusion process, the purified liposomes, with 400 mM/ml
fluorescent dextran only encapsulated inside the vesicles, contained approximately 3 mg/ml PC. 1
μl valinomycin (0.5 mg/ml in DMSO) and 10 μl imidazole compounds (different concentrations in
DMSO) were then added to the 400 μl fluorescent vesicles. After 5 min, the mixture was mixed
with same buffer at pH of 8.4 in stopped-flow experiments, which caused one pH unit gradient
across the lipid bilayers (pH 6.4 inside the vesicles and pH 7.4 outside the vesicles). The fluorescent
signals (λex=494 nm, λem=521nm) were recorded on the stopped-flow instrument (SF-300X, KinTek
Corp., USA) at a fixed photomultiplier tube value of 571 V. The fluorescent vesicles at different
equilibrated pH without additions of valinomycin and imidazole compounds were prepared and
tested on the stopped-flow for calibration pH=0.3151∙F+4.2011, where F is the fluorescence. The
proton flux is determined according to equations (4−3)322 and (4−4)323
𝐽𝐽𝐻𝐻 + =

Where β is the buffer capacity
𝛽𝛽 =

𝑑𝑑𝑑𝑑𝑑𝑑
× 𝛽𝛽 (4 − 3)
𝑑𝑑𝑑𝑑

𝑐𝑐𝐾𝐾𝑎𝑎 [𝐻𝐻+ ]
𝐾𝐾𝑤𝑤
𝑑𝑑𝑑𝑑
= 2.303 � + + [𝐻𝐻 + ] +
� (4 − 4)
[𝐻𝐻 ]
(𝐾𝐾𝑎𝑎 + [𝐻𝐻 + ])2
𝑑𝑑𝑑𝑑𝑑𝑑

Since stopped-flow measurements provide the kinetics of the fluorescence due to the
proton transport with millisecond resolution, we further estimated the proton transport rate per
assembled imidazole channel based on 𝐽𝐽𝐻𝐻 + 𝑁𝑁𝐴𝐴 𝑉𝑉0 /𝑁𝑁𝐶𝐶ℎ𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎 , where NA is Avogadro’s number, V0 is

the vesicle volume and Nchannel is the channel number per vesicle.

As an example of the above calculation, let us consider the HC8 sample (38 μM), the radius
of the liposome was 70 nm. The sum of outer and inner surface areas was π/4×d2+π/4×(d-5)2
=114,688 nm2, assuming that the bilayer thickness was 5 nm. The average cross-sectional area of
a lipid in average was 0.35 nm2,324 and that of the I-quartet (not including the alkyl chain) was
estimated as 0.7 nm2. The lipid (PC) mass was 0.4 ml×3 mg/ml=1.2 mg. The molar lipid to HC8
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compound ratio was 100. Since 48 HC8 molecules assembled as a channel based on simulation,
the molar lipid to channel ratio is 4,800. The insertion number of the channel was ~34 per vesicle.
Here we assume all the channel compounds were incorporated into the liposomes (we do not have
incorporation efficiency data for this method). The single-channel proton transport rate of this
sample was 2.7±0.9 protons/s∙channel (n=3) after subtracting the background. Then we averaged
four sets of HC8 samples (7.6 μM, 38 μM, 76 μM and 380 μM) and obtained the single-channel
proton transport rate of HC8 channel.
Molecular dynamics simulations.
System preparation
Currently many unknowns about the nature of the active I-quartet aggregates exist and
make it difficult to build a precise model. Here, our intention was to explore the properties of the
simplest and smallest assemblies that seem plausible. Four differents systems were built using HC6,
HC8, R-HC8, and S-HC8 I-quartets crystal structures. The Mercury 3.5.1 software was used to fill
the crystallographic unit cell with missing molecules. The unit cell was then replicated, keeping 2,
6 and 8 slices in x, y and z axis directions, respectively, resulting in a 96 molecule patch. The four
systems HC6, HC8, R-HC8 and S-HC8, include respectively 2, 2, 6 and 6 water channels. It should
be noted that for the 6 water channels of the RHC8 and SHC8 systems, two were facing the
membrane. The four systems were then inserted in a preequilibrated triclinic membrane patch
containing Cholesterol/POPC/POPS molecules with a 5/4/1 ratio. Overlapping water and lipid
molecules were deleted. A concentration of roughly 50 mM of Na+Cl- was added to the solvent, in
addition to Na+ ions required to neutralize the system charge due to the negatively charged POPS
lipids.
Molecular dynamics simulation conditions
Simulations were performed using the CHARMM-36 force field325 for lipid molecules and
the TIP3P model302 for water. To represent the HC6, HC8, R-HC8 and S-HC8 molecules, and
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generate their topologies, we used the CHARMM General Force Field (CGenFF)326 together with
the paramchem webservice.327 The GROMACS 4.6 software328 was used to run the simulations
using virtual interaction sites allowing a 5 fs integration time step. All bonds were constrained using
the LINCS algorithm. Particle mesh Ewald electrostatics was used with a 10 Å cutoff with the
Verlet buffer scheme for non-bonded interactions, the neighbor list was updated every 20 steps.
Three baths (imidazoles, lipids, water and ions) were coupled to a temperature of 310 K using the
Bussy velocity rescaling thermostat with a time constant τ=0.1 ps. Pressure in the x/y dimensions
was scaled isotropically with a Berendsen weak barostat and the z dimension was coupled
independently to a reference presssure of 1 bar, τ=5.0 ps and compressibility of 4.5 10−5 bar−1. For
the systems simulated with a varying lateral pressure of -10/10/100 bar, only the x/y dimension
pressure was affected. All systems were minimized for 10.000 steps with a steepest descent
algorithm and equilibrated for 20 ns, using position restraints of 1000 kJ∙mol−1∙nm−2 on heavy
atoms, with the crystal structure as a reference. Production runs were finally computed with
simulation times varying from 250 ns to 1 μs without any position restraints. Overall simulation
system composition, pressure and simulation times are indicated in Table S4-5 in Appendix C.
Complementary Observations
Pressure dependence in the HC6 system: Visual inspection shows that initial water
channels of HC6 I-quartets (Appendix C, Fig. S4-8 (A)) are lost after around 90, 103 and 109 ns at
−10, 1 and 10 atm, respectively, while at 100 atm the I-quartets are much better preserved, one is
fully intact at the end of the simulation (250 ns), the other has started to disassemble and loose
some of its water. Structure loss is quantified in the plot of Fig. S4-8 (A) and (B) in Appendix C.
The radial distribution functions in Fig. S4-8 (D) characterize this increasing structural
disorganization in more detail.
The behavior of the inner water molecules is coupled to the structuring of the HC6 Iquartets assembly, similarly affected by the pressure: the more structure is retained with higher
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pressure, the more water transport is impeded, in particular at 100 atm as shown in Fig. S4-9. On
the other hand, initial high water permeation in the loosely structured HC6 I-quartet assembly, on
the longer timescale, leads to high desorganisation and in turn strongly affects water transport: the
permeation (#water leaks) for HC6 with a latteral pressure of 1 atm (Appendix C, Fig. S4-9 and
Fig. S4-10), after 400 ns, is almost totally impeded.
We therefore chose 10 atm for subsequent simulations, to stabilize the aggregate structures,
yet preserve the possibility of water transport at the simulation timescale of ca. 1 microsecond.
Analysis of these simulations also revealed that initial cholesterol placement may be important,
because the lipid-exposed area of the patches is quite important compared to their bulk and
cholesterol binds and potentially stabilizes the membrane facing regions.
Superstructure stability, water wire structure and orientation in the HC8, S-HC8 and
R-HC8 systems: As described in the main text, the longer alkyl chains in the HC8, R-HC8 and SHC8 systems favor a more pronounced superstructure and more stable water wires. Initial and final
snapshots at 50 and 500 ns of these I-quartet systems are shown in Fig. S4-11, with an emphasis
on highlighting the water wire. The chiral systems undergo a twist of the superstructure. The
structural drift is quantified in Fig. S4-12 in Appendix C, the R-HC8 system being the most stable
one, followed by S-HC8, whereas HC8 is more stable than HC6 on longer timescales (>250 ns) in
terms of RMSD. The analysis of the radius of gyration of the superstructure confirms this trend.
The stability of the water wires is more specifically depicted in Fig. S4-13 in Appendix C.
The difference between HC6, where water wire structuring is clearly lost, and the chiral SHC8 and R-HC8 superstructures maintaining a strong ordering of the wires is marked. By
construction the water wires at the right-most and left-most positions – in direct contact with the
lipid environment – are structurally more labile. A semi-quantitative analysis is performed in terms
of one-dimensional water density of permeating water molecules in the membrane region shown in
Fig. S4-14 (A) in Appendix C; immobile water molecules are discarded from this analysis. The
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difference between HC8 and R-HC8 or S-HC8 is again very apparent and even differences among
channels are clearly visible. Not only are these wires clearly structured in the chiral systems, but
their orientation is tightly controlled as well, as depicted in Fig. S4-14 (B) in Appendix C.
Water transport across HC8, S-HC8 and R-HC8 systems: We characterized water
transport first globally, through counting overall passage of water molecules through the membrane
in either direction (Appendix C, Fig. S4-15 (A)). A more nuanced picture, separating the
membrane-exposed lateral channels from the central two well shielded channels reveals that
structured water wire transport is observed for the R-HC8 system in particular. The S-HC8 system,
compared to the reference background of unstructured HC8, does not establish transport in the
current simulation timescale, in agreement with the experimental observation of a slow buildup.
Supporting information
Appendix C provides the supporting information including Figures S4-1 to S4-15 and
Tables S4-1 to S4-5 of this chapter.
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Chapter 5

Artificial water channels self-assemble into nano-scale domains in block
copolymers and retain high permeability
Preface
This chapter is based on the following paper draft: Shen, Y.-x., Ren, T., Henderson, C.,
Feroz, H., Saboe, P. O., Gollakota, A., Tsai, D., Sines, I. T., Yan, H., Butler, P. J., Bazan, G. C.,
Hou, J.-l., Cremer, P. S. & Kumar, M. Artificial water channels self-assemble into nano-scale
domains in block copolymers and retain high permeability. (in preparation)
Y. Shen and M. Kumar designed the paper. Y. Shen synthesized the artificial water channel
and performed the major characterizations. H. Yan and G. C. Bazan provided DSSN+ chemical. Y.
Shen and T. Ren performed the FCS and DSSN+ experiments with the assistance from P.O. Saboe,
M. Kumar and P.J. Butler. Y. Shen and C. Henderson carried out the FRAP experiments with the
help from M. Kumar and P. S. Cremer. Y. Shen and M. Kumar wrote the paper with the assistance
from all the other co-authors. We thank undergraduate student Daniel Tsai for his contribution to
the experiments.
Abstract
Artificial water channels have been demonstrated to have high water conductance
approaching that of water channel proteins, aquaporins, in lipid membranes. However, a more
mechanically and chemically stable system is needed to develop artificial water channel-based
materials for applications such as liquid and gas separations. Here we investigated the insertion,
permeability, and self-assembly of peptide-appended pillar[5]arene (PAP) artificial water channels
in poly(butadiene)-b-poly(ethylene oxide) (PB-PEO) block copolymers (BCPs). PAP channels
were functional in BCP membranes and the single channel water permeability of PAP channels
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remained as high as that observed in lipid membranes. We show that ‘chemical’ hydrophobic
mismatch, defined as differences in hydrophobicity between the channels’ outer surface and BCP
membrane hydrophobic cores, leads to lower incorporation ability of PAP channels in BCPs than
that in native lipids when a simple film-rehydration method employed. Despite this mismatch, we
show that PAP channels could be densely packed into BCP membranes through detergent–
mediated self-assembly if ‘physical’ hydrophobic mismatch, differences in polymer hydrophobic
block thickness and channel length, is minimized. We also provide evidence that PAP channels
aggregated to form rafts of ~40 to 1000 nm based on lateral diffusion coefficient measurements
and microscopic examination in both lipid and polymer bilayers.
Introduction
The discovery of biological water channel proteins, aquaporins (AQPs),63 has inspired a
series of artificial structures that attempt to mimic the high water permeability and selectivity of
AQPs.180,183,184,186-188,315,329 Artificial channels could overcome the challenges of high cost and low
stability associated with protein-based materials.245 Further, these channels can be synthesized
using simple chemistry and are solvent compatible thus allowing processing techniques common
in polymer processing to be applied.315 The flexibility in design of the chemical structures of the
channels further allows for specific functionalization to tailor permeability188,315 and selectivity.330
In a previous study, we reported on the permeability of peptide-appended pillar[5]arene (PAP)
artificial water channels.315 The water conductance of PAP channel is in the range of AQPs (~109
water molecules/s), and found to form aligned arrays within lipid membranes, with packing
densities that exceed the pore density of current synthetic carbon nanotube (CNT)-based
membranes by two orders of magnitude. Recent efforts in the field of artificial water channels have
greatly enhanced the potential for scale-up and developing channel-based materials and devices for
applications that utilize their unique transport properties.331
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It is worth noting that all the initial functional studies of artificial water channels were
conducted in lipid systems. These channels were designed with outer surfaces that are compatible
with a lipid membrane environment, but this is not a viable format for most applications.
Amphiphilic block copolymers (BCPs) form lipid bilayer-like structures 129,130 and can be excellent
alternatives. They are more mechanically and chemically stable,129,131 and offer customizable
polymer types,332 membrane thicknesses129,332 and terminal functional groups.134 BCPs are being
increasingly used for incorporating membrane proteins for functional studies,333 drug delivery,334
and sensors.335 Because of the similarities between membrane proteins and artificial channels, we
investigated the use of BCPs as a platform to study and synthesize robust and scalable materials
around artificial water channels.
We conducted a systematic structural and functional characterization study of PAP
artificial water channels in a BCP system. We chose poly(butadiene)-b-poly(ethylene oxide) (PBPEO) diblock copolymers because they have been used extensively to study transmembrane
proteins69,158,336 and shown activity and unique self-assembly properties including the ability to
form two-dimensional crystals.69 A series of PB-PEO BCPs with different block lengths (Appendix
D, Table S5-1) was used to investigate the effect of physical hydrophobic mismatch, the length
differences between BCP hydrophobic block and channel, on the insertion of PAP channels in
BCPs. In conjunction with BCPs, a phospholipid system was also used to investigate the effect of
chemical hydrophobic mismatch, the difference in hydrophobicity of the polymer or lipid
hydrophobic block and outer surface of the channels. Combining light scattering-based water
transport studies and fluorescence correlation spectroscopy-based channel insertion quantification,
we found that PAP channels had lower insertion or incorporation efficiencies in PB-PEO BCPs
compared to lipids. Physical mismatch played an important role in influencing the incorporation
efficiency as well, with the highest mismatch between the channel and polymer thickness resulting
in the lowest incorporation. The single channel water permeability was not affected in either
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polymer or lipid system. Fluorescence recovery after photobleaching (FRAP) data showed PAP
channels behaved like a raft that had similar lateral diffusion coefficients in both lipid and PB-PEO
systems. This is in agreement with the aggregation behavior observed in MD simulations of PAP
channels in lipids in a previous study.315
Results and discussions
PAP channels are functional in PB-PEO membranes and their single channel water
permeability is not affected compared to that in lipid systems. PAP channels could be
incorporated into PB-PEO BCP membranes using the film rehydration method (Fig. 5-1 (A))
previously used with lipid and PAP channels. For PB23-PEO16 BCP, we found the majority of the
film rehydration products were vesicles with a size of 200-300 nm in diameter, as indicated by both
transmission electron microscopy (TEM) and dynamic light scattering size measurements
(Appendix D, Fig. S5-1). These unilamellar polymersomes were suitable for stopped-flow light
scattering-based permeability tests. When the polymersomes at different molar channel-to-polymer
ratios (mCPRs) were abruptly exposed to an inwardly-directed osmotic gradient, the light scattering
signals of these polymersomes decreased faster at higher mCPRs (Fig. 5-1 (B)), indicative of faster
volumetric expansion and thus higher water permeance in the presence of PAP channels (Fig. 5-1
(C)). The PB23 vesicle at an mCPR of 0.005 had a net permeability of 3.3±0.9 μm/s (Fig. 5-1 (C)).
The number of PAP channels per polymersome was counted using a fluorescence correlation
spectroscopy (FCS) technique, as reported previously.315 PAP channels were first tagged with a
fluorophore tetramethylrhodamine cadaverine,315 using dicyclohexylcarbodiimide as a crosslinking
reagent. The polymersomes with the labeled channels incorporated were subjected to FCS analysis
before and after detergent solubilization, creating two autocorrelation functions for the vesicles and
the micelles (Appendix D, Fig. S5-2), respectively. A double-species model (used to differentiate
labeled PAP channels from residual free fluorophores) was employed to fit the autocorrelation
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curves and obtain the number of fluorescent vesicles (NVesicle) and solubilized PAP micelles
(NMicelles). The number of the labeled channels per vesicle (NChannels) was calculated as the ratio
NMicelles/NVesicle. We compared the water conductance of PAP channels in lipid and PB23 membranes
(Fig. 5-1 (D)). At a molar channel-to-lipid ratio of 0.005 (mCLR=0.005) or an mCPR of 0.005, the
net permeability of PAP channels in lipid vesicles was 46.6±13.8 μm/s, approximately one order
of magnitude higher compared to that in PB23 polymersomes (3.3±0.9 μm/s). However, the number
of inserted PAP channels in PB23 vesicles were also found to be ~10 times less than that in lipid
system (Appendix D, Fig. S5-2 and Fig. S5-3). Combined, the FCS and the stopped-flow
permeability data indicate that the single channel water permeability of PAP channels in PB23
vesicles was 1.6±0.4×108 H2O molecules per second (Fig. 5-1 (E)), which was similar to that in
liposomes (3.3±0.6×108 H2O molecules per second).315

Figure 5-1. Functional studies of peptide-appended pillar[5]arene (PAP) artificial water channels
in block copolymer vesicles indicate lower efficiency of insertion than in lipid membranes but
maintenance of the aquaporin-like single channel permeability. (A) Confocal image of giant
unilamellar vesicles showed the incorporation of fluorescent labeled PAP channels into PB23
polymersomes. Polymer molecules were not labeled. (B) Representative light scattering traces of
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PB23 polymersomes with different molar channel-to-polymer ratio (mCPR=0, 0.001, 0.002, 0.0033
and 0.005) after a rapid exposure to a hypotonic solution without 100 mM PEG600 used to form
the vesicles on a stopped-flow instrument. (C) The water permeability of PAP channel-containing
PB23 polymersomes formed with different mCPRs measured under hypotonic conditions. (D) Net
water
permeability
of
PAP
channels
in
liposomes
(4:1
(mol/mol)
phosphatidylcholine/phosphatidylserine (PC/PS), molar channel-to-lipid ratio (mCLR) is 0.005)
and in PB23-PEO16 polymersomes (mCPR=0.005). (E) Single-channel water permeability of PAP
channels in PC/PS liposomes and PB23 polymersomes. Data shown are the average of triplicate
measurements with error bars indicating one standard deviation.
The insertion of PAP channels was less favorable in PB-PEO polymers than lipids,
and was dependent on hydrophobic (PB) block length. In addition to PB23, we also tested the
incorporation of PAP channels in PB12-PEO9 and PB33-PEO20 BCPs. The channels/polymer
aggregate morphologies were dependent on the block length of PB-PEO BCPs. Although the
selected BCPs had hydrophilic volume ratios ‘fhydrophilic’ within the threshold expected to form
vesicles (0.35±0.10, Table S5-1),337,338 only PB23 formed vesicles (Fig. S5-1) during film
rehydration. For PB12 polymers, while the rehydration of the OH-terminated PB12 resulted in
micelles (Appendix D, Fig. S5-4); the carboxylic acid functionalized PB12 produced a vesicle and
micelle mixture (Appendix D, Fig. S5-5). PB33 polymers formed worm or sperm-like structures338
with less than 10% proportion of vesicles (Appendix D, Fig. S5-6). Therefore, we selected
carboxylic acid functionalized PB12, OH-terminated PB23 and OH-terminated PB33 for the
incorporation of PAP channels after the polymersomes were purified with size exclusion
chromatography to remove the non-vesicular fraction. The insertion efficiency of PAP channels in
different lipid and BCPs systems based on the FCS results was calculated and is shown in Fig. 5-2
(A). The theoretical insertion number assumed all PAP channels were embedded into the vesicle
bilayers (see Fig. 5-2 caption). In PC/PS vesicles at an mCLR of 0.005, the number of PAP channels
per liposome (383±52 channels in a vesicle of ~160 nm in diameter) corresponded to an insertion
efficiency of 35.7±4.9%. In carboxylic acid functionalized PB12 vesicles, the insertion efficiency
dropped to 17.0±0.6%, followed by PB23 (13.9±0.6%). Only 7.5±1.5% of labeled PAP channels
inserted in PB33 polymersomes at an mCPR of 0.005. The PAP channel arms are made of
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phenylalanine, which is a very hydrophobic amino acid with a negative free energy in the
phospholipid hydrophobic core indicating spontaneous insertion.339-341 We further used a water
soluble

conjugated

oligoelectrolyte

(COE),

4,4’-bis(4’-(N,N-bis(6”-(N,N,N-

trimethylammonium)hexyl)amino)-styryl)stilbene tetraiodide (DSSN+), to probe the relative
hydrophobicity of the hydrophobic core of lipid and PB-PEO bilayers. DSSN+ has a D-π-D
structure and undergoes intramolecular charge transfer that has been shown to be influenced by the
solvent environment.342 The insertion of DSSN+ into lipids leads to a blue shift of the emission due
to the lower-polarity inner core of a lipid bilayer compared to aqueous environment (Appendix D,
Fig. S5-9).343 More hydrophobic solvents induced larger blue shifts. The lipid (PC/PS) induced a
larger blue shift (57.3±0.9 nm) than PB23 BCPs (8.0±1.3 nm) in DSSN+ emission (Fig. 5-2 (B)),
indicative of a more hydrophobic environment in lipid than in PB polymers. When PAP channels
were incorporated into PC/PS liposomes, the blue shift was increased from 57.3±0.9 nm to 64.0±0.0
nm, while this shift was from 8.0±1.3 nm to 18.0±0.0 nm for PB23 polymersomes. The relative
shift (PAP incorporated PC/PS liposomes as a reference) was 89.5% and 28.1% for pure PC/PS
liposomes and PAP incorporated PB23 polymersomes, respectively, implying the phenylalanine
arms of PAP channels were closer in hydrophobicity to the PC/PS membrane environment rather
than the PB membrane environment. Thus, from the perspective of chemical compatibility, the
insertion of PAP channels was more favorable in lipid than in PB-PEO membranes. From the
perspective of physical compatibility, the insertion ability in PB polymers decreased with
increasing polymer hydrophobic block lengths. The PB12, PB23 and PB33 polymers have a bilayer
thickness of 5.1±0.6 nm, 6.0±0.5 nm and 7.4±0.5 nm, respectively, estimated from Cryo-TEM (Fig.
5-2 (C)), which are close to the hydrophobic core thicknesses of PB12, PB23 and PB33 estimated
from literature (Appendix D, Table S5-1 and Fig. S5-7). The physical mismatch with the height of
PAP channels (~4 nm) further supported the observation that PB12 systems had the best
incorporation for PAP artificial water channels in PB-PEO BCPs.
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Figure 5-2. Incorporation studies of PAP artificial water channels in PC/PS liposomes and PBPEO polymersomes indicate the effect of ‘chemical hydrophobic mismatch’ and ‘physical
hydrophobic mismatch’. (A) The insertion efficiency of PAP channels in PC/PS liposomes and PBPEO polymersomes. The theoretical insertion number was calculated in the following way: With a
PB23 vesicle diameter of ~57 nm and assuming a bilayer thickness of 6 nm (panel C), the sum of
outer and inner surface areas is π/4×d2+π/4×(d−5)2 =74,000 nm2. The average cross-sectional areas
of the PB23 (estimated from Fig. S5-7 in Appendix D, see Materials and methods for detailed
information) and PAP channel are 0.88 nm2 and 3.0 nm2, respectively. Assuming 100% of the
channels are inserted. With an mCPR of 0.005, for example, the theoretical insertion number of the
channel is 210 per vesicle. The inserted channel number in PB12 and PB33 vesicles were obtained
from Fig. S5-8 in Appendix D. Data shown are the average of triplicates with standard deviation.
(B) Blue shift of the emission of the water soluble oligoelectrolyte DSSN+ after insertion into PB23
polymersomes, PC/PS liposomes, PAP channel incorporated PB23 polymersomes at an mCPR of
0.005 and PAP channel incorporated PC/PS liposomes at an mCLR of 0.005. The blue shift
indicated a lower-polarity environment in the bilayer structures than in aqueous solution. (C) Cryotransmission electron microscopy showed the bilayer thickness of different PB-PEO polymersomes.
Data shown are the average of triplicate measurements with standard deviation.
PAP channels can be densely packed in PB-PEO membranes by controlled selfassembly. Though PB12 BCPs formed micellar structures,69,344 they can produce highly ordered
two dimensional crystals with membrane proteins such as aquaporin 069 and outer membrane
protein F (OmpF)

336

after a controlled self-assembly process. Because of the bilayer thickness

close to PAP channels, we hypothesized that PB12 might have the potential to pack the channels
with high density. We performed dialysis of the ternary BCP/PAP channels/detergent mixture and
allowed the detergent to be removed slowly through the critical micelle concentration, which has
been shown to be critical for efficient membrane protein insertion.69,345 PAP concentration had a
significant impact on the morphology of PAP channels/PB12 aggregates after detergent removal.
As observed by negative-stain TEM (Fig. 5-3 (A)), PB12 formed micelles in the absence of PAP
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channels, small vesicles at an mCPR of 0.05, large vesicles at an mCPR of 0.1 and large flat sheets
at higher mCPR ratios. This trend has also been described for PAP channels in lipids.315 These
transitions in morphology shows that increase in density of PAP channels in the channel-BCPs
binary system changed bilayer curvature and resulted in the formation of flat membranes. In
contrast to the uniform membrane with packed arrays formed by PAP channels in lipid, PAP
channels packed PB12 membranes exhibited microphase separation as visualized by electron
microscopy after negative staining by uranyl formate (Fig. 5-3 (B)). The uranyl-stained PB-PEO
BCPs implied the brighter domains of 20-30 nm in diameter were PAP aggregates and the density
of the unstained domains also increased at higher mCPR ratios (Fig. 5-3 (B)). Energy filtered TEM
(Fig. 5-3 (C)) and energy dispersive spectroscopy (EDS) (Fig. 5-3 (D)) map confirmed the
microphase domains had relatively enriched nitrogen species that only appeared in PAP channels
and not in PB-PEO BCPs. The microphase separation in PB12 membranes can be attributed to the
less favorable interaction between PAP channels and PB12 BCPs, while under similar
reconstitution conditions of controlled dialysis with lipids 2D arrays of PAP channels resulted.315
Considering that the entire cross-sectional area of PAP channel is ∼3 nm2, the packing density of

PAP channels/PB12 membranes at an mCPR of 0.5 (Fig. 5-3 (B), right panel) was ~2×105/μm2,
very close to that in lipid membranes where 2D arrays were formed.315 We also observed flat
membrane formation and microphase separation in the PAP channels-carboxylic acid
functionalized PB12 aggregates (Appendix D, Fig. S5-10), but the microphase separation was not
as significant as that in OH-terminated PB12.
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Figure 5-3. PAP concentration influences the morphology of self-assembled PAP-PB12 aggregates
and PAP channels segregate into ‘rafts’ in PB12 membranes. (A) Negative-stain TEM images show
the representative morphologies of aggregates formed at different molar channel-to-polymer ratios
(mCPRs). Increasing mCPRs from 0, 0.05, 0.25 to 0.67 resulted in morphology transitions from
micelles, small vesicles to large vesicles, and finally to flat membranes. (B) TEM images at high
magnification show the microphase separation in PB12 membranes. The brighter unstained microdomains of 20-30 nm are PAP channel aggregates because the uranyl selectively stained PB-PEO
and the density of these domains increased from low (left, mCPR=0.1) to high (right, mCPR=0.5)
channel concentrations. (C) Energy filtered TEM (right) detected relatively enriched nitrogen
signals that matched the micro-phase domains showed in the bright field image (left). (D) Highresolution scanning TEM (STEM) and energy dispersive spectroscopy (EDS) map showed the
microphase domains had relatively enriched nitrogen signals of PAP channels. From the left is the
high-angle annular dark-field (HAADF) image, HAADF overlaid with uranyl map (green),
HAADF overlaid with both uranyl and nitrogen maps (red), and uranyl and nitrogen maps,
respectively. In the HAADF image, the bright region aligned well with the uranyl map. The
nitrogen signal mostly appeared in the dark, microphase domain region.
FRAP data showed PAP channels behaved like a raft and had similar lateral diffusion
coefficient in both lipid and PB-PEO systems. We first investigated the diffusion of PAP
channels in lipids. The PC/PS liposomes at an mCLR of 0.01 with 0.5 % (mol/mol) 1-oleoyl-2-[12-
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[(7-nitro-2-1,3-benzoxadiazol-4-yl)amino]dodecanoyl]-sn-glycero-3

phosphoethanolamine

(NBD-PE) were ruptured and formed a supported bilayer on a glass surface. The FRAP recovery
curve of NBD-PE indicated approximately 100% mobile fraction and the diffusion coefficient was
1.5±0.1 μm2/s (Appendix D, Fig. S5-11). This value was slightly smaller than the published lipid
diffusion coefficient probably due to the existence of the artificial channels. The FRAP recovery
curve of the labeled PAP channels showed two different kinetic regime: a fast recovery (Fig. 5-4,
inset, ~40% mobile fraction) with a larger diffusion coefficient of 0.62±0.04 μm2/s, and a long
recovery (Fig. 5-4, up to ~80% mobile fraction) with a smaller diffusion coefficient of ~0.01 μm2/s.
The smaller diffusion coefficient compared to the bulk lipids implied the channels interacted with
each other and were prone to form large rafts (40-1,000 nm) in lipid membranes.346 In the ruptured
PB23 polymer membranes (Fig. 5-4), we also observed a fast recovery kinetics followed by a longer
and slower recovery. The diffusion coefficient was ~0.086 μm2/s and ~0.0069 μm2/s, respectively,
corresponding to large rafts of 30-8,000 nm in polymer membranes. These results provided insights
into the dynamic behaviors of PAP channels in synthetic bilayer membranes.
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Figure 5-4. The FRAP recovery kinetics of the fluorescent labeled PAP channels in PC/PS
liposomes at an molar channel-to-lipid ratio of 0.01 (mCLR=0.01) and in PB23 polymersomes at
an molar channel-to-polymer ratio of 0.01 (mCPR=0.01).
Conclusions
In summary, PAP artificial water channels could be incorporated into BCP membranes and
have shown the same high water conductance as observed in native lipid membranes. In spite of
the less favorable interaction with PB-PEO BCPs due to chemical hydrophobic mismatch, PAP
channels could be densely packed into polymer membranes through a controlled dialysis-based
self-assembly when physical hydrophobic mismatch is minimized. The packing density is found to
be of the same magnitude as observed in 2D arrays of PAP channels in lipids. We have produced
a completely artificial material that processes aquaporin-like permeability and maintains chemical
and mechanical stability, which can be potentially used for the next-generation filtration materials.
Materials and methods
Chemicals
Peptide-appended pillar[5]arene (PAP) channel was synthesized using a published
method.267 Lipids were purchased from Avanti Polar Lipids (Alabaster, AL) and used without
further purification. Poly(butadiene)-b-poly(ethylene oxide) (denoted as PB-PEO) diblock
copolymers were synthesized using the method described previously347 with slight modifications
or purchased from Polymer Source. Briefly, the anionic polymerization of 1,2-polybutadiene was
performed in tetrahydrofuran using sec-butyl lithium as initiator and ended up with ethylene oxide.
The resulting monohydroxyl-terminated polybutadiene precursor was converted to the potassium
alkoxide by titration with potassium naphthalenide. The PEO growth was accomplished on the
macroinitiator and the addition of slightly acidic methanol terminated the polymerization and
yielded the hydroxyl-terminated PB-PEO copolymers. The block compositions were first estimated
using 1H NMR spectroscopy, and further confirmed by gel permeation chromatography. The
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carboxylic acid terminated PB-PEO (PB12) was synthesized by using succinic anhydride as a
terminating agent. Table S1 shows the detailed information of the selected PB-PEO copolymers
with different polymer length.
Preparation of polymer and lipid vesicles
Polymersomes and liposomes were prepared by using the film rehydration method294 with
added channels. PAP channels (between 0 and 0.22 mg) were added to 8 mg block copolymers
(BCPs) or 6 mg of a 4:1 (mol/mol) phosphatidylcholine/phosphatidylserine (PC/PS) mixture in
CHCl3. The mixture was gently dried on a rotary evaporator followed at high vacuum to remove
all solvent. The formed film was rehydrated with 1 ml buffer containing 10 mM Hepes, 100 mM
PEG600 and 0.01% (w/v) NaN3 at pH of 7. The suspension was extruded through 0.2 μm tracketched membranes (Whatman, UK) for at least 10 times to obtain monodisperse and unilamellar
vesicles, after incubation on a stir plate at 4°C overnight. The size of the vesicles was measured
using dynamic light scattering method on a Zetasizer Nano instrument (Malvern Instruments Ltd.,
UK).
Water permeability tests
The water permeability tests of polymer and lipid vesicles were conducted on an SF-300X
stopped-flow instrument (KinTek Corp., PA) at 10°C, where vesicles were rapidly exposed to a
hypotonic osmolyte (10 mM Hepes and 0.01% (w/v) NaN3 at pH of 7), causing them to swell
because of the inwardly osmotic gradient (lacking the 100 mM PEG600 in the buffer used to form
the vesicles). The resulting changes in vesicle size caused the light scattering to increase at a
wavelength of 600 nm and an angle of 90°.295 The light scattering signal was fit in the form of the
sum of two exponential equations. The osmotic permeability (Pf) was calculated using the formula
(3-1),265 where k is the larger exponential coefficient describing the initial change in light scattering;
S and V0 are the initial surface area and volume of the vesicles; Vw is the molar volume of water,
and Δosm is the osmolarity difference. Considering the non-ideality of the solution, the osmolarity
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difference values were measured on a freezing point based osmometer (Model 3300, Advanced
Instruments, Inc., MA).
Labeling PAP channels
PAP channels were labeled with a rhodamine based fluorophore (5-(and-6)-((N-(5aminopentyl)amino)carbonyl)tetramethylrhodamine) (Invitrogen, CA) using a cross-linker
dicyclohexylcarbodiimide (DCC) (Thermo Fisher Scientific Inc., IL).315 The labeled channels were
used to count the channel number per vesicle in fluorescence correlation spectroscopy (FCS)
experiments, visually confirm the channel insertion into polymersomes using giant unilamellar
vesicles (GUVs) technique and study the diffusion properties of PAP channels in lipid or polymer
bilayers in fluorescence recovery after photobleaching (FRAP) experiments.
Fluorescence correlation spectroscopy (FCS)
The number of PAP channels per vesicle was measured based on a fluorescence correlation
spectroscopy (FCS) technique.272,274 Fluorescently labeled channels were incorporated into polymer
or lipid vesicles using the film rehydration method294 with the rehydration buffer (10 mM Hepes,
100 mM NaCl and 0.01% (w/v) NaN3 at pH of 7). The vesicles were dialyzed, extruded and
subjected to size-exclusion chromatography to remove residual free dye. The fluorescence intensity
F(t) within a small confocal volume was monitored using a time-resolved single-photon counting
module (Becker-Hickl GmbH, Germany) to obtain the autocorrelation function G(τ) based on the
fluorescence fluctuation δF(t), t (time) and τ (time lag):
𝐺𝐺(𝜏𝜏) =
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The specific expression of G(τ) is related to the geometry of the confocal volume (r and z
are the radius and half height of the confocal volume), the 2D lateral diffusion time (τDi) of the
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fluorescent species i, and the fraction (fi) of fluorescent species i. When τ=0, the number of the
independent fluorescent molecules in the confocal volume (N) is the inverse of G(0). The number
of labeled channels per vesicle can be calculated as the ratio of the number of particles in the
confocal volume before and after detergent solubilization of the vesicles. Because the labeled PAP
channels showed significantly different diffusion time compared to the free dye.315 The
autocorrelation curves were fit to the two species model.
Giant unilamellar vesicles (GUVs) and confocal imaging
GUVs were constructed based on a cross-linked dextran (ethylene glycol) hydrogel
protocol by Kros and coworkers.348 Glass slides were first cleaned in the 1:1 (v/v) HCl/methanol
mixture for 1 hour, rinsed with water, air-dried and left overnight in a glove box to exclude
atmospheric moisture.349 The dried slides were thiol-functionalized by being soaked in 2% (v/v) 3mercaptopropyl trimethoxysilane in toluene for 1 hour and rinsed thrice in toluene in the glove box.
After the reaction was complete, the slides were taken out of the glove box, rinsed with water and
stored before further use. 420 μl of the 2mM solution, 1:1 (mol/mol) maleimide-dextran and thiol
conjugated PEG (Cellendes GmbH, Reutlingen, Germany) mixture, were immediately pipetted
onto the glass slide after mixing. The coated hydrogel was covered with a piece of Parafilm M,
yielding a uniform layer on the glass. A homogenous polymeric film was formed after 30–45
minutes at 40 °C. 10 μl of 1 mg/ml BCPs in CHCl3 (with labeled PAP channels) was pipetted on
to the hydrogel film and dried for 30 minutes under vacuum at room temperature. The dried BCP
film, confined in a GUV well/growth chamber formed by placing an X-profiled O-Ring on top of
the hydrogel and sealing with high vacuum silicon grease, was hydrated with 300 μl water and left
at 40 °C for 1–2 hours to form free-floating vesicles. The image was taken on Leica TCS SP5
confocal microscope (LSCM, Leica Microsystems)
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DSSN+ experiments
5 % (mol/mol) DSSN+ was added into lipid and polymer vesicles. After the final vesicle
concentrations were diluted to 3 mg/ml, these vesicles were incubated at 4 °C overnight. The UVvis absorbance and emission spectrums were scanned on a micro-plate reader (SpectraMax® i3X,
Molecular Devices, CA)
Self-assembly of PAP channel/polymer aggregates
PAP channel/lipid aggregates were produced by a slow dialysis procedure.69 First, 60 μg
PB12 or carboxylic PB12 copolymers and PAP channels (0 to 320 μg) were dissolved in CHCl3
and mixed at different mCPRs. After evaporating CHCl3, the film was dissolved in 60 μl dialysis
buffer (10 mM Hepes, 100 mM NaCl and 0.01% (w/v) NaN3 at pH of 7) initially containing 4%
(w/v) n-octyl-β-D-glucoside (OG). The PAP channel/polymer mixture was transferred into dialysis
buttons (Hampton Research, CA) with a 12-kDa cut-off membrane, where the final polymer
concentration was 1 mg/ml. The detergent concentration (initially 4%, w/v) was gradually lowered
by doubling the dialysis buffer volume with detergent-free buffer every 8 h until the OG
concentration in the dialysis buffer reached 0.25% (w/v). The dialysis buffer was then replaced
with detergent-free buffer three times every 8 h.
Transmission electron microscopy (TEM)
The polymersomes and PAP channel/BCPs aggregates were adsorbed on glow-discharged
carbon-coated TEM grids (Ted Pella Inc., CA), blotted, washed and stained with 0.75% uranyl
formate. Conventional TEM, energy filtered TEM and scanning TEM with energy dispersive
spectroscopy (EDS) map were performed on a Tecnai G2 Spirit BioTwin microscope (FEI) and a
Tecnai G2 20 X-Twin microscope (FEI), and a Talos F200X microscope (FEI), respectively. For
Cryo-TEM, 5 μL polymersome solution was loaded onto QUANTIFOIL® holey carbon TEM grids
(Ted Pella Inc., CA). The excess liquid was blotted and the grids were vitrified in liquid ethane
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using a Vitrobot (FEI). The images were captured in low-dose mode a Tecnai G2 Spirit BioTwin
microscope (FEI).
Fluorescence recovery after photobleaching (FRAP)
Fluorescence recovery after photobleaching (FRAP) experiments350 were conducted to
investigate the diffusion behavior of PAP channels in these lipid or BCPs bilayers at room
temperature. The PC/PS liposomes or PB-PEO polymersomes with labeled PAP incorporated were
made using the aforementioned film rehydration method. Additionally, 0.5 % (mol/mol) 1-oleoyl2-[12-[(7-nitro-2-1,3-benzoxadiazol-4-yl)amino]dodecanoyl]-sn-glycero-3 phosphoethanolamine
(NBD-PE) was added into the vesicles during the film rehydration as a reference. The supported
bilayers were formed after the vesicles were ruptured on a cleaned glass coverslip in a PDMS well.
After these bilayers were fixed and rinsed with water, a small section of the bilayers were removed
by scratching the surface of the glass coverslip with a tweezer. The FRAP experiments were
conducted on a Nikon Eclipse TE-2000-U inverted microscope through a 10× objective lens. The
463 nm and 532 nm lasers (Stabilite 2018, Spectra Physics) were used to bleach NBD-PE and
fluorescent labeled PAP channels in the bilayers, respectively. The power of the laser at the sample
was 2 mW and the diameter of the spot was 22 µm. The fluorescence intensity in the selected area
was monitored at every 1 min. The fluorescence recovery curves were used to determine the mobile
fraction and diffusion coefficients of PAP channels in the bilayers. The fluorescence intensity of
the bleached spot at any time was divided by the fluorescence intensity of an unbleached spot in
order to correct for differences in light intensity. The percentage of the normalized fluorescence
recovery f(t) was calculated using the following equation, where It is the normalized intensity of
the spot at time t and I0 is the normalized intensity of the spot immediately after bleaching.
𝑓𝑓(𝑡𝑡) =

𝐼𝐼𝑡𝑡 − 𝐼𝐼0
(5 − 3)
1 − 𝐼𝐼0
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The recovery as a function of time was fit to an exponential equation in order to obtain the
mobile fraction of the bilayer (A) and the time of half recovery (τ1/2 =1/τ×ln2),
𝑓𝑓(𝑡𝑡) = 𝐴𝐴(1 − 𝑒𝑒 −𝜏𝜏𝜏𝜏 ) (5 − 4)

The lateral diffusion coefficient (D) is calculated by employing the following formula,350
where r is the half-width of the Gaussian laser beam (11 µm).
𝐷𝐷 =

0.88 × 𝑟𝑟 2
(5 − 5)
4 × 𝜏𝜏1/2

After we obtained the diffusion coefficient of PAP channels, we could estimate the
dimension of the channel-lipid or channel-polymer aggregates using Saffinan and Delbruck
model,351,352 where k is Boltzmann constant; T is the temperature; η is the bilayer viscosity; ηw is
the aqueous viscosity; h is the bilayer thickness, a is the radius of the aggregated domain (treated
as a cylinder) spanning the membrane and γ is Euler's constant 0.5772.
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For PC/PS membrane, the bilayer viscosity can be estimated from the diffusion coefficient
of the reference lipid NBD-PE. The PB-PEO bilayer viscosity is estimated from the reference.
The estimation of the hydrophobic core thickness of the BCPs polymersomes and the crosssectional area of per polymer chain.
The hydrophobic core thickness (d) of the BCPs bilayer membrane has a logarithmic
relationship with the hydrophobic molecular weight (Mh) with a scaling exponent of a, if the BCPs
have the similar hydrophobic volume fraction.337 By assuming incompressibility, the crosssectional area of per polymer chain (A) should also scale with an exponent of b.353
𝑑𝑑~𝑀𝑀ℎ𝑎𝑎 (5 − 7)

𝐴𝐴~𝑀𝑀ℎ𝑏𝑏 (5 − 8)
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Using the published PB-PEO and its reduced polymer poly(ethylethylene)-b-poly(ethylene
oxide) (PEE-PEO) data,337,338,354 we obtained the scale components a and b with the hydrophobic
molecular weight of the polymer and estimated the hydrophobic core thickness and the crosssectional area of per polymer chain of PB12, PB23 and PB33 BCPs (Appendix D, Table S5-1 and
Fig. S5-7).
Supporting information
Appendix D provides the supporting information including Figures S5-1 to S5-11 and
Tables S5-1 of this chapter.
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Chapter 6
Fabrication of a lamellar block copolymer membrane with highly permeable
pillar[5]arene artificial channels
Introduction
In the previous two chapters, we have shown that peptide-appended pillar[5]arene (PAP)
artificial water channels (Fig. 6-1 (A)) combine the advantages of biological channels and carbon
nanotubes (CNTs) and improve upon them through their relatively simple synthesis and chemical
stability. They show aquaporin-like water conductance in both lipid and block copolymer (BCPs)
vesicles. They are capable of aligning and forming densely packed membranes in both lipids and
BCPs. However, the aforementioned membranes are synthesized using a dialysis-based selfassembly in an aqueous environment, which is not a suitable method for large-scale manufacturing.
BCPs can form different geometries by micro-phase separation between two or more blocks.355
They have been used and scaled up in microelectronics applications through a directed selfassembly using solvent casting methods.356,357 They can form a uniform multilamellar (multilayered)
film on a graphoepitaxially and chemically patterned surface.358 We propose to take advantage of
the solvent compatibility of PAP channels and propose to make thin BCP film with incorporated
PAP channels. In this film, we hypothesize that BCPs can form a lamellar structure with alternating
hydrophobic and hydrophilic layers, and PAP channels can be vertically aligned within the lamellar
BCP films (Fig. 6-1 (B)) through hydrophobic interactions with the lamellar hydrophobic domains
of the block copolymer layers.
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Figure 6-1. (A) The PAP channel forms a tubular structure through intramolecular hydrogen
bonding between adjacent alternating D-L-D phenylalanine chains (D-Phe-L-Phe-D-Phe-COOH).
(B) Directed self-assembly of lamellar morphologies of block copolymer-aligned channels films
on a chemically modified porous membranes.
Materials and methods
Film preparation
The peptide-appended pillar[5]arene (PAP) channel was synthesized using published
protocols.267 Poly(butadiene)-b-poly(ethylene oxide) (PB23-PEO16, denoted as PB23) diblock
copolymers were synthesized using the method described previously with slight modifications347
or purchased from Polymer Source. The silicon substrate (Process Specialties Inc., CA) was first
sonicated and cleaned in acetone and isopropanol, and exposed under UV/ozone (UVO-Cleaner®,
Jelight Company Inc., CA) for 10 min to remove residual solvents and improve surface
hydrophilicity. A thin water-soluble poly(3,4-ethylenedioxythiophene) polystyrene sulfonate
(PEDOT:PSS) solution (CleviosTM P, Heraeus, Germany) was spin coated on the treated substrate
at a rate of 4,000 rpm for 2 min. 5 mg/ml PB23 polymers, PAP channels (between 0 to 2.5 mg/ml)
and 0.5 mg/ml azobisisobutyronitrile (AIBN) were dissolved in CHCl3 and spin coated on the
PEDOT layer at a rate of 800 rpm for 1 min. The resulting film was annealed in CHCl3 vapor for 1
h and then exposed under a UV lamp (365 nm) in order to crosslink the polymer film in the
existence of AIBN. After the film was crosslinked, a sharp blade was used to cut the film into small
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pieces. The silicon substrate was submerged into water, allowing the PEDOT layer to be redissolved into water. After the dissolution of the PEDOT layer, the polymer film floated onto the
water surface (Fig. 6-2). The free standing film was used for further analysis.

Figure 6-2. Schematic approach of the main steps of fabricating free-standing PB films using a
sacrificial PEDOT:PSS layer. First a PEDOT layer is spin coated onto the UV/ozone cleaned silicon
substrate. The PB polymer solution is then spin coated onto the PEDOT layer. The film is annealed
in the vapor of chloroform followed by UV crosslinking. After the film is crosslinked, a sharp blade
is used to cut the film and the substrate was immersed into water, allowing the film to float on water
and transfer to another substrate.
Transmission electron microscopy (TEM)
The free standing films (~3 mm×3 mm) were transferred onto TEM grids (Ted Pella Inc.,
CA). The grids were stained with OsO4 to enhance the image contrast (OsO4 can react with
polybutadiene)359 and the top view of the film was imaged on a Techai G2 Spirit BioTwin
transmission electron microscope (FEI) with an accelerating voltage of 80 kV. The cross-sectional
morphologies of the thin film was also analyzed using TEM. Instead of floating the film, the film
on the silicon substrate was sputter coated with iridium particles (K575X, Quorum Technologies
Ltd., UK) for 30 seconds followed by the deposition and curing of an epoxy resin (EPONTM, Sigma)
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at 60 °C overnight following a procedure used by Choo et al.360 The iridium particle provided
protection to the PB film against infiltration by the epoxy. The epoxy-cured wafers were submerged
into liquid nitrogen to detach the PB film along with PEDOT and epoxy laminate from the silicon
substrate. The PEDOT side of the PB film was also coated with iridium for 30 seconds and by
another layer of epoxy. The fully embedded PB film in the epoxy block was trimmed and sectioned
on an ultramicrotome (Leica EM UC6). The resulting ~50 nm thick cross-section specimens were
floated on water and picked up by lacey carbon grids (Ted Pella, USA). The samples were stained
by OsO4 for 15 min, which preferentially stains the PB block and increased the contrast in TEM.359
The images were taken on a Techai G2 Spirit BioTwin transmission electron microscope (FEI)
with an accelerating voltage of 80 kV.
Atomic-force microscopy (AFM)
Dimension Icon (Bruker, CA) atomic force microscopy (AFM) was used to characterize
the topography and measure the thickness of the PB film. The spring constant of the AFM cantilever
(SCANASYST-AIR, Bruker, CA) was 0.4 N/m. The topographic images of the PB film (without
water floating) was scanned scanned at a resolution of 512 points per line and a speed of 1 Hz using
the peakforce tapping mode in air. NanoScope Analysis software (Bruker, CA) was used to process
the AFM images to obtain the surface roughness, presented as average roughness (Ra). To measure
the film thickness, the free standing PB film (after floated on water) was transferred on to a
UV/ozone cleaned silicon substrate and dried at room temperature. A step-edge scan was performed
across the sharp edge of the PB film and the silicon wafer surface with the help of the microscope
at a resolution of 128 points per line and a speed of 1 Hz using the peakforce tapping mode in air.
The thickness of the PB film was estimated from the height difference between the silicon and the
film using NanoScope Analysis software.

128
Time-of-Flight Secondary Ion Mass Spectrometry (TOF-SIMS)
TOF-SIMS uses an incident primary ion beam to induce ionization of atomic and molecular
species from a solid sample surface. The resulting charged particles are accelerated in a ‘flight tube’
and their mass is determined by measuring the time-of-flight from the sample surface to the detector
(Fig. 6-3). A lateral secondary ion mass spectrum profile of all released ions can be generated by
focusing the beam across a specific region of the atomic monolayers of the sample surface. The
crosslinked PB-PEO film on a PEDOT coated silicon substrate was cut with a sharp knife and
immersed into water. The dissolution of the PEDOT layer helped to release the polymer film onto
the water-air interface. The free standing film was the carefully picked up by a UV/ozone cleaned
silicon substrate and dried for TOF-SIMS analysis. The mass spectrum profiles of the polymer
films were collected on a TRIFT mass spectrometer (PHI nanoTOF II, Physical Electronics)
equipped with a bismuth cluster liquid metal ion gun, a triple focusing electrostatic analyzer, and a
multichannel plate detector. A Bi32+ ion beam (30 keV; total dose=6.95×1012 ions/cm2) was used to
sputter the film sample. The mass-to-charge ratios of the ejected secondary ions were measured to
investigate a 20×20 μm2 analysis area using a 100 μm aperture.

Figure 6-3. An illustration shows the general principle of Time-of-Flight Secondary Ion Mass
Spectrometry (TOF-SIMS). An incident primary ion beam hits the sample surface and generates
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the charged species, which are later accelerated in a ‘flight tube’ and their mass is determined by
measuring the time-of-flight from the sample surface to the detector.
Results
PAP channels/PB23 BCP films had a thickness of 20-30 nm and the cross-sectional
images show a possible lamellar structure. After the silicon substrates were scratched by a sharp
blade and immersed into water, the dissolution of PEDOT layer resulted in the floating of the PB23
films. The free-standing polymer film was picked up by another cleaned silicon substrate. After the
films dried, the thickness of the films were measured on AFM. Before the scan, we carefully looked
at the film using live optical microscopy until we found the ‘clean’ edge of the film and silicon
substrate (Fig. 6-4 (B)). Wrinkled edges are not suitable for the thickness analysis. After the scan
position was located, we obtained AFM images across that edge (Fig. 6-4 (B)) and then found three
different sharp edges for replicates (Fig. 6-4 (C)). We found the PB23 film had a thickness of 2030 nm, approximately 4-bilayer thick compared to a single PB23 bilayer (~6 nm).

Figure 6-4. A step-edge scan on atomic-force microscopy (AFM) was used to estimate the PB film
thickness. (A) A snapshot of the AFM tip position show the step-edge scan was performed across
the sharp edge of the PB film and the silicon substrate. (B) The AFM image was taken across the
edge of the PB film and silicon substrate from panel A. (C) The control PB film thickness was
estimated from panel B using NanoScope Analysis software. The error bar shows the standard
deviation at three different positions of one sample.
In order to identify if the PB23 films were successfully annealed and formed lamellar
structures, we embedded the films in an epoxy sandwich and analyzed them using TEM. OsO4 was
used to enhance the image contrast because it could react with polybutadiene.359 Fig. 6-5 shows the
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cross-sectional images of two PB23 film samples. Because the PEDOT layer still remained inside
the epoxy sandwich during the sample preparation, the thickness of the two films was around
100~200 nm. We could observe the alternate lines enhanced by OsO4 staining, which indicated a
possible lamellar structure of the PB23 films.
Table 6-1. PB23 film thickness at different molar channel-to-polymer ratios (mCPRs) estimated
using AFM measurement when 5 mg/ml PB23 solution was used to cast the film
Sample

Film thickness (nm)

Control

36.1±0.8

mCPR=0.05

26.6±0.4

mCPR=0.1

22.1±0.2

mCPR=0.2

25.4±0.4

Figure 6-5. The cross-sectional transmission electron microscopy (TEM) images of PB23 films at
different molar channel-to-polymer ratios (mCPRs). The scale bar is 200 nm.
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TOF-SIMS showed the channel distribution within the polymer films and the
concentration of PAP channels in PB23 polymer films influenced film morphologies. The
distribution of PAP channels in PB23 film was confirmed using TOF-SIMS. Fig. 6-6 shows the
secondary ion mass spectrum profile of the channel/BCPs film surface when sputtered with a Bi32+
ion beam. There is a prominent peak at m/z=120 amu in the spectrum of the channel incorporated
polymer films, which corresponds to the characteristic phenylalanine fragment (C8H10N+)361 that is
not shown in the control spectrum. Therefore, we used the signal of this fragment to characterize
the polymer film. In Fig. 6-7, the two dimensional TOF-SIMS phenylalanine fragment map of a
20×20 μm2 region demonstrated the existence of PAP channels and the concentration increased at
a higher molar channel-to-polymer ratio (mCPR). Because of the lateral resolution limit of this
technology (minimum 70 nm per pixel, we cannot obtain more detailed distribution of PAP
channels in polymer film, but the channels were embedded randomly and evenly in the PB-PEO
film when spin casting processing was employed.
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Figure 6-6. The TOF-SIMS mass spectrum of the control PB23 film and PB23 films at different
channel-to-polymer ratios (mCPR=0.05 and 0.2). The characteristic peak at m/z=120 amu was from
the phenylalanine fragment (C8H10N+) and showed the existence of PAP channels.

Figure 6-7. The two dimensional TOF-SIMS phenylalanine fragment maps of the control PB-PEO
film and PB films at different channel-to-polymer ratios (mCPR=0.05 and 0.2). The red signals
showed the existence of the phenylalanine fragment (C8H10N+) identified in Fig. 6-6, and the
intensity was increased at a higher mCPR. The color change from orange to red shows the increase
in the ion signals.
The AFM images of the PB23 polymer films are shown in Fig. 6-8. The addition of PAP
channels increased the surface roughness of the polymer film. The mean roughness (Ra) of the
control PB23 film was 0.97 nm, and increased to 1.49 nm and 1.68 nm at mCPRs of 0.01 and 0.05,
respectively. However, at an mCPR of 0.2, we observed some ‘holes’ indicating that film was not
continuous probably due to very high channel concentrations. This phenomenon was also observed
on TEM (Fig. 6-9, see the brighter dots). This result suggested that mCPRs between 0.01 and 0.05
could be suitable for the film fabrication.

Figure 6-8. AFM images of PB23 polymer films at different molar channel-to-polymer ratios
(mCPRs). The scale bar is 200 nm.
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Figure 6-9.TEM images of a control PB23 polymer film (A) and the PB23 film at a molar channelto-polymer ratio of 0.2 (mCPR=0.2) (B). TEM images indicate control PB23 film was continuous
while the addition of high concentration PAP channels broken down this continuity (see the brighter
dots in panel B, the crack was the result of the vacuum in the TEM column).
Conclusions
In this chapter, we have developed a solvent casting-based method to fabricate a polymer
film with incorporated PAP artificial water channels. Using a sacrificial PEDOT layer, the PB film
can be floated onto water and transfer to another substrate after crosslinking. The polymer film has
a thickness of 20-30 nm. The cross-sectional TEM images implied a possible lamellar structure.
TOF-SIMS results further confirmed the presence of PAP channels in the PB film. At mCPRs
between 0.01 and 0.05, the PB films were found to be continuous and suitable for membrane
fabrication. This study on channel-based BCP membranes for gas and liquid separations needs to
be further extended by testing the functional properties of the PAP-enhanced PB-PEO film
membranes.
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Chapter 7 Conclusions and future work
Conclusions
Bioinspired artificial water channels aim to combine the high water permeability and
selectivity of biological water channels aquaporins (AQPs) with chemical stability. Because of the
challenges in accurately replicating the functional structures of channel proteins, the water
permeability and selectivity of first-generation artificial water channels were far below those of
AQPs. Secondly, artificial water channels are challenged by lack of accurate characterization of
water flow rates through these channels. Third, there is a critical need to develop channel-based
materials for engineering applications including liquid and gas separations. This thesis provides
results that provide insights relevant to these challenges as described in subsequent paragraphs.
We have developed a platform for systematic characterization of single channel water
permeability of artificial water channels. This molecular-level characterization method is
composed of two steps. The first step is a vesicle-based technique used to measure water transport,
in which the response to an osmotic gradient is followed by measuring changes in light scattering.
A proper vesicle composition should be carefully optimized in order to differentiate the background
matrix and channel’s permeabilities. The light scattering measurement is performed on a stoppedflow instrument, allowing the kinetics of vesicle swelling or shrinking captured with millisecond
resolution. The second step is to count the number of channels per vesicle by FCS if the channel is
properly labeled. We can also use traditional methods such as UV-vis absorbance to determine the
channel insertion if the channel has a specific absorbance peak. MD simulations can provide
insights into the experiments results. In Chapters 3, 4 and 5, this platform has been demonstrated
to successfully characterize the single-channel water permeability of PAP channels in lipids315 and
BCPs, and imidazole-quartet channels in lipids.362 These channels have been found to have a water
conductance within 2 orders of magnitude of AQPs’ rates.
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The side chain properties of artificial water channels are critical for membrane
insertion, structure stabilization and water conductance. In Chapter 3, peptide-appended
pillar[5]arene (PAP) artificial water channels315 contain more hydrophobic regions compared with
its predecessor, hydrazide-appended pillar[5]arenes,187 which improves both its water permeability
and its ability to insert into membranes. In Chapter 5, we systematically studied insertion abilities
of PAP channels in both lipids and BCPs based on chemical and physical hydrophobic mismatch.
The phenylalanine arm of PAP channels is very hydrophobic and the hydrophobicity is shown to
be close to that of lipid hydrophobic core, compared to the relative hydrophilic PB-PEO BCPs. The
hydrophobicity scaling is consistent with the high insertion efficiency of PAP channels in lipids
and low invention ability in PB-PEO BCPs. In Chapter 4, the side chain of imidazole-quartet
channels also show the relatively long hydrophobic chain length and chirality stabilize the
hydrophobic shells and the water-wires in the artificial channels.362
Pore size is critical for the rejection properties of artificial water channels. In Chapter
3, PAP channel has a pore size of ~5 Å. With a molecular weight cutoff of 420 Da, this channel is
not suitable to remove salt and other small solutes.315 In Chapter 4, imidazole-quartet water channel
with 2.6 Å pore could completely reject all ions except protons. These results indicate the
importance of the size of artificial channels for separations.362
A controlled self-assembly technique can help to maximize the packing density of
artificial water channels in bilayer membranes. In Chapters 3 and 5, a detergent-removal based
method was performed to self-assemble PAP channels in lipids and BCPs. Because of the
compatibility between PAP channels and lipids, PAP channels formed 2D arrays in lipid
membranes with a packing density of ∼2.6×105 pores per μm2.315 In contrast to the uniform
membrane formed by PAP channels in lipids, PAP channels packed PB12 membranes exhibited

microphase separation because of the less favorable interaction between PAP channels and PB12
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BCPs. The packing density of PAP channels is two orders of magnitude higher than that of CNT
membranes.
We have developed a solvent casting-based method to fabricate a PAP channels
incorporated polymer film. This method borrows the idea from microelectronics industry and
aims to develop scalable channel-based polymer materials for engineering applications. PAP
channels and BCPs were casted on a sacrificial water-soluble layer. The BCP film could be floated
onto water and transfer to another substrate after crosslinking. The polymer film has a thickness of
20-30 nm. The cross-sectional TEM images implied a possible lamellar structure. TOF-SIMS
results further confirmed the presence of PAP channels in the BCP film.
Future work
Improve the rejection properties of PAP channels. Pore size, charge and hydrophobicity
are the governing parameters which influence channel’s permeability as revealed through detailed
experimental and simulation work conducted with aquaporins. Current PAP channels have a pore
size of ~5 Å, which is not small enough to rejection all solutes expect water. MD simulation results
conducted so far provided crucial information for alternative design of channels.315 Current PAP
channels occasionally get dehydrated during simulation runs. The phenylalanine residues at the
entrance were found to be dynamic (floppy) during simulations and these large residues might
prevent water molecules from entering the pores. The hydrophobic region at the entrance might
also provide a high energy barrier to block the entry of water molecules. Since hydrophobic regions
at the pore entrance provide a high energy barrier to the entry of water molecules, charged and
hydrophilic amino acids groups can be added at the entrance of the pore such as arginine and lysine
(Fig. 7-1, left) to prevent chains from collapsing into the pore. This modification is also expected
to increase the ion rejection properties of the channel. On the other hand, large and hydrophobic
amino acids such as tryptophan are expected to make the pore smaller and improve the water
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selectivity; this will be explored as a second option (Fig. 7-1, right). A third alternative that will be
employed will be to use both lysine (charged) and tryptophan (steric effect) at the entrance of the
channel. If charged groups are introduced to PAP channels, we will optimize the charge properties
of lipids or BCPs to maximize the insertion efficiency.

Figure 7-1. Proposed modifications to the peptide chain of PAP channels to investigate the effect
of ‘mutations’ on channel transport rate and selectivity. These peptides were selected to provide a
highly charged pore entrance (using Arginine, as seen in AQP channels or Lysine), or a larger
hydrophobic groups (such as Tryptophan) to provide steric hindrance.
A second approach is to directly change the central pore diameter of PAP channels.
Recently Boinski et al. reported a central ring from a pillar[4]arene ring which is expected to have
a sub 4 Å pore (Fig. 7-2).363 This pore size should be able to provide higher rejection for ions than
current PAP channel (pillar[5]arene). One concern about pillar[4]arene is it is not a symmetric
tubular structure and the pillar[5]arene ring is more stable from the perspective of chemical bond.
The carbon-carbon bond angle in the pillar[5]arene ring is approximately 108°, which is more
favorable for the sp3 configuration. While in the pillar[4]arene ring, the bond angle is expected to
be the less favorable 90°. The published synthetic procedures should be followed and then the
transport properties studied using the platform established in the thesis.
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Figure 7-2. X-ray structures of two pillar[4]arene in stick representations (green: 1,3dimethoxybenzene units; blue: 1,4-dihexoxybenzene units).363
Justify the permeability and selectivity of PAP channels during membrane filtration.
All the characterizations of artificial water channels so far are based on vesicle-based platforms
and reported at molecular level. In Chapters 3 and 5, we reported PAP channels formed 2D arrays
in lipid membranes and could be densely packed as micro-domains in BCP membranes. These selfassembled flat membranes have a dimension of ~ 0.2×0.2 μm2 to 2×2 μm2. We propose to use these
materials to fabricate filtration materials via layer-by-layer assembly.364 Because PAP channels
have carboxylic acid groups at the channel entrance, the surface charge properties of these
nanosheet membranes can be manipulated by changing the solution pH. In a similar scenario, we
have developed a layer-by-layer assembly technique to deposit 2D outer membrane protein F/BCPs
crystals onto a track-etched membrane (Fig. 7-3).
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Figure 7-3. A layer-by-layer self-assembly technique to fabricate 2D crystals-based membrane. (A)
Schematic representation of the alternate multilayers of outer membrane protein F (OmpF)/PB12
2D crystals and polyethylenimine (PEI) deposited on track-etched membranes by layer-by-layer
self-assembly. (B) A negative-stain TEM image shows the lattice structure of OmpF/PB23 2D
crystals. (C) An SEM image shows a track-etched membrane has been covered with OmpF/PB23
2D crystal sheets.
Determine the PAP/BCP film structure and perform filtration tests. In Chapter 6, we
developed a solvent cast-based method to fabricate a PAP channels incorporated polymer film.
However, the structure of this PAP/BCPs film is not completely characterized yet. Future work
should be focused on determining the PAP channels’ orientation and the polymer film’s structure
using techniques such as polarized soft X-ray scattering (P-SoXS)365 and grazing-incidence smallangle X-ray scattering (GISAXS).293 Secondly, a challenge in synthesizing these membranes is the
need to maintain a high level of integrity and sealing. The current PAP/BCP films with ~20-30 nm
in thickness are not mechanically strong enough to be used in filtration devices, even after
crosslinking. The BCP system should be further optimized by selecting several polymers that are
both chemically and physically compatible with PAP channels in order to vertically align PAP
channels within polymer membranes, and can be fully crosslinked in order to withstand the pressure
in filtration devices. After the BCP systems are optimized, the channel-based membranes could be
transferred onto a porous support to perform water transport and solute rejection tests. If the
channel-based membranes are strong enough, the tests could be performed using conventional
filtration methods with discs of composite membranes. Permeability experiments should be in a
stirred cell to minimize the effect of concentration polarization. If the membranes are found not to
be mechanically strong enough, a mild forward osmosis mode could be employed to evaluate the
permeability and solute rejection properties.
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Appendix A Abbreviation
ABA or PMOXA- Poly-(2-methyloxazoline)-block-poly-(dimethylsiloxane)PDMS-PMOXA
block-poly-(2-methyloxazoline)
AFM
Atomic force microscopy
AHL

Acyl homoserine lactone

AQP

Aquaporin

AQP0

Aquaporin 0

AQP1

Aquaporin 1

AqpZ

Aquaporin Z

BCP

Block copolymer

BLM

Bulk liquid membrane

Chl

Cholesterol

CNT

Carbon nanotube

COP

2-chloro-2-oxo-1,3,2-dioxaphospholane

DCC

Dicyclohexylcarbodiimide

DOPC

1,2-dioleoyl-sn-glycero-3-phosphocholine;

DOTAP

EDC

1,2-dioleoyl-3-trimethylammonium-propane (chloride salt)
4,4’-bis(4’-(N,N-bis(6”-(N,N,Ntrimethylammonium)hexyl)amino)-styryl)stilbene tetraiodide
1-ethyl-3-(3-dimethylaminopropyl)carbodiimide hydrochloride

EDS

Energy dispersive spectroscopy

ELM

Emulsion liquid membrane

EM

Electron microscope

FCS

Fluorescence correlation spectroscopy

FG-Nups

Phenylalanine-glycine nucleoporins

FO

Forward osmosis

FRAP

Fluorescence recovery after photobleaching

GAMA

D-gluconamidoethyl methacrylate

GISAXS

Grazing-incidence small-angle X-ray scattering

GUV

Giant unilamellar vesicle

αHL

α-hemolysin

Impβ

Importin-β

DSSN+
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HAADF

High-angle annular dark-field

HPTS

8-hydroxypyrene-1,3,6-trisulfonic acid trisodium salt

ISE

Ion selective electrode

ITO

Indium tin oxide

LM

Liquid membrane

LMH

L·m−2·h−1

MD

Molecular dynamics

MOF

Metal-organic framework

mCLR

Molar channel to lipid ratio

mCPR

Molar channel to polymer ratio

mPoPR

Molar polymer to protein ratio

MSD

Mean square displacement

MWCO

NF

Molecular weight cutoff
1-oleoyl-2-[12-[(7-nitro-2-1,3-benzoxadiazol-4yl)amino]dodecanoyl]-sn-glycero-3 phosphoethanolamine
Nanofiltration

NMR

Nuclear magnetic resonance

NPA

Asparagine-proline-alanine

NPC

Nuclear pore complex

OG

n-octyl-β-D-glucoside

OmpF

Outer membrane protein F

PANCHEMA

Poly(acrylonitrile-co-2-hydroxyethyl methacrylate)

PAP

Peptide-appended pillar[5]arene

PB-PEO

Poly(butadiene)-b-poly(ethylene oxide)

PC

Phosphatidylcholine

PDMS

Polydimethylsiloxane

PEDOT:PSS

Poly(3,4-ethylenedioxythiophene) polystyrene sulfonate

POPC

1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine

POPG

1-palmitoyl-2-oleoyl-sn-glycero-3-phospho-(19-rac-glycerol)

PS

Phosphatidylserine

P-SoXS

Polarized soft X-ray scattering

QS

Quorum sensing

RO

Reverse osmosis

RMSD

Root mean square deviation

SEM

Scanning electron microscopy

NBD-PE
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S-layer

Surface layer

SLM

Supported liquid membrane

STEM

Scanning transmission electron microscope

SUM

S-layer ultrafiltration membrane

TEM

Transmission electron microscope

THF

Tetrahydrofuran

TOF-SIMS

Time-of-Flight Secondary Ion Mass Spectrometry
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Appendix B Supporting information for Chapter 3

Figure S3-1. Water permeability measurements using giant unilamellar vesicles (GUVs). Phase
contrast images of GUVs formed at mCLRs of 0 and 0.005 for a period of one hour after exposure
to 20 mM glucose hypotonic solution showing that the GUV containing PAP channels swells much
faster.

Figure S3-2. Volume change of pure GUVs (mCLR=0) and GUVs with PAP channels
(mCLR=0.005) after exposure to hypotonic solutions containing 20 mM less glucose. Data shown
are the average of triplicates with error bars representing standard deviation.

Normalized light scattering intensity
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Figure S3-3. Residual DMSO that may be present in processed liposomes has no measurable effect
on the water permeability of liposomes. Liposomes were formed with phosphatidylcholine (PC)
and phosphatidylserine (PS) lipids at a molar ratio of 4:1 in pure chloroform using the film
rehydration method. In the DMSO controls, 40 μl DMSO was added in the film-making process,
the same amount that was added when liposomes were formed in the presence of PAP channels.
All samples were exposed to an abrupt increase in osmolarity by increasing the NaCl concentration
of the buffer by 200 mM. Stopped-flow data showed no difference between samples with and
without DMSO, indicating that the residual DMSO that may be present has no effect on the
measured water permeability of the liposomes. The averaged permeability calculated from
exponential constant k2 of the samples including DMSO was 1.3×10−4 μm/s, which was close to the
value of the samples without DMSO (5.4×10−4 μm/s). These numbers are orders of magnitude
lower than the water permeability of vesicles with incorporated PAP channels.

Figure S3-4. The channels were almost completely retained during dialysis (~95%, based on BeerLambert law on the absorbance at 296 nm). UV-Vis spectra of PAP channel were recorded daily
during dialysis against DMSO using a membrane with a 2-kDa cut-off. 100 μL channel stock (5
mg/mL in DMSO) was injected into the dialysis tube. The dialysis solution was 300 mL DMSO,
which was replaced with fresh DMSO every 12 h.
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Figure S3-5. Dye removal efficiency. The UV-Vis spectra of the dye were recorded before and
after 3 days of dialysis against DMSO using a dialysis membrane with a 2-kDa cut-off. 10 μL dye
stock (50 mg/mL in DMSO) was diluted to 110 μL and injected into the dialysis tube. The stripping
DMSO was 300 mL and replaced with fresh DMSO every 12 h.
0.40
0.35

Before dialysis
After dialysis

Absorbance (A.U.)

0.30
0.25
0.20
0.15
0.10
0.05
0.00

460 480 500 520 540 560 580 600

Wavelength (nm)

Figure
S3-6.
Efficiency
of
labeling
the
channel
with
5-(and-6)-((N-(5aminopentyl)amino)carbonyl)tetramethylrhodamine. 100 μL PAP channel (5 mg/mL in DMSO)
was mixed with 9.18 μL dye (50 mg/mL in DMSO) and 3.68 μL DDC (50 mg/mL in DMSO)
(stoichiometry of 1:10:10). The reaction was performed in the dark at room temperature on a
stirring plate overnight. The solution was then injected into a dialysis tube and dialyzed against 300
mL DMSO using a 2-kDa cut-off membrane. The DMSO was replaced every 12 h. UV-Vis spectra
of the labeled channel were recorded before and after 3 days of dialysis.
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Figure S-7. The efficiency with which PAP channels were inserted into PC/PS liposomes. The
theoretical insertion number was calculated in the following way: With a vesicle diameter of ~80
nm and assuming a bilayer thickness of 5 nm, the sum of outer and inner surface areas is
π/4×d2+π/4×(d-5)2 =151,110 nm2. The average cross-sectional areas of the lipid and PAP channel
are 0.35 nm2 and 3.0 nm2, respectively. With an mCLR of 0.001, for example, the theoretical
insertion number of the channel is 216 per vesicle. A similar method was used in Erbakan et al.274
to determine the theoretical number of AQP channels per vesicle assuming 100% insertion
efficiency. Data shown are the average of triplicates with standard deviation.
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Figure S3-8. Water permeability of the PAP channel before and after labeling with fluorescent dye.
Stopped-flow experiments were performed on vesicles formed with different mCLRs. Labeling
reduced the water permeability, especially for vesicles formed with an mCLR of 0.005 (data shown
are average of triplicates with standard deviation). Lipids used for vesicle formation were a 4:1
(mol:mol) mixture of phosphatidylcholine and phosphatidylserine. Vesicles experienced an abrupt
increase in osmolarity by exposing them to a buffer containing 400 mM sucrose. The data were fit
to a double-exponential equation to calculate the exponential coefficient (k) for the initial change
in the light scattering curve. The coefficient with the smaller value (k2) increased with increasing
mCLRs, indicating an increase in the permeability of the vesicles. The osmotic water permeability
(Pf) was calculated according to: Pf = k/((S/V0)×Vw×Δosm), where S is the initial surface area of the
vesicles, V0 is the initial volume of the vesicles, Vw is the molar volume of water, and Δosm is the
osmolarity difference that drives transmembrane water flow and shrinking of the vesicles.
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Figure S3-9. Average tilt of PAP channels from the z axis for the simulations initiated with empty
and water-filled channels. The channel axis was defined using the “measure inertia” command in
VMD, which returned the normal vector of the plane defined by the positions of all non-hydrogen
atoms of the inner ring of the channel. The tilt angle θ was defined as the angle between the z axis
and the normal vector of the membrane plane, and it was calculated over the trajectory length for
each channel after removal of restraints. For both systems, initiated with water-filled and empty
channels, the data for each channel were subjected to a 10-ns block average, then averaged across
all 25 channels in the system; each data point in the graph represents the mean tilt angle from the z
axis of the 25 channels for a 10 ns interval, plotted with the standard error of the mean. The average
tilt angle of the PAP channels converged for both systems within the simulated time.

Figure S3-10. The root mean square deviation (RMSD) of the coordinates of the PAP channels
with respect to their crystallographic coordinates. The red and green traces represent the RMSD of
the channel backbone of two representative channels, while the blue and purple traces represent the
RMSD of the carbons in the central ring of the same two channels. The black trace represents the
average RMSD of the channel backbone, which was calculated by summing up the RMSD
trajectories for all channels in the simulation as vectors of length N and scaling the resulting vector
by 1/M, where N is the number of discrete points in each RMSD versus time trajectory and M is
the number of channels.
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Figure S3-11. PAP channel (purple licorice surrounded by translucent grey surface) pictured (A)
before and (B) after infiltration by POPC lipid tail (ochre spheres). The oxygen and hydrogen atoms
of water are shown in red and white, respectively. Panel a represents a single channel from the
system with waters initially inserted, at the start of unrestrained simulation, while panel b represents
the same channel 9 ns later.

Figure S3-12. Negative-stain EM images of PAP channel/lipid aggregates formed at different
molar channel-to-lipid ratios (mCLRs). The dominant morphology of channel/lipid aggregates
changes as a function of PAP channel density in the membranes from small vesicles to larger
vesicles and finally flat membrane sheets.
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Figure S3-13. The water permeability of vesicles containing PAP channels increases at different
rates when glucose or sucrose is used as osmolyte (data shown are average and standard deviation
of triplicate experiments). Vesicles were formed with a 4:1 (mol/mol) mixture of
phosphatidylcholine and phosphatidylserine and using different mCLRs. Vesicles experienced an
abrupt increase in osmolarity by exposing them to buffer containing 400 mM glucose or sucrose.
The data were fit to a double-exponential equation to calculate the exponential coefficient (k) for
the initial change in the light-scattering curve. The coefficient with the smaller value (k2) increased
with increasing mCLRs, indicating an increase in the permeability of the vesicles. The osmotic
water permeability (Pf) was calculated by using the following expression: Pf = k/((S/V0)×Vw×Δosm),
where S is the initial surface area of the vesicles, V0 is the initial volume of the vesicles, Vw is the
molar volume of water, and Δosm is the osmolarity difference used to drive transmembrane water
flux and thus shrinking of the vesicles.
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Figure S3-14. Water permeability of vesicles containing PAP channels was measured using
osmolytes of different molecular weights to determine the approximate pore size of the channel
(stopped-flow data shown are representative single traces). The osmolytes used for the stoppedflow experiments were 400 mM glycine, 400 mM arabinose, 400 mM glucose, 400 mM
glucosamine, 400 mM sucrose, and 200 mM Dextran500. The data were fit to a double-exponential
equation. The second exponential coefficient (k2) increased with increasing molecular size of the
solute.

150

Normalized light scattering intensity

1.0
0.8
0.6
Glycine
Arabinose
Glucose
Glucosamine
Sucrose
Dextran500

0.4
0.2
0.0

0

2

4

6

8

10

Time (s)

Figure S3-15. Water permeability of pure lipid vesicles when measured in the presence of
osmolytes of different molecular weights (stopped-flow data shown are representative single traces).
The osmolytes used for the stopped-flow experiments were 400 mM glycine, 400 mM arabinose,
400 mM glucose, 400 mM glucosamine, 400 mM sucrose, and 200 mM Dextran500. The data were
fit to a double-exponential equation. The second exponential coefficient (k2) did not change with
increasing molecular size of the solute.

Figure S3-16. The molecular weight cut-off of the PAP channel. Reflection coefficients (or
rejection ratios, based on Dextran500) of the PAP channel were determined by stopped-flow light
scattering measurements using osmolytes with different molecular weights. The actual osmolarity
of each osmolyte was determined using a freezing point osmometer. The molecular weight cut-off
based on a reflection coefficient of 0.9 was determined to be 420 kDa. Data shown are averages
and standard deviations of triplicate experiments.
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Figure S3-17. The voltage-current relationship of the PAP channel obtained from patch-clamp
experiments. The reversal potential, obtained from the measured voltage-current data, was used to
calculate the ion selectivity based on the Goldman-Hodgkin-Katz equation. The order of ion
selectivity was NH4+ > Cs+ > Rb+ > K+ > Na+ > Li+ > Cl−.
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Figure S3-18. Comparison of aquaporin-1, carbon nanotubes (CNTs, (12,12)) and the peptideappended pillar[5]arene (PAP) channels. Inside circles indicate the actual pore size of these
channels. The permeability and size of aquaporin-1 are from Zeidel et al.248 and Murata et al.242
The permeability data of CNTs are from Holt et al.182 and Noy et al.284 Holt et al.182 estimated that
the average diameter of the pore in their CNTs was 1.6 nm, close to the overall diameter of CNTs
(12, 12). The permeability of the PAP channel was obtained from swelling experiments (Fig. 32(C)) and its cross-section area of ~3.0 nm2.
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Table S3-1. Comparison of literature permeability data on artificial water channels
Artificial water channel
Helical tube assembled
by zwitterionic
coordination polymers
formed by reaction of
N,N’-diacetic acid
imidazolium bromide
with zinc183

Pore size
(Å)

2.6

Helical pore assembled
from dendritic
dipeptides184

14.5

Tubular architectures
assembled by imidazole
compounds with urea
ribbonsa 186

2.6

Hydrazide-appended
pillar[5]arenesb 187

6.5

Tubular channels
assembled by hexa (mphenylene ethynylene)
macrocyclesc 188

6.4

Peptide-appended
pillar[5]arenes (this
work)

~5

Water conduction measurements

Not studied

Studied by dynamic light scattering
experiments (not stopped flow, and
thus with much lower time resolution)
on giant unilamellar vesicles
Studied by dynamic light scattering
experiments (not stopped flow) on
channels incorporated into vesicles
and using hypotonic conditions
Studied by dynamic light scattering
experiments (not stopped flow) on
channels incorporated into vesicles
and using hypotonic conditions
Studied by fluorescence stopped-flow
measurements on channels
incorporated into vesicles; determined
using hypertonic conditions
Studied by stopped flow-based light
scattering experiments combined with
channel counting by FCS on channels
incorporated into vesicles and using
both hypertonic and hypotonic
conditions

Single-channel permeability
The authors state that the water
conduction rate should be much
lower than that of AQPs because
of the presence of hydrogen
bonds between the encapsulated
water molecules and the inner
oxygen atoms of the channel.
No permeability data reported,
just visual observations
indicating that the channel is
capable of conducting water.

Morphology of self-assembled
aggregates

Not studied

Vesicles assembled, only for
functional studies

~20 water molecules/s

Vesicles assembled, only for
functional studies

~40 water molecules/s

Vesicles assembled, only for
functional studies

~4.8×107 water molecules/s

Vesicles assembled for
functional studies, and long
tubular structures.

~3.5×108 water molecules/s in
swelling mode
~3.7×106 water molecules/s in
shrinking mode

With increasing mCLRs, the
PAP channel/lipid aggregates
change from small vesicles, to
larger vesicles, and finally to
flat membranes (and in some
cases 2D arrays).
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Note:
a
For the imidazole compound (structure 2 in ref 22), the authors reported the water transport rate activity
(k=1.0×10−3 min−1=1.67×10−5 s−1) when the liposomes were exposed to a ~0.2 M NaCl hypotonic
solution. The diameter of the liposomes was 100 nm. Therefore, according to Pf = k/((S/V0)×Vw×Δosm),
the osmotic water permeability (Pf) was 7.7×10−9 cm/s. Assuming that a channel consists of 12
imidazole compound molecules as shown in Figure 4 of ref 186, the mCLR was 0.061 (100 μL of a 11
mM lipid stock vs. 20 μL of a 40 mM imidazole compound stock). The sum of outer and inner surface
areas was π/4×d2+π/4×(d-5)2 =56,852 nm2, assuming that the bilayer thickness was 5 nm. The average
cross-sectional area of a lipid was 0.35 nm2, and that of the channel was estimated as π/4×pore diameter2
= 0.05 nm2. The theoretical insertion number of the channel was ~4,800 per vesicle, assuming that all
imidazole compounds incorporated into the vesicle and self-assembled into channels. Therefore, the
single-channel permeability was ~5×10−22 cm3/s and ~20 water molecules/s.
b
For the hydrazide-appended pillar[5]arenes (structure 3 in ref 187), the authors reported that the water
permeability (Pf) was 8.6×10−10 cm/s. The mCLR was 0.003. The diameter of the vesicles was 150 nm.
The sum of outer and inner surface areas was π/4×d2+π/4×(d-5)2 =132,261 nm2, assuming that the
bilayer thickness was 5 nm. The average cross-sectional area of the lipid was 0.35 nm2, and that of the
channel was 1.43 nm2. The theoretical insertion number of the channel was ~560 per vesicle, assuming
that all channel molecules incorporated into the vesicles. Therefore, the single-channel permeability was
~1.1×10−21 cm3/s and ~40 water molecules/s.
c
For the tubular channels based on hexa (m-phenylene ethynylene) macrocycles (structure 1a in ref
188), the authors reported that the net water permeability (Pf) was 7×10−4 cm/s. The molar lipid-tomacrocycle monomer ratio was 50/1, with each channel requiring about 10 monomers. The mCLR was
0.002. The diameter of the vesicles was 100 nm. The sum of outer and inner surface areas was
π/4×d2+π/4×(d-5)2 =56,852 nm2, assuming that the bilayer thickness was 5 nm. The average crosssectional area of the lipid was 0.35 nm2, and that of the channel was estimated as π/4×column diameter2
=8.24 nm2. The theoretical insertion number of the channel was ~159 per vesicle, assuming that all
channel molecules incorporated into the vesicle. Therefore, the average single-channel permeability was
~1.38×10−15 cm3/s and ~4.76×107 water molecules/s. This value is close to the value that was reported
in this study when the pore open probability was taken into consideration.

Table S3-2. Size of octyl glucoside (OG) micelles (2%) containing lipid (6 mg/mL) or PAP channel
(0.22 mg/mL) or both as determined by dynamic light scattering (data shown are average of
triplicate experiments with error representing standard deviation).
Sample

Diameter (nm)

OG micelles

7.8±0.2

Lipid+OG micelles

8.0±0.2

Channel+OG micelles

8.4±0.2

Channel+lipid+OG micelles 8.5±0.1
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Table S3-3. Ion permeability ratio, PX/PK+ of the PAP channel
Ion

PX /PK+

Cl−
NH4

0.10
+

3.77

Li+

0.15

Na+

0.25

+

2.02

Cs+

2.22

Rb

Note: data are from the voltage-current relationship of the PAP channel shown in Fig. S3-17.

Table S3-4. Packing density of AQPs, CNTs and the PAP channel
Packing density (#/μm2)

Reference

Aquaporin-1

8.6×104

246

Aquaporin-0

9.5×104

288

0.4×103

289

0.1×103

290

0.2×103

291

0.7×103

292

2.5×103

182

2.6×105

This study

Unit cell dimension

CNTs

PAP channel
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Supplementary Movie S3-1
Volumetric changes of the two giant unilamellar vesicles (mCLR=0 and mCLR=0.005) for one
hour after exposure to hypotonic solution containing 20 mM less glucose. The volume of the GUV
containing PAP channels increased noticeably while that of the control GUV did not change
significantly.
http://movie-usa.glencoesoftware.com/video/10.1073/pnas.1508575112/video-1
Supplementary Movie S3-2
Cutaway view of a PAP channel for the time period from 36 to 47 ns after removing the constraints
on the water molecules. Red and white spheres represent water molecules in the channel, purple
spheres represent the channel molecule, tan sticks represent the POPC lipid bilayer, and the
transparent blue surface denotes water outside the channel. The vertical cyan bars delineate the
detection volume used to determine whether the channel is filled with water and its permeability.
The channel exists initially in the wetted or water-filled state, undergoes a dewetting transition, and
returns to the wetted state at the end of the trajectory.
http://movie-usa.glencoesoftware.com/video/10.1073/pnas.1508575112/video-2
Supplementary Movie S3-3
Simulation trajectory after removing constraints. The system initiated with water-filled channels
was used for the movie, but the same behavior was seen for all simulations with unconstrained PAP
channels. To represent the periodic boundary conditions used in the simulation, periodic images
have been allowed along the x and y axes. PAP channels are represented in purple, and the POPC
lipid bilayer in green. Water is not shown. Over time, unconstrained PAP channels form clusters in
the bilayer, indicating mutual attraction. The process continued over the entire length of the
simulation, suggesting that longer simulation times will be necessary to see the final state of PAP
channel clustering.
http://movie-usa.glencoesoftware.com/video/10.1073/pnas.1508575112/video-3
Supplementary Movie S3-4
Side view of a PAP channel over 100 ns of simulation, beginning after the removal of constraints.
The movie shows the behavior of the system initiated with empty channels, but the same behavior
was observed for all our simulations with unconstrained PAP channels. For clarity, the five chainlike units of the PAP channel are colored purple, blue, ochre, green, and violet. The POPC bilayer
is represented as thin tan lines and water is not shown. After release of the constraints after the first
frame, the phenylalanine side chains of the PAP channel interact with the lipid bilayer and become
very mobile.
http://movie-usa.glencoesoftware.com/video/10.1073/pnas.1508575112/video-4
Supplementary Movie S3-5
Infiltration of a PAP channel (purple tubes surrounded by transparent grey surface) by POPC lipid
tail (ochre spheres). The lipid tail enters the channel inner ring at ~9 ns into unrestrained simulation,
slowing dramatically after 1 ns of rapid infiltration. Red and white spheres represent water
molecules. A total of 15.6 ns simulation time are depicted.
http://movie-usa.glencoesoftware.com/video/10.1073/pnas.1508575112/video-5
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Figure S4-1. Water-wires dipolar orientations in successive channels showing: (A) opposite water
dipolar orientations in successive channels of HC6 and (B) a unique dipolar orientation for all the
water-channels of chiral R-HC8 and S-HC8 (not shown but similar).
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Figure S4-2. The stopped-flow traces from experiments on liposomes with different imidazole
channels at weight channel to lipid ratio of 1 (CLR=1) from the pre-mix assays. All the liposomes
were abruptly exposed to a hypertonic solution of 200 mM NaCl.

Figure S4-3. The water permeabilities of the channels assembled by different imidazole
compounds were determined by stopped-flow light scattering experiments from the post-mix assay.
(A) The stopped-flow traces from experiments on liposomes with different imidazole channels at
weight channel to lipid ratio of 1 (CLR=1). All the liposomes were abruptly exposed to a hypertonic
solution of 200 mM sucrose. (B) The net permeability of the channels assembled by different
imidazole compounds at CLR=1.
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Figure S4-4. The UV spectra and calibration curves of different imidazole channels (from 0 to 0.25
mg/L) in buffer containing 10 mM HEPES (pH=7), 100 mM NaCl, 0.01% NaN3, 4% n-octyl-β-Dglucoside (OG) and 0.5 mg/mL extruded control liposomes. The control liposomes were first
prepared using the film rehydration method in the same buffer without OG, containing 1 mg/mL
PC/PS/Chl lipids with a molar ratio of 4/1/5. The liposomes were further extruded through 0.2 μm
track-etched filters for 10 times to obtain monodisperse unilamellar vesicles. All these data were
from triple measurements.

Figure S4-5. Ratiometric fluorescence curves of different concentrations (µm) of the imidazole
compounds using HPTS assay. The signal (N500= I/I0) was normalized at t=500s.

160

Figure S4-6. The proton transport activity of the channels assembled by different imidazole
compounds were determined by stopped-flow experiments using fluorescent dextran assay
(stopped-flow data shown are single traces). The pH inside the liposomes (pH=6.4) with the
incorporated channels increased over time upon exposure to higher pH environment (pH=7.4),
indicating the proton transport.

Figure S4-7. Transport of Na+ ions as determined in a pH gradient assay. POPC liposomes (100
nm) containing HPTS dye (0.1 mM) in 100 mM NaCl, 10mM sodium phosphate pH=6.4 were
suspended 100 mM LiCl, 10 mM sodium phosphate pH=6.4. The compounds, HC8 and S-HC8
(red, yellow line) (40 mM), were added at t=60 s and the addition of NaOH solution at t=75 s
established an external pH=7.4. At t=520 s the bilayer membrane (BLM) were destroyed with
Triton X-100 detergent. The background experiment was performed by using pure POPC/DMSO
liposomes. Measurement of the ratiometric fluorescence intensity of HPTS (λex,1=405 nm, λex,2=450
nm, λem=510 nm) allowed the determination similar transport profiles to the solvent.
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Figure S4-8. Loss of initial structure of HC6 I quartet channels, measured as RMSD (A) of the half
more stable molecules and as fraction organized as in the crystal (B) is shown for the first 250 ns
of the pressure-dependent simulations at -10, 1, 10 and 100 atm. (C) A typical cross-section of the
HC6 simulation system illustrates how water (blue surface) connects through artificial channels
traversing the IMID aggregate (atom-colored licorice representation) held together by the
membrane (white surface). (D) Radial distribution functions of IMIDN17 atoms for different time
intervals of the simulation covering the beginning and end of each simulation.

Figure S4-9. The water transport activity time series of the HC6 channels under increasing lateral
pressure, from −10 atm to 100 atm is shown. Cumulated transport of water molecules across the
membrane, in either direction are shown.
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Figure S4-10. Detailed water transport activity time series of the HC6 system at 1atm lateral
pressure. Passage of water molecules across the membrane is shown in blue (for clarity the curve
was averaged on a 20 ns window), number of water molecules in the hydrophobic core is shown in
red. On the upper panel a snapshot of the system is shown every 200 ns, for clarity only half the
HC6 molecules are shown.
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Figure S4-11. I-quartet channels structures in stick representation, water CPK representation (top
row) and their molecular packing (bottom row) obtained after 50 ns (top) and 500 ns (bottom)
molecular dynamics simulations at 10 atm of the HC8, R-HC8 and S-HC8 X-ray crystal structures
embedded in the bilayer membrane environment.

Figure S4-12. Time series of the structural drift of HC6, HC8, R-HC8, S-HC8 I quartet channels,
measured as (A) RMSD or as (B) radius of gyration of the IMID N17 atoms at 10 atm.
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Figure S4-13. Final water-wire (red/white sticks) and dipole (yellow arrows) orientations
within the I-quartet HC8, R-HC8 and S-HC8 channels (bluish surface).

Figure S4-14. (A) One-dimensional water density profile for crossing water averaged for the
simulations of the HC8, R-HC8 and S-HC8 channels at 10 atm. (B) Water dipolar moment
orientation with respect to the z axis perpendicular to the membrane—only channel water is used
for this calculation.
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Figure S4-15. (A) The water transport activity time series of the I-quartet channels is shown as
cumulated passage of water molecules across the membrane, in either direction. (B) The count of
permeation events for each water wire along the membrane width (x-axis).
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Table S4-1. The information of imidazole-based molecules

Full name

Chemical formula

Molecular Weight
(Da)

1-(2-(1H-imidazol-4yl)ethyl)-3-butylurea

C10H18N4O

210.15

1-(2-(1H-imidazol-4yl)ethyl)-3-hexylurea

C12H22N4O

238.18

1-(2-(1H-imidazol-4yl)ethyl)-3-octylurea

C14H26N4O

266.12

R-HC8

(R)-1-(2-(1Himidazol-4-yl)ethyl)3-(octan-2-yl)urea

C14H26N4O

266.38

S-HC8

(S)-1-(2-(1Himidazol-4-yl)ethyl)3-(octan-2-yl)urea

C14H26N4O

266.38

Channel ID

Structure

HC4
n=1
HC6
n=2
HC8
n=3
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1-(2-(1H-imidazol-4-yl)ethyl)-3-butylurea, HC4 : 1H-RMN (DMSO-d6, 300 MHz) δ
(ppm) = 0,86 (t, 3H, CH3CH2) ; 1,30 (m, 4H, CH3CH2CH2CH2) ; 2,58 (t, 2H, NHCH2CH2) ;
2,96 (q, 2H, CH2CH2NH) ; 3,21 (q, 2H, CH2CH2NH) 5,75 (s mod, 1H, NHCH2) ;5.83 (s mod,
1H, NHCH2) ; 6,78 (s,1H,C CHNH imidazole) ; 7,55 (s,1H,N CHNH imidazole) ESI+-MS:
M*+=211.1.
1-(2-(1H-imidazol-4-yl)ethyl)-3-hexylurea, HC6 : RMN1H (DMSO-d6, 300 MHz) δ
(ppm) = 0,86 (t, 3H, CH3CH2) ; 1,24-1.34 (m, 8H, CH3(CH2)4CH2) ; 2,57 (t, 2H, NHCH2CH2) ;
2,96 (q, 2H, CH2CH2NH) ; 3,21 (q, 2H, CH2CH2NH) 5,75 (s mod, 1H, NHCH2) ;5.84 (s mod,
1H, NHCH2) ; 6,75 (s,1H,C CHNH imidazole) ; 7,54 (s,1H,N CHNH imidazole) ESI+-MS= 239.1
1-(2-(1H-imidazol-4-yl)ethyl)-3-octylurea, HC8 : RMN1H (DMSO-d6, 300 MHz) δ
(ppm) = 0,86 (t, 3H, CH3CH2) ; 1,25-1.34 (m, 12H, CH3(CH2)6CH2) ; 2,58 (t, 2H, NHCH2CH2) ;
2,95 (q, 2H, CH2CH2NH) ; 3,21 (q, 2H, CH2CH2NH) 5,74 (s mod, 1H, NHCH2) ;5.82 (s mod,
1H, NHCH2) ; 6,76 (s,1H,C CHNH imidazole) ; 7,52 (s,1H,N CHNH imidazole). ESI+-MS:
M*+=267.1.
(R)-1-(2-(1H-imidazol-4-yl)ethyl)-3-(octan-2-yl)urea, R-HC8: RMN1H (DMSO-d6,
300 MHz) δ (ppm) = 0,85 (t, 3H, CH3CH2) ; 0,97 (d, 3H, CH3CHHC2) 1,24 (m, 10H,
CH3(CH2)5CH2) ; 2,57 (t, 2H, NHCH2CH2) ; 3,20 (q, 2H, CH2CH2NH); 3,53 (m, 1H,
CH2CH3CHNH); 5,67 (s mod, 1H, NHCH2) ;5.69 (s mod, 1H, NHCH2) ; 6,82 (s,1H,C CHNH
imidazole) ; 7,51 (s,1H,N CHNH imidazole) ESI+-MS: M*+=267.2.
(S)-1-(2-(1H-imidazol-4-yl)ethyl)-3-(octan-2-yl)urea, S-HC8 : RMN1H (DMSO-d6,
300 MHz) δ (ppm) = 0,85 (t, 3H, CH3CH2) ; 0,97 (d, 3H, CH3CHHC2) 1,23 (m, 10H,
CH3(CH2)5CH2) ; 2,57 (t, 2H, NHCH2CH2) ; 3,20 (q, 2H, CH2CH2NH); 3,49 (m, 1H,
CH2CH3CHNH); 5,66 (s mod, 1H, NHCH2) ;5.69 (s mod, 1H, NHCH2) ; 6,75 (s,1H,C CHNH
imidazole) ; 7,51 (s,1H,N CHNH imidazole) ESI+-MS: M*+=267.2.
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Table S4-2. The final concentrations after extrusion and the insertion efficiency of different
imidazole compounds in liposomes. The vesicles contained 1 mg/mL PC/PS/Chl lipids with a molar
ratio of 4/1/5 at CLR=1 during film rehydration. All the results were from multiple measurements.

Channel ID

Final concentration
in purified vesicles
(mg/ml)

Initial concentration
during film rehydration
(mg/ml)

Insertion
efficiency

HC4

0.715±0.060

1.0

71.5±6.0%

-

1.0

-

HC8

0.127±0.026

1.0

12.7±2.6%

R-HC8

0.688±0.029

1.0

68.8±2.9%

S-HC8

0.531±0.068

1.0

53.1±6.8%

HC6

a

a

HC6 imidazole compounds did not dissolve in detergent solution and the insertion efficiency could
not be determined using this method.

Table S4-3. Single channel permeability of different imidazole compounds assembled channels in
both shrinking and swelling modes.

a

Channel ID

Single channel permeability in shrinking modea

HC4

(2.5±0.5)×103 H2O/s

HC6b

-

HC8

(1.4±0.4)×106 H2O/s

R-HC8

(7.9±2.1)×105 H2O/s

S-HC8

(1.5±0.1)×106 H2O/s

The single channel permeability in shrinking mode was from pre-mix assay;
Since we did not get insertion efficiency data from HC6, we did not calculate its single channel
permeability.
Note: The single channel permeability was calculated based on the imidazole channel insertion, actual
lipid concentration and channel configuration in lipids. Take one CLR=1 sample of HC8 as an example,
the radius of the liposome was 72.5 nm. The sum of outer and inner surface areas was π/4×d2+π/4×(d5)2 =123,308 nm2, assuming that the bilayer thickness was 5 nm. The average cross-sectional area of a
lipid in average was 0.287 nm2 (PC/PS/Chl lipids with a molar ratio of 4/1/5: the cross-sectional areas
of PC and PS were ~0.35 nm2 and that of cholesterol was 0.223 nm2), and that of the I-quartet (not
including the alkyl chain) was estimated as 0.7 nm2. The initial mass ratio of channels/lipids was 1/1.
Provided 78% of lipids and only 12.7% of the HC8 channels remained in the purified the vesicles, the
real mass ratio of channels/lipids was ~1/6. The average molecular weight of lipid is 484 Da and the
molecular weight of the channel quartet is 12,768 Da (48 HC8 molecules assembled as a channel based
on simulation). The molar lipids to channel ratio is 134.3. The insertion number of the channel was
~1,528 per vesicle. If the overall net permeability by channels in liposomes was 0.96 μm/s, the singlechannel permeability was 4.0×10−17 cm3/s and 1.4×106 water molecules/s.
b
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Table S4-4. Hill number and EC50 of the imidazole channels from HPTS assay
Channel ID

Hill number

EC50 (µM)

HC4

NA

NA

HC6

0.49

269.4

HC8

0.74

121.5

R-HC8

0.50

69.5

S-HC8

0.21

11.2

R-HC8 and S-HC8

0.42

28.2

Table S4-5. Simulation systems overview
Acronym

Composition
(Imid./Chol./POPC/POPS/water)

Atom
number

Pressure
(atm)

Sim. time
(ns)

HC6_P1

96/148/111/28/8442

58496

1

1000

HC6_P−10

96/148/111/28/8442

58496

−10

250

HC6_P10

96/148/111/28/8442

58496

10

500

HC6_P100

96/148/111/28/8442

58496

100

500

HC8

96/155/114/32/8534

60780

10

1000

S-HC8

96/148/119/32/8608

61154

10

500

R-SC8

96/147/119/32/8589

61023

10

500
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Figure S5-1. Volumetric size distribution of the PB23 polymersomes at a molar channel to ratio of
0.005. The size distribution showed most of the film rehydration products were vesicles with a size
of ~200-300 nm in diameter, as supported by the inset representative TEM image. The scale bar is
500 nm. The size distribution showed the majority of the self-assembled PB23 aggregates via the
film rehydration method were vesicles.

Figure S5-2. FCS was used to determine the number of PAP channels per vesicle. First, FCS was
used to analyze vesicles containing fluorescently labeled channels. The vesicles were then
solubilized with detergent, releasing the channels into detergent micelles, and the solution was
again analyzed by FCS.
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Figure S5-3. Representative FCS autocorrelation curves for (A) PB23 vesicles with labeled PAP
at an mCPR of 0.005, and (B) PC/PS liposomes with labeled PAP at an mCLR of 0.005 before and
after solubilization with 2.5% OG. The high correlation function amplitude G(0) obtained for the
vesicles indicates a low number of fluorescent vesicles in the confocal volume (NVesicles). After
detergent solubilization, the number of free particles was released in micelles (NMicelles). The number
of channels per vesicle was then calculated as NMicelles/NVesicles, after taking a dilution effect into
account.

Figure S5-4. Volumetric size distribution of the PB12 polymersomes at a molar channel to ratio of
0.005. The size distribution showed most of the film rehydration products were small particles with
a size of ~20 nm in diameter, as supported by the inset representative TEM image. The scale bar is
100 nm. The size distribution showed the majority self-assembled PB12 aggregates via the film
rehydration method were micelles.
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Figure S5-5. Volumetric size distribution of the carboxylic PB12 polymersomes at a molar channel
to ratio of 0.005. The size distribution showed the film rehydration products were a mixture of
vesicles and small particles with a size of ~20 nm in diameter, as supported by the inset
representative TEM image. The scale bar is 500 nm. The size distribution showed the majority of
the self-assembled carboxylic PB12 aggregates via the film rehydration method were a mixture of
micelles and vesicles.

Figure S5-6. Volumetric size distribution of the PB33 polymersomes at a molar channel to ratio of
0.005. The size distribution showed most of the film rehydration products were worm-like micelles
aggregates with a size as supported by the inset representative TEM image. We still observed a
small proportion of vesicles. The scale bar is 100 nm. The size distribution showed the majority of
the self-assembled PB33 aggregates via the film rehydration method were worm-like micelles.
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Figure S5-7. Hydrophobic core thickness (d) of the bilayer membrane and cross-sectional area per
chain (A) as the function of the hydrophobic molecular weight (Mh) for poly(butadiene)-bpoly(ethylene oxide) (PB-PEO) and its reduced poly(ethylethylene)-b-poly(ethylene oxide) (PEEPEO) block copolymers.

Figure S5-8. Representative FCS autocorrelation curves for (A) carboxylic PB12 vesicles and (B)
PB35 vesicles with labeled PAP at an mCLR of 0.005 before and after solubilization with 2.5%
OG. The high correlation function amplitude G(0) obtained for the vesicles indicates a low number
of fluorescent vesicles in the confocal volume (NVesicles). After detergent solubilization, the number
of free particles was released in micelles (NMicelles). The number of channels per vesicle was then
calculated as NMicelles/NVesicles, after taking a dilution effect into account.

Normalized emission intensity
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Figure S5-9. The emission spectrum of DSSN+ in aqueous buffer containing 20 mM Hepes, 100
mM NaCl, 0.01 % (w/v) NaN3, pH=7.4, and embedded within PC/PS lipid membranes, PB23
polymer membranes. DSSN+ displayed a blue shift in λEm due to the polarity difference in aqueous
buffer and the hydrophobic membranes of the lipids and block copolymers.

Figure S5-10. PAP concentration influences the morphology of self-assembled PAP-carboxylic
PB12 aggregates. Negative-stain TEM images show the representative morphologies of aggregates
formed at different molar channel-to-polymer ratios (mCPRs). Increasing mCPRs from 0, 0.05, 0.1
to 0.25 resulted in morphology transitions from micelles, small vesicles to large vesicles, and finally
to flat membranes. At an mCPR of 0.25, we still observed micro-phase separation in carboxylic
PB12 membranes, which is not as significant as that showed up in PB12 membranes.
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Figure S5-11. The FRAP recovery kinetics of the 0.5% (mol/mol) 1-oleoyl-2-[12-[(7-nitro-2-1,3benzoxadiazol-4-yl)amino]dodecanoyl]-sn-glycero-3 phosphoethanolamine (NBD-PE) in PC/PS
liposomes at an molar channel-to-lipid ratio of 0.01 (mCLR=0.01).

176
Table S5-1. Selected poly(butadiene)-b-poly(ethylene oxide) (PB-PEO) diblock copolymer

a

Polymer ID

Polymer
composition

Molecular
weight (g/mol)

Hydrophilic volume
ratio (fhydrophilic)

Bilayer
thickness (nm)b

Hydrophobic core
thickness (nm)c

Area of per
chain (nm2)d

PB12a

PB12-PEO9

1,050

0.32

5.1±0.6

3.7

0.69

Carboxylic PB12

PB12-PEO8-COOH

1,000

0.29

5.1±0.6

3.7

0.69

PB23

PB23-PEO16

1,980

0.30

6.0±0.5

5.4

0.88

PB33

PB33-PEO24

2,932

0.31

7.4±0.6

6.8

1.0

This polymer was purchased from Polymer Source.
Estimated from Cryo-TEM (Fig. 5-2 (C)).
c, d
Estimated from the scaling of the data fitting from the published polymer data (Fig. S5-7).
b
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