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Abstract

Systems created to mimic living systems can be used to provide better control for
understanding biological processes, and to apply knowledge gained outside of living
systems. This work focuses on the stabilization of interfaces in biomimetic media formed
from aqueous polymeric phases and amphiphiles. Polymeric phase systems are used to
mimic the aqueous, crowded environment of the cytoplasm, and can also provide nonmembranous phases used as compartments within living cells. Amphiphilic molecules can
create membranous compartments where the membrane is the interface. Artificial vesicles
assembled from amphiphiles are used to mimic the cell membrane and other biological
membranes. Biological mimics composed of aqueous phases and vesicles are attractive to
origin-of-life studies because of their self-assembly from dilute solution, and their
underlying roles in contemporary life. Artificial creation of biological compartments and
reaction conditions can be used to create microscale bioreactors that may be applied to
research or production.
Chapter 2 analyzes an RNA enzyme bioreactor formed from stabilization of a
poly(ethylene glycol) (PEG) 8 kDa and dextran 10 kDa aqueous two-phase system. The
bioreactors are formed in phase droplets that are stabilized by lipid vesicles. The emulsion
is characterized in terms of droplet size, stabilization mechanism, and interfacial diffusion.
Droplet size was found to correlate with nearly complete partitioning of vesicles to the
interface, where they were observed to stabilize droplets by electrostatic forces. Nucleic
acid probe molecules were found to diffuse across the stabilized interface. An RNA
enzyme is partitioned to the interior of the bioreactor droplet, a substrate strand diffuses
into the droplet, the substrate cleaves, and substrate products leave the dextran-rich phase
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bioreactor through partitioning. Poly(acrylamide) gel electrophoresis and confocal
microscopy were used to monitor the reaction.
In Chapter 3, the forces that bring particles to the interface in aqueous phase
systems are investigated in terms of depletion forces and interfacial tension. An oil-water
interface was created and the water phase was crowded with poly(acrylic acid) (PAA) 2.1
kDa. Silica particles in the aqueous solution changed in their adsorption behavior
depending on PAA concentration, despite minimal change in interfacial tension. In a PEG
and dextran ATPS, total polymer concentration is raised and particle adsorption is observed
as well as the interfacial tension. Caboxylated latex particles were not observed to adsorb
to the interface until a greater interfacial tension was present than predicted from standard
interfacial tension models. Particles that are adsorbed to the interface still sterically
stabilize with behavior expected from oil-water emulsions, including bridging.
Chapter 4 expands the electrostatic stabilization observed in Chapter 2. Vesicles
without PEGylated surface chemistry are partitioned in a PEG and dextran ATPS as well
as polyelectrolytes. Large unilamellar vesicles (LUVs) are found to partition strongly to
the dextran-rich phase, even at low ionic strength. Dextran sulfate and diethylaminoethyl
dextran were partitioned to create interfacial potentials in a similar matter to the LUVs.
Interfacial electrostatic potentials caused by asymmetric ion partitioning are observed to
cause steric inhibition of coalescence. Changes in salt concentration led to changes in
partitioning and ionic screening changes that altered phase droplet stabilization.
The interplay between coacervate phase system interfaces and amphiphilic
membrane formation is investigated in Chapter 5 in relation to abiogenesis. Oleic acid
vesicles were created and homogenized. Temperature-dependent vesicle formation was
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observed at ionic strength values relevant to that of an early ocean. PAA 2.1 kDa and
poly(allyl ammine hydrochloride) (PAH) 58 kDa coacervates were developed that varied
in surface charge depending on polyelectolyte ratio. Interaction between vesicles and
coacervates depended on coacervate charge and on phosopholipid incorporation in vesicle
membranes. Dioleoylphosphatidylcholine as an additive increases membrane stability and
resulted in reduced LUV adsorption.
This dissertation describes work controlling amphiphilic membrane adsorption at
interfaces in all-aqueous media. A bioreactor is developed from a stabilization mechanism
assembled and investigated within the work, and other bioreactors and stabilized phase
morphologies mimicking those found within cells may also be developed. Conceptual
versions of these applications are proposed and outlined as future directions.
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interface. (a), (c), and (d) are 100 nm squares. Adapted with permission from reference 4.
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placed. Example solutes are yellow and the surrounding molecules are black. Accessible
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Figure 1-3. Structures of dextran and poly(ethylene glycol) are shown. These two
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Figure 1-4. An ATPS coexistence (binodal) curve for a two-polymer system.13 The
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polymer, and in equillibrium with each other. The tie lines connect two nodes where the
composition of the single phase at each node is the same as the composition in that phase
along the line. Tie lines are used to change phase volume without changing phase
composition. Reproduced with permission from reference 13. .......................................... 6
Figure 1-5. Structures of polyelectrolytes featured in this work are shown.
Diethylaminoethyl dextran and dextran sulfate are used in Chapter 4 to investigate
partitioning and droplet stabilization. Poly(allylamine hydrochloride) and poly(acrylic
acid) are featured in Chapter 5 to form coacervates. All structures are shown in their fully
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Figure 1-6. Ternary phase diagrams depicting percent weight of 50 kDa PAA (lower
axis), 70 kDa PAH (right axis), and salt solution (left axis) show the very low
concentration of polymer necessary to cause coacervate phase formation.16 Coacervate
systems are sensitive to ionic strength due to charge screening, and precipitates (black
circles) form when charge screening is too low, as in 100 mM NaCl samples. The
coacervate phase (triangles) is observed in the same general region at higher ionic
strength, and areas that are too dilute remain solution (hollow orange circles). Reprinted
and adapted with permission from Macromolecules 2010, 43, 2518–2528. Copyright
2010 American Chemical Society. ................................................................................... 10
Figure 1-7. The cell membrane is a two-dimensional phase where phosopholipids act as
the solvent molecules.36 It regulates transport into and out of the cell, and also interacts
with both the cell’s environment and interior.26 Proteins and carbohydrates incorporated
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lipids affect mechanical properties.37 Public domain illustration by Mariana Ruiz. ........ 11
Figure 1-8. A selection of common amphiphilic structures found in this work. The
micelle is a small, single-leaflet sphere. It is typically formed from high-curvature,
conical molecules (single-tailed in this example). The large unilamellar vesicle has a
single bilayer, and is formed from cylindrical amphiphiles (phosoplipids, shown with two
tails) that prefer low curviture. Multi- and oligolamellar vesicles form with two or more
concentric bilayers or containing separate vesicles. They are typically large or giant in
scale, and form from cylindrical amphiphiles that do not fully delaminate during
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Figure 1-9. A typical modern phopholipid (1-oleoyl-2-stearoyl-sn-glycero-3phosphocholine, egg PC) is shown on the left. It features a multi-functional zwitterionic
headgroup and two hydrocarbon tails, which may be saturated and/or unsaturated. On the
right, a likely early life amphiphile is depecited that is more conical in structure and has
only a carboxylic acid as a headgroup and a single hydrocarbon tail. .............................. 15
Figure 1-10. Emulsions can be stablizied by both kinetic and thermodynamic means. (A)
In a thermodynamic emulsion, the energy reduction of emulsifier surface adsorption is
greater than that of dispersed phase coalescence, and the lowest energy state is that with
the droplets dispersed to satisfy iterfacial curvature. (B) Kinetic emulsions rapidly reach a
local thermodynamic minimum that blocks coalesence and must be overcome for
dispersed phase droplets to coalesce. Dashed blue lines represent emulsions while solid
red lines represent unstabilized phases. ............................................................................ 17
Figure 1-11. The interfacial confinement of speherical paricles at an oil-water interface
in relation to contact angle. The contact angle relates to the interfacial area displaced,
which in turn relates to the reduction of total interfacial area in the sample. Reprinted
withpermission from Reference 86 and from Langmuir 2000, 16, 8622-8631. Copyright
(2000) American Chemical Society. ................................................................................. 19
Figure 1-12. Monolayer and bridging mechanisms of Pickering emulsion stabilization.
Low concentrations of large particles can bridge the gap between droplets.93 They distort
the droplets to form small planar areas as observed in parts A and B. Part C is a cartoon
of bridging particles as well as the monolayer stabilziation that is more prevalatent with
larger concentrations of smaller particles. Adapted with permission from reference 93. 20
Figure 1-13. The history and scale of the universe.105 Each disc represents the passing of
a billion years and the size of the disc represents the change in size based on observed
expansion. The minimum availability of elements necessary to form organic molecules
comes after the death of the first stars. Adapted public domain image from
NASA/WMAP. ................................................................................................................. 24
Figure 1-14. The single carboxylic acid headgroup (red) on potential early-life
amphiphiles results in greater condition-dependence on membrane curvature and
solbulity. High pH and low ionic strength lead to high curvature and micelle formation. A
pH near the pKa decreases the net relative size of the headgroup, and encourages planar
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Figure 1-15. A selection of copolymer structures demonstrates that differing
arrangements of hydrophobic and hydrophilic domains can result in different membrane
structures when or if they fold in solution.138 ABA and related configurartions may
arrange more than one way. In aqueous solutions, the yellow and red portions in the
figure mark hydrophobic areas and blue and green mark hydrophilic areas. Areas of the
same color denote the same base monomer. Reprinted with permission from reference
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Figure 1-16. Selectively permeable polymersomes can localize and accelerate enzymatic
cascades while maintaining small molecule exchange with solution.141 In the upper panel,
the postiion of each enzyme is shown with CALB forming glucoes in the continuous
phase, glucose diffusing past the polymer membrane to be oxidized by encapsulated
GOX, which forms peroxide to feed membrane-bound HRP and produce ABTS+ to be
detected by UV-visible spectroscopy. The lower panel shows conversion progress of the
entire system compared with controls eliminating each component. Adapted from
reference 141. .................................................................................................................... 31
Figure 1-17. In vitro selection of DNA methyltransferases via oil-in-water
emulsification. A 50 µL volume of reaction solution in 1 mL of oil forms ~1010 dropletscale reactors, most containing 1 or 0 DNA strands.142 The mutated genes are then be
transcribed and translated to form methyltransferase. If active, the methyltransferase
reacts with a restriction/methylation (R/M) site on the original DNA strand to form a
methylated product. Separation of methylated products completes the selection.
Reprinted with permission from Protein Engineering, Design & Selection 2004, 17, 3-11.
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Figure 1-18. The left panel depicts the formation of loaded colloidosomes from a waterin-oil Pickering emulsion.144 In (B), the particles are joined at the interface such that the
structure is no longer interface-dependent. In (C), the assembled structure is transitioned
to an aqueous continuous phase. The right panel depicts the selective storage of
fluorescent dextran 500 kDa vs. dextran 40 kDa as determined by fluoresence
microscopy in covalently bonded magnetic colloidosomes.147 Reproduced with
permission from references 144 and 147. ......................................................................... 33
Figure 1-19. The left panel depicts layer-by-layer assembly of polymer capsules on a
particle substrate.151 The particle may then be decomposed to form a hollow capsule. The
right panel depicts size-selective permeability of DNA substrate labeled with ethidium
bromide. Activation of DNAase I reduces the size of the 600 bp DNA strand such that its
products could pass the through the polymer shell.152 Reproduced with permission from
references 151 and 152. .................................................................................................... 34
Figure 2-1. Liposome-stabilized ATPS emulsions. (a, b, and c) Dextran-rich droplets
dispersed in PEG-rich continuous phase. (a) Schematic illustration (red, liposomes; blue,
dextran-rich phase; and yellow, PEG-rich phase), (b) fluorescence image showing
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location of DOPE-Rhodamine labeled liposomes at the aqueous/aqueous interface, (c)
fluorescence image showing location of dextran-rich phase labeled with fluorescein
isothiocyanate (FITC)-dextran 500 kDa. The inverted emulsion is depicted as (d) an
illustration, (e) a fluorescence image showing location of DOPE-Rhodamine labeled
liposomes at the aqueous/aqueous interface, (f) a fluorescence image showing location of
dextran-rich phase labeled with FITC-dextran 500 kDa. Liposome concentrations were
6.8 × 1014 liposomes L-1. All image frames use the 25 µm scale bar. .............................. 59
Figure 2-2. Droplet size in the emulsion depends on lipsome concentration and solution
ionic strength. All images are of Rhodamine labeled liposomes and are of dextran-rich
droplets in PEG-rich continuous phase. (a) Microscopy images show that the size of
droplets is inversely correlated with the concentration of liposomes. Scale bar is 25 µm.
(b) The size of droplets is liposome concentration dependent. The blue lines represent
droplet sizes predicted from assuming different numbers of hexagonally close-packed
lipsomes in varying numbers of planar layers, and the inset shows the different
possibilities of packing. For each concentration, n = 450 droplets were counted and error
bars represent standard deviations. (c) Screening of charge leads to emulsion
destabilization (concentration = 1.4 × 1015 liposomes L-1). At low ionic strength, a
reduction in Debye length leads to tighter liposome packing at the interface, increasing
the observed droplet size (2.5 and 5 mM added NaCl). As ionic strength increases, the
liposomes can no longer prevent droplet coalescence. Scale bar is 25 µm. .................... 61
Figure 2-3. Interfacial liposomes and partitioning solutes have different mobility. (a)
FRAP experiments show no recovery for PEGylated egg PG liposomes at the interface at
both 0 and 40 mM NaCl. The bleached area in both 0 and 40 mM NaCl samples shows
no recovery after 5 min For particles’ diffusion to be this slow, jamming must be present.
In the 0 mM NaCl case, the jamming is most likely electrostatic, while the 40 mM
samples would exhibit steric jamming. The difference in mechanism is suspected due to
the change in Debye length, from ~25 to 1.5 nm; and because osmotic deflation should
make the liposomes less spherical. (b) When droplets undergo ionic-strength induced
coalescence, interfacial mobility of individual liposomes is low. Coalescence of separate
populations prepared with NBD (green) and Rhodamine (red) liposomes show
persistence of distinct green and red regions. The scale bar in (a) is 4 µm, and the scale
bar in (b) is 25 µm. ........................................................................................................... 63
Figure 2-4. Partitioning solutes can enter and exit the droplet through liposome-clad
interface. (a) This cartoon depicts the two drop as they were arranged on the microscope
coverslip, and how the top coverslip was used to bring them together. (b) Diffusion was
observed at the edge of a collection of sedimented droplets after 20 nt DNA in a drop
PEG-rich phase was introduced by combining it with a drop of ATPS emulsion. Top and
bottom panels show fluorescence channels for Alexa-647-labeled DNA (top) and
rhodamine-labeled liposomes that indicate the location of the droplets (bottom). For
droplets near the edge, which were surrounded by the DNA containing PEG-rich phase
upon mixing, fluorescence intensity corresponding to DNA accumulation inside was
immediate (<30s). Away from the site of initial mixing, the DNA concentration in the
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much more slowly as they equilibrate with neighboring droplets. Droplets in this
experiment were formed with 3 × 1014 liposomes L-1. The scale bar is 500 µm. ............. 66
Figure 2-5. Ribozyme cleavage reaction of a FRET-labeled substrate in an ATPS was
evaluated by PAGE. (a) Fluorescent RNA substrate contains a donor that is quenched by
FRET before cleavage and gains intensity after cleavage. (b) Substrate cleavage (second
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pH 7.5 (see Supplementary Figure 2-7 for importance of intermediate chelation by
EDDS) (c) Gels show the reaction progress with and without liposomes, with controls to
observe any substrate degradation in the absence of enzyme. SHHSM is substrate HH,
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Figure 2-6. The liposome-stabilized ATPS emulsion can be used as an RNA cleavage
microreactor. (a and b) Fluorescein channel images showing increase in donor intensity
in the PEG-rich phase over the course of the reaction. An increase in dextran-rich droplet
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Chapter 1.
Introduction
1.1 Overview.
Scientific understanding is gained from the controlled investigation of nature.
Scientific investigation of cellular biochemistry is thus restricted by the complexity of the
cellular environment preventing straightforward controls. The application of a certain
stimulus may affect more than the desired variable, causing convoluted data and limiting
experimental conditions. For example, if one wished to study the folding of a protein under
the effects of crowding alone with respect to temperature, then the cell’s response to
elevated temperature (such as stabilizing chaperones) may interfere with active
mechanisms.
The cytoplasm supports simultaneous processes with different microenvironments,
each of which can be used as a biomimetic model. Mimics of cellular environments and
their mechanisms of function may be elucidated through systematic bottom-up
construction. This work studies the creation and characterization of aspects of crowded
aqueous environments and amphiphilic membranes as they relate to applications in
bioreactors and compartmentalization in the origin of life. The following sections will
review concepts to provide background to biomimetic media and interfaces used as well as
background to bioreactor and origin of life subjects to which this research contributes. First,
a

discussion

of

pertinent

topics

of

membranous

and

non-membranous

compartmentalization will be developed. Next, the material will be related to a certain
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period in abiogenesis to develop the relationship between compartmentalization and the
origin of life. Finally, the impact of compartmentalization on bioreactors and in vitro
mimicry and isolation of biological systems will be discussed.
1.2 Aqueous Phase Systems as Cytoplasm Mimics.
The cytoplasm is characterized by a high concentration of biopolymers, and
features 20-30% proteins by volume (27-35% by weight).1,2 The nucleoplasm
macromolecule concentration is up to 40% by weight.3 The most prominent effect of high
concentrations of macromolecules within the cell is macromolecular crowding, an effect
best visualized by illustration (Figure 1-1).4 Soluble polymer solutions may be used as
crowding agents to more closely resemble the cellular environment in vitro, and
understanding of crowded polymer solutions and their effects on biopolymers advances
simulation of biocompartmentalization. The following will review general characteristics
and types of phase systems that can be created from dissolution of polymers in water.
Macromolecular crowding is often related to the concept of volume exclusion,
which is the volume that cannot be accessed on center of a molecule by a specific radius
(modeled as a sphere) due to collisions based on the radii of surrounding molecules.5 In
Figure 1-2, volume exclusion is visualized in terms of excluded area. Relative size can be
determined as a major factor in crowded solutions from the perspective of volume
exclusion. A small molecule maintains access to much of the volume while larger
molecules become restricted by collisions.
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Figure 1-1. Illustrations of an Escherichia coli cell under high magnification portray the
crowded cellular environment.4 The upper left shows the locations under higher
magnification at the right. (a) focuses on the cytosol, with inset (b) showing the scale of
individual water molecules. (c) focuses on the membrane, and (d) focuses on the nuclear
interface. (a), (c), and (d) are 100 nm squares. Adapted with permission from reference 4.
Polymers may affect reactions by specific interactions with other molecules as well
as macromolecular crowding, and also local changes to factors such as pH, ionic strength
and identity, and redox potential.1 Cytoplasm mimics can control for specific interactions
by minimizing the chemistry of soluble polymers present, and can also investigate
interactions with controlled changes to polymers, and access to non-biological polymers.6
By varying polymer identity, the effect of crowding agents can be observed and isolated.5–
7

For example, dextran 70 kDa, Ficoll 70 kDa and bovine serum albumin (BSA) each cause
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a different refolding rate of reduced and denatured lysozyme.8 However, if a combination
of BSA and either polysaccharide are present, the refolding rate is faster than when each is
separate for the same crowder concentration in mass per volume.

Figure 1-2. The difference in excluded volume between two molecules of different size
relative to the same crowded environment. The excluded area is depicted in cyan and is
analogous to excluded volume. It is the volume where the center of a solute can not be
placed. Example solutes are yellow and the surrounding molecules are black. Accessible
areas are white.
Intermolecular interactions in crowded solutions can cause phase separation into
non-membranous compartments. These phases have been observed to affect
compartmentalization within cells.3,9,10 Non-membranous phases can be composed of
dissimilar polymers, polymers and salt solution, and mutually attractive polymers that form
polymer-rich phases out of dilute solution (coacervates).11,12 In this work, polymerpolymer systems and coacervates will be frequently used with comparisons to oil-water
systems.
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Figure 1-3. Structures of dextran and poly(ethylene glycol) are shown. These two
polymers phase separate at above certain concentrations in aqueous solution. Dextran is a
natural polysaccharide and PEG is a synthetic polymer.
The poly(ethylene glycol) (PEG)-dextran system is a common nonionic polymerrich-polymer-rich aqueous two-phase system (ATPS) that is used extensively in this work
and can be used to exemplify phase behavior (structures in Figure 1-3). The phase diagram
describes the behavior of the system at different concentrations of each polymer in an
ATPS (Figure 1-4).13 At low total polymer concentration, the dissolved polymers act as
free solutes in solution with few collisions. As concentration increases, the large number
of collisions and interactions drive phase separation. The thermodynamic drive causing
phase separation in PEG-dextran and PEG-salt systems was determined by measurement
of the enthalpy of solution, and enthalpy was found to increase for all ATPS tested,
including PEG-dextran.14 Since an enthalpy increase was observed, phase separation was
therefore driven by entropy increase, and is hypothesized to be caused by released water
of solvation from polymer-polymer and polymer-ion interactions.
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Figure 1-4. An ATPS coexistence (binodal) curve for a two-polymer system.13 The single
phase region contains both polymers and is uniform in composition. The two-phase region
features two distinct aqueous volumes, each enriched with a different polymer, and in
equillibrium with each other. The tie lines connect two nodes where the composition of the
single phase at each node is the same as the composition in that phase along the line. Tie
lines are used to change phase volume without changing phase composition. Reproduced
with permission from reference 13.
The ATPS phase transition can be plotted on a graph of polymer concentration for
a given temperature and buffer solution (Figure 1-4). The phase transition curve is referred
to as a binodal or coexistence curve, and can be used to predict the phase behavior of
ATPSs created with different polymer concentrations at the same conditions.11,15 By
following a tieline between two nodes of equal phase composition, ATPSs of the same
composition can be created with different volume ratios. This aspect is essential to working
with ATPS, as otherwise the polymer and water composition of each phase will differ.
When near the binodal curve, each phase contains a larger portion of polymer molecules
from the opposite phase. As the ATPS becomes more concentrated, each phase becomes
more pure. Binodal curves are determined by forming a set of systems and observing
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whether one or two phases are present by turbidity or centrifugation. The more systems
formed, the better resolved the phase transition curve, and so titration is often used.
When charged polymers are used, opposite charges are capable of precipitating the
polymers from dilute solution. When the ionic strength is increased and/or polyelectrolyte
charge density is low, screened charge interactions lead to water intercalation of the
precipitate to form a liquid phase.12,16–18 The result is a dilute phase with dispersed droplets
of a polymer-dense complex coacervate phase. Complex coacervates can be tuned by
changing polymer charge density, length and concentration, as well as pH and ionic
strength. Figure 1-6 demonstrates coacervate phase formation in a poly(acrylic acid) (PAA)
and poly(allylamine hydrochloride) (PAH) ATPS (structures in Figure 1-5). Polymer
charge density is also a factor in coacervate phase formation. PAA and PAH both have a
relatively high charge density, so a precipitate is observed in all 100 mM NaCl samples,
and is still observed even at certain polymer ratios in 400 mM NaCl.
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Figure 1-5. Structures of polyelectrolytes featured in this work are shown.
Diethylaminoethyl dextran and dextran sulfate are used in Chapter 4 to investigate
partitioning and droplet stabilization. Poly(allylamine hydrochloride) and poly(acrylic
acid) are featured in Chapter 5 to form coacervates. All structures are shown in their fully
charged state without counter ions present
When solutes are added to two-phase systems, they will often prefer the conditions
in one phase to the other. This preference is described with the partitioning constant K that
is calculated from K = [Phase1]/[Phase2] where Phase1 is the less dense phase by
convention.11 In oil-water liquid-liquid systems, the polarity of the solute is the primary
determining factor in partitioning. Polarity is also a factor in aqueous-aqueous phase
systems; however other factors, i.e. size, are also observed to have a strong impact.11,15,19
The partitioning constant also operates on the assumption that changes in total solute
concentration will remain similar, such that the contribution of the solute to the
composition of each phase remains the similar. Since any added compound is part of the
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system, both its chemistry and concentration will affect partitioning. Typically the
experimental concentration of solutes is low, such that their contribution to phase
composition is negligible.
Polyelectrolytes may also be mixed with nonionic polymers or polyelectrolytes of
the same charge. In these cases, the partitioning of the polyelectrolytes relative to their
counterions will affect phase separation because separated ions cause coulombic forces
that counter phase separation.20–25 As a result, polyelectrolytes are generally compatible
with nonionic polymers unless weakly partitioning salts are added to provide charge
balance. Two polyelectrolytes of the same charge have less general compatibility than
when one is nonionic.20,21 Phase separation is possible without added salt because both
polymers provide counterions.
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Figure 1-6. Ternary phase diagrams depicting percent weight of 50 kDa PAA (lower axis),
70 kDa PAH (right axis), and salt solution (left axis) show the very low concentration of
polymer necessary to cause coacervate phase formation.16 Coacervate systems are sensitive
to ionic strength due to charge screening, and precipitates (black circles) form when charge
screening is too low, as in 100 mM NaCl samples. The coacervate phase (triangles) is
observed in the same general region at higher ionic strength, and areas that are too dilute
remain solution (hollow orange circles). Reprinted and adapted with permission from
Macromolecules 2010, 43, 2518–2528. Copyright 2010 American Chemical Society.
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1.3 Amphiphilic Vesicles.
Membranous compartments are essential to modern life with both passive and
active functions. Passively, the compartments have low permeability to many aqueous
solutes; and as a result, compartments are observed forming definitive boundaries, such as
the cell membrane (Figure 1-7) and organelle membranes.26 Actively, the membrane can
selectively transport specific solutes as well as hosting anchored amphiphilic and oilsoluble active compounds, e.g. membrane-bound proteins. To mimic the cell membrane,
the amphiphilic vesicle is used to match passive function. From vesicles and supported
lipid bilayers formed by a pure amphiphile, other membrane components can be added in
a controlled manner. This can lead to tailored membranes exhibiting cellular processes
such as transport,27 docking,28–30 membrane phase separation,31–34 and enzymatic activity.35

Figure 1-7. The cell membrane is a two-dimensional phase where phosopholipids act as
the solvent molecules.36 It regulates transport into and out of the cell, and also interacts
with both the cell’s environment and interior.26 Proteins and carbohydrates incorporated
into the membrane provide additional function, and cholesterol and a diverse selection of
lipids affect mechanical properties.37 Public domain illustration by Mariana Ruiz.
Amphiphilic molecules are common in the study of biological compartments both
because of their affinity for interfaces and tendency to form membranes. Amphiphiles are
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typically found at the interface between two phases, such as aqueous and oil, and can form
a stable compartment in the form of an emulsion. When amphiphiles with cylindrical
geometry arrange tail-to-tail in aqueous solution, the emulsified phase volume becomes
planar to form a membrane. Curvature of planar or near-planar membranes over
proportionally large distances leads to an enclosed aqueous volume and the structure is
termed a vesicle or, in the case of phospholipid amphiphiles, a liposome.37 The vesicular
membrane itself is a bilayer (composed of two leaflets) that can be thought of as a 2dimensional phase of oil-like tailgroups restricted from forming a continuous phase by their
attached hydrophilic headgroups.38 The ratio of headgroup to tailgroup affects curvature
and resultant phase geometry. The thermodynamic drive for vesicle formation is thus
derived from the drive for oil-water phase formation.
Since phospholipids are the primary component in modern cell membranes, vesicle
syntheses are focused on phospholipid membranes. In a laboratory setting, lipid vesicles
are often formed by a variety of methods. The methods include synthesis by hydrating a
thin layer of dried amphiphiles with heat,39–41 with sonication,40–42 on a scaffold,43 or with
electric current;44 through injection-aggregation methods,45 through emulsion-based
leaflet-by-leaflet methods,46–54 and by post-hydration refinement methods.42,55–61 Blebs,
vesicles composed of cell membrane, can also be isolated from existing cells.62,63 Gentle
hydration creates vesicles through delamination of phospholipid layers in the presence of
heat, and is used to create liposomes in this work. Extrusion through polycarbonate pores
is used to post-process vesicles to control size.
Several types of vesicles may exist when created in vitro, with different syntheses
exceling for different types (Figure 1-8). They vary in size and number of bilayers present
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(lamellarity). A headgroup that occupies a disparate volume relative to the tailgroup leads
to micelle formation in which the tight curvature precludes formation of an aqueous
interior.38 Small unilamellar vesicles (SUVs) less than 100 nm in diameter and have a
strained bilayer when composed of phospholipids. They are common for fusion-related
applications.64–68 Large unilamellar vesicles (LUVs) are between 100 nm and 1000 nm,
and are often used to contain solutes and observe transport, including drug delivery.69 Giant
unilamellar vesicles (GUVs) are greater than 1000 nm are often used to study localized
interior changes because the interior can be resolved optically.34,70,71 Mixes of
phospholipids, sterols, proteins, and other additives are then added to tailor properties and
study interactions within model membranes.

Figure 1-8. A selection of common amphiphilic structures found in this work. The micelle
is a small, single-leaflet sphere. It is typically formed from high-curvature, conical
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molecules (single-tailed in this example). The large unilamellar vesicle has a single bilayer,
and is formed from cylindrical amphiphiles (phosoplipids, shown with two tails) that prefer
low curviture. Multi- and oligolamellar vesicles form with two or more concentric bilayers
or containing separate vesicles. They are typically large or giant in scale, and form from
cylindrical amphiphiles that do not fully delaminate during hydration.
The properties of the vesicle that forms are a result of the amphiphiles of which it
is composed. In this work, two general classes of amphiphiles were used: modern and
prebiotic. Phospholipids are modern amphiphiles, and are associated with greater
membrane stability, lower solubility, and lower membrane permeability. Potential
prebiotic amphiphiles used are primarily fatty acids that form less stable membranes, which
have higher solubility, and greater membrane permeability (Figure 1-9).72 The
phospholipid has two tailgroups and a headgroup that is similar in size, creating a
cylindrical molecule. The large size and two long-chain (relative to prebiotic) tailgroups
lead to low water solubility (~1 nM),73 and thus low exchange with solution. They also
limit the rate of interleaflet exchange, known as flip-flop.37 The cylindrical shape from
similar headgroup and tailgroup areas (relative to the plane of the membrane) result in the
favoring of large, planar bilayer sheets with low curvature.74,75 Since low curvature is
favored, modern phospholipids are more stable in large and giant vesicles greater than 100
nm in diameter. The low solubility also has an effect on hydration in the formation of
artificial liposomes. Since few molecules are fully solvated,73 liposomes do not appreciably
form from equilibrium with solution. Instead, one of the previously introduced hydration
methods is used.
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Figure 1-9. A typical modern phopholipid (1-oleoyl-2-stearoyl-sn-glycero-3phosphocholine, egg PC) is shown on the left. It features a multi-functional zwitterionic
headgroup and two hydrocarbon tails, which may be saturated and/or unsaturated. On the
right, a likely early life amphiphile is depecited that is more conical in structure and has
only a carboxylic acid as a headgroup and a single hydrocarbon tail.
In gentle hydration, a thin film of lipids is dried to a substrate by deposition from
evaporation of chloroform or methanol. After solvent removal is complete, an aqueous
phase is added and the water intercalates the lipid film. As the water intercalates, bilayer
sheets form and release into solution. The sheets then form spheres to minimize curvature
and prevent direct exposure of the hydrophobic interior to the aqueous phase. Gentle
hydration is aided by chemistry that encourages the bilayer sheets to delaminate. The
presence of charged lipids (typically negative in both experimental and biological
membranes) can promote delamination by charge repulsion after the solvent dissociates a
portion of the headgroups’ counter ions. Cosolutes, like sugars, can also be used to
encourage delamination.76 When a cosolute is deposited within the lipid film after
evaporation, it becomes hydrated between bilayer sheets, creating a layer of water that
causes delamination.77 Functionalized lipids can also act in the same manner as cosolutes
when they have large, water-soluble headgroups, including PEG-modified lipids. Gentle
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hydration can also be inhibited by the hydration medium. High ionic strength solutions
reduce both the electrostatic repulsion and osmotic pressure78 drives for delamination and
crowded solutions can apply steric hindrances to the bilayer sheets.
1.4 Kinetic Emulsions.
Drops of liquid-in-liquid phases that are created by agitated phase systems can be
stabilized to form emulsions. For the purpose of biologically relevant compartments,
emulsions are advantageous in the ability to rapidly create multiple containers of limited
volume and a generally unobstructed interface. Besides their role in the formation of
membranes, amphiphiles may also be used as emulsifiers. Amphiphilic stabilization of oilwater phases are the archetypal emulsion and the foundation of emulsion studies. However,
emulsions free of molecular surfactants and instead particle-based have gained attention
for medical and topical skin-care applications,79,80 and are also widely used industrially.81
In this work, the focus will be on particle-based (Pickering) emulsions in aqueous phase
systems, and on understanding fundamental differences and similarities to oil-water
emulsions, along with relevance to protocells and bioreactors.
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Figure 1-10. Emulsions can be stablizied by both kinetic and thermodynamic means. (A)
In a thermodynamic emulsion, the energy reduction of emulsifier surface adsorption is
greater than that of dispersed phase coalescence, and the lowest energy state is that with
the droplets dispersed to satisfy iterfacial curvature. (B) Kinetic emulsions rapidly reach a
local thermodynamic minimum that blocks coalesence and must be overcome for dispersed
phase droplets to coalesce. Dashed blue lines represent emulsions while solid red lines
represent unstabilized phases.
Most Pickering emulsions are formed by creating a kinetic, steric intermediate and
local minimum that forms before droplet coalescence proceeds to form a more
thermodynamically stable large continuous phase (Figure 1-10).81–87 Particle adsorption to
the interface inhibits coalescence as the total surface area of the dispersed phase shrinks to
an area that can be coated by the particles. Since the system can proceed to a lower
thermodynamic state, kinetically stabilized emulsions may be compromised by any
instance that releases emulsifiers from the interface. Therefore, understanding the
thermodynamics of emulsifier adsorption is essential to understanding emulsion stability.
Emulsifier escape is caused by thermal energy, and is thus a probability calculated from
kBT in competition with relieved surface tension.81 In the case of Pickering emulsions, a
uniform spherical particle's interfacial adsorption is calculated from
Equation 1-2: ΔE = (-πR2 / γ12) [γ12 – (γ2P – γ1P)]2
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or
Equation 1-3: ΔE = -πR2 γ12 [1– |cosθc|]2
where E is energy; R is particle radius; γ is surface tension between phase 1, 2, or the
particle (P); and θc is the contact angle (Figure 1-11).86,88,89 For microparticles, the
probability of escape is several orders of magnitude above kBT in standard temperature
oil/water emulsions, and hence Pickering emulsions have been observed to remain stable
for years.87 To have an escape probability similar to molecular surfactants, a particle would
have to have a radius of ~ 0.5 nm,90,91 but stabilization has only been observed down to 1.3
nm radius.92 Thus, nanoparticles have been used and demonstrated stability for months
with diameters down to ~100 nm.89 Nanoparticles have led to Pickering emulsions with
smaller droplet size, as can be understood from the impracticality of stabilizing droplets of
lesser diameter than their stabilizing particles.
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Figure 1-11. The interfacial confinement of speherical paricles at an oil-water interface in
relation to contact angle. The contact angle relates to the interfacial area displaced, which
in turn relates to the reduction of total interfacial area in the sample. Reprinted
withpermission from Reference 86 and from Langmuir 2000, 16, 8622-8631. Copyright
(2000) American Chemical Society.
W large particles with a low contact angle are used, the remaining surface area of
the particle may still interact with other interfaces. As a result, two mechanisms of kinetic
stabilization have been observed (Figure 1-12).93 The more straightforward mechanism
comes from a monolayer covering of particles on each droplet’s interface. Each droplet is
“free” in solution, and coalescence is prevented by particle-particle collisions. When
several large particles adsorb to one droplet, and then contact and adsorb to a second droplet
while preventing the droplets from contacting, they have “bridged” the space between the
droplets. Droplet coalescence is prevented by the body of the particles and the continuous
phase flowing around them. The bridging mechanism is observed with large particles at
low particle concentrations. When bridging occurs, the question arises as to how the
particles reach a high enough concentration to stabilize between the droplets, while often
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having insufficient concentration to cover areas separate from the bridged interface, as
observed in Figure 1-12. Droplet interfaces were studied by optical microscopy, and
adsorption to the second interface was found to make the bridged location the optimal
position for a particle, since it reduces interfacial tension for double the area by including
droplets on either side. Thus particles that are diffusing along the droplet surface become
trapped in the bridging position, and become concentrated in the location necessary to
stabilize the droplets. It is also observed that the force of the particles' adsorption can distort
the droplet, such that the bridged area is greater than would be present from the collision
of two spheres. Rheological properties differ between bridging and non-bridging emulsions
because particle-interface interactions are typically stronger than particle-particle
interactions.

Figure 1-12. Monolayer and bridging mechanisms of Pickering emulsion stabilization.
Low concentrations of large particles can bridge the gap between droplets.93 They distort
the droplets to form small planar areas as observed in parts A and B. Part C is a cartoon of
bridging particles as well as the monolayer stabilziation that is more prevalatent with larger
concentrations of smaller particles. Adapted with permission from reference 93.
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Bridging is most common when Pickering emulsions are formed with low particle
concentration. When higher concentrations are used, other unexpected behaviors are
observed. For example, when two droplets with submonolayer coverage are able to
coalesce to result in a droplet of above monolayer coverage, the energy reduction from
surface area minimization by adsorbed particles is placed against energy reduction from
sphere formation of the dispersed droplet.91,94 When sphere formation of the dispersed
droplet is stronger, excess particles are displaced from the interface into one of the phases.
When the particles adsorption is stronger, they force the coated droplet in a non-spherical
shape. The high particle concentration sterically prevents particle diffusion at the interface
in a phenomenon known as “jamming.”
Charge can also play a role in Pickering emulsions. Charge repulsion is
commonplace in kinetic stabilization of colloids, and it can also provide the force to prevent
coalescence in place of steric stabilization. In oil-water emulsions, the differing dielectric
constant between phases complicates charge interactions at the interface. When creating
oil-in-water emulsions, this has prevented interfacial adsorption of particles at low ionic
strength.95 For like-charged particles and interfaces, electric double-layer repulsion occurs.
For opposite-charge particles and interfaces, image charge.96 Oil-soluble particles used to
create water-in-oil emulsions have had greater success.97 Particles adsorb strongly, and the
interfacial order is propagated through several layers of excess particles in the continuous
oil phase. The small volume of aqueous phase also acts as an “ion sink” leading to very
low ionic strength in the oil phase, and strong electrostatic order exhibiting crystal-like
characteristics.
1.5 Emergence of Life.
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Life can most easily be defined as a systems’ property, in that a system considered
alive is characterized by the ability to perform processes like metabolism, sensory
functions, and reproduction (though the specific processes are often debated).98
Abiogenesis, which is the development of life from non-living matter, then becomes
concerned with how these traits can arise from physical and chemical forces instead of a
previous life-form, as does known extant life. The formation of greater hierarchal
complexity from simple interactions is termed ‘emergence’ and is essential to
abiogenisis.98 Detection of life and life-like systems outside of Earth can shed greater
details on the probability of abiogenesis by observing the prevalence of suitable conditions.
Attempts at isolating limiting factors of extra-terrestrial life and civilization were first
popularized by the Drake equation to determine the probability of radio communications
for the Search for Extra-Terrestrial Intelligence program, and is as follows:99
Equation 1-4: N* = R* fp ne fl fi fciv L
The term N* is the number of Milky Way civilizations that can communicate with Earth,
R* is the average rate of annual star formation, fp is the fraction of stars with planets, ne is
the number of planets that are habitable, fl is the fraction of habitable planets that develop
life, fi is the fraction of life that becomes intelligent, fciv is the fraction of civilizations with
technology, and L is the window of time that a technological civilization would broadcast
signales that Earth may capture. The equation is not immediately practical for calculating
a usable N* because of the conjecture in many of the terms. However, it demonstrates that
our cosmological, astronomical, planetary geological, biochemical, and evolutionary
knowledge all contribute to understanding origin of life.
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Cosmology is the first consideration, as it provides a timescale and setting for other
developments, and change over time is a consideration largely absent from the Drake
equation.99 Current understanding of the universe’s history describes a system with great
temporal dynamism (Figure 1-13).100 Since biological life may be defined as a systems’
property, the necessity of a minimum amount of chemical complexity on the scale of
organic chemistry becomes evident as the foundation for the chance emergence of such a
system. By then considering the elemental composition of the early universe following Big
Bang nucleosynthesis as containing no significant abundance of elements heavier than
lithium,101 the opportunity for the emergence of life must be delayed until time has passed
for greater complexity to arise. First, stars and supernovae must form, die, and reform into
planetary systems as stellar fusion is the only known mechanism of abundant formation of
heavier elements than helium.101 It is after the emergence of heavier elements that organic
chemistry and chemical metabolism could first occur. From such events a timeframe for
the emergence of life can be bounded, including the synthesis of the molecules that could
lead to the first self-assembled biocompartments. The sun is a metal-rich 3rd generation star
and as a result the early Earth received more complex elements and molecules. The start
time on synthesis of small organic molecules by abiotic processes could have thus started
before the formation of the Earth, as supported by evidence of amino acids in comets and
organic material in asteroids.102–104 Thus Earth was fertilized in terms of life-generation
relative to 2nd generation planetary start systems.
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Figure 1-13. The history and scale of the universe.105 Each disc represents the passing of
a billion years and the size of the disc represents the change in size based on observed
expansion. The minimum availability of elements necessary to form organic molecules
comes after the death of the first stars. Adapted public domain image from NASA/WMAP.
The transition from complex organic molecules exhibiting aspects of life to systems
that display all properties of life is described by the last common universal ancestor
(LUCA).106 The emergence of archaea, bacteria, and eukarya from the LUCA has been
studied by proteomic fold superfamilies,107 as protein folding is preserved more than
sequence.108 The LUCA was suspected to have ribosomes capable of translating a nucleic
acid metabolic network, and translating basic glycerol and ester lipids. It also used RNA
for information storage, and did not yet translate from DNA.107
Much is still unknown about the steps between the formation of organic molecules
and the LUCA. Molecular evolution, a process currently studied in vitro with modern
molecules and targets,109 must begin in the period preceding the LUCA.110 Iterative
selection of randomly occurring replicators is theorized to be the general preferred
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mechanism, though metabolism-related hypotheses have been presented.111 Several
hypotheses exist for systems that fit replicator requirements. The RNA world is the
pervading hypothesis, and discovery of the RNA-based active site at the heart of the
ribosome is evidence that RNA did play a vital role in the time preceding the first cells.112
Lipid and protein-based hypotheses also exist, and it is possible that some of these
mechanisms to reach molecular evolution occurred in parallel instead of in series, for
example a lipid-RNA world.113
Compartmentalization is often treated as a backdrop to the development of
evolution by other molecules.109 However, the benefits of controlled miniature reaction
volumes in microfluidic in vitro evolution experiments underscore the importance of
compartments. Compartments help to concentrate molecules, isolate and create specific
conditions, and define system boundaries. Inorganic compartments and catalytic surfaces
likely played a role in the formation of an initial pool of functional organic molecules.
However, organic molecule-based compartments better meet the amplification
requirements of evolution. Specifically, coacervates16,114 and amphiphilic vesicles72,73 both
accumulate at low concentrations in aqueous solution by self-assembly mechanisms. This
work will discuss the interaction of amphiphile assemblies (vesicles) and polymer phase
systems to assemble structures combining the two by interfacial assembly.
Since the properties of vesicles are derived from their structure, the amphiphiles
available to form vesicles on the early Earth must be taken into account. Alkyl chains
functionalized with acids, alcohols, esters, sulfonates, and phosphonates were all
possible;35,115 as well as certain proteins,116 polyaromatic hydrocarbons,117 phospholipids,
and terpenoids.118 Alkyl acids were likely prevalent, and have garnered much
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attention.119,120 They can form vesicles that resemble those of lipids, but express different
properties and form by a different mechanism. Alkyl acids have a higher aqueous solubility
than phospholipids, and as a result vesicles form out of equilibrium with the solution at
concentrations above micro- to millimolar solubility, depending on tail length.121 The
solubility makes fatty acid vesicles much more dynamic than those of lipids, with acid
molecules constantly leaving vesicles to solution, and condensing in other vesicles.119
Interleaflet flip-flop is also more prevalent with the smaller, more mobile constituent
molecules.122 The more dynamic membrane leads to greater permeability.123

Figure 1-14. The single carboxylic acid headgroup (red) on potential early-life
amphiphiles results in greater condition-dependence on membrane curvature and solbulity.
High pH and low ionic strength lead to high curvature and micelle formation. A pH near
the pKa decreases the net relative size of the headgroup, and encourages planar
organization and bilayer formation. Incorporation of nonionic amphiphiles (green) can also
lead to bilayer formation at higher pH.
Membrane curvature is also expressed differently in fatty acid vesicles. The lack of
zwitterions or large tail groups makes membrane curvature more sensitive to solution
conditions as the effective head-to-tail ratio changes (Figure 1-14). The pH has the most
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notable effect, since it determines whether the acids are protonated.124 At low pHs, the
acids become less soluble and lose their amphiphilic nature when fully protonated, and the
result is oil phase formation. At the other extreme, fully deprotonated fatty acids have a
high solubility and large head-to-tail ratios due to electrostatic repulsion. At high pH,
micelles are formed instead of bilayers. Near the pKa, the mix of protonated and
unprotonated acids leads to bilayer and vesicle formation. The incorporation of noncharged molecules and other additives can also have a dramatic effect on fatty acid vesicles.
Switching 10% of alkyl acids to alkyl alcohols can greatly affect the stable formation vlaue
of fatty acid vesicles.120 For example, 2.0 mM nonanol was added to 20 mM nonanoic acid
mixtures, and the range at which micelles or vesicles were formed shifted from pH 6.5 to
8.5. Addition of alcohols both lowers the solubility at a given pH and disperses the charge
in the acid membranes.
Modern lipids have also been added to fatty acid vesicles and have demonstrated a
profound effect on stability.125 Budin et al combined oleic acid vesicles doped with 10%
di-oleoyl-phosphatidic acid with vesicles containing only oleic acid. The vesicles
containing lipids were observed to increase in size while the pure acid vesicles gradually
dissolved as determined by FRET. Increased membrane stability caused by the presence of
the phospholipid resulted in fewer fatty acids escaping to solution from those vesicles, such
that they condensed the fatty acids that entered from solution. The pure acid vesicles then
repopulated the solution by Le Châtelier’s principle until depletion.
Complex coacervate systems may have formed from charged polymers in early
Earth environments. Complex coacervates were among the first proposed assemblies for
early compartmentalization, and just like membranes, non-membranous compartments
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formed by phase separation are also present in modern cells.114 Complex coacervates can
assemble from both a polyanion and polycation, or a polyelectrolyte and a small molecule
of opposite charge. The polymer-rich phase of coacervates is more open to molecular
transport than membranes, since solutes do not have to traverse an oil-like phase to reach
the aqueous interior. Instead, they are partitioned by molecular interactions within the
phase. Their formation also tends to favor high ionic strength rather than be inhibited by it
as are bilayers. Poly(lysine) and adenosine triphosphate have been used to create
coacervates for more recent protocell experiments,126 and interaction with solution
amphiphiles has been observed.127 However, more must be known about coacervates to
determine if their partitioning is sufficient to permit molecular evolution via
compartmentalization.80
1.6 Bioreactors.
The simultaneous functions of the cell require different environments to proceed.
Cell

provide

these

specialized

environments

through

biocompartmentalization

mechanisms such as membranes, micelles, and phase separation. Compartments can also
accelerate reactions by increasing local concentrations. Biocompartments are often applied
in in vitro assays, therapeutics, and studies of cell function. The goal of many
biocompartments is to express dynamic and/or competing properties like retention
followed by release (delivery), transport followed by retention (loading), or molecularly
selective retention and transport. Existing biological solutions to these problems are often
used as a guide, such as the incorporation of pores into impermeable membranes. Crucial
biocompartment properties relate to changes in transport, targeting, biocompatibility, and
mechanical stability. In each case the properties of certain compartments may be more

29
applicable than others such that liposomes, polymersomes, colloidosomes, emulsions, and
polymer capsules have each developed to address certain problems. The following brief
summary

of

existing

compartments

reveals

the

utility

of

aqueous

phase

compartmentalization methods, as the aqueous partitioning mechanism differs from that of
other compartments.
Liposomes are a type of membrane-bound compartment. They have become
ubiquitous and a benchmark of nanobiotechnology.128 A simple phospholipid membrane
prevents or inhibits transport of charged, highly polar, and/or large solutes; and has the
result of strong retention with difficult initial encapsulation or release. A variety of
advanced techniques, such as microfluidics,49,50,53,129–132 centrifugal apparatus,48 or fluid jet
pulses46,47,51 have been used to increase encapsulation or synthesize selective and semipermeable membranes. As the basis of the cell membrane, lipid assemblies are
biocompatible, and can be functionalized to expand utility. Thus, they have been used for
protein expression,133 and are generally applicable to synthetic cells and organelles.134 For
example, pores135,136 can be introduced to transport certain chemicals and specialized
headgroups can be used to create protective layers or active functions.137
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Figure 1-15. A selection of copolymer structures demonstrates that differing arrangements
of hydrophobic and hydrophilic domains can result in different membrane structures when
or if they fold in solution.138 ABA and related configurartions may arrange more than one
way. In aqueous solutions, the yellow and red portions in the figure mark hydrophobic
areas and blue and green mark hydrophilic areas. Areas of the same color denote the same
base monomer. Reprinted with permission from reference 138.
Polymersomes mimic the lipid membrane with block copolymers. Block copolymer
amphiphiles offer a wider range of chemical properties, and can remove the threat of
hydrolytic decomposition and oxidation that is present with phospholipids.139,140 Block
copolymers with two domains form structures similar to those of lipids and other common
surfactants, however more domains can be added to create membranes of folded polymers
or monolayers that still exhibit hydrophilic-hydrophobic-hydrophilic structure (Figure 115).138 A major feature of liposomes is that the membrane proteins found in nature can be
incorporated to expand functionality. In polymersomes, the properties may be adjusted to
match the scale, fluidity, glass-transition, etc. such that proteins can fold and function.139
An example of localized reaction with polymersomes is a Candida antartica lipase B
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(CALB), glucose oxidase (GOX), and horseradish peroxidase (HRP) cascade (Figure 116). CALB functions in solution, GOX is inside the polymersome, and HRB is membrane
bound.141 Controls removing enzymes and running the reaction without polymersomebased localization demonstrate the function of the polymersomes. The polymersomes
differed from liposomes in that the polystyrene40-b-poly(L-isocyanoalanine(2-thiophen-3yl-ethyl)amide)50 used to create the membrane permits small molecule diffusion while only
the proteins are localized. Small molecule diffusion permits substrates and products to enter
and exit the bioreactor.

Figure 1-16. Selectively permeable polymersomes can localize and accelerate enzymatic
cascades while maintaining small molecule exchange with solution.141 In the upper panel,
the postiion of each enzyme is shown with CALB forming glucoes in the continuous phase,
glucose diffusing past the polymer membrane to be oxidized by encapsulated GOX, which
forms peroxide to feed membrane-bound HRP and produce ABTS+ to be detected by UVvisible spectroscopy. The lower panel shows conversion progress of the entire system
compared with controls eliminating each component. Adapted from reference 141.
Water-in-oil and oil-in-water emulsions may both serve to create microscale
volumes that isolate solutes depending on their polarity. The oil-water interface has the
potential to denature some biological molecules, but surfactants used can prevent this issue.
They can serve as miniature reaction vesicles in microfluidics and other assays where they
confine water-soluble compounds.109,142 By switching from microtiter plates to oil-water
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emulsions in high throughput gene selection assays, the number of reaction chambers can
be increased from ~105 to ~1010. Figure 1-17 shows the process for selection of sequences
targeted by methyltransferase by isolating genes in volumes near 10-6 nL.

Figure 1-17. In vitro selection of DNA methyltransferases via oil-in-water emulsification.
A 50 µL volume of reaction solution in 1 mL of oil forms ~1010 droplet-scale reactors,
most containing 1 or 0 DNA strands.142 The mutated genes are then be transcribed and
translated to form methyltransferase. If active, the methyltransferase reacts with a
restriction/methylation (R/M) site on the original DNA strand to form a methylated
product. Separation of methylated products completes the selection. Reprinted with
permission from Protein Engineering, Design & Selection 2004, 17, 3-11.
Colloidosomes are formed by joining particles that have formed a Pickering
emulsion at an oil-water interface.143 The layer of joined particles can be achieved with
sintering, covalent bonding, charge-interactions, van der Waals interactions, or
biomolecular interactions (Figure 1-18).144–146 Colloidosomes are typically formed in an
oil continuous phase, and the interface is loaded by Pickering emulsification of the
dispersed phase. After the interfacially bound particles are attached to each other, the
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colloidosomes can be removed from oil by centrifugation into a water phase, and maintain
their structure without an interface. The interstitial spaces of the particles permit diffusion
in and out of the colloidosome, and are size selective. Fluorescent dextran 500 kDa and 40
kDa were used to exemplify this behavior in covalently cross-linked magnetic
colloidosomes (Figure 1-18).147 Fluorescence microscopy was used to observe decreased
intensity in the fluorescent dextran 40 kDa colloidosome interiors following a transfer from
oil to aqueous continuous phase while the samples using 500 kDa fluorescent dextran did
not show a decrease.

Figure 1-18. The left panel depicts the formation of loaded colloidosomes from a waterin-oil Pickering emulsion.144 In (B), the particles are joined at the interface such that the
structure is no longer interface-dependent. In (C), the assembled structure is transitioned
to an aqueous continuous phase. The right panel depicts the selective storage of fluorescent
dextran 500 kDa vs. dextran 40 kDa as determined by fluoresence microscopy in covalently
bonded magnetic colloidosomes.147 Reproduced with permission from references 144 and
147.
Polymer capsules are typically formed by layer-by-layer assembly on a particulate
substrate (Figure 1-19).148 Assembly methods can include electrostatic interaction,
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hydrogen bonding, covalent bonding, base-pair interactions, and guest-host interactions.
The substrate, often silica or calcite, is then decomposed to form a solvent-filled interior.
Both the size and chemistry of the polymers limits the diffusion of certain solutes. For
example, polymers may be size excluded while small molecules pass similar through a
dialysis membrane. Also, the buffering effect of polyelectrolyte capsules can affect
hydroxide and hydronium ions such that the internal and external pHs differ.149 As
synthetic cell bioreactors, they have been demonstrated to enzymes while permitting
release of smaller molecules, as in the instance of DNAase and ethidium bromide labeled
DNA (Figure 1-19).150 They have also been synthesized containing liposomes to act as
synthetic organelles.148

Figure 1-19. The left panel depicts layer-by-layer assembly of polymer capsules on a
particle substrate.151 The particle may then be decomposed to form a hollow capsule. The
right panel depicts size-selective permeability of DNA substrate labeled with ethidium
bromide. Activation of DNAase I reduces the size of the 600 bp DNA strand such that its
products could pass the through the polymer shell.152 Reproduced with permission from
references 151 and 152.
Aqueous phase systems expand the pool of available biocompartments because
aqueous phase partitioning provides a selective interface with selection rules that differ
from those of other compartments. Polymer capsules bear the greatest similarity in their
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size selection, but act more as a sieve, while aqueous phase systems partition biopolymers
by intermolecular interactions. Layer-by-layer polymer capsules also require multi-step
syntheses, while controlling the interface of ATPS to form an emulsion can yield bulk
biocompartments in a single step. For example, aqueous phase polymersome emulsions
have also been documented that use block copolymers to stabilize the aqueous-aqueous
interface.153 By starting with aqueous phase partitioning, an increase from 5% to 89%
encapsulation efficiency of erythropoietin from polymersomes without aqueous phase
separation was observed. This study exemplifies the utility and need for understanding and
developing control of ATPS interfaces in development of bioreactors.
1.7 Chapter Overviews.
Having established the role of biocompartmentalization in origin of life and
bioreactor research, and given the background showing the biophysical chemistry that
underlies much of what is known, this research further develops the interplay of such
compartments through control of aqueous interfaces and amphiphiles. The work examines
what structures and compartments can be formed while simultaneously working to
understand what forces drive their formation, as well as characterization to understand their
nature and properties. Chapter 2 will detail the interaction between charged phospholipid
vesicles and the aqueous-aqueous interface of a polymer-polymer ATPS. A proof-of-point
bioreactor containing a ribozyme reaction is demonstrated: Chapter 3 contains an
evaluation of driving forces for particle accumulation in the presence of macromolecular
crowding, and further evaluates amphiphile-free emulsion mechanisms in phase systems.
Pickering emulsification is understood in terms of interfacial capture and dispersion forces.
Chapter 4 describes aspects of electrostatic kinetic stabilization that arise from partitioning
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within aqueous phase systems. Chapter 5 relates the work with coacervate compartments
and amphiphilic vesicles to early earth compartmentalization. It examines the feasibility of
interactions between the two such that development could occur in parallel, or lead to the
formation of a membrane-bound coacervate phase. Chapter 6 summarizes the main
findings, and discusses what future investigation may be drawn from the work.
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Chapter 2.
Bioreactor Droplets from Liposome-Stabilized All-Aqueous Emulsions
Reproduced and reformatted with permission from Dewey, D. C.; Strulson, C. A.; Cacace,
D. N.; Bevilacqua, P. C.; Keating, C. D. “Bioreactor Droplets from Liposome-Stabilized
All-Aqueous Emulsions” Nature Communications 2014, 5, 4670.

Abstract
Artificial bioreactors are desirable for in vitro biochemical studies and as protocells.
A key challenge is maintaining a favorable internal environment while allowing substrate
entry and product departure. We show semipermeable, size-controlled bioreactors with
aqueous, macromolecularly crowded interiors can be assembled by liposome stabilization
of an all-aqueous emulsion. Dextran-rich aqueous droplets are dispersed in a continuous
polyethylene glycol (PEG)-rich aqueous phase, with coalescence inhibited by adsorbed
~130 nm diameter liposomes. Fluorescence recovery after photobleaching and dynamic
light scattering data indicate that the liposomes, which are PEGylated and negatively
charged, remain intact at the interface for extended time. Inter-droplet repulsion provides
electrostatic stabilization of the emulsion, with droplet coalescence prevented even for
submonolayer interfacial coatings. RNA and DNA can enter and exit aqueous droplets by
diffusion, with final concentrations dictated by partitioning. The capacity to serve as
microscale bioreactors is established by demonstrating a ribozyme cleavage reaction within
the liposome-coated droplets.
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2.1 Introduction.
Artificial microreactors are appealing as a way to gain insight into biological
compartmentalization and for applications in biotechnology and medicine. At its most
basic, a microreactor consists of a semipermeable shell through which reactants and
products can pass and an interior environment where reactions can occur. Notable
examples of compartments that have been used as microreactors include liposomes,1
polymer capsules,2,3 colloidosomes,4,5 hydrogels, and liquid-liquid emulsions (oil/water,6,7
aqueous/aqueous8–10) in which individual droplets can be considered microreactors.11
Interior reactivity can be facilitated by catalysts that are either physically trapped in the
interior (e.g., by a membrane), or concentrated there on the basis of preferential solubility
(e.g., in a water/oil biphasic system).6 A key challenge for the design of artificial
bioreactors is maintaining reaction-relevant internal environments (e.g., containing
catalysts, macromolecular crowders) while allowing entry/egress of substrates and
products. Here, we introduce liposome-stabilized all-aqueous emulsion droplets as a new
class of bioreactors that simultaneously achieve these goals.

The internal

microenvironment is a distinct phase composition into which solutes can be selectively
concentrated, and the semipermeable shell is composed of intact ~130 nm diameter
liposomes, between which solutes may pass to enter or exit the microscale bioreactors.
Aqueous two-phase systems (ATPS), such as the well-known PEG/dextran
system,12 are attractive as biomimetic media because they offer coexisting
macromolecularly crowded aqueous compartments with different chemical and physical
properties separated by a low-energy boundary, across which solutes such as proteins or
nucleic acids can equilibrate without denaturation.10,13,14 This is similar to biological fluids
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such as the cytoplasm and nucleoplasm, which contain 17-40 wt% biomacromolecules.15,16
Crowding can considerably alter kinetics and thermodynamics for many biochemical
reactions,17 for example PEG and dextran polymers favor reactivity of the CPEB3
ribozyme.18 In the PEG/dextran system, RNA partitions strongly to the dextran-rich
phase.10,12 This effect, which is length-dependent, has been used to increase ribozyme
reaction rates up to nearly 70-fold by localization in the dextran-rich phase.10 Recent
studies suggest that aqueous phase separation is responsible for some forms of
microcompartmentalization in vivo.19 Partitioning of solutes such as proteins, nucleic acids,
or small molecules into aqueous phase compartments provides a mechanism for
microcompartmentalization and localized reactivity.
Unlike intracellular compartments that can persist at the micron scale indefinitely,
a typical ATPS requires mechanical agitation to maintain microscale droplets, as
coalescence into macroscale phases occurs in quiescent samples. For water-in-oil systems,
emulsification is routinely accomplished using amphiphilic surfactants that adsorb at the
water/oil interface. This approach, while not impossible for ATPS,20,21 is much more
challenging due to the chemical similarity of the two aqueous media. An alternative means
of stabilizing a liquid/liquid interface is adsorption of particles to form a Pickering
emulsion.22 In a typical Pickering emulsion, micron-scale polystyrene or silica particles
adsorb at an oil-water interface, where they can provide a steric barrier against droplet
coalescence.23 The driving force for particle adsorption (E) depends on particle radius



(R), interfacial tension (γ), and contact angle (θ), with E   R2 1 cos

.
2

24

Although ATPS have low interfacial tensions relative to oil/water systems,12,25 cells,
liposomes, and microparticles have been observed at the aqueous/aqueous interface of bulk
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ATPS.26–35 Recently, formation of water-in-water phase systems stabilized by latex
beads,27 fat globules,28 or protein particles have been reported.29 It is not unreasonable to
anticipate that intracellular liquid/liquid interfaces would similarly accumulate
particulates.14
Here, we demonstrate Pickering-type emulsions upon assembly of negatively
charged, ~130 nm diameter liposomes at the aqueous/aqueous interface of a PEG/dextran
ATPS. The resulting liposome-coated, polymer-rich aqueous phase droplets are shown to
serve as microreactors that confine a ribozyme while permitting substrate and product
transport. These structures can be thought of as a primitive model cell, or protocell,36–38 in
which partitioning both simplifies “loading” with polymeric crowding agents and bioactive
molecules such as RNA, and indefinitely maintains distinct internal and external solute
concentrations, while the liposomal coating prevents coalescence without sealing off the
internal volume from solute entry or egress.
2.2 Results and Discussion.
2.2.1 Characterization of Size and Stabilization. When PEGylated liposomes,39 ~130
nm in diameter and consisting primarily of egg phosphatidyl glycerol (PG), are mixed with
a PEG/dextran ATPS, an emulsion is formed in which microscale droplets of one phase,
surrounded by a liposome layer, are suspended in the other phase. Droplet coalescence is
strongly inhibited as determined by turbidity measurements, though droplets sediment or
rise (cream) over many hours due to phase density differences (Supplementary Figure 21). Inspection using confocal fluorescence microscopy shows labeled lipid at the
aqueous/aqueous interface surrounding micron-scale droplets of the dispersed phase
(Figure 2-1b,e). The identity of the continuous and dispersed phases can be controlled by
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altering their relative volumes. Emulsions form when the continuous phase is PEG-rich,
with the dispersed phase dextran-rich, as well as when the phases are inverted (Figure 21). Stable inverted emulsions are not expected for a stabilized emulsion of this particle size
from sterics alone.40 For small particles to form a large enough steric barrier to stabilize,
they must favor the continuous phase (particle-droplet contact angle < 90°). When the
emulsion is inverted, these particles favor what is now the dispersed phase and
consequently cannot form an effective steric barrier. Although our liposomes are too small
to enable direct determination of contact angle, their ability to stabilize droplets of either
phase suspended in the other argues against a steric stabilization mechanism for this
system.

Figure 2-1. Liposome-stabilized ATPS emulsions. (a, b, and c) Dextran-rich droplets
dispersed in PEG-rich continuous phase. (a) Schematic illustration (red, liposomes; blue,
dextran-rich phase; and yellow, PEG-rich phase), (b) fluorescence image showing location
of DOPE-Rhodamine labeled liposomes at the aqueous/aqueous interface, (c) fluorescence
image showing location of dextran-rich phase labeled with fluorescein isothiocyanate
(FITC)-dextran 500 kDa. The inverted emulsion is depicted as (d) an illustration, (e) a
fluorescence image showing location of DOPE-Rhodamine labeled liposomes at the
aqueous/aqueous interface, (f) a fluorescence image showing location of dextran-rich phase
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labeled with FITC-dextran 500 kDa. Liposome concentrations were 6.8 × 1014 liposomes
L-1. All image frames use the 25 µm scale bar.
To learn more about the stabilization mechanism for these emulsions, we measured
the average droplet size as a function of liposome concentration. Droplet size for a constant
ATPS composition was inversely correlated with liposome concentration (Figure 2-2a).
Smaller droplets were observed as more liposomes were added, consistent with strong
liposome adsorption at the interface. At higher liposome concentrations, droplet size levels
off. A similar trend has been reported for nanoparticle-stabilized oil/water Pickering
emulsions, which form close-packed monolayers.24 Based on our observed droplet size,
liposome size, and geometry; liposome coverage at the interface can be estimated. As
shown in Figure 2-2b, an approximation (see Supplementary Note 2-1 and Supplementary
Equations 2-1 to 2-8) based on two layers of close-packed liposomes predicts consistently
larger droplet sizes than observed, indicating that liposome multilayers are not forming at
the aqueous/aqueous interface. An estimation for monolayer packing is closer to the
experimental data, but the closest match to our data is a submonolayer of liposomes,
suggesting that there is unoccupied interface between the liposomes at concentrations < 0.4
× 1016 liposomes L-1 (Figure 2-2b).
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Figure 2-2. Droplet size in the emulsion depends on lipsome concentration and solution
ionic strength. All images are of Rhodamine labeled liposomes and are of dextran-rich
droplets in PEG-rich continuous phase. (a) Microscopy images show that the size of
droplets is inversely correlated with the concentration of liposomes. Scale bar is 25 µm.
(b) The size of droplets is liposome concentration dependent. The blue lines represent
droplet sizes predicted from assuming different numbers of hexagonally close-packed
lipsomes in varying numbers of planar layers, and the inset shows the different possibilities
of packing. For each concentration, n = 450 droplets were counted and error bars represent
standard deviations. (c) Screening of charge leads to emulsion destabilization
(concentration = 1.4 × 1015 liposomes L-1). At low ionic strength, a reduction in Debye
length leads to tighter liposome packing at the interface, increasing the observed droplet
size (2.5 and 5 mM added NaCl). As ionic strength increases, the liposomes can no longer
prevent droplet coalescence. Scale bar is 25 µm.
Stabilization against droplet coalescence at submonolayer liposome coverage is
consistent with charge repulsion due to the negative charges on the liposomes and the low
ionic strength at which these experiments were performed (Debye screening length, κ-1, ~
25 nm). We note that in oil-water Pickering emulsions large differences in electric
permittivity between the phases results in large differences in ion concentrations between
phases and leads to complex electrostatic effects.41–43 In contrast, much smaller differences
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in permittivity exist between the PEG-rich and dextran aqueous phases used here, and
concentrations of small ions (e.g., Na+) are the same in both phases. Electrostatic repulsion
increases the effective interfacial area occupied by each liposome. We therefore suggest
an electrostatic stabilization mechanism for these liposome-stabilized, all-aqueous
emulsions. Indeed, when charges are screened, reduced liposome spacing yields increased
droplet size and fluorescence intensity at the interface, as less interfacial area can be
stabilized (Figure 2-2c, 2.5 – 5 mM NaCl). At 10 mM NaCl (κ-1 = 3 nm), droplet
coalescence was observed as electrostatic repulsion no longer prevented inter-droplet
contact.
2.2.2 Nature of the Interfacial Layer. We proceeded to test whether the lipid vesicles
remain intact after collecting at the aqueous/aqueous interface, rather than aggregating or
fusing to form larger liposomes, bilayers, or other structures. Fluorescence recovery after
photobleaching (FRAP) experiments show essentially no recovery of lipid fluorescence,
suggesting that interface-assembled lipid-containing structures are relatively immobile
rather than diffusing either as individual lipids within bilayers or as interfacially bound
liposomes (Figure 2-3b). To determine if the absence of diffusion indicates liposome
aggregation, we diluted the ATPS with an isotonic fructose solution to remove the
aqueous/aqueous boundary and release the assembled material (Supplementary Figure 22). Dynamic light scattering was used to determine the size of lipid structures in the
resulting single-phase solution. Even after 24 hours at the interface, diameters for released
liposomes were unchanged, indicating that liposomes remained intact rather than
aggregating or fusing (Supplementary Figure 2-3). Arrested in-plane diffusion of
microparticles has been observed for Pickering emulsions under “jamming” conditions,
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where particle coverages at the interface are so high that individual particles cannot move.44
Based on estimations of total stabilized surface area and liposome concentrations (Figure
2-2b), we expect that the apparent jamming in our system is due to longer-range
electrostatic repulsions between the negatively charged liposomes at the interface when
ionic strength is low, but may be steric when charges are screened.

Figure 2-3. Interfacial liposomes and partitioning solutes have different mobility. (a)
FRAP experiments show no recovery for PEGylated egg PG liposomes at the interface at
both 0 and 40 mM NaCl. The bleached area in both 0 and 40 mM NaCl samples shows no
recovery after 5 min For particles’ diffusion to be this slow, jamming must be present. In
the 0 mM NaCl case, the jamming is most likely electrostatic, while the 40 mM samples
would exhibit steric jamming. The difference in mechanism is suspected due to the change
in Debye length, from ~25 to 1.5 nm; and because osmotic deflation should make the
liposomes less spherical. (b) When droplets undergo ionic-strength induced coalescence,
interfacial mobility of individual liposomes is low. Coalescence of separate populations
prepared with NBD (green) and Rhodamine (red) liposomes show persistence of distinct
green and red regions. The scale bar in (a) is 4 µm, and the scale bar in (b) is 25 µm.
We took advantage of the lack of in-plane liposome diffusion to form more
complex, Janus-like droplets in which different liposomes coated different portions of the
droplet.

Here, emulsions prepared with nitrobenzoxadiazole (NBD)-labeled (green)

liposomes were gently combined on a microscope slide with separately prepared emulsions
having Rhodamine-labeled (red) liposomes under conditions of reduced stability to
facilitate droplet coalescence (i.e. 20 mM NaCl). Figure 2-3b was acquired 30 min after
mixing, and shows the results of droplet coalescence – red and green liposomes have not
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mixed across the interface; but instead have remained in separate regions after the
coalescence events, such that the appearance of each droplet suggests its coalescence
history. In contrast to quiescent solutions, when two distinct emulsions are vigorously
mixed the resulting population is intermediate in droplet size and in partitioned solute
concentration after as little as 30 s, indicating that the liposome layers and dextran-rich
droplets are disrupted during vortexing and reform as one uniform population
(Supplementary Figure 2-4).
2.2.3 Transport in/out of Droplets. We anticipated that the submonolayer coverage of
our liposome-stabilized aqueous/aqueous interface might permit transport into and out of
droplets despite the poor lateral mobility within the layers themselves. Indeed, even closepacked monolayers of spherical particles can provide routes for possible solute entry/egress
through interstitial spaces5. We evaluated three different fluorescently tagged solutes for
their ability to enter liposome-stabilized droplets in the absence of mechanical agitation:
20- and 43-nt single stranded DNA oligonucleotides and unPEGylated liposomes. Each of
the test solutes is negatively charged, providing electrostatic repulsion from the negatively
charged liposome layer stabilizing the interface, although each had a partitioning
preference for the dextran-rich phase that provided a driving force for entry and
accumulation in the droplets.
Without PEG in the membrane, ~130 nm diameter PG liposomes partition to the
dextran-rich phase (Supplementary Figure 2-5 left). Partitioning changes from the dextranrich phase to the interface as more PEGylated lipid is added to the membrane
(Supplementary Figure 2-6) When unPEGylated (NBD-labeled, green) liposomes were
added to the PEG-rich phase of the stabilized emulsion and vortexed to mix, subsequent
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imaging showed them strongly and uniformly partitioned into the dextran-rich phase rather
than assembling at the interface, which was coated with PEGylated (red) liposomes
(Supplementary Figure 2-5 center). This is unsurprising since experiments described above
indicated that emulsion droplets undergo reorganization upon mechanical mixing.
However, when the unPEGylated (green) PG liposomes were added to liposome-stabilized
ATPS emulsions in the PEG-rich phase without disrupting the layer of PEGylated (red)
liposomes around the droplets, they were unable to enter the dextran-rich phase. Droplet
interiors remained dark even after several hours (Supplementary Figure 2-5 right); the
interfacial liposome layer provided a barrier to entry of these ~130 nm diameter objects.
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Figure 2-4. Partitioning solutes can enter and exit the droplet through liposome-clad
interface. (a) This cartoon depicts the two drop as they were arranged on the microscope
coverslip, and how the top coverslip was used to bring them together. (b) Diffusion was
observed at the edge of a collection of sedimented droplets after 20 nt DNA in a drop PEGrich phase was introduced by combining it with a drop of ATPS emulsion. Top and bottom
panels show fluorescence channels for Alexa-647-labeled DNA (top) and rhodaminelabeled liposomes that indicate the location of the droplets (bottom). For droplets near the
edge, which were surrounded by the DNA containing PEG-rich phase upon mixing,
fluorescence intensity corresponding to DNA accumulation inside was immediate (<30s).
Away from the site of initial mixing, the DNA concentration in the PEG-rich phase is
lower; here, the intensity of labeled DNA inside droplets increases much more slowly as
they equilibrate with neighboring droplets. Droplets in this experiment were formed with
3 × 1014 liposomes L-1. The scale bar is 500 µm.
When a similar experiment was conducted using labeled DNA oligonucleotides as
smaller test solutes (hydrodynamic radii < ~4 nm45,46), we observed rapid uptake of the
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labeled DNA from the PEG-rich phase into the liposome-stabilized droplets, as well as
slower DNA relocation between droplets (Figure 2-4 and Supplementary Figure 2-7). In
Figure 2-4, dye-labeled 20 nt DNA initially present in PEG-rich phase was added on the
right-hand side into a liposome-stabilized emulsion without DNA on the left-hand side.
When the two emulsions are initially connected, DNA (blue, top panels) becomes
concentrated almost immediately into the liposome coated dextran-rich droplets on the
right-hand side (red, lower panels), where mixing of the continuous phases occurs and
DNA is accessible in the region immediately around individual droplets. At the first
timepoint (< 30s), droplets on the edge of the sample already contained substantial
concentrations of the fluorescently labeled DNA, consistent with rapid nucleic acid
diffusion in PEG/dextran ATPS47 and suggesting that the liposome layer posed essentially
no barrier to entry. Migration of the DNA across the field of droplets, however, was much
slower; note the absence of DNA fluorescence (blue, top panels) on the left-hand side even
after 30 min. DNA partitions strongly into the dextran-rich phase of this ATPS,10 so once
it enters it is largely retained. Lower DNA concentration in the continuous phase limits
uptake in droplets away from the site of mixing. Transfer between adjacent droplets was
strongly dependent on DNA length, with the longer oligonucleotide exhibiting much
slower migration of labeled DNA across the field of droplets (Supplementary Figure 2-6).
This observation, along with similar extent of diffusion at the first time point, is consistent
with the length-dependence of nucleic acid partitioning wherein longer oligonucleotides
strongly favor the dextran-rich phase.10 The accumulation of oligonucleotides from the
continuous exterior phase generates a biofunctional microenvironment within the
stabilized, macromolecularly crowded aqueous droplets.

This suggests possible
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application of these all-aqueous emulsions as microscale bioreactors where local
concentrations of catalytic and crowding agents are maintained not by physical entrapment,
but by preferential partitioning.
2.2.4 All-Aqueous Emulsion Droplets as Microscale Bioreactors. We tested the ability
of the above structures to serve as bioreactors by performing a ribozyme cleavage reaction
using a two-piece hammerhead ribozyme. Figures 2-5a and 2-5b illustrate the experimental
design, in which a 43 nt enzyme strand binds to and cleaves a 14 nt substrate strand into 6
and 8 nt products (Supplementary Table 2-1). This ribozyme is effectively confined within
the bioreactor droplets with partitioning coefficient K = 0.0063 ± 0.0002, indicating ~160
× higher equilibrium concentration in the dextran-rich droplets as compared to the PEGrich continuous phase. To monitor the reaction, the substrate strand was labeled with a pair
of fluorescent dyes that exhibit Förster resonance energy transfer (FRET) due to their
proximity.48,49 Upon cleavage of the substrate strand by the enzyme strand, the two dyes
are separated and donor fluorescence increases. In these reactions, changes were made to
protect the liposomes from aggregation by Mg2+ ions, which facilitate RNA enzyme
activity. Liposomes were formed with 50:50 egg phosphatidylcholine and egg PG and an
intermediate chelator, ethylenediamine disuccinic acid (EDDS), was added at 4 mM to
protect the liposomes from aggregation by Mg2+ ions, which facilitate RNA enzyme
activity. This chelator was determined experimentally to preserve liposome stability at 2
mM Mg2+ so that stable droplets could be formed (Supplementary Figure 2-8).
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Figure 2-5. Ribozyme cleavage reaction of a FRET-labeled substrate in an ATPS was
evaluated by PAGE. (a) Fluorescent RNA substrate contains a donor that is quenched by
FRET before cleavage and gains intensity after cleavage. (b) Substrate cleavage (second
arrow) occurs in the microreactor following the addition of RNA enzyme strand (first
arrow). Cleaved RNA products partition into the PEG-rich phase more than the larger
complete substrate. The reaction was run in 2 mM MgCl2 , 4 mM EDDS, and 10 mM Tris
pH 7.5 (see Supplementary Figure 2-7 for importance of intermediate chelation by EDDS)
(c) Gels show the reaction progress with and without liposomes, with controls to observe
any substrate degradation in the absence of enzyme. SHHSM is substrate HH, starting
material. Data are after 1 h of reaction.
Both polyacrylamide gel electrophoresis (PAGE) and confocal fluorescence
microscopy were employed to monitor the cleavage reaction (Figures 2-5 and 2-6,
respectively). PAGE fractionation of isolated PEG-rich and dextran-rich phases yielded
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both reaction progress and partitioning data, while microscopy allowed us to visualize the
reaction in real-time. In Figure 2-5c, Lane 1 of the gel depicts the full-length substrate
starting material in the absence of enzyme, and shows minimal substrate degradation over
the course of the reaction. Lanes 2 and 3 show the ~1:2 partitioning of uncleaved substrate
between the PEG-rich and dextran-rich phases, and lanes 6 and 7 show the same
partitioning trend in the presence of liposomes. The fluorescent substrate and product both
favor the dextran-rich phase, but the partitioning to the dextran-rich phase is considerably
less than for unmodified oligonucleotides of the same length (Supplementary Table 2-1).
We attribute this difference to the fluorescent labels, which contain large aromatic
groups.12 When the enzyme is added the reaction proceeds. Apparent fractions cleaved are
insensitive to the presence of liposomes, but are higher in the PEG-rich phase than the
dextran-rich phase owing to the length dependence of oligonucleotide partitioning (Figure
5c, compare lanes 4 and 5, and 8 and 9; Supplementary Table 2-2).
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Figure 2-6. The liposome-stabilized ATPS emulsion can be used as an RNA cleavage
microreactor. (a and b) Fluorescein channel images showing increase in donor intensity in
the PEG-rich phase over the course of the reaction. An increase in dextran-rich droplet
number in the plane of investigation is due to sedimentation. (c) The Rhodamine channel
shows both acceptor fluorescence (Imaged separately via FRET in Supplemental Figures
2-9 to 2-11) and the liposome tags. The tags appear as the bright ring surrounding the
dextran-rich droplets. (d) Fluorescence emission spectra (Ex: 488 nm) in the PEG-rich
phase are plotted during the reaction. The change comes both from a decrease in quenching
and an increase in concentration due to repartitioning. (e) Reaction progress monitored in
the PEG-rich phase. The values are calculated by subtracting the background to eliminate
drift, and summing data from 520 and 530 nm to capture the donor peak (see Methods).
Plotted is the donor increase in the PEG-rich phase with (blue trace) and without liposomes
(red trace), and degradation in the absence of enzyme (black line). Images for the controls
without liposomes and without enzyme are found in Supplementary Figures 2-10 and 211. The scale bar is 25 µm.
Confocal microscopy and microspectroscopy allowed visualization of individual
droplet bioreactors. As the reaction proceeded, an increase in donor fluorescence was
apparent in the PEG-rich continuous phase (compare Figures 2-6a and 2-6b), consistent
with both loss of FRET and repartitioning of the donor-labeled product strands into the
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PEG-rich phase after enzymatic cleavage within the droplets.

Indeed, the

carboxyfluorescein (FAM)-labeled 6 nt product strand has reduced dextran-rich
partitioning relative to the full-length substrate (Supplementary Table 2-1). Reaction
progress can be monitored by the increase in the donor emission (515-535 nm) from the
PEG-rich phase (Figure 2-6d), and is nearly the same with and without liposomes (Figure
2-6e). Confocal microscopy data also confirmed that liposomes remained at the interface
during the reaction (Figure 2-6c). Hence, RNA catalysis is uninhibited by the liposome
coating on the droplets, which as shown above stabilize the emulsion and provide some
permselectivity. These data demonstrate feasibility of compartments that possess both a
porous interface formed from the assembled liposomes and a macromolecularly crowded
internal microenvironment that is chemically distinct from the external phase to serve as
microscale bioreactors. Strong partitioning of the ribozyme, coupled with weaker
partitioning for the substrate and almost no phase preference for the products helps to
localize the reaction within the droplets and drive it towards completion by Le Chatelier’s
principle.
2.3 Conclusions.
Submicrometer diameter liposomes have been shown to stabilize all-aqueous
emulsions against droplet coalescence. The liposomes partition strongly to the
aqueous/aqueous interface, where they maintain their structure and are relatively immobile
due to electrostatic jamming. This layer of negatively charged liposomes prevents droplet
coalescence

by

electrostatic

repulsion.

These

structures

provide

favorable

microenvironments that support accumulation and reactivity of biomacromolecules as
demonstrated with a ribozyme and can function as bioreactors. The submonolayer of

73
individual PEGylated liposomes stabilizing the aqueous/aqueous interface offers a
biocompatible interface that provides some degree of permselectivity by rejecting > 100
nm liposomes but allowing 43 nt nucleic acids to pass through largely unimpeded. While
the charge stabilization mechanism observed here poses some limits on reaction conditions
for which the emulsion is stable (i.e., ionic strength), this has been overcome here by use
of intermediate chelation and we anticipate that additional stabilization methods, e.g., use
of larger lipid assemblies that offer greater steric stabilization, can be employed to expand
applicable conditions. It is interesting to compare the assemblies observed here for
liposomes at a PEG/dextran ATPS with those recently reported for fatty acid multilayers
accumulating around coacervate droplets.50 It appears that the assembly mechanism and
observed structures are quite different between the fatty acid/coacervate and
liposome/ATPS systems, indicating multiple routes to protocells and/or bioreactors in
which polymer-rich liquid phases could become encapsulated within a semipermeable
coating.
In comparison to traditional giant liposomes, which encapsulate a similar aqueous
volume in a uniform lipid bilayer membrane, the structures introduced here offer (1) facile
encapsulation of macromolecular crowding agents and biomacromolecules by partitioning
into the interior phase, (2) excellent uniformity in droplet size and contents across a
population, (3) much greater access into/out of the interior volume. This could offer
substantial advantages in bioreactor construction, particularly for biomimetic systems
where complex mixtures of macromolecules in nearly identical interior microenvironments
are desirable across a population of bioreactors, and where the impermeability of giant
vesicle lipid bilayer membranes to even relatively small solutes restricts the types of
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reactions that can be performed. The observation that aqueous/aqueous interfaces can
template assembly of liposome submonolayers also suggests the intriguing possibility that
such structures could ultimately be converted into contiguous lipid bilayer membranes by
rupture and in-plane restructuring of the assembled liposomes, similar to the formation of
supported lipid bilayers on bare and polymer-coated solid surfaces.51–53 Such a process
would be of interest for generating uniform populations of “pre-loaded” artificial cells and
could serve as a mechanism for cellularization of primitive Pickering-style protocells.
2.4 Materials and Methods.
2.4.1 Materials. For ATPS preparation, dextran 10 kDa was supplied by Sigma and PEG
8 kDa by Amresco. L-α-phosphatidylglycerol (sodium salt) (egg PG), 1,2-dioleoyl-snglycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl) (ammonium salt)
(DOPE-Rh),

1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(7-nitro-2-1,3-

benzoxadiazol-4-yl) (ammonium salt) (DOPE-NBD), and 1,2-dioleoyl-sn-glycero-3phosphoethanolamine-N-[methoxy(polyethylene glycol)-2000] (ammonium salt) (DOPEPEG2k) were obtained from Avanti Polar Lipids (Alabaster, AL), and came dissolved in
chloroform. Water was purified to 18.2 MΩ (Barnstead) and passed through a 20 nm pore
filter (Whatman). 99.0% sodium chloride was supplied by BDH. EDDS was supplied by
Sigma. DNAs for diffusion probes were obtained from IDT, and had the structures 5’/5Alexa488N/CTC ATT GAT GGT CTC TTT TAA CAT TTG CAT TGC TGC CTG ATG
T -3’ and 5’- /5Alexa647N/TTT TTT TTT TGC CAT CAA GA -3’. All reagents were of
highest available purity unless specified otherwise.
2.4.2 Preparation of ATPS. A stock ATPS was prepared by massing PEG, dextran, and
water in a glass container and stirring until dissolved. The mixture was allowed to sit
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overnight or centrifuged at 5000 × g. When fully settled, both phases appear clear. Volume
ratios were prepared by separating and recombining phases from the stock.
2.4.3 Preparation of Liposomes. The gentle hydration method was used to prepare a
mixture of giant unilamellar and multilamellar liposomes. To prepare PEGylated
liposomes, 98.4 mol% egg PG, 0.1 mol% DOPE-Rh, and 1.5 mol% DOPE-PEG2k were
mixed and diluted to 10 mg/mL (usually in 100 µL total volume) of chloroform in glass 12
× 75 mm culture tube. UnPEGylated liposomes were prepared identically but with
PEGylated lipid omitted. NBD-labeled liposomes were created by replacing DOPE-Rh
with 0.5 mol% DOPE-NBD and replacing 0.4 mol% of the egg PG. Chloroform was
evaporated with a low Argon flow (< 1 psi) while rotating the vial to create a thin lipid
film. The vial was then dried under vacuum for 2 h to remove residual chloroform.
Sufficient volume of PEG-rich or dextran-rich aqueous phase was added to the vials to
make a lipid concentration of 2.5 mg/mL and they were covered and stored at 37-40°C for
two days to hydrate. The hydrated lipids were then extruded with 11 passes through a 200
nm pore size filter (Whatman filters, Avanti Mini-Extruder). Liposomes in dextran-rich
stock solutions for inverted emulsions were prepared by the same means, but hydrated with
dextran-rich phase.
2.4.4 Bulk Stability. Bulk stability was assessed by turbidity, as measured using an
absorbance spectrophotometer. Samples were prepared by mixing 242.5 µL liposomePEG-rich stock, 727.5 µL PEG-rich phase, and 30 µL dextran-rich phase, and the
liposome-free controls were prepared with 970 µL PEG-rich phase, and 30 µL dextran-rich
phase. Pre-analysis mixing was done immediately before taking readings with 30 s of
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vortexing. A HP 8453 UV-vis spectrophotometer with a quartz cuvette was blanked on
PEG-rich phase and extinction was monitored at 900 nm for 10 h.
2.4.5 Light Scattering. Dynamic light scattering was used to monitor liposome size. All
samples were prepared and run in triplicate using a Malvern Zetasizer NanoZS that
measures hydrodynamic radius by the cumulants method from the intensity-derived
correlation function.

For experiments where emulsions were dissolved to release

liposomes for re-sizing (Supplementary Figure 2-3), samples were prepared by making a
large emulsion (0.8 mL) containing 770 µL liposomes in PEG-rich phase at 2.5 mg/mL
total lipid and 24 µL dextran-rich phase. At each time point, 100 µL of the emulsion were
removed and diluted with 900 µL of isotonic (300 mOsm) fructose solution to be analyzed.
Initial size was determined by freshly combining 97 µL of liposome PEG-rich stock
solution, 3 µL of dextran-rich phase, and 900 µL of fructose solution.
2.4.6 Slide Preparation and Imaging. The liposome in PEG-rich phase stock solution was
diluted by additional PEG-rich phase to create a range of concentrations in a 0.5 mL
centrifuge tube, then 3 % by volume of dextran-rich phase was added (volume ratio 3 parts
dextran-rich:97 PEG-rich, total volume 200 µL). Samples containing NaCl were made by
using NaCl dissolved in PEG-rich phase to dilute the liposome stock solution. PEG-rich
and dextran-rich aqueous phase volumes were switched when forming inverted emulsions
(i.e., 97:3). The samples were vortexed at max for 30 s to create a uniform emulsion and
50 µL portions were added to slides for imaging. Unless specified, slides were given 1+ h
to settle before imaging. For samples where dextran was the dispersed phase, and
consequently droplets sediment, images were acquired with a Leica TCS SP5 inverted
confocal microscope at 63x magnification and native zoom. Rhodamine was excited with
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a 543 nm HeNe laser and fluorescence was detected using a 488/543 double dichroic
beamsplitter and emission window from 555 to 650 nm. Images were acquired at 1024 ×
1024 or 2048 × 2048 resolution, and 8-bit depth. Bleached areas were bleached with
combined 488 nm and 543 nm laser lines at increased intensity.
Inverted 3:97 samples were imaged on an Olympus FV1000 upright confocal
microscope to view floating PEG-rich droplets. The data were acquired at 60x
magnification with 543 nm excitation, a Rhodamine red X filter set, 2048 × 2048
resolution, and 8-bit depth. All samples used 1.5 thickness coverslips, silanized by reaction
with gas phase dichlorodimethylsilane, and 20 mm diameter by 0.5 mm deep silicone
spacers.
Raw data of images were exported as monochrome .tif files. All images use linear
monochrome look-up tables, and brightness settings where adjusted evenly across image
sets with ImageJ and/or Microsoft Powerpoint software for better viewing. Images with 2channel overlays were combined at 50 % opacity each channel in ImageJ, and subsequently
brightened for viewing. Combined images were adjusted to 300-1200 dpi in Adobe
Illustrator.
Samples combining Rhodamine and nitrobenzoxadiazole PEGylated liposomes at
increased ionic strength (Figure 2-3) were made by making separate stock solutions
followed by separate emulsions for each dye at 6.8 × 1014 liposomes/L. Drops (20 µL) of
each were placed side by side on a coverslip, and combined by adding a top coverslip. The
area where the drops made contact was observed.
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2.4.7 Droplet Size Analysis. The size of stabilized droplets in Figure 2-2 was determined
by measurements in ImageJ. The diameter across the x-axis was measured for the 50
droplets nearest to the center of the image for 9 images of different spots within each of
the samples. Measurements were acquired from the fluorescence channel, with droplets
having out-of-plane equators excluded from measurement.
2.4.8 Diffusion Experiments. For liposome probes, a sample was prepared with 16 µL of
2.5 mg/mL PEGylated, Rhodamine-tagged liposomes in PEG-rich stock solution (1.1 ×
1015 liposomes/L), 178 µL of PEG-rich phase, and 6 µL dextran-rich phase. This mixture
was vortexed and allowed to settle on an uncovered microscope slide for 40 min in a
contained, humid environment. Next, 20 µL of 2.5 mg/mL unPEGylated, NBD-tagged
liposomes in PEG-rich stock solution were then added to the settled sample and left to
settle in a humid environment for 4 h before adding a slide and imaging. For the mixed
control, the same sample was prepared, but 20 µL of 2.5 mg/mL unPEGylated, NBDtagged liposomes in PEG-rich stock solution were added to the original emulsion before
vortexing, assembling a slide, and imaging. The control without a stabilized emulsion was
prepared by making the mixed control, but leaving out the PEGylated liposomes. NBD was
imaged using a 488 nm Argon ion laser.
For DNA probes, a sample was prepared with 5 µL of 2.5 mg/mL PEGylated,
Rhodamine-tagged liposomes in PEG-rich stock solution (3 × 1014 liposomes/L), 189 µL
of PEG-rich phase, and 6 µL dextran-rich phase. The mixture was vortexed and 20 µL of
the emulsion was carefully placed on a coverslip and allowed to settle for 40 min in a humid
atmosphere. A second 20 µL drop containing ~0.5 µM fluorescent DNA was added to the
coverslip beside the emulsion drop but not touching. A top coverslip was then gently added
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that forced the two drops together, and imaging was started immediately. The DNA was
tagged with Alexa-488 or Alexa-647, and was imaged with a 488 nm argon ion laser or
633 nm HeNe laser, respectively.
2.4.9 Evaluation of Chelators. The hammerhead ribozyme requires Mg2+ to react in the
modest ionic conditions used herein, but Mg2+ when added in appreciable amounts to the
ATPS emulsion caused irreversible aggregation of the liposomes. To overcome this
problem, we used the chelator, ethylenediamine disuccinic acid (EDDS), to control the
available Mg2+. Since EDDS’s association constant is about 106,54,55 it should bind Mg2+
stronger than the liposomes, but weak enough to leave some of it available to the RNA. A
screen of Mg2+ and EDDS concentrations revealed that liposomes remained intact with a
concentration of 2 mM Mg2+ and 4 mM EDDS, while conventional PAGE assays revealed
that the hammerhead ribozyme studied herein was still catalytically active (Supplementary
Figure 2-7).
2.4.10 RNA Preparation and PAGE. The hammerhead ribozyme is a shortened construct
derived from the Schistosoma mansoni sequence.56,57 Enzyme strand was prepared by in
vitro T7 transcription similar to published procedure.10 It was transcribed from a template
DNA oligonucleotide (Integrated DNA Technologies, IDT). The enzyme transcription
reaction was in a 100 µL total volume containing 0.7 µM DNA template, and was incubated
at 37 °C for 4 h. The transcription reaction was terminated by adding an equal volume of
95% formamide loading buffer. The reaction mixture was then fractionated on an 8%
denaturing PAGE gel. The RNA was visualized by UV shadowing and the RNA was
excised and eluted in 10 mM Tris (pH 7.5), 1 mM EDTA, and 250 mM NaCl (TEN250).
RNA was ethanol precipitated and brought up in TE. The enzyme sequence is 5’ GGA
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UCC AGC UGA UGA GUC CCA AAU AGG ACG AAA CGC GCC UAA C. The
substrate was purchased from IDT and denaturing PAGE gel purified as described above.
The substrate sequence was labeled with two dyes to serve as a FRET pair; its sequence is
5’ TAMRA-CGU GCG UCC UGG AU-FAM.48,49
Ribozyme partitioning and cleavage was assessed in ATPS/liposome emulsion and
the resultant fragments were fractionated by PAGE. The ATPS was prepared as described
above. Liposomes were also prepared as described above, but with replacement 50% of the
negatively charged egg PG with zwitterionic egg PC to reduce interaction with Mg2+. The
ATPS volume ratio was 1.2:1 PEG-rich phase relative to dextran-rich phase. Enzyme
strand RNA was renatured at 90 ˚C in TE for 3 min and cooled at room temperature for 10
min. An ATPS/liposome emulsion was prepared with a total volume of 100 µL, with final
concentrations of 2 mM Mg2+, 4 mM EDDS, 1.4 × 1015 liposomes/L, 0.5 µM fluorescently
labeled substrate, and 5 µM enzyme strand. Partitioning experiments were performed with
only substrate present or with both substrate and enzyme present. When enzyme strand was
absent, water was added to ensure same final concentration between experiments. The
order of addition was Mg2+, EDDS, PEG-rich phase, substrate strand, liposomes, dextranrich phase, and finally enzyme. The ATPS was well-mixed initially and then mixed by
rotating at a rate of 1 inversion per second. Partitioning experiments were carried out at 23
˚C for 1 h to ensure complete partitioning. Following mixing, ATPS were centrifuged to
separate the two phases. Samples from the PEG- and dextran-rich phases were collected
by removing 5 μL of each phase with a pipette. These portions were separately added to an
equal volume of 95 % formamide loading buffer and fractionated on a 16 % PAGE gel.
Gels were run at 15 W for 0.5 h and analyzed using a PhosphorImager (Molecular
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Dynamics). The FAM fluorescence was obtained using an excitation wavelength of 488
nm and emission wavelength of 532 nm. The TAMRA fluorescence was obtained using an
excitation wavelength of 532 nm and emission wavelength of 580 nm. Gels were analyzed
using ImageQuant software (Molecular Dynamics) for determination of partitioning
coefficient K values. Gel images were overlaid using Adobe Photoshop.
Intensity of substrate and product bands was calculated using ImageQuant
software. A background intensity from the expected location of product in lane 1 (no
enzyme strand) was subtracted from all reactions. Fraction cleaved was calculated by
dividing a background-band intensity by the sum of the corrected product and substrate
intensities (fc = Iproduct / (Iproduct + Isubstrate)). Gels were run in duplicate; calculated error
reported in Supplementary Table 2-2 is percent difference between the samples in the two
gels.
2.4.11 Microreactor Imaging. ATPS and liposomes were matched to conditions used for
PAGE. The volume ratio of the ATPS was 97:3 PEG-rich phase to dextran-rich phase.
Enzyme strand RNA was renatured at 90 ˚C in TE for 3 min and cooled at room
temperature for 10 min. An ATPS/liposome emulsion was prepared with a total volume of
100 µL, with final concentrations of 2 mM Mg2+, 4 mM EDDS, 1.4 × 1015 liposomes/L,
0.4 µM fluorescently labeled substrate, and 1.4 µM enzyme. For controls, enzyme solution
was replaced with water, and liposome solution was replaced with PEG-rich phase. The
order of addition was Mg2+, EDDS, PEG-rich phase, substrate strand, liposomes, dextranrich phase, and enzyme strand. The reaction was initiated homogenously to avoid
convection in substrate distribution. Homogenous samples were vortexed after all
components were added, then a slide was immediately prepared. Each reaction was carried
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out at 23 ˚C. Reactions were monitored using a Leica TCS SP5 confocal instrument with
excitation at 488 nm (for FAM) and 543 nm (for TAMRA). For spectra acquisition, a 10
nm emission window from 500-650 nm in 10 nm step sizes was used. The wavelength
reported on fluorescence images is the center of the emission window. Time points were
captured every 3 minutes manually to assess ribozyme cleavage. In addition to the RNA
fluorescence, the fluorescence of the Rhodamine-labeled liposomes was monitored to
evaluate stability of the emulsion. The liposomes were imaged concurrently with TAMRA,
due to spectral overlap. Donor emission was quantified by averaging three 5 × 5 µm boxes
from the PEG-rich phase. Figure 2-6e was produced by first subtracting the lowest value
in each spectrum from all values to eliminate drift. Since peak donor fluorescence was
between 520 and 530 nm (apparent in Figure 2-6d), the values from both were summed at
each time point to create each line.
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2.5 Supplementary Information.
2.5.1 Supplementary Figures.

Supplementary Figure 2-1. Bulk stability of ATPS emulsions. Light scattering measured
at 900 nm as absorbance on a UV-visible spectrophotometer shows the difference in bulk
stability of the ATPS with and without liposome stabilization. Photographs of the bulk
solutions indicate increased stability with a cloudy appearance after one day of elapsed
time. This is consistent with stabilized droplets that would not coalesce, and as a result stay
suspended longer.
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Supplementary Figure 2-2. Isotonic dissolution of microreactors. Isotonic dilution
eliminates the phases and releases liposomes into solution. Incomplete dilution decreases
the dispersed phase volume, leading to reduction in number and size of liposome-stabilized
droplets and an increase in liposome-associated fluorescence in the continuous phase.
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Supplementary Figure 2-3. Dynamic light scattering screen for aggregation or fusion.
Liposomes can be released from the ATPS interface by diluting the solution to convert the
system to a single phase. The average size of liposomes remains the same after extended
time at the aqueous/aqueous interface prior to release by ATPS dilution. As determined by
DLS the initial size of PEGylated liposomes was 129 ± 2 nm. Polydispersity Index (PDI)58
is measured from cumulants analysis of the correlation data. Lower numbers indicate
higher monodispersity, with an applicable range between 0.05 and 0.7.
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Supplementary Figure 2-4. Mixing allows liposome exchange between droplet
populations. Vigorous mixing causes disruption of the liposome layer at droplet interfaces.
Rhodamine and NBD labeled liposomes were used to form separate emulsions. The two
emulsions were then combined and mixed for 30 s by vortexing; this resulted in emulsion
droplets with claddings containing a homogenous mixture of both liposome populations.
The Rhodamine-labeled droplets were initially larger, corresponding with concentration
1.4 × 1015 liposomes/L. The NBD droplets were smaller, corresponding with concentration
3.4 × 1015 liposomes/L. The intermediate average droplet size in post-mixing samples is
also consistent with droplet dispersion and reformation.
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Supplementary Figure 2-5. Liposome probes of interface permeability. Other liposomes
do not cross the liposome monolayer at the interface. NBD-labeled (green) egg PG
liposomes without PEGylation were used to probe Rhodamine-labeled (red) liposome
monolayer (1.1 × 1015 liposomes/L) at the interface. In the left image, the unPEGylated
liposomes were added without PEGylated liposomes present; these (green) liposomes
partition into the droplet interior and hence can be used as a probe for transport across the
interface. In the center image, unPEGylated liposomes were initially vortexed with
PEGylated Rhodamine liposomes and are able to partition to the dextran-rich phase. In the
right image, the PEGylated liposomes were used to form the emulsion and the
unPEGylated NBD liposomes were added after it had settled. The unPEGylated NBD
liposomes fail to cross the interface and partition into the dextran-rich phase after 4 h, and
instead remain diluted in the continuous PEG-rich phase (note that due to the much larger
volume of the continuous phase above the sedimented droplets in the image, the green
fluorescence of liposomes that did not enter the droplets is dilute and not apparent in the
image on the right).
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Supplementary Figure 2-6. PEGylation affects liposome partitioning. Increasing the
portion of PEG 2000 Da lipid in the membrane changes partitioning from favoring the
dextran-rich phase to favoring the interface. After the mushroom-to-brush transition at 1.4
%,59 liposomes are overwhelmingly observed at the interface and provide reliable
stabilization.
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Supplementary Figure 2-7. 43nt DNA diffusion in droplets. The diffusion of Alexa-488labeled 43 nt DNA is much slower than of 20 nt DNA (Figure 2-5). The droplet-to-droplet
transfer of DNA after initial mixing is dependent on DNA length. The longer DNA
transfers slower due to both size and partitioning. Size limits the diffusion of the DNA in
the crowded media, and partitioning represents lower concentration in the continuous phase
to access other droplets. Droplets were formed with 3 × 1014 liposomes/L.
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Supplementary Figure 2-8. Intermediate chelation by EDDS. EDDS was evaluated for
intermediate chelation of Mg2+ by competition of Mg2+ binding between liposomes and
EDDS. MgCl2 concentration was first increased until liposome damage was observed.
EDDS was then added, and liposomes with phosphatidylglycerol (PG) (upper row) and
with both phosphatidylcholine (PC) and PG (lower row) were observed without
aggregation. These data indicate that EDDS binds Mg2+ strongly enough to outcompete
liposomes. Based on these results, the microreactors were formed using 2 mM MgCl2, 4
mM EDDS, and 50:50 PC:PG liposomes.
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Supplementary Figure 2-9. Confocal microscopy of microreactors. The hammerhead
cleavage reaction as observed by FRET with confocal microscopy. The 520 nm FAM
(green) donor fluorescence on the left indicates a higher donor concentration in the PEGrich phase 30 min after adding enzyme. The 580 nm (red, center) fluorescence signal at
488 nm excitation confirms the presence of intact substrate via FRET excitation of the
TAMRA. This signal was ignored for quantification due to interference from donor
emission, as reported in the spectra in the upper right for the PEG-rich phase. The lower
right shows direct excitation of TAMRA acceptors and Rhodamine-labeled liposomes by
543 nm light, and the increased signal at the interface shows that the liposomes are still
present after the 30 min reaction and inhibiting coalescence. The increased number of
droplets in the field of view between 0 and 30 min is from sedimentation onto the freshly
prepared slides during observation.
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Supplementary Figure 2-10. Confocal microscopy control for substrate degradation.
These data control for the FRET-monitored hammerhead cleavage reaction by determining
the contribution of substrate degradation in the absence of enzyme strand. As shown in the
upper right panel, the change in fluorescence intensity for the entire spectrum is minimal
over the 30 min reaction time in relation to experimental error (spectrum of fluorescein in
the PEG-rich phase), and in relation to the data in Supplementary Figure 2-9. No significant
change in intensity is observed in the donor (Em: 520 nm) or acceptor (Em: 580 nm)
channels. The Rhodamine (Ex: 543 nm) channel shows the location of the TAMRA
acceptors and Rhodamine-labeled liposomes after the 30 min reaction time. The increased
number of droplets in the field of view between 0 and 30 min is from sedimentation onto
the freshly prepared slides during observation.
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Supplementary Figure 2-11. Confocal microscopy control for liposomosal interference.
These data control for the FRET-monitored hammerhead cleavage reaction to determine
the effect of liposomes on substrate diffusion. Liposomes were removed while all other
components remained present. In the images, the donor signal in the PEG-rich phase is
observed to increase. Substrate fluorescence spectra are graphed in the upper right panel.
The concentration of cleaved donor fragment was observed to increase in the PEG-rich
phase slightly faster than with liposomes present (Figure 2-6e). The images show greater
droplet dispersity than in the presence of liposomes (Figure 2-6) after 30 min, which
demonstrates liposomal inhibition of droplet coalescence. The increased number of
droplets in the field of view between 0 and 30 min is from sedimentation onto the freshly
prepared slides during observation.
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2.5.2 Supplementary Tables.

Supplementary Table 2-1. Partitioning of relevant RNA strands. Partitioning constants
for hammerhead enzyme, substrate, and product nucleic acids were determined by PAGE.
The fluorescent labels used for confocal microscopy markedly increased the molecules’
affinity for the PEG-rich phase. 32P-labeled data comes from previous work.10
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Supplementary Table 2-2. Apparent fraction cleaved of fluorescent substrate. Apparent
fraction cleaved was calculated from fluorescence emission of each tag. PEG-rich and
dextran-rich fraction cleaved for samples containing enzyme was similar for both dyes,
with and without liposomes present. These data indicate the reaction progresses at these
conditions, and does so without significant interference from liposomes. Fraction cleaved
values are apparent because partitioning, FRET, and liposomal Rhodamine tags can all
interfere with measurement. * indicates lane used for background subtraction. A
representative PAGE gel for this table is found in Figure 2-5c. Gels were run in duplicate;
calculated error reported is percent difference between the samples in the two gels.
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2.5.3 Supplementary Note 2-1: Geometric Estimation of Surface Coverage and Droplet
Size. The general form for the predicted size of droplets for a given surface area (Figure
2-2b, blue lines) was determined by first defining the number of drops in solution by
volume and by surface area using the volume and surface of a sphere, respectively.
VTotal

Supplementary Equation 2-1: N Droplets 

Supplementary Equation 2-2: N Droplets 

4
   rDroplet 3
3

ATotalInterface
4    rDroplet 2

In Supplementary Equations 2-1 and 2-2, NDroplets refers to the total number of droplets,
rDroplet refers to the radius of a single droplet, and VTotal and ATotalInterface respectively refer
to total volume and area of dispersed phase. Since the number of droplets present is a
single value for a given sample, Supplementary Equations 2-1 and 2-2 can be set equal
and reduced.
Supplementary Equation 2-3: rDroplet 

3  VTotal
ATotalInterface

Therefore, if the volume of the dispersed phase and the area occupied at the interface by
liposomes are known, then the radius can be predicted. The volume is easily known from
the dextran-rich phase added. The area occupied by liposomes, which is the surface area
of all droplets, can be estimated from the amount of lipid used to create liposomes by
using literature values and basic assumptions detailed below. First the area of bilayer
(ABilayer) can by calculated by:
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Supplementary Equation 2-4: ABilayer 

[ LiposomeStock ]  VLiposomeStock  N A  ALipidMolecule
mwLipid  2

Where [LiposomeStock] is the concentration of the liposome solution in mg/L, VliposomeStock
is the volume of lipids in hydrated in PEG-rich phase used to create the emulsion, NA is
Avogadro’s Number, ALipidMolecule is the space occupied by a headgroup in a bilayer from,59
mwLipidMolecule is the molecular weight of the lipid, and 2 is to calculate a bilayer instead of
a monolayer. Next, ABilayer is used to find the planar area occupied by close-packed
liposomes by:

Supplementary Equation 2-5: N Liposomes 

Supplementary Equation 2-6: ATotalInterface 

ABilayer
4    rLiposomes 2

NLiposomes   rLiposome2

Supplementary Equation 2-7: ATotalInterface 

0.9069
ABilayer
3.6276

Supplementary Equation 2-5 calculates the number of liposomes (NLiposomes) from the
surface area of a sphere where rLiposome is the radius of a liposome. Supplementary
Equation 2-6 calculates the area at the interface (ATotalInterface) that can be occupied by
liposomes based on the circumference of a sphere, and close-packing area efficiency.
Note that these equations do not include a correction for any increased liposome packing
due to droplet curvature; this assumption is most accurate for large emulsion droplets,
rDroplet >> rLiposome.
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To solve for the droplet radius at experimental conditions, Supplementary Equations 2-3
and 2-7 can be combined to form Supplementary Equation 2-8. Then, at the experimental
conditions of 6 uL dextran-rich phase (VTotal), 2.5 mg/mL lipid concentration to form
liposomses [LiposomeStock], 0.0194 mL of stock added (VLiposomeStock), 0.65
nm2/molecule for headgroup size (ALipidMolecule), and 771 g/mol to represent the egg PG
composing the membrane. For this example lipid/liposome concentration, the radius of
the droplet is predicted to be 5 µm that is near the data value of 4 µm (Figure 2-2).
Supplementary Equation 2-8:
rDroplet 

3  VTotal
 [ LiposomeStock ]  V LiposomeStock  N A  ALipidMolecule

mwlipid  2



 / 3.6276
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Chapter 3.
Polymer Crowding to Influence Particle Adsorption in Pickering Emulsions
Contents of this chapter are adapted for a manuscript in preparation and Fatma Pir has
assisted preliminary in data collection for section 3.2.1. Glesmarie Ortiz Zayas assisted in
collecting the data in Section 3.2.3.
Abstract
Depletion forces from macromolecular crowding are investigated in relation to
Pickering emulsification. In an aqueous-oil (hexadecane) system, silica particles succeed
or fail in stabilizing oil dispersed phase droplets depending on poly(acrylic acid) 2.1 kDa
(PAA) concentration. PAA competes with silica particles at the interface in low PAA
concentration, and depletion forces drive the silica back to the interface at high PAA
concentration. An aqueous two-phase system differs from an oil-water interface in that the
interface does not exist until macromolecules are present in sufficient concentration, and
macromolecular crowding is present on both sides of the interface. Confinement of
carboxylated polystyrene particles at the interface of a poly(ethylene glycol) 8 kDa-dextran
10 kDa system is observed in relation to increasing polymer concentration and interfacial
tension. The Pickering emulsions created by carboxylated polystyrene at the ATPS
interface exhibit properties similar to oil-water emulsions, where bridging leads to droplet
distortions and dispersed phase-particle networks. Contact angle, surface tension
measurements, and fluorescence microscopy are used to characterize emulsions.
3.1 Introduction.
Systems containing high concentrations of macromolecules, phase separation, and
particles are useful for many industrial applications, such as pharmaceuticals, foods,
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cleansers, and lubricants.1–4 Macromolecularly crowded phases and oil-water emulsions
are also of interest in understanding biological processes such as cellular
compartmentalization and protein function in their native environment.5,6 Pickering
emulsions are a subset of kinetic emulsions that form when particles adsorb to a liquidliquid or liquid-gas interface.7 Pickering emulsions prevent coalescence by a steric kinetic
mechanism that applies when electrostatic forces are too weak to prevent collisions
between particles. Particle adsorption to the interface in Pickering emulsions is described
by:
Equation 3-18,9: ΔE = -π·r2·γPh1/Ph2(1-|cosθc|)2
where ΔE is the energy change associated with adsorption, r is the particle radius, γPh1/Ph2
is the surface tension between phases, and θc is the contact angle of the particle at the
interface. In this description, the forces causing interfacial capture are wetting of the
particle by each phase and the energy released by minimizing interfacial area. Neat small
molecule solvents and immiscible polymer blends both exhibit predictable stabilization
based on measured surface tensions as well as dispersive and polar contributions to
interfacial tension.10–13
Particles in solution are influenced by depletion forces when in the presence of
macromolecular crowding agents.14–18 Depletion forces are a result of osmotic pressure
when smaller particles are excluded from the space between larger particles. The crowded
solution can cause separation into particle-rich and polymer-rich phases, and increase the
interactions between particles and container walls (solid-liquid interface).17,19,20 Crowding
has been observed to drive particles into each other and walls by dispersion forces in both
non-polar solvents20 and water, and Debye length was found to contribute to crowding in
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aqueous experiments.19 Depletion forces may affect particle adsorption and cause
Pickering emulsification to have greater complexity than predicted by Equation 3-1, such
as adsorption at lower than predicted interfacial tension.
Here, the depletion forces that drive aqueous phase separation are examined as a
source of interfacial sequestration of silica particles in an oil (hexadecane) and aqueous
(sodium chloride solution) phase system, in which crowding in the aqueous phase is varied
by addition of poly(acrylic acid). In the case of liquid-liquid interfaces, interfacial
sequestration observed at liquid-solid interfaces is used to form emulsions. Capture of
carboxylate-functionalized polystyrene particles at an aqueous-aqueous interface is also
observed with respect to interfacial tension as varied by total polymer concentration of a
PEG-dextran ATPS.
3.2 Results and Discussion.
Aqueous-hexadecane systems containing 20, 100, and 160 nm silica particles were
crowded with PAA to explore the effects of dispersion forces on particle confinement at
the interface. PAA was found to compete with particles at the interface at low
concentrations, and then to promote particle adsorption to the interface at higher
concentrations in a manner best explained by dispersion forces. The drive of particles
toward the interface was observed in the creation of oil in water Pickering emulsions.
Particles were also confined at ATPS interfaces, where crowding and dispersion
forces not only drive particles to interact with the interface, but create the low-tension
interface. The minimum polymer concentration to confine particles was observed as well
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as particle bridging to create droplet distortions and phase-bead networks that depend on
phase volume and particle concentration.
3.2.1 Aqueous Phase Crowding to Cause Pickering-Type Stabilization of an OilWater Interface. PAA was used to crowd silica particles in a hexdecane-aqueous emulsion
because it does not adsorb to silica. Sodium chloride at 100 mM was present to screen
electrostatic forces to isolate the influence of crowding. PAA adsorbs to the oil-water
interface when charge screening is present,21,22 and so relatively low molecular weight 2.1
kDa PAA was used to reduce interfacial adsorption.
Figure 3-1 introduces 20 nm silica particles to the system at a concentration of
0.048% by weight in the aqueous phase. With no PAA present, layers of droplets are visible
in brightfield and a cloudy top phase in photographs. The silica particles stabilize the
aqueous-hexadecane system adsorbing to the high energy interface (Table 3-1). When PAA
is introduced at 1.25% concentration, it reduces the interfacial tension, the silica particles
no longer adsorb, and the layered droplets and cloudy top phase indicative of a stable
emulsion are no longer observed. PAA concentrations from 1.25% to 5% lack indicators
of emulsification. At 10% and 20% PAA, layered droplets and cloudy top phase are
observed. When the crowding agent is of sufficient concentration, depletion forces
encourage particles in solution to interact with interfaces such as container walls17 and in
this case the aqueous-hexadecane liquid-liquid interface. As a result, silica particles are
trapped by the interface to form a Pickering-type emulsion.
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Figure 3-1. Aqueous-hexadecane systems with 20 nm silica particles and varied PAA
concentration in the aqueous phase. The three columns on the right are representative
brightfield images of samples dispersed immediately before preparing microscope slides
and the leftmost column is photographs of the systems prepared and settled in bulk using
500 µL centrifuge tubes. In the microscope images, layered droplets causing scattering are
indicative of emulsification, and in photographs a cloudy top phase is indicative of
emulsification.
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Table 3-1. Aqueous-hexadecane interface characterization with varying concentration of
polyacrylic acid 2.1 kDa (left). Surface tensions were measured by pendant drop method
on 4 µL drops with n = 10 measurements for 3 drops. Contact angles were measured from
brightfield microscopy images using 4.74 µm silica particles, n = 25. Contact angles were
measured such that values < 90° are indicative of preferential wetting by the aqueous phase
(right).
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Figure 3-2. Aqueous-hexadecane systems without silica particles and varied PAA
concentration in the aqueous phase. The three columns on the right are representative
brightfield images of samples dispersed immediately before preparing microscope slides
and the leftmost column is photographs of the systems prepared and settled in bulk using
500 µL centrifuge tubes. In the microscope images, layered droplets causing scattering are
indicative of emulsification, and in photographs a cloudy top phase is indicative of
emulsification.
Figure 3-2 shows the phases in the presence of varied PAA concentration without the
addition of silica particles. In the photographs of bulk systems, the upper hexadecane phase
is clear. Brightfield images exhibit individual oil droplets as a result of slide geometry, but
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the droplets do not form layers that would indicate emulsification. Specifically, these data
indicate that 2.1 kDa PAA does not emulsify the aqueous-hexadecane system.
Figure 3-3 repeats the experiment in Figure 3-1, but with 50 nm silica particles at
0.27% by weight in the aqueous phase. The trends observed are very similar, but the
emulsion formed without PAA is less uniform. The difference is attributed to higher
interfacial adsorption, which can better stabilize small drops and is less likely to have
particles desorb to permit coalescence. The yield and uniformity of stabilized droplets is
also higher at 10% for 50 nm particles than 20 nm particles. This result is consistent with
dispersion forces creating a greater interfacial drive with large particles, as well as higher
ideal surface coverage (0.0047 m2: 0.0021 m2 50 nm: 20 nm) as calculated from particle
concentration with monolayer hexagonal packing at the interface.
To further confirm the presence or absence of particles at the interface, Cy3
fluorescent 100 nm silica particles were used as probes. Figure 3-4 fluorescence reveals
particle locations consistent with the data in Figures 3-1 and 3-3. When PAA is present,
clumps of particles are visible in the fluorescence that are consistent with phase formation
by depletion forces. Increased particle concentration at droplet interfaces is observed
without PAA and at the highest PAA concentrations. These conditions correspond to the
conditions where stabilized droplets are observed with 20 nm and 50 nm particles that were
prepared with high particle concentration.
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Figure 3-3. Aqueous-hexadecane systems with 50 nm silica particles and varied PAA
concentration in the aqueous phase. The three columns on the right are representative
brightfield images samples dispersed immediately before preparing microscope slides and
the leftmost column is photographs of the systems prepared and settled in bulk for 2+ hours
using 500 µL centrifuge tubes. In the microscope images, layered droplets causing
scattering are indicative of emulsification, and in photographs a cloudy top phase is
indicative of emulsification.
Particle capture at liquid-liquid interfaces is described by Equation 3-1, where
interfacial tension, particle size, and wetting determine capture. Using 4.74 µm silica
particles to resolve and measure contact angles at the aqueous-hexadecane interface and
pendant drop tensiometry to measure the interfacial tension (Table 4-1), probability of
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particle escape can be found by comparing energy displaced to thermal energy found from
Boltzmann’s constant and temperature (kBT). Interfacial energy displacement values for 20
nm and 50 nm particles range from (-2.1 ± 0.4) × 10-15 to (-3.6 ± 0.8) × 10-15 mJ and from
(-1.0 ± 0.2) × 10-14 to (-1.7 ± 0.5) × 10-14 mJ based on Table 3-1, respectively. The thermal
energy from kBT at 20°C is only 4 × 10-18 mJ, so a particle at the interface has a low
probability of leaving.
Pickering emulsions are predicted in all cases, yet 1.25-5% PAA samples are not
stabilized by the particles. With 100 mM NaCl present to screen charge, PAA 2.1k is
expected to bind weakly to the aqueous-hexadecane interface, and the pendant drop data
in Table 3-1 indicates it is acting as a weak surfactant. Unstabilized oil droplets from the
control in Figure 3-2 indicate that PAA adsorption is insufficient to prevent coalescence of
large oil drops, but it may pose a kinetic barrier to silica particle adsorption. At 1.25% PAA
2.1 kDa, the concentration is 6 mM and 5 orders of magnitude greater than the
concentration of either 20 or 50 nm particles, so the formation of a PAA layer before silica
adsorption is expected kinetically. When 4.74 µm silica particles were used to generate
contact angle data for Table 3-1, particle adsorption was present at 1.25-5%. In this case,
the momentum of the large particle could overcome a weak PAA layer as is the case for
coalescing hexadecane phase droplets.
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Figure 3-4. Oil-in-water systems with Cy3 fluorescent 100 nm silica particles and varied
PAA concentration in the aqueous phase. Brightfield images show the location of oil
droplets, and fluorescence images show where beads are concentrated. The phase systems
contain 100 µL of aqueous phase, 5 µL of silica particles at 1% by mass, and 15 µL of
hexdecane.
For 20-100 nm silica particles, additional force is needed to facilitate particle
adsorption and to explain the emulsions and fluorescence data at 10% and 20% PAA 2.1
kDa. Depletion forces are known to encourage particles to form pairs or phases in the
presence of macromolecular crowders, and to cause interactions with container walls.17
Here, depletion forces may account for the extra interfacial interaction necessary to
facilitate interfacial capture and Pickering emulsification when particles are present in
sufficient concentration, as described in Figure 3-5.
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Figure 3-5. An illustration of the changes in interfacial adsorption with respect to PAA
concentration. Silica adsorbs without PAA present and a stabilized emulsion forms. At low
PAA concentration, the PAA adsorbs rapidly and inhibits interfacial silica adsorption. The
PAA fails to prevent oil coalescence. At high PAA concentration, depletion forces drive
silica particles into each other and into the interface, and stabilized emulsions are formed.
3.2.2 Surface Tension Increase Contingent with Increased Crowding Leads to
Interfacial Particle Capture in an ATPS. Particle capture was carried out with a PEG 8
kDa and dextran 10 kDa ATPS formed in 100 mM NaCl. ATPS samples with increasing
total polymer concentration were prepared and the interface was viewed by confocal
microscopy to determine if fluorescent carboxylated 500 nm latex particles were suspended
by interfacial capture or sedimented on the coverslip. Carboxylated latex beads did not
aggregate from polymer adsorption, and at intermediate size were both large enough to not
easily desorb from the low energy interface or adsorb well below the measurement limit of
the pendant drop tensiometer. The density of latex is also close to that of the crowded
solutions, reducing gravity’s influence. Microscopy was conducted with higher-density
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dextran-rich phase dispersed in lower-density PEG-rich phase. Surface tension
measurements were made by pendant drop tensiometry and results are summarized in
Figure 3-6. Tensiometry measurements could not be conducted below 14% w/w of each
polymer because of low interfacial tension preventing the formation of a stable droplet. As
the polymer concentration increased to 14.5% of each polymer, the software was able to
better fit the droplet shape, and the error in the measurements was reduced by roughly one
order of magnitude.

Figure 3-6. Interfacial capture of fluorescent carboxylated polystyrene beads by a PEGdextran ATPS interface. The volume ratio was 19:1 PEG-rich:dextran-rich phase.
Between 14.0 and 14.5% of each polymer, particle behavior changes from
sedimentation to capture at the dextran-rich droplet interface. Capture is also observed at
greater polymer concentrations. Contact angles of 2.0 µm carboxylated polystyrene
particles were measured to be 66 ± 6° and used to determine the energy displaced by
particle capture (Figure 3-7). From Equation 3-1, the energy displaced by particle capture
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is (1.3 ± 0.4) × 10-14 mJ at 14.5% of each polymer, and 4 orders of magnitude greater than
kBT. As a result, the behavior at 14.5% and above agrees with prediction, but the
sedimented particles observed at 14% do not. Potential changes in contact angle and
difficulty measuring interfacial tension limit the accuracy of the predicted value, and more
precise measurements are needed to resolve the disparity.

Figure 3-7. Method used to determine contact angle from confocal microscopy images.
Fits were made to the shape of the droplet and the particle, and then the angle was taken
from tangents to each circle at their intersection. The value 66 ± 6° comes from 25
measurements in a 10% PEG: 10% dextran ATPS.
3.2.3 Droplet Distortions in Low Tension ATPS Pickering Emulsions. Pickering
emulsification of aqueous two-phase systems with large particles is attractive, because their
adsorption to the interface is expected to be strong despite low interfacial tension. As
demonstrated in the previous sections, crowding plays a role in particle adsorption,
however it should have little influence on the steric mechanisms of stabilization that
prevent coalescence in Pickering emulsions. Expecting behavior analgous to oil-water
Pickering emulsions, carboxylate polystyrene particles of 1 and 2 µm diameters were added
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to PEG-dextran ATPS to stabilize dispersed phase dextran droplets at a volume ratio of
39:1. Particle concentration was varied by using particle-containing solution in the
dissolution of PEG and dextran to match PEG-rich phase in accordance with phase
composition as determined by polarimetry and refractometry.
Figure 3-8 contains results of the experiment. Low particle concentration samples
feature pronounced bridging between neighboring dextran-rich droplets consistent with the
66 ± 6° contact angle observed in Section 3.2.2. Drastic distortions in droplet shape are
present, particularly in the 0.10% 2 µm particle sample. The results compare well with
those of oil-water emulsions stabilized by bridging particles.23 When particle concentration
is converted to close-packed surface area, double the mass of 2 µm particles is necessary
to equal the surface area covered by 1 µm particles to account for off-plane mass in large
particles. Particle size-dependent differences in sample morphology are viewed between
the 1.0% 2 µm and 0.50% 1 µm samples, and between the 2.0% 2 µm and 1.0% 1 µm
samples displaying with the 1 µm particle samples more round droplets with less defects.
The larger particle radius-to-droplet radius ratio present in 2 µm particle samples explains
the difference as samples transition from stabilized droplets to a dextran-rich phase and
particle network at 2.0% of each particle. In the 200 µL samples prepared, the total volume
of particles present in the 2.0% samples is 3.6 µL. With cumulative particle volume
equivalent to 72% of the 5 µL of dextran-rich phase present as bridging particles, the
kinetic opportunity to form uniform droplets instead of a particle-phase network is greatly
reduced.
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Figure 3-8. PEG-dextran ATPS stabilized by 2 µm fluorescent carboxylated polystyrene
beads (red, top panels) and 1 µm carboxylate beads (green, bottom panels). The volume
ratio was 39:1 PEG-rich:dextran-rich phase and 100 mM NaCl was used in place of water.
Percentages are mass percent of carboxylate beads.
3.3 Conclusions.
Particles that failed to adsorb to an oil-water interface in solution with dilute PAA
were found to adsorb when PAA concentration increased. Depletion forces as a drive for
increased interaction with the interface readily explain the behavior. However, better
measurements may be made with a more finely controlled system. To better isolate
depletion forces in such a system experimentally, further tuning of particle size and
polymer identity would be necessary to reduce practical issues caused by polymer
adsorption. Studies by sum frequency spectroscopy indicate that polyelectrolytes can be
engineered with even less adsorption than the PAA used here.22
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A similar experiment in which concentration of two polymers in water were
increased until particle capture occurred was found to disagree with prediction. In this
case, the particles failed at adsorb when predicted by surface tension and wetting
measurements. Experimental limits in surface tension measurement and changes in
contact angle a need for further experimentation. Despite the disparity in particle
adsorption in the aqueous two-phase system, the bridging behavior exhibited by the
particles in with respect to particle concentration and phase volume agrees well with
existing findings in oil-water systems.
3.4 Materials and Methods.
3.4.1 Materials. Dextran 10 kDa was obtained from Sigma and isolated from Leuconostoc
mesenteroides. PEG 8 kDa was obtained from Amresco. Poly(acrylic acid) 2.1 kDa was
obtained from Sigma. Hexadecane was supplied by Sigma. Sodium chloride was supplied
by BDH. Carboxylate-modified polystyrene fluorescent microparticles of 0.5, 1, and 2 µm
were supplied by Sigma at 2.5% by weight. 50 nm silica nanoparticles were supplied by
PolySciences at 5.7% by weight, 20 nm silica nanoparticles were supplied by
NanoComposix at 10 mg/mL (1% by weight), and 100 nm Cy3 silica nanoparticles from
NanoCS. 4.74 µm silica particles were 10% by weight from Bang’s Labs. Water was
purified to 18 MΩ with a Barnstead purification system.
3.4.2 Sample Preparation. Silica and oil-in-water samples were made by combining 100
µL of aqueous solution (PAA and NaCl), 5 µL of particles, and 15 µL of hexadecane 0.5
mL centrifuge tubes. Samples were vortexed for 60 s on high and 20 µL were immediately
transferred to slides for microscopy. Replicate samples rested for 2+ hours before
photographs inside the centrifuge tube.
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Carboxylate and aqueous-aqueous samples were made by combining particles with
premade ATPS at controlled volume ratios. Stock ATPS were prepared by massing PEG,
dextran, and water in a glass container and stirring until dissolved. The mixture was
allowed to sit overnight or centrifuged at 5000 × g. When fully settled, both phases appear
clear. Volume ratios of were prepared by separating and recombining phases from the
stock. Samples in Section 3.2.2 used a 100 µL PEG-rich to 5 µL dextran-rich volume ratio
and 1 µL 500 nm carboxylate latex particles from stock. Samples were vortexed 30 s on
high and 50 µL were immediately transferred to slides for microscopy.
Samples in Section 3.2.3 used a 10% PEG: 10% dextran stock prepared in 100 mM
NaCl and 19:1 PEG-rich to dextran-rich volume ratio. To add high concentrations of
carboxylate particles, PEG and dextran were added to the particle stock solutions provided
by the manufacturer to match the concentration in PEG-rich phase. Final concentrations of
particles were formed by diluting particle-containing PEG-rich stock with PEG-rich phase
from the stock ATPS. Samples were vortexed 30 s on high and 50 µL were immediately
transferred to slides for microscopy.
3.4.3 Surface Tension. A ramé-hart Model 295 goniometer was used to measure surface
tension by the pendant drop method. Hexadecane-aqueous: using 250 µL pipette tips, drop
sizes where 4 µL and 10 measurements were acquired for each of three 3 drops per sample.
Aqueous-aqueous: using 30 µL pipette tips, drop sizes where ~0.15 µL and 10
measurements were acquired for each of three 3 drops per sample. Calculations were
performed by the manufacturer-supplied DROPimage Advanced software. Phase densities
for the measurement were collected using a 100 µL pipette and an electronic analytical
balance.
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3.4.4 Microscopy. Hexadecane-aqueous samples where imaged with a Nikon Eclipse
E800 upright microscope with a 40x air objective with a 0.8 NA, and a 60x water objective
with a 1.2 NA for contact angle measurement. Brightfield images were collected using a
halogen lamp. Fluorescence images were collected with a Semrock Cy3 filter cube and
mercury lamp. The camera was a Hamamatsu Orca CCD.
Aqueous-aqueous samples were imaged with a Leica TCS SP5 confocal microscope using
a 63x oil objective with a 1.4 NA. Red false-colored images of 0.5 and 2 µm particles were
taken using a 543 nm HeNe laser, 488/543 double dichroic beamsplitter, and 555 to 655
nm emission window. Green false-colored images of 1 µm particles were recorded using
488 nm light from an argon-ion laser, RT 30/70 beamsplitter, and 490 to 590 nm. For the
contact angle measurement in Section 3.2.2, 488 nm and 543 nm laser illumination were
used with a 488/543 double dichroic beamsplitter. The red and green channels were
captured simultaneously with 500-530 nm and 555-650 nm emission windows.
3.4.5 Photographs. Photographs were taken using a Nikon 60 mm AF Micro Nikkor
f/2.8D lens attached to a Roper Scientific Photometrics CoolSNAP HQ camera and using
ImagePro Plus 7.0 software. Samples were prepared in 0.5 mL centrifuge tubes, emulsified
by shaking for 1 min. in a Vortex Genie 2 at the highest setting, and allowed to settle for
2+ hours before imaging.
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Chapter 4.
Influence of Electrostatic Interfacial Potentials on Droplet Stabilization in Aqueous
Crowded Systems
Contents of this chapter are adapted for a manuscript in preparation and the is by
thermogravimetric analysis with mass spectrometry and nuclear magnetic resonance was
performed with the assistance of Lymaris Rivera and Emmanuel Hatzakis, respectively.

Abstract
Partitioning by aqueous phase separation can lead to concentration of charged
molecules or particles within a single phase. At sufficient concentrations, the difference in
ion partitioning can lead to interfacial potentials, and the resulting charge-based kinetic
stabilization of all-aqueous phase systems is a topic in need of further study. Here,
electrostatic aqueous phase stabilization from an interfacial Donnan potential is
investigated. Large unilamellar vesicles (LUVs) are observed to partition efficiently to the
dextran-rich phase of a poly(ethylene glycol) (PEG)-dextran aqueous two-phase system
(ATPS) and stabilize droplets from coalescence. Screening by sodium chloride addition
alters LUV partitioning and eliminates electrostatic kinetic stabilization. Partitioning of
dextran-derivative polyelectrolytes was also used to create Donnan potentials. PEG 8 kDa
(PEG8) and dextran 10 kDa/500 kDa (Dex10/Dex500) systems were created to separately
partition diethylaminoethyl dextran 500 kDa (DEAE Dex500) and dextran sulfate 500 kDa
(DexS500) polyelectrolytes. Phase stabilization is present predominantly at low ionic
strength. Differences in DexS500 and DEAE Dex500 partitioning affect phase formation
the stabilization and properties of such phases at higher electronic strength. To determine
that the conditions for a Donnan potential are present, polymer concentrations were
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measured in each phase by refractometry, polarimetry, thermogravimetric analysis with
mass spectrometry, and nuclear magnetic resonance spectroscopy. Stabilization is
examined by microscopy and bulk photography.
4.1 Introduction.
Aqueous two-phase systems (ATPS) are commonly employed for their separations
capability, which depends on solute charge, hydrophobicity, and molecular weight, among
other factors.1,2 When ionic species are partitioned preferentially to one phase, their
counterion may partition differently. If a difference in cation and anion partitioning exists,
then an electrical potential will also exist at the interface, the Donnan potential.3 This
chapter investigates use of the Donnan potential in ATPS phase stabilization.
Polyelectrolytes may be used for the creation of a strong Donnan potential, as
macromolecular crowding will have a greater significance on polyelectrolyte partitioning
than that of associated counterions.4–6 Different partitioning between the two charged
species creates a potential that inhibits phase formation, and is often termed
“compatibilization”.7–11 ATPS composed ofnonionic polymers become more compatible as
charge density increases on one of the polymers. Adding salts to the system satisfies ion
concentration in each phase, and phase separation is no longer inhibited. Due to the role of
counterion concentration in each phase, systems containing two polyanions or two
polycations may also phase separate even without added salt, and behave in a manner
similar to nonionic polymers.7,8 Changes in polymer conformation will still play a role in
phase separation, and exceptions by inducing conformational changes or interactions have
been demonstrated.12,13
Particles may also partition between the phases or to the interface in ATPS.
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Partitioning has been demonstrated with spherical solid particles,14–19 anisotropic
particles,20 and even cells or organelles.1 The thermodynamics of phase separation applies
to particles in a similar manner as to polymers, such that particle-rich and polymer-rich
ATPS can be formed.21–24 When charged particles are partitioned to one phase, they may
create a stronger Donnan potential than polyelectrolytes as a result of more efficient
partitioning. In Chapter 2, the kinetic emulsion stabilized by electrostatics indicates
electrostatic kinetic ATPS emulsions were present.25
The following investigates emulsions kinetically stabilized by the Donnan
potential. Dextran and PEG ATPS form host phases to partition polyelectrolytes and
vesicular charged particles. The vesicles are formed from phosphatidylglycerol lipids with
a sodium cation that can dissociate from the headgroup and partition differently from the
vesicle. Relatively high molecular weight (500 kDa) dextran-derivative polyelectrolytes
are used to encourage partitioning different from that of their sodium and chloride
counterions. Sodium chloride partitions evenly in PEG-dextran ATPS and is used to adjust
counterion concentration both in terms of partitioning and screening.
4.2 Results and Discussion.
Microscopy findings show strong partitioning of charged vesicles and show phase
stabilization in a PEG-dextran ATPS. Screening by ionic strength changed vesicle
partitioning between the interface and the bulk of dextran-rich phase droplets and
compromised stabilization at intermediate vesicle concentration. A greater range of
experimental parameters both in properties of host phase system and charged species
partitioning was accessed by using dextran-derivative polyelectrolytes to create Donnan
potentials. Bulk phase analysis for stabilization at 18 hours by turbidity was coupled with
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microscopy to characterize the emulsions. Stabilization was observed in a subset of
conditions and factors influencing partitioning. Salt addition affects the stabilization by
screening and partitioning mechanisms that may have competing effects on stabilization.
Phase composition was investigated by polarimetry, refractometry, thermogravimetric
analysis with mass spectrometry (TGA-MS), and nuclear magnetic resonance (NMR) to
observe differences in partitioning between the DEAE Dex500 and Dex500 that explain
differences solubility and stabilization.
4.2.1 Partitioning and Stabilization Involving Charged Vesicles. Large unilamellar
vesicles (~120 nm) were assembled by gentle hydration of egg phosphatidylglycerol (PG)
lipids and vesicular extrusion to assemble particles with a high concentration of surface
charge. Charge of the vesicles was measured as -76.2 ± 1.5 mV zeta potential in water.
Silica particles (160 nm) measured as a reference had zeta potentials of -50.6 ± 1.2 mV,
confirming strong negative charge on the LUVs. The low interfacial tension of ATPS is
suitable for the partitioning of molecular assemblies such as vesicles,16,17,26 and they have
been previously observed to affect ATPS stability through electrostatic interactions.25 A
10:16 PEG8:Dex10 ATPS was used in the separation, and the PEG-rich phase of the ATPS
was used for hydration. In these samples a volume ratio of 97:3 PEG-rich to dextran-rich
was prepared in which LUVs formed in PEG-rich phase were diluted with PEG-rich phase
to change LUV concentration without affecting the volume ratio or base ATPS
composition.
Figure 4-1 shows that partitioning with no added NaCl is non-linear with respect to
vesicle concentration between the interface and dextran-rich phase. At low concentration,
the particles are observed occupying the interface at greater intensity than the bulk of the
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dextran-rich droplets. The bulk interior increases in concentration more rapidly with
respect to increased total LUV concentration. Near 2.0 × 1015 LUVs/L a crossover occurs
after which the interface is observed at lower concentration than the dextran-rich bulk.
Partitioning of LUVs to the dextran-rich phase is complete within the limits of the confocal
fluorescence microscopy setup. The partitioning behavior between interface and dextranrich phase is attributed to charge interactions. At low concentration, the interfacial potential
attracts a higher concentration of LUVs.
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Figure 4-1. Brightfield (left) and fluorescence (right) microscopy were used to observe
LUV location and droplet size in partitioning of the charged particles. The interface
initially has higher LUV concentration, while the bulk of the dextran-rich phase increases
more in intensity with respect to concentration and surpasses the interface. The partitioned
LUVs result in stabilization of the phase droplets. 0.1 mol% DOPE-Rhodamine was used
to tag the LUVs. The illustrations change scale to show the sub-resolution LUVs with PEGrich phase in yellow, dextran-rich phase in blue, and lipids in red.
The left uppermost frame of the brightfield images in Figure 4-1 shows the ATPS
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with no stabilizing additives. Droplets readily coalesce and high size dispersity is observed.
In the samples containing LUVs, droplets appear in greater number and lower size
dispersity. Also, light scattering in the transmitted light images shows that the droplets form
layers instead of coalescing when LUVs are present. The high concentration of LUVs did
not alter them with fusion or aggregation (see Supplementary Section 4.5.1). LUVs were
attracted to the interface by the Donnan potential, but exchange with the dextran-rich phase
instead of remaining confined at the interface as observed in Chapter 2 when PEG-modified
lipids are present.25 These unPEGylated LUVs do not have the strong correlation between
droplet size and concentration observed in Chapter 2, and it is likely that LUV partitioning
to the dextran-rich phase during droplet coalescence events immediately after mixing
prevents efficient stabilization. Therefore, stabilization comes once LUV concentration in
the dextran-rich phase builds. Drop size and partitioning behavior of the LUVs indicate
that the stabilization is kinetic, because thermodynamic emulsions typically feature small
droplets and particles restricted to the interface.27
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Figure 4-2. Increased ionic strength eliminates the interface-specific accumulation of
charged LUVs. Brightfield and fluorescent images show droplets at different ionic
strengths that feature change in relative interfacial fluorescence intensity, drop size
dispersity, and brightfield out-of-focus light scattering. Graphed line scans centered on the
interface show the trend for n = 20 droplets for each NaCl concentration. One standard
deviation is depicted by the shaded areas, and the 0 mM NaCl curve is offset for clarity.
The vesicle concentration was 1.3 × 1015 LUVs/L.
Ionic strength was increased in the LUV samples by addition of NaCl as shown in
Figure 4-2. The increase in ionic strength eliminated the interface-specific build-up of
LUVs seen at and beneath 1.3 × 1015 LUVs/L (Figure 4-1), but partitioning to the dextranrich phase is still present. The graph in Figure 4-2 is a normalized plot of interfacial line
scans for LUV samples at lipid concentration 1.3 × 1015 LUVs/L with varied ionic strength.
Low fluorescence is recorded in the PEG-rich phase on the left, and the signal rises in the
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center at the interface. Each curve is self-normalized to highlight the difference between
the interface and dextran-rich phase for each, and they are not normalized to each other for
comparing dextran-rich LUV concentration between curves. The ratio between the
interface and dextran-rich phase is ~2:1 at 0 mM added NaCl as opposed to ~1:1 when
NaCl is added. Increases in droplet dispersity are also observed. These data highlight the
electrostatic mechanism present, in that both partitioning and stabilization are affected by
the weakening of Donnan potential through electrostatic screening and availability of
chloride ions that do not partition as strong as LUVs. LUV stock prepared in either PEGrich or dextran-rich phase is not cloudy and is uniform in Rhodamine dye distribution, so
LUVs do not phase separate from crowding by a single nonionic polymer, as is consistent
with highly charged polyelectrolytes. However, with dextran-rich phase present LUVs
compose ~24% of the phase by volume at 10 × 1015 LUVs/L, as determined from volume
estimation based on lipid headgroup28 and LUV size (dynamic light scattering,
Supplementary Figure 4-1). This aspect indicates that in PEG-rich LUV stock, there is a
competition present between LUV exclusion by PEG and compatibilization from
counterion distribution that mimics polyelectrolytes in solution.
At 0 mM added NaCl, efficient partitioning of LUVs and low partitioning of sodium
counterions create a charge differential between the phases that leads to kinetic electrostatic
stabilization. However, while their size encourages strong partitioning and stabilization, it
prevents viewing stabilization when partitioning is less efficient. Also, LUV preparation
and handling limits ionic strength change as a variable as it can prevent delamination
during hydration and induce rupture.
4.2.2 Electrostatic Kinetic Stability by Dextran Sulfate Partitioning. Dextran-
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derivative polyelectrolytes were used to encourage partitioning in PEG-dextran ATPS and
to ensure some samples would have a stronger Donnan potential than others. Partitioning
was determined in a set of ATPS with solute concentration that matches, with strong
partitioning, the phase composition from the most concentrated LUV sample (~25% of
dispersed phase). Individual molecules can be more sensitive than to changes in
partitioning from fluorescent labeling than LUVs in Section 4.2.1. Label-free partitioning
was determined by thermogravimetric analysis with mass spectrometry (TGA-MS) for
systems containing 10% PEG, 7.5% Dex10, and 2.5% DexS500 at 0 mM and 50 mM added
NaCl. Dextran sulfate showed greater ionic strength dependence. At 0 mM added NaCl,
DexS500 had a K of 0.51 (partitioning coefficient K = [phase1]/[phase2], where phase1 is
the top phase by convention) that indicates coulombic forces counteract partitioning of ions
that would cause a polyelectrolyte-rich phase, consistent with literature observations of
polyelectrolyte and nonionic polymer systems.7–11 With 50 mM added NaCl, partitioning
of DexS500 to the dextran-rich phase is strong, at K = 0.011 (See Supplementary Section
4.5.2 for details). Polarimetry data in Section 4.2.7 confirm strong DexS500 partitioning to
the dextran-rich phase at 50 mM added NaCl. In both cases, asymmetric partitioning is
present. Despite stronger partitioning at 50 mM added NaCl, the conditions for electrostatic
stabilization may be greater at 0 mM NaCl because electrostatic screening is lower and
chloride counterions are not present.
A visual screen for turbidity was performed on a range of samples to rapidly
determine phase separation and stability up to 18 h in viscous samples. In Figure 4-3, a
contrast pattern is used to aid in viewing turbidity, where stabilized phase droplets will
scatter light and blur the pattern. Fluorescein isothiocyanate (FITC) dextran-500 kDa
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present to label dextran-rich phase aids in distinguishing between samples containing two
settled clear phases or a single phase when no phase separation occurs. In these samples,
Dex10 in the system was replaced with DexS500 to create systems with the same %w/w
total dextran and PEG8. This preparation covers a wide range of DexS500 concentrations
in the dextran-rich phase and makes changes in volume ratio from polyelectrolyte
partitioning more apparent.

Figure 4-3. Photographs of bulk aqueous polymer phase systems containing 10%:10%
PEG:total dextran (Dex10 and DexS500) show presence of phase separation as well as
suspended droplets. The percentages are the amount of DexS500 replacing Dex10.
Turbidity can be determined from clarity of the background contrast pattern.
Macroscopically uniform phases are clear while separated and stabilized phases are cloudy.
FITC-dextran 500 kDa is present that colors the dextran-rich phase, and the photographs
were recorded after 18 hours. Due to high viscosity, some samples have trapped air at the
bottom.
Microscopy was used to further characterize phase stabilization and solubility.
Microscopy samples were immediately prepared and imaged within an hour of mixing to
view drop size and dispersity or if separated dispersed phase existed that was not visible in
the bulk analysis. Representative images from microscopic characterization of the phase
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systems are in Figure 4-4. Table 4-1 is a combined summary of bulk phase and microscopy
data.

Figure 4-4. Representative images of emulsions created by partitioning of DexS500 within
a PEG and Dex10 system. Images demonstrating meta-stable and solubilized droplets at
10 mM added ionic strength are shown with 0.01% fluorescein isothiocyanate (FITC)dextran 500 kDa to label the dextran-rich phase.
The 0% DexS500 controls yielded highly disperse drops in microscope images and
two separated phases in photographs, indicative of no stabilization. At 1%-5% DexS500
and 0-10 mM added NaCl, the mixtures created phases containing monodisperse droplets
and a cloudy upper phase. Samples with these properties are referred to as meta-stable.
Increasing DexS500 to 7.5-10% forms clear solutions at low ionic strength, and cloudy
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solutions at high ionic strength. On the microscope, the difference between cloudy and
clear is seen as a difference between samples containing layers of smaller droplets that
scatter transmitted light and droplets too small or too few (no layers) to scatter light.
Samples that scatter light, but have reduced dextran-rich phase such as those at 0 mM and
10 mM added NaCl are referred to as semi-compatible in Table 4-1. Reduction of dextranrich phase is apparent in the microscope images from both droplet size and fluorescent
intensity, since reduced volume will lead to increased fluorophore concentration. Samples
that have too little dextran-rich phase to scatter light are referred to as compatible. At higher
ionic strength, samples containing 10% DexS500 have drops that are large and more
disperse than those of 1-5% in Figure 4-5. They settle into two phases when photographed
at 18 h and are thus referred to as weakly meta-stable. The change in dextran sulfate phase
separation with ionic strength is consistent with literature on polyelectrolyte compatibility
in aqueous two-phase systems.

Table 4-1. Stability of phases was determined from bulk and microscopic data. Gray areas
indicate phase separation, and the white area is where phase separation was not present
(compatible polymers).Unstable phases settled between preparation and imaging; metastable phases had layers of low dispersity droplets and remain cloudy up to 18 h; weakly
meta-stable samples match meta-stable by immediate microscopy, but settle by 18h; and
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semi-compatible refers to samples that are meta-stable and have reduced dextran-rich phase
volume.
Samples containing Dex500 in place of Dex10 were formed to understand the effect
of molecular weight in the host phase on stabilization as a result of any change in
partitioning. Results are shown in Figures 4-5 and 4-6, and in Table 4-1. Trends in stability
observed in samples containing Dex10 are also present in samples containing Dex500. The
most notable difference is at 7.5% and 9% DexS500 where little nonionic dextran is
present. Higher molecular weight Dex500-rich phase separates at a lower concentration,
and is able to create a host phase to partition polymers that does not exist at corresponding
high DexS500 and low ionic strength conditions for Dex10 samples. Uneven mixing in
microscopy data in Figure 4-6 indicates high viscosity in the dextran-rich phase that exists
in samples with more than 5% Dex500. Transmitted light images in Figure 4-6 show low
contrast at high concentration of DexS500 that limits droplet visibility, even with DIC to
increase contrast. The fluorescence channel reveals that droplets are still present. Low
contrast indicates that the refractive indices of the two phases are similar. The trend is also
observed with Dex10 in Figure 4-11 and this will be discussed in greater detail in Section
4.2.4.
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Figure 4-5. Photographs of bulk aqueous polymer phase systems containing 10%:10%
PEG:total dextran (Dex500 and DexS500) show presence of phase separation as well as
suspended droplets. The percentages are the amount of DexS500 replacing Dex500.
Turbidity can be determined from clarity of the background contrast pattern.
Macroscopically uniform phases are clear while separated and stabilized phases are cloudy.
FITC-dextran 500 kDa is present that colors the dextran-rich phase, and the photographs
were recorded after 18 hours. Due to high viscosity, some samples have trapped air at the
bottom.

Figure 4-6. Representative images of emulsions created by partitioning of DexS500 within
a PEG8 and Dex500 system. Images demonstrating meta-stable and weakly meta-stable
droplets at 50 mM ionic strength are shown in the upper portion with FITC-dextran 500
kDa to label the dextran-rich phase. DIC images are included to increase contrast on
representative images of droplets that are not well distinguished by brightfield. The
brightfield scale bar applies to all brightfield and fluorescence images.
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From trends in these data, sodium chloride has a pronounced effect on stabilization
that is in accordance with the Debye screening length, which decays exponentially with
ionic strength. In Dex10 samples, NaCl addition both reduces stabilization at low DexS500
concentration by screening and increases stabilization at high Dex500 concentration
inducing stabilized phases in systems that are otherwise compatible. In Dex500 systems,
the change in solubility is less pronounced because dextran-rich phase is already present
from the molecular weight difference. Table 4-1 shows that more stability could be
achieved with less polyelectrolyte at low ionic strength.
4.2.3 Electrostatic Kinetic Stability by DEAE Dextran Partitioning. DEAE dextran was
also investigated and differs from dextran sulfate in charge sign and density, as well as
sidegroup hydrophobicity. Label-free partitioning was determined by TGA-MS for systems
containing 10% PEG, 7.5% Dex10, and 2.5% diethylaminoethyl dextran 500 kDa (DEAE
Dex500) at 0 mM and 50 mM added NaCl. Partitioning of K = 1.4 and K = 1.5 was found
for 0 mM and 50 mM added NaCl, respectively (Supplementary Section 4.5.2). DEAE
Dex500 failed to show strong ionic strength partitioning dependence, as was observed with
DexS500. Sodium cations are present to satisfy ion partitioning, but bulky hydrophobic
DEAE sidegroups encourage the polycation to enter the PEG-rich phase. NMR was also
used to determine the concentration of all polymers in the solution and corresponded with
the TGA-MS results (Supplementary Section 4.5.3). Weak partitioning of DEAE Dex500
to the PEG-rich phase in these conditions is consistent with partitioning constants measured
by other researchers.29 Though polyelectrolyte partitioning remains the same with change
in NaCl concentration, screening and changes in interfacial potential can still affect
electrostatic stabilization.
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Figure 4-7. Photographs of bulk aqueous polymer phase systems containing 10%:10%
PEG8:Dex10 with DEAE Dex500 show presence of phase separation as well as suspended
droplets. The numbers in percent are the amount of DEAE Dex500 replacing Dex10.
Turbidity can be determined from clarity of the background contrast pattern.
Macroscopically uniform phases are clear while separated and stabilized phases are cloudy.
FITC-dextran 500 kDa is present to color the dextran-rich phase, and the photographs were
record after 18 hours.
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Figure 4-8. Properties of emulsions created by partitioning of DEAE Dex500 within a
PEG8 and Dex10 system. Images demonstrating stable and solubilized droplets at 10 mM
ionic strength are shown with FITC-dextran 500 kDa to label the dextran-rich phase. Green
false-colored images are fluorescence, and grayscale images are brightfield transmitted
light.
DEAE Dex500, Dex10, and PEG8 systems were prepared to observe stabilization
by the same manner as the DexS500 systems in Section4.2.2. Figures 4-7 and 4-8 show
representative bulk photographs and optical microscopy images of the phase systems after
agitation by vortex mixing. The 0% DEAE Dex500 controls yielded large size dispersity
and absence of light scattering from layered droplets, matching results from identical 0%
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DexS500 in the previous section. In these samples, the trend in stabilization is similar to
DexS500 samples at low ionic strength, but different at higher added NaCl concentrations.
Instability is observed with increased ionic strength at lower concentrations of DEAE
Dex500 that is consistent with charge screening. At concentrations from 7.5-10% DEAE
Dex500, little to no dextran-rich phase is formed at both low and high ionic strength
conditions. Solubilized DEAE Dex500 at both low and high ionic strength and high DEAE
Dex500 concentration is understandable from the lack of affinity of DEAE Dex500 for the
dextran-rich phase. DEAE Dex500 compatibility in PEG8 is too high for phase formation
without nonionic dextran also present in the system. Starting at 7.5% DEAE Dex500, bright
fluorescent spots are visible in the microscopy images.
The spots are attributed to interactions between negatively charged FITC-Dextran
and polycationic DEAE Dex500 that cause precipitation or coacervation. Inverted confocal
microscopy is selective of objects that sink to the bottom of samples, so the population of
these FITC-probe induced artifacts is lower than the fluorescence images indicate, as is
apparent from the lack of light scattering in brightfield and bulk samples. The fluorescence
signal is also more intense (and the signal-to-noise lower) in the DexS500 data set, and this
is attributed to the buffering effect of the polyelectrolytes changing the quantum efficiency
of FITC.30 DexS500 solutions in Section 4.2.3 had a pH of 8 while DEAE Dex500 solutions
had a pH of 5.5, which greatly impacts the quantum yield of FITC.30
Increasing DEAE Dex500 to 2.5% and 5% yielded emulsions deemed stable as
characterized by small droplets in microscopy and a cloudy top phase present after 18h.
Some coalescence into a bottom phase was observed, and likely results from use of the
native volume ratio (large volume of dextran-rich phase with larger drop size), gradual
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settling, or both. At 7.5% DEAE Dex500 and beyond, only small phase drops of
concentrated FITC-dextran are observed by microscopy (Figure 4-8), and one uniform,
clear phase is observed by photography (Figure 4-7). The ≤ 2.5% Dex10 in the uniform,
clear phases is too low for phase separation. The DEAE Dex500 is soluble up to 10% in
10% PEG8, as evidenced by the single clear phase present in 10% DEAE Dex500 samples
in Figure 4-10. Therefore, from the 7.5% and 9% samples, it can be concluded that
stabilization occurs when an uncharged dextran-rich phase is present to create different
partitioning between DEAE Dex500 and its chloride counterions. Since no second phase
forms above 7.5% DEAE Dex500, the polymers are compatible. Table 4-2 lists the
evaluation of phase systems by the unstable, meta-stable, and compatible definitions
described above for the ranges 0-10% DEAE Dex500 and 0-100 mM added NaCl.

Table 4-2. Stability of phases was determined from bulk and microscopic data. Gray areas
indicate phase separation, and the white area is where phase separation was not present
(compatible polymers).Unstable phases settled between preparation and imaging; metastable phases had layers of low dispersity droplets and remain cloudy up to 18 h; weakly
meta-stable samples match meta-stable by immediate microscopy, but settle by 18h; and
semi-compatible refers to samples that are meta-stable and have reduced dextran-rich phase
volume.
Dex10 in Figures 4-7 and 4-8 was substituted for Dex500 in a second data set to
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alter the relative difference in molecular weight between the nonionic and polyelectrolyte
dextran. Photographs of bulk phases and representative images at 50 mM added NaCl and
are in Figures 4-9 and 4-10, respectively. As in the DexS500 data, these data show phase
formation in the 7.5% and 9% polyelectrolyte concentrations where Dex10 samples do not
phase separate. Decreased fluorescent yield and interactions between FITC dextran and
DEAE dextran were as in Figure 4-7. Increased viscosity was observed as Dex500 and
DexS500 samples in Figure 4-5, as evident from non-equilibrium fluorescence within
droplets. Switching Dex10 for Dex500 leads to phase separation at lower nonionic dextran
concentration. Change from solubilized dextran-rich phase to separated phases between 0
and 10 mM added NaCl at 9% DEAE Dex500 indicates these samples change in
partitioning when ionic strength changes to generate greater dextran-rich phase volume.
When no added NaCl is present, the 9% DEAE Dex500 sample is compatible, while charge
screening leads to the presence of stabilized dextran-rich phase droplets. Therefore, the
screened DEAE Dex500 and Dex500 are compatible enough to form a phase.
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Figure 4-9 Photographs of bulk aqueous polymer phase systems containing 10%:10%
PEG8:Dex500 with DEAE Dex500 show presence of phase separation as well as
suspended droplets. The numbers in percent are the amount of DEAE Dex500 replacing
Dex500. Turbidity can be determined from clarity of the background contrast pattern.
Macroscopically uniform phases are clear while separated and stabilized phases are cloudy.
FITC-dextran 500 kDa is present that colors the dextran-rich phase, but has reduced
quantum yield in the acidic solutions created by DEAE Dex500. Photographs were record
after 18 hours. Due to high viscosity, some of the samples have trapped air at the bottom.

Figure 4-10. Representative images of emulsions created by partitioning of DEAE Dex500
within a PEG8 and Dex500 system. Images demonstrating stable and solubilized droplets
at 50 mM ionic strength are shown with FITC-dextran 500 kDa to label the dextran-rich
phase. Green false-colored images are fluorescence, and grayscale images are brightfield
transmitted light.
These data feature stabilization dependent on ionic strength as was present in
DexS500 samples. Nonionic dextran molecular weight played a greater role in the presence
of dextran-rich phase because DEAE Dex500 partitioning was relatively unaffected by
NaCl concentration. Despite the polyelectrolyte being in greater concentration in the PEGrich phase, dextran-rich droplet stabilization is still present because the Donnan potential
is stabilizing, and not the polyelectrolyte specifically. Stabilization by electrostatic kinetics
can thus be seen as a general phenomenon when aqueous phase partitioning causes
separation of cationic and anionic species. Conditions for strong stabilization should be
predictable by determining the strength of the Donnan potential.
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4.2.4 Phase Characterization by Polarimetry and Refractometry. Dextran sulfate
ATPSs containing 50 mM ionic strength featured a loss in transmitted light contrast with
increasing DexS500 concentration as evidenced in a Dex500 system in Figure 4-6. This
section follows that observation with further characterization. Figure 4-11 shows the same
behavior in a Dex10 system. In both cases, the fluorescence channel shows efficient
partitioning of FITC-dextran 500 kDa to dextran-rich droplets while transmitted light
contrast varies greatly with DexS500 concentration. No 488 nm light absorbers are present
in high concentration, so contrast comes from differences in refractive index (RI). The
representative image of 10% DexS500 at 100 mM added NaCl indicates build-up of the
fluorescent marker FITC-dextran 500 kDa at the interface that is not observed when DEAE
Dex500 is used. This image is representative of all the weakly meta-stable phases formed
at 100 mM added NaCl using DexS500. Whereas the polycation DEAE Dex500 is attracted
to FITC dextran 500 kDa to create coacervate phases or precipitates, polyanionic DexS500
is repulsive to FITC dextran 500 kDa and the two form separate phases without nonionic
dextran to facilitate mixing.

Figure 4-11. Images of emulsions created by partitioning of DexS500 within a PEG8 and
Dex10 system show change in refractive index. The top panels feature distinct droplets
present in the fluorescence channel from partitioned FITC-dextran 500 kDa, but the
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contrast in the transmitted light channel diminishes with increasing DexS500 concentration
in the dextran-rich phase. The last panel features an increase in FITC-dextran intensity at
the interface that suggests the formation of a third FITC-dextran-rich phase.
The Dex10 and DexS500 system was further analyzed because it exhibited similar
optical behavior to the Dex500 system but with a more manageable viscosity.
Refractometry confirmed the RI change in Figures 4-6 and 4-11 (Table 4-3) at 50 added
mM NaCl. A difference in RI of ~5x was observed for the entire 0-10% DexS500 range,
with ~2.5x difference between the 5% and 10% images in Figure 4-11. In the PEG-rich
phase, the change follows a slight upward trend with no greater difference in values than
~0.0026. Since the change in RI of the PEG-rich phase is so small, error caused by
preparation and sampling of the phase may create the observed deviations from the upward
trend. The dextran-rich phase change is greater, and is downward with a 0.013 difference
between 0% and 10% DexS500.
The change in phase composition underlying the refractive index change is
observed in Table 4-4 as determined by polarimetry. Calibration curves for Dex10 and
DexS500 were determined and found to have different slopes (Figure 4-12). A curve of
50%-50% combined dextrans yielded a slope at half the difference between each isolated
compound, indicating no interaction between polymers affecting plane-polarized light
rotation within the relevant concentration range. Change in slope was extrapolated and
used to estimate dextran concentration within each phase (Table 4-4). Since the ratio of the
specific type of dextran in each phase is not expected to be the same, the values represent
an impression of the location of total dextran.
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Table 4-3. Refractive indices of phases from the 50 mM added ionic strength PEG8,
Dex10, and DexS500 data series in Figure 4-11. The small relative difference in refractive
index preventing droplet contrast in the images in Figure 4-11 correspond with a low
refractive index difference when measured.
A trend of dextran migration from the dextran-rich to PEG-rich phase is observed.
Also, based on the two extremes, DexS500 is observed to partition into the PEG-rich phase
greater than Dex10, and it thus can be assumed that it is also largely the DexS500 that is
favoring the PEG-rich phase more in intermediate samples. Also, comparing DexS500’s K
= 0.011 from TGA-MS at 2.5% with polarimetry’s K = 0.39 at 10%, DexS500 is observed
to partition into a pre-existing nonionic dextran-rich phase more efficiently than it forms
its own phase at 50 mM added NaCl. Weaker partitioning and the observed decrease in RI
are consistent. The decrease in dextran concentration in the PEG-rich phase at 1% and 2.5%
DexS500 indicate that the presence of the higher molecular weight polymer at low relative
concentration leads to more efficient partitioning of dextran.
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Figure 4-12. Polarimetry calibration curves for standard concentrations of Dex10 and
Dexs500 at 50 mM added NaCl. Dex10 had a slope of 2.02° w/w%-1 and DexS500 had a
slope of 1.02° w/w%-1. The 50%-50% mixture’s slope of 1.48° w/w%-1 indicates that
interactions between dextrans do not affect plane-polarized light rotation at these
concentrations.
Since a small amount of dextran changes phases to the PEG-rich phase, yet the
dextran-rich phase RI change is great compared to that of the PEG-rich phase, undetected
migration of PEG to the dextran-rich phase should also be present as well as changes in
water concentration in each phase. The PEG-rich phase in PEG-dextran ATPS typically
contains a higher percent water than the dextran-rich phase,1 so water migration is
expected.
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Table 4-4. The estimated dextran concentration in each phase at 50 mM added NaCl. 0%
DexS500 (10% Dex10) and 10% DexS500 (0% Dex10) endpoints give exact
measurements. Since the 0% and 10% DexS500 rows represent a single type of dextran,
partitioning coefficients are calculated. Intermediate points are estimations because even
distribution of each dextran cannot be assumed. The last column displays the slope used to
measure the dextran concentration as determined from Figure 4-17. A trend of more similar
dextran concentration in each phase is apparent that corresponds to the refractive index
observations.
4.3 Conclusions.
Charged vesicles and polyelectrolytes were partitioned at quantities sufficient to
affect phase volume and cause electrostatic kinetic inhibition of phase droplet coalescence.
LUVs exhibit interface specific interactions when ionic strength is low, and the kinetic
stability that is provided is eliminated by increases in screening by ionic strength.
Increasing ionic strength eliminates both interfacial attraction and electrostatic stabilization
of the samples. Strong dextran-rich phase partitioning of the relatively large charge carriers
occurred independent of ionic strength in the 10:16 PEG8:Dex10 ATPS.
Despite weaker partitioning, polyelectrolytes still inhibited droplet coalescence at
low ionic strength, and sometimes at higher ionic strength when composing a large portion
of the dextran-rich phase. DexS500 changed partitioned more strongly to the dextran-rich
phase with increased NaCl concentration, and influenced phase formation as well as
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stabilization. DEAE Dex500 favored the PEG-rich phase relative to DexS500, leading to
greater DEAE Dex500 compatibility and little change in partitioning from NaCl addition.
As a result, nonionic dextran molecular weight had a greater impact on the formation of a
dextran-rich phase for the Donnan potential to stabilize.
Emulsions stabilized by this mechanism should be engineered to have the greatest
difference in partitioning to create the highest interfacial potential. In the case of LUVs,
partitioning due to size helped to drive separation of charged species. At low concentration,
LUVs were attracted by the interfacial potential, but partitioned too strong to cross the
interface. Polyelectrolytes were pulled across the interface, though some undetected
accumulation may also have occurred. Tuning of the host phases also plays a role, as is
best seen when Dex10 is switched for Dex500 in the DEAE sample set where dextran-rich
phase formation drives partitioning.
The polyelectrolyte partitioning and behavior exhibited by these data provide a
background for related studies of polyelectrolytes in aqueous phase systems. Ion
partitioning can be strongly influenced by the location of polyelectrolytes, and create
systems that make an effective platform for the study of Donnan potential and its role in
electrostatic kinetic stabilization.31 Coacervate formation may be affected by incorporation
of neutral polymers in dilute solution.32 Similarly, this study demonstrates that crowded
nonionic phase systems can influence the behavior of the polyelectrolyte constituents of
complex coacervates.
4.4 Materials and Methods.
4.4.1 Materials. Water was purified to 18.2 MΩ using a Barnstead system. PEG 8 kDa was
obtained from Amresco at biotechnology grade. Dex10, Dex500,and DexS500 were
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obtained from Sigma and isolated from Leuconostoc mesenteroides. DEAE Dex500 was
obtained from obtained from MP Biomedicals. NaCl was obtained from BDH and 99.0%
pure. Fructose was obtained Spectrum and was ≥ 98%. FTIC-dextran 500 kDa was
obtained from Fluka. Egg PG and DOPE-Rhodamine were obtained from Avanti Polar
Lipids (Alabaster, AL), and came dissolved in chloroform. 160 nm silica beads were
obtained from Bangs Laboratories, Inc. at a concentration of 9.8% solids. Hydrochloric
acid was supplied by EMD. Deuterium oxide was supplied by Cambridge Isotope
Laboratories, Inc. ColorpHast pH test strips were EMD brand and designed to test from pH
0-14.
4.4.2 Preparation of Polyelectrolyte ATPS. Finale concentrations were prepared by
making stock concentrations at double concentration and mixing to dilute with each other.
PEG8 solutions were prepared using double the final NaCl required and mixed with dextran
solutions containing no NaCl to create samples with increased ionic strength. Total
volumes were 200 µL. DEAE Dex500 was dissolved at a mass ratio of 1:3.5:0.5
polymer:200 mM HCl:water to adjust the pH to ~5.2. A solution of FITC-dextran 500 kDa
were prepared at 2% and 2 µL was added to label the dextran-rich phase. Mixtures were
vigorously agitated by vortexing on high for 30 s. Microscope slides were prepared with
50 µL in a 160 µL spacer. Samples were imaged with a Leica TCS SP5 with 488 nm
illumination, a long pass 500 filter, and a 500-600 nm emission window.
4.4.3 Preparation of Charged Liposomes. A stock ATPS was prepared by massing
PEG8, Dex10, and water in a glass container and stirring until dissolved. The mixture was
allowed to sit overnight or centrifuged at 5000 × g. When fully settled, both phases appear
clear. Volume ratios were prepared by separating and recombining phases from the stock.
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The gentle hydration method was used to prepare a mixture of giant unilamellar
and multilamellar liposomes. To prepare liposomes, 99.9 mol% Egg PG and 0.1 mol%
DOPE-Rh were mixed and diluted to 10 mg/mL (usually in 100 µL total volume) of
chloroform in a glass 12 × 75 mm culture tube. Chloroform was evaporated with a low
Argon flow (< 1 psi) while rotating the vial to create a thin lipid film. The vial was then
dried under vacuum for 2 h to remove residual chloroform. Sufficient volume of PEG-rich
or dextran-rich aqueous phase was added to the vials to make a lipid concentration of 2.5
mg/mL and they were covered and stored at 37-40°C for two days to hydrate. The hydrated
lipids were then extruded with 11 passes through a 200 nm pore size filter (Whatman filters,
Avanti Mini-Extruder).
The liposome in PEG-rich phase stock solution was diluted by additional PEG-rich
phase to create a range of concentrations in a 0.5 mL centrifuge tube, then 3% by volume
of dextran-rich phase was added (volume ratio 3 parts dextran-rich:97 PEG-rich, total
volume 200 µL). Samples containing NaCl were made by using NaCl dissolved in PEGrich phase to dilute the liposome stock solution. The samples were vortexed at max for 30
s to create a uniform emulsion and 50 µL portions were added to slides for imaging. Unless
specified, slides were given 1+ h to settle before imaging. Images were acquired with a
Leica TCS SP5 inverted confocal microscope at 63x magnification and native zoom.
Rhodamine was excited with a 543 nm HeNe laser and fluorescence was detected using a
488/543 double dichroic beamsplitter and emission window from 555 to 650 nm. Images
were acquired at 1024 × 1024 or 2048 × 2048 resolution, and 8-bit depth. Liposome
samples used 1.5 thickness coverslips, silanized by reaction with gas phase
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dichlorodimethylsilane, and 20 mm diameter by 0.5 mm deep silicone spacers (volume 160
µL).
4.4.4 Zeta Potential. Zeta potential was measured with a Malvern Zetasizer Nano ZS using
a disposable cell. LUV stock was prepared in water and diluted 70 µL in 1.7 mL. Silica
beads were diluted 15 µL of stock in 1.5 mL. Folded capillary cells (DTS1060) were used
and settings were 25°C after 60 s equilibration time, and the built-in Smoluchowski method
(software version 7.10). Water was the dispersant phase.
4.4.5 Dynamic Light Scattering. Dynamic light scattering was used to monitor liposome
size. All samples were prepared and run in triplicate using a Malvern Zetasizer NanoZS
that measures hydrodynamic radius by the cumulants method from the intensity-derived
correlation function.

For experiments where emulsions were dissolved to release

liposomes for re-sizing (Supplementary Figure 4-1), samples were prepared by making a
large emulsion (0.8 mL) containing 776 µL liposomes in PEG-rich phase at 2.5 mg/mL
total lipid and 24 µL dextran-rich phase. At each time point, 100 µL of the emulsion were
removed and diluted with 900 µL of isotonic (300 mOsm) fructose solution to be analyzed.
Initial size was determined by freshly combining 97 µL of liposome PEG-rich stock
solution, 3 µL of dextran-rich phase, and 900 µL of fructose solution.
4.4.6 Thermogravimetric Analysis-Mass Spectrometry. Standards were 20% by weight
polymer stocks detailed in Section 4.4.2 and used to create samples. A volume of 30 µL
was added for each run, so that mass spec signals used for quantification were generated
from a standard volume of phase and could be compared directly to determine K. A TA
Instruments TGA Q50 combined with a Pfeiffer Vacuum Mass Spectrometer with a
platinum microbalance tray was used to take the measurements with temperature
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programming of 20°C/min from ambient to 100°C, 10 min hold, and 10°C/min from 100
to 400°C followed by a 10 min hold at 400°C. The flow gas was helium at 90 mL/min. The
mass spectrometer was set to scan from 0 to 300 m/z for standards and to measure only 64
m/z for samples. Peak integration was performed using Igor Pro version 6.36.
4.4.7 Nuclear Magnetic Resonance. Standards were prepared by dissolving ~10% by
weight of polymer in D2O, with the inclusion of 200 mM HCl in D2O in the case of DEAE
Dex500 as described in section 4.4.2. Samples were prepared by combining equal volumes
of stocks. Stocks were made by combining 0.2 g polymer with 800 µL of D2O to make
samples that would match water samples despite the change in solvent density. A Bruker
400 MHz NMR was used with a broadband inverse probe. Acquisition parameters for
1

HNMR spectra were 8 scans and 2 dummy scans, 32K data points, 90º pulse angle (8.5

μs), relaxation delay 50 s to ensure quantitative results, and spectral width of 12 ppm. A
polynomial fourth-order function was applied for base-line correction in order to achieve
accurate quantitative measurements upon integration of signals of interest. The spectra
were acquired without spinning the NMR tube in order to avoid artifacts, such as spinning
side bands of the first or higher order. Chemical shifts are reported in ppm from HDO (δ =
4.7). Peak integration was performed using Bruker TopSpin version 2.1 and data was
acquired using version 1.3.
1

H-1H Correlation Spectroscopy (H-H-gCOSY) experiments were performed in the

magnitude mode using 8 dummy scans, 8 scans and 256 increments. Spectra were zerofilled to a final size of 2k x 2k prior to Fourier transformation. Spectral width was 10 ppm
in both dimensions, there were 2k data points in F2 dimension, and relaxation delay was
5.0 s.
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Calculations were conducted by first measuring peak ratios of 1:0.685:0.161 for
1.25, 3.65, and 4.80-5.30 ppm peaks in the DEAE Dex500 standard spectrum, and using
them to subtract the DEAE signal from each phase spectra. Dex10 standard peak ratios
were 1.47:0.63 at 3.65 and 4.80-5.30 ppm when scaled to DEAE Dex500’s 4.80-5.30 ppm
peaks, and the Dex10 peak areas were also subtracted from the phase spectra, leaving just
PEG. Next, hydrogens per monomer were used to convert peak ratios to monomer ratios.
Based on 3.8% nitrogen from the manufacturer, 24 methyl hydrogens were assigned for
every 6 saccharide rings to provide a repeating unit mass of 1476.92 g/mol. For Dex10,
each ring contains one anomeric hydrogen with a repeating unit mass of 162.14 g/mol, and
PEG monomers have 4 hydrogens with 44.05 g/mol. Monomer masses were then used to
convert to mass ratio per unit volume. By assuming 20 g total polymer in a hypothetical
100 g ATPS, the phase mass ratios were multiplied by the polymer mass ratios to calculate
total mass of each polymer to fit to the initial masses used in an iterative process. Percent
difference error was calculated from the different polymer masses and summed to
determine best fit of the three polymers simultaneously. Volume of each phase (3:1 PEGrich:dextran-rich) was then factored into the mass for each phase to produce the
concentration of each polymer in each phase.
4.5 Supplementary Information.
4.5.1 Evaluation of Vesicles Concentrated in Dextran-rich Phase. Due to the dense
concentration of LUVs in the dextran-rich phase, the samples were analyzed to determine
if aggregation or fusion between vesicles had occurred. In addition, the size of LUVs was
determined. A large volume of the LUV, PEG, and dextran mixture was prepared and
portions were removed and diluted with isotonic fructose solution at set time points to
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produce Supplementary Figure 4-1. Both the size and dispersity of the LUVs remained
constant, indicating that the LUVs were not changed by a prolonged period at high
concentration in the dextran-rich phase.
Microscopy was also used to demonstrate that LUVs are not damaged in the
emulsion by observing isotonic dilution in a series of samples. The images in
Supplementary Figure 4-2 demonstrate that as the dextran-rich phase begins to dissolve,
the LUVs become further concentrated in the reduced volume as determined from an
increase in fluorescence intensity. When the dextran-rich phase is fully dissolved, the LUVs
are dispersed in the solution.

Supplementary Figure 4-1. Dynamic light scattering was used to determine the stability
of LUVs concentrated within the dextran-rich phase. Portions of a large ATPS were freshly
stirred and diluted with isotonic fructose solution at set timepoints and measured with DLS.
The LUVs were subjected to high concentration in the dextran-rich phase for up to one
day. The vesicle concentration was 1.3 × 1015 LUVs/L.
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Supplementary Figure 4-2. Isotonic dilution of a charged LUV emulsion results in
concentration of the LUVs into a reduced volume of dextran-rich phase followed by release
after all dextran-rich phase is dissolved. Increased LUV concentration is observed as an
increase in fluorescence intensity. In the cartoon, yellow indicates PEG-rich phase, blue
indicates dextran-rich phase, and green represents PEG and dextran solution too dilute for
phase separation. The vesicle concentration was 1.3 × 1015 LUVs/L.
4.5.2 Polyelectrolyte Partitioning by Thermogravimteric Analysis - Mass
Spectrometry (TGA-MS). As with LUVs, partitioning of polyelectrolytes within nonionic
ATPS must be understood to explain stabilization. For polymers, label-free detection is
ideal. Since the relative size of the analyte to a fluorescent label is much smaller in the case
of molecules than particles, the fluorescent label can cause a sub-particle scale analyte to
partition differently than it would without the label.25
Solutions containing 10% PEG8, 7.5% Dex10, and 2.5% polyelectrolyte (either
DEAE Dex500 or DexS500) with either 0 or 50 mM added NaCl were examined as
representative samples. ATPS in section 4.2.1 contained a maximum of ~25% LUVs in the
dextran-rich phase by volume, so these samples compare in composition with 25% of total
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dextran as functionalized dextran.
Partitioning was determined by TGA-MS by comparing peak areas between equal
volumes of top and bottom phase from characteristic peaks in the MS. Figure 4-1 shows
TGA and MS curves for standards of each polymer in water obtained from a low resolution
multi-mass survey scan. Mass curves indicate loss of water in all samples up to 100°C,
with variation in the starting point as a result of differences in time spent under He flow
before starting the run. The MS peaks for 30 and 64 m/z are shown and indicate the 64 m/z
peak can be used to distinguish DEAE Dex500 and DexS500 from PEG8 and Dex10. PEG
has been analyzed previously by TGA and the curve here reproduces the finding.33 The 30
m/z peak corresponds to ethane’s mass, and is useful in identifying the decomposition of
the DEAE groups in DEAE dextran to chloroethane (64 m/z) and ethane (30 m/z), but has
overlap with dextran and PEG that complicate the peak’s use in quantification. Both the
H5C2-H (420.5 ± 1.3 kJ/mol) and H5C2-Cl (352.3 ± 3.3 kJ/mol) single bonds are stronger
than the (H5C2)3-N single bond (~255 kJ/mol) in DEAE sidegroups, and so are expected
decomposition products.34,35 The ethane peak in DEAE Dex500 appears at a lower
temperature than in PEG8, and corresponds with the H5C2-OC2H5 single bond (335-346
kJ/mol) possessing more energy than the (H5C2)3-N bond.34,35 DexS500’s 64 m/z peaks are
attributed to SO2, a known product of sulfate decomposition.36 Since DEAE Dex500 and
DexS500 are not prepared simultaneously in samples, coincidence of the 64 m/z peak will
not impede quantification.
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Supplementary Figure 4-3. TGA-MS of PEG8, Dex10, DexS500, and DEAE Dex500
standards are shown. The left column contains TGA curves where the initial mass varies
due to water evaporation in the He stream during preparation. The dotted line at 100°C
marks the hold time in the program to assist in removing water before decomposition peaks.
The right column shows MS at masses 30 (hollow markers, dotted line) and 64 (solid
markers, solid line).
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Figure 4-14 shows the TGA-MS of ATPS samples. For DexS500, partitioning
changed from weakly favoring the dextran-rich phase with K = 0.51 to strongly favoring
the dextran-rich phase with K = 0.011 at 50 mM added NaCl. Increased dextran-rich phase
volume is also observed in bulk samples at 50 mM added NaCl. At low ionic strength,
relatively even partitioning is favored to satisfy charge balance in each phase. When ionic
strength is increased with sodium chloride addition, chloride ions are available to satisfy
charge balance in each phase. As a result, the partitioning coefficient changes to 0.011,
strongly favoring the dextran-rich phase.

Supplementary Figure 4-4. TGA-MS of samples containing PEG8, Dex10, DexS500, and
DEAE Dex500 are shown. Blue open triangles and dotted lines are top phase data for
sample mass and mass spec 64 m/z, respectively. Red closed circles and solid lines are
bottom phase data for sample mass and mass spec 64 m/z, respectively. The dotted line at
100°C marks the hold time in the program to assist in removing water before
decomposition peaks.
DEAE Dex500 favors the PEG-rich phase at both 0 and 50 mM added NaCl. At 0

167
mM added NaCl, K = 1.4 and the explanations used in for DexS500 also apply. Changing
to 50 mM added NaCl yields K = 1.5 and reveals the differences in partitioning resulting
from differences in DEAE Dex500’s structure as compared to DexS500. The DEAE groups
are both similar in chemistry to PEG monomers, and bulky. PEG-like structure is expected
to increase partitioning to that phase. As a result, screening of charge repulsion has little
effect on DEAE Dex500 partitioning. These results compare well with DEAE Dex500
partitioning determined by nitrogen analysis by other researchers.29 Since DEAE Dex500
partitions to the PEG-rich phase, the electrostatic meta-stable samples observed in Section
4.2.4 is a result of either counterion distribution or an interface-specific effect.
4.5.3 Label-Free Quantification of Polyelectrolyte Partitioning by 1HNMR. 1HNMR
of ATPS prepared in D2O was used to determine the relative quantity of monomers of each
polymer in each phase. 1HNMR has been used to quantify polymers in solution relative to
an added standard.37 Here, the polymers in each phase are used as standards for each other.
After factoring in monomer mass and phase volume, the resulting total polymer could be
fit to total polymer ratios used to prepare the system (details in Methods 4.4.7).
Supplemental Figure 4-5 shows the spectra of standards as well as the top and bottom phase
of a mixture matching the 10% PEG, 7.5% Dex10, and 2.5% DEAE Dex500 at 0 mM
added NaCl system analyzed by TGA-MS in Section 4.5.2. Standard peak ratios were used
to subtract out signals working backward from methyl groups at 1.25 ppm to quantify
DEAE-dextran monomers. Multiple peak shifts for the anomeric hydrogen are attributed
to branching in the polymer chains, and confirmed via COSY.

168

Supplementary Figure 4-5. 1HNMR spectra for PEG, Dex10, and DEAE Dex500
standards, and PEG-rich and dextran-rich phases. PEG-rich and dextran-rich phases came
from an ATPS containing 10% PEG8, 7.5% Dex10, and 2.5% DEAE Dex500. The spectra
share a HDO peak at 4.7 ppm that was used to match chemical shift. The methyl peaks at
1.25 ppm were used to isolate DEAE-dextran ratio from the mixtures and subtract other
peaks proportionally. Anomeric hydrogen peaks from 4.8 to 5.3 ppm were used to
determine Dex10 in the mixture. The peak at 3.65 ppm was used for PEG8. Tops of large
peaks are not shown so that small peaks are visible.
The analysis found polymer mass ratios of 1 DEAE Dex500:1.6 Dex10:5.6 PEG in
the top phase and 1 DEAE Dex500:9.2 Dex10:0.38 PEG in the bottom phase. Best fitting
NMR polymer ratios with 20% polymer mass used in preparation gave 14.7% of the total
in the PEG-rich phase and 5.3% of the total in the dextran-rich phase, the total masses of
the three polymers for both phases comes to 2.3% DEAE Dex500, 10.2% PEG, and 7.5%
Dex10. Factoring in a 3:1 PEG-rich to dextran-rich phase volume yields 2.4% DEAE
Dex500 in the PEG-rich phase and 2.0% in the dextran-rich phase with a K of 1.2.
Partitioning coefficient as determined by NMR was similar to K = 1.4 as determined by
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TGA-MS. Differences likely come from the assignment of hydrogens per monomer in the
DEAE Dex500 structure relative to actual functionalization of the polymer, and from
overlap between peaks in the NMR spectra.

Supplementary Table 4-1. Polymer composition in nonionic phases partitioning a
polyelectrolyte. The original ATPS contained 10% PEG, 7.5% Dex10, 2.5% DEAE
Dex500, and 80% water. Mass percents determined for each total mass in each phase (first
column) were used to fit the total mass in each phase, and subsequently calculate phase
composition and K based on the polymer mass ratios as determined by 1HNMR. Error is
calculated between the total masses added and the total masses as determined by 1HNMR.
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Chapter 5.
Implications of Coacervate-Vesicle Interactions as Models for Abiogenic
Compartmentalization
Data in this chapter are preliminary in nature. Section 5.2.2 is tangential to the main focus
of the chapter, and may be developed as a separate letter or article.
Abstract
Integration of different types of self-assembling compartments by self-assembly
mechanisms is investigated in relation to abiogenesis. Amphiphilic vesicles were
prepared from oleic acid and ionic strength and temperature variables were tested to
probe vesicle formation in conditions relevant to an early ocean. Oleic acid structures that
cycle between vesicles/micelles and oil drops dependent on temperature were created.
Coacervates formed from poly(acrylic acid) (PAA) 2.1 kDa and poly(allylamine
hydrochloride) (PAH) 58 kDawere created to understand surface adsorption by
amphiphilic vesicles. Phospholipid and cholesterol additives were included to alter
membrane properties and adjust interfacial interactions. Confocal microscopy, zeta
potential, and dynamic light scattering showed interfacial interaction dependent upon
charge interactions that varied with coacervate and membrane composition. Weak,
balanced interfacial charge and resilient vesicles were the most promising in creating an
intact membrane or adsorbed intact vesicles at the interface.
5.1 Introduction.
Localization of processes such as metabolism or replication of information is
essential in defining the bounds of a system to determine whether it possesses the
characteristics of life.2,3 A cellular compartment as a living system consists of sub-
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localization of processes using internal compartmentalization methods, such that different
chemistry can occur in different volumes.4 Life can then be considered the integration of
certain mutually dependent processes united by self-compartmentalization. A view of life
from a process self-assembly perspective can provide insight into the emergence of living
systems. It does not focus on any single process as a centerpiece to which later
developments are integrated in a serial manner. Instead, parallel development of processes
is possible until another one is known to be prerequisite. Compartmentalization then
becomes a means by which existing processes may be joined and integrated such that
complexity develops both in series and parallel.
Darwin’s work presented the phylogenic tree, and the tree implies a single root that
ties together all extant life.5 By this model, all developments leading to an individualized
life form may be assumed to occur serially. However, viewing life as an assembly of
processes, that root may instead be considered the point at which simultaneous processes
we attribute to living systems became integrated into individual compartments to become
the first cells. Indeed, investigations into the characteristics of the last universal common
ancestor indicate that the change was gradual, and involved sharing and symbiosis between
the primitive cells of the time.5 The origin of the phylogenic tree then becomes a transition
from mutually dependent processes extant in a large and/or passive compartments (e.g.
oceans) to self-assembled compartments containing self-sustaining processes and capable
of competition. As a result, origin of life study can benefit from a perspective of
compartmentalization

of

compartmentalized processes.

processes,

and

the

self-assembled

integration

of
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Compartments that form by molecular self-assembly are particularly appealing,
because they represent a higher level of autonomy for a system. As opposed to geologically
occurring mineral surfaces, for example, molecular self-assembling compartments do not
relying on the bounds of a pre-existing container, and can instead may grow by
accumulation of products of an encapsulated synthesis. Early studies of protoplasm6,7 led
to Oparin’s investigation of coacervates, which recognize self-assembly of polymer
systems as a potential route to primitive life.8 Coacervates form in dilute solution and create
a phase that can compartmentalize biomolecules by partitioning. Polymer phase separation
has been observed in contemporary cells,9,10 and may date back to the earliest stages of life.
RNA partitioning by coacervates is a potential method of compartmentalization of the
RNA world hypothesized to exist based on autocatalytic sets and information storage,11,12
ribosomal function,13 and proteomic evidence.14 Not only do coacervates meet selfassembled compartmentalization requirements, they also may alleviate practical concerns
with the RNA world, including concentration, catalysis, and degradation.15 Coacervates
also have practical concerns of their own, such as the potential for diffusion between
droplets too rapid for individualized development and early evolution,16 and misfolding of
RNA enzymes due to electrostatic interactions.
Modern cells are bound by amphipilic membranes that may also form by selfassembly processes. As such, they have been studied in relation to early
compartmentalization as well as inheritance. Simple organic amphipiles such as organic
acids have been demonstrated as capable of growth by accumulation17–19 (and thus
potentially by assimilation) and division,20 resulting in potential for replication with
inheritance. Membranes may also compartmentalize oil-soluble compounds, and house
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amphiphiles with functional headgroups. As such, a lipid world hypothesis in which the
origin of life is centered on the membrane has been proposed.19 Lipid and RNA worlds are
not mutually exclusive, and if they solve problems for each other, may be mutually
dependent.21
Simultaneous presence of evolving lipid and coacervate systems would have a
profound impact on the method, rate, and probability of development of living systems.
For example, if a certain rate of change is assumed for molecular evolution within one
system, and if the same change is occurring in parallel in another system, then the time
necessary to reach a certain level of complexity is halved. Presence of coacervates (and
non-membranous phase systems in general) increases the number of potential selfassembling abiogenic compartments considerably over prevalent RNA-world membrane
encapsulation methods.22,23
In this chapter, the work presented sets the background for compartmentalization
as a means of combining the lipid world and RNA world hypotheses. A case for combing
the coacervate and amphiphilic compartments is (1) conventional, serial, RNA-worldfocused abiogenesis places aqueous phase formation after and inside of membranes that
have encapsulated RNA. Using only these two compartments, the cases of (2) serial
templated formation of a membrane on a coacervate surface, parallel (3) interfacial capture
or (4) partitioning of vesicles by coacervates, or (5) parallel coacervate adhesion to a
vesicular surface, are also possible. This chapter applies to cases one through four.
5.2 Results and Discussion
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Vesicles composed of amphiphiles likely to have existed on the early Earth were
synthesized and analyzed separately from synthesis and analysis of coacervates. Existing
synthesis conditions were reproduced and expanded resulting in temperature-dependent
reversible vesicle-oil phase transitions. Based on their initial zeta potential
characterization, interactions between negatively charged vesicles and positively and
negatively charged coacervates were probed. Interactions were analyzed and used for
iterative changes to membrane composition and polymer ratio to tune interactions at the
interface.
5.2.1. Vesicle Synthesis and Characterization. Replication of work from literature18,24
was necessary to synthesize vesicles to form hybrid structures. When assembling vesicles
from single-chain organic acids, changes to pH result in substantial changes to solubility
and membrane curvature. Figure 5-1 demonstrates the relationship between pH and
effective hydration with Rhodamine DHPE to incorporate fluorescence (red) into
hydrophobic structures. At pH 8.0, few structures are visible and they are intensely
fluorescent, indicating low solubility and oil droplets. At pH 8.25, the population of
structures has increased, and hollow structures are observed, indicating increased solubility
and membrane formation, respectively. Many hollow structures are present at pH 8.5 that
form when membrane curvature is low enough to be effectively planar. A planar membrane
is interpreted because high curvature results in spherical objects forming below the optical
resolution limit while the objects’ interiors can be resolved. At pH 8.75 and 9.0, the hollow
structures decline in population relative to smaller structures, indicating an increase in
curvature and the presence of small vesicles and micelles. These observations confirm
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existing findings,18,25 so that tests of other synthesis conditions and coarcervate interactions
can be performed with confidence.

Figure 5-1. Hydration of oleic acid over a range of pH values imaged with Rhoadmine
DHPE fluorescence (red). At pH 8.0, few structures are visible and they are of intensly
fluorescent. At pH 8.25, the population of structures has increased, and hollow structures
are observed. Many hydrated structures are present at pH 8.5, and the highest portion of
hollow structures are present. At pH 8.75 and 9.0, the hollows structures decline in
population relative to smaller structures. The cartoon shows the acid solubility mechanism
responsible for changes in oleic acid structures.
Hydration of modern phospholipids may be impaired by the presence of elevated
ionic strength.26 Electrostatic repulsion and osmotic pressure mechanisms of delamination
are counteracted by soluble salt in the hydrating solution.27 Organic acids have a higher
water solubility than phospholipids, and do not rely on delamination to form structures
from a dried film.18,25,28,29 Instead, fatty acid vesicles form from equilibrium with solution.
Having only one tail and one charged functional group on their headgroup, changes in ionic

181
strength have a large impact on relative size of the polar and non-polar groups, and a
subsequent large impact on membrane curvature. Figure 5-2 shows the hydration of oleic
acid at pH 8.5 and added ionic strength in the form of sodium chloride and ambient
temperature. The ionic strength contribution from oleic acid is ~5 mM, and thus the
estimated change in Debye length with 10 mM added NaCl is from 4.3 to 2.5 nm. Despite
the reduction in headgroup repulsion implicit with short Debye length, many hollow
vesicular structures are still resolved and therefore a significant change in either curvature
or solubility is not inferred at 10 mM added NaCl. Hydrated structures are also observed
at 50 mM added NaCl, but at lower population and oil drops are visible. By 100 mM added
NaCl, the solubility is greatly reduced and oil droplets are prevalent. Change from hydrated
structures to oil droplets conveys a decrease in solubility consistent with decreased charge
repulsion as viewed from either a perspective of collapsed membrane curvature or the
inability for coulombic repulsion to overcome van der Waals attractions.
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Figure 5-2. Hydration of oleic acid over a range of ionic strength conditions at pH 8.5. At
0 and 25 mM added NaCl, little difference in hydration is observed as determined by
microscopy. Samples containing 50 mM added NaCl show a decrease in population of
small, dim background structures. At 100 mM added NaCl, small hydrated structures
indicative of small vesicles or micelles are greatly diminished and bright oil drops are
prevalent.
5.2.2 Temperature-Dependent Reversible Vesicle-Oil Transition. Early ocean ionic
strength is suspected to have been as high as 1-2 M,1 and higher ionic strength is also
necessary for some coacervate formulations. Therefore, vesicle hydration at greater ionic
strength was investigated.
Since increased ionic strength reduced solubility, other methods of increasing
solubility should be able to counteract elevated ionic strength and lead to vesicle formation.
Figure 5-3 features temperature cycling of a 20 mM Tris pH 8.6 with 500 mM NaCl oleic
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acid sample between 30 and 50°C. Repeatable change between oil drops at 30°C and
vesicles at 50°C is observed. Provided the oil drops are small, the change occurs within
minutes. At 30°C, high concentrations of DOPE-Rhodamine are present that do not diffuse
relative to the grid overlay (to aid the eye), and they are interpreted as condensed fatty
acid/lipid drops. In the 50°C images, only one bright, immobile drop is present and the
population of lower intensity objects that diffuse over time is increased. Therefore, small
vesicles and micelles are present.
In macroscopic 500 mM added NaCl samples, the difference in solubility is
observed in separated and homogenous phases at 21 and 40°C, respectively. At 1000 mM
added NaCl, oil drops are still present that may dissolve at even higher temperatures.
Besides expanding the ionic strength conditions at which vesicles form to those more
plausible of an early ocean, these data are relevant to existing hypotheses favoring
temperature cycling of organic molecules at hydrothermal vents.15,30 Additional heat from
hydrothermal vents and inclusion of lower molecular weight fatty acids could expand fatty
acid vesicle formation to ionic strengths in the molar range.
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Figure 5-3. Panels on the left show time series of temperature-dependent 10 mM oleic acid
hydration at 500 mM added NaCl and 20 mM Tris pH 8.6. Data were gathered at 30°C on
the left and 50°C on the right. Five micron square grid patterns are overlaid to better
determine movement between each 1 s time point. A difference in abundance of small, low
intensity objects is also observed between the two temperatures. Photos on the right show
macroscopic hydration of 5 mM oleic acid at room temperature and ~40°C. Clear, pink
solutions are observed 0 and 250 mM added NaCl at both temperatures, and 1000 mM
added NaCl has a clear aqueous phase with oil drops present at the interface and stuck to
the vial walls (from mixing). Separate aqueous and oil phases at 500 mM added NaCl and
room temperature are observed as a single cloudy phase at 40°C. The cartoon visualizes
the temperature-dependent change in the 500 mM NaCl sample. Higher temperatures were
used in the microscopy sample to make the transition more rapid.
5.2.3 Coacervate Synthesis and Characterization. Coacervate phases formed by cocomplexation of polyelectrolytes in aqueous solution may interact with liposomes through
a variety of means. Interfacial tension, charge interaction, aqueous phase partitioning, and
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specific molecular interactions may each be used as a perspective to observe and engineer
liposome-coacervate interactions. Such a variety of factors makes control of interactions
difficult, and previous studies have observed partitioning of fatty acids to the interface and
into the coacervate phase when introduced below the critical micelle concentration.31 A
model coacervate composed of poly(acrylic acid) 2.1 kDa and poly(allylamine
hydrochloride) 58 kDa based on existing literature was developed to study interactions
starting with the ionic strength and charge variables used to control oleic acid hydration.
PAA and PAH coacervates have been studied in relation to ionic strength.32,33

Figure 5-4. Coacervates were prepared at concentrations by weight of 1.33% PAA and
0.67% PAH (upper row) and 0.05% PAA 2.1 kDa and 0.025% PAH 58 kDa (lower row)
in 20 mM Tris pH 8.6. The 0 mM added NaCl sample in the upper row served as an example
for identifying precipitates in the samples. The illustration highlights the corners and high
contrast characteristic of precipitates, which transition to spherical droplets and lower
contrast characteristic of coacervates.
Microscopy data in Figure 5-4 show the effect of ionic strength on coacervate
formation. In the upper row, samples with elevated polyelectrolyte concentration reveal a
change in contrast and edge shape between low ionic strength precipitates and high ionic
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strength coacervate phases. In the lower row, droplets of coacervate phase are observed
that are round and lower contrast, indicative of fluidity and higher water content.

Table 5-1. Coacervates were prepared with changing ratios of PAA 2.1 kDa to PAH 58
kDa at 20 mM Tris pH 8.6 and added 50 mM NaCl. Zeta potentials were measured to find
the surface charge for interaction with oleic acid vesicles.
PAA and PAH coacervates were formed with varying polyelectrolyte ratios and
their zeta potentials were measured. Coacervate zeta potentials were measured with freshly
formed coacervates in 50 mM NaCl and 20 mM pH 8.6 Tris buffer (Table 5-1). Due to
their low concentration, the polymers contribute at most 1.2 mM to the ionic strength of
the solution. Changes in coacervate zeta potential were attributed to charge density and
mass ratio of the polymers. The pKa of PAA is approximately 4.5 and of PAH is
approximately 9.0, but because the polymer backbone forces charges to stay in close
proximity, conditions such as screening and counterion identity can play a role.34 With a
pKa of 4.5, PAA is 10000 times more dissociated than undissociated at pH 8.5. Even when
the pKa is raised to 6.5 to account for like-charge repulsion, the ratio is still 100:1 charged
to uncharged. PAH is less dissociated, and with a pKa of 8.5 to 9.0, is 1:1 to 3:1 charged
to uncharged. Since mass ratios were prepared, comparing charges per mass of monomer
makes the polyelectrolyte charge balance more accessible. With pKa 4.5 for PAA and pKa
9 for PAH, a -1 per 94 Da and +1 per 104 Da charge density is predicted, respectively.
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However, if the change in local conditions of PAH caused by PAA proximity induce full
dissociation, than the ratio becomes -1 per 94 Da (PAA) to +1 per 79 Da (PAH). When
comparing these values to the zeta potential data in Table 5-1, the case of less dissociated
PAH is supported, provided the structures were equilibrated well enough for the surface
measurements to be consistent with the interior. Less dissociated PAH is also consistent
with the difference in molecular weight between the polymers, as the lower molecular
weight PAA is expected to contribute less to the coacervate33 and less to inducing
dissociation in PAH.
5.2.4 Vesicle-Coacervate Interactions. Vesicle-coacervate interactions were probed by
forming larger coacervate droplets and exposing them to smaller oleic acid vesicles.
Vesicles were homogenized by extrusion using a 200 nm filter. Microscopy and by
dynamic light scattering (DLS) were used to confirm homogeneity. Vesicles had a radius
of 71 ± 4 nm (n = 4) as determined DLS and were consistent for at least 13 days. From
Table 5-1, 0.010 PAA:0.015 PAH %w/w and 0.015 PAA:0.010 PAH %w/w were made to
create negative or near-neutral interfaces, and then 1 mM oleic acid as vesicles was gently
mixed into the solution. In Figure 5-5, results of the interactions are observed. The left two
panels show control coacervates, with positively charged coacervates featuring greater
interactions with the coverslip as determined from spreading artifacts in the images. The
upper center and right images have several submicron structures that appear in the
fluorescence and transmitted light channels that indicate the small amount of PAH in the
sample is widely dispersed. In the lower center and fluorescence panels, the oleic acid
vesicles interact favorably with the positively charged coacervates to create larger droplets
with the DHPE-Rhodamine label concentrated at the interface. Both the DHPE-Rhodamine
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signal and elimination of interactions with the coverslip indicate that oleic acid is also
present at the interface, though it is unknown whether as vesicles or in another form. High
DHPE-Rhodamine concentration and thickness of the signal at the interface suggest that
multilayers or aggregated amphiphile-polymer phase has formed.

Figure 5-5. Oleic acid vesicle interaction with coacervates corresponded with the zeta
potential data in Table 5-1. In the left two panels, the coacervates are observed in absence
of oleic acid LUVs. The center and right panels are brightfield transmitted light and
fluorescence images of coacervates in the presence of 1 mM oleic acid added as LUVs with
DHPE-Rhodamine tags. Structures observed with excess PAA were small, yet possessed
high transmitted light contrast and fluorescence. With excess PAH, the LUVs are observed
coating the exterior of larger phase droplets, and the interfacial fluorescence signal is high,
indicating high concentration of DHPE-Rhodamine. In the brightfield, larger spherical
coacervates are observed.
Membrane additives were tested to tune vesicle-coacervate interactions. Since the
vesicles appeared compromised by interactions with the coacervate in Figure 5-5 from the
apparent aggregation at the interface, additives to increase membrane resilience were
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tested. Cholesterol was added as an internal membrane stabilizer,35 and DOPC was added
as an amphiphilic stabilizer. DOPC has been previously observed to drastically increase
oleic acid membrane stability at concentrations above 10%.20 Vesicles containing 10% and
20% of each additive were successfully hydrated and extruded, as well as containing 10%
of each. Figure 5-6 shows fluorescent and transmitted light images of 0.5 mM amphiphiles
as vesicles interactioning with 0.02 w/w% PAA and PAH. Samples with cholesterol as a
stabilizer bear similarities with the lower panel in Figure 5-5. No vesicles are present
without accompanying objects in the transmitted light channel, so all fatty acids are
interpreted as accumulating on the coacervate phase drops. On larger coacervate drops, the
same ring present in Figure 5-5 is observed. DOPC-stabilized vesicles are observed moving
freely in the background, and have a lower fluorescence intensity at the interface of larger
coacervate droplets. These aspects indicate that DOPC-stabilized vesicles are more
resistant to interfacial accumulation. DOPC is observed contributing the same behavior to
vesicle-coacervate interactions when both additives are present in the lowest two frames of
Figure 5-6. Differences in interfacial accumulation between cholesterol and DOPC
additive vesicles could be related to headgroup interactions with the coacervate, changes
in bending energy of the membrane, or both.
Introduction of amphiphiles to the coacervates by this approach differs from that of
previous work by Tang et al.31 in that membrane properties can be tuned before interaction
with the coacervate. A resilient interface assembled beforehand can alleviate issues with
partitioning of amphiphiles within the coacervate phase. A drawback is that this is more
complicated than the method used by Tang et al., but the likelihood of vesicles forming on
their own19 in prebiotic environments does not make it unreasonable. Preceding work also
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demonstrates that adsorbed vesicles and supported lipid bilayers can both form when
phospholipid vesicles are used as precursors.36

Figure 5-6. Oleic acid vesicles were hydrated incorporating cholesterol as an internal
membrane stabilizer and DOPC as an amphiphilic stabilizer. Amphiphile concentration of
0.5 mM was used with DHPE-Rhodamine to label amphiphiles. Coacervates were 0.02
w/w% PAA and PAH. 10% cholesterol samples have high concentration of DHPERhodamine in small droplets, and 20% cholesterol samples have larger droplets with
DHPE-Rhodamine present at the interface, similar to Figure5-5. When DOPC is used as
an additive, both 10% and 20% samples have LUVs unassociated with coacervate phase
and diffusing freely in solution. Interfacial concentration of DHPE-Rhodamine is also
reduced. When both additives are added, the effect of the DOPC is observed.
5-3 Conclusions.
The results of these experiments suggest that liposome structures and coacervates
can interact with the potential to create combination vesicle and coacervate phase systems
out of dilute solution. Differences in interaction between vesicles of ~100% oleic acid
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and those doped with DOPC phospholipid indicate that the resilience of the bilayer will
be an essential variable in the final structure formed. Though the structures created were
not fully equilibrated, equilibrium structures should not prohibit the interface-based
mechanisms used to assemble the structures.
In addition to coacervate-vesicle interactions, oleic acid vesicles in increased
ionic strength environments were evaluated. Vesicle formation was inhibited by ionic
strength that is favorable for coacervate formation and early ocean conditions, but
temperature was determined to be a means for overcoming ionic strength inhibition.
Since temperature variation in increased ionic strength solution was found to determine
vesicle formation, thermocycling was performed to alternate between vesicles and oil
drops. A method of solute encapsulation by vesicles on the early Earth is the cycling
between lipid films and vesicles in tidal pools.37 Thermocycled transition between
vesicles and oil drops likely depends on amphiphile solubility instead of or in addition to
delamination. Due to the different mechanism, relevance to encapsulation would require
further research.
5.4 Materials and Methods.
5.4.1 Materials. Oleic acid was supplied by Sigma-Aldrich. Rhodamine-DHPE was
supplied by Life Technologies. Poly(allylamine hyrdrochloride) 58 kDa and poly(acrylic
acid) 2.1 kDa came from Sigma-Aldrich. Sodium chloride was supplied by BDH. Tris
acid and base were provided by Sigma-Aldrich. Water was purified to 18.2 MΩ by a
Barnstead system. For DLS sizing, water was run through 20 nm Whatman syringe
filters.
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5.4.2 Preparation of Vesicles. To reproducibly remove organic solvent and introduce
aqueous solvent, the gentle hydration method was used even though bilayer delamination
should not be a factor in hydration. Pure oleic acid and Rhodamine-DHPE dissolved at
0.5 mg/mL in chloroform where added glass 12 × 75 mm culture tubes. For 10 mM oleic
acid; 1.6 µL of oleic acid, 13 µL of Rhodamine-DHPE solution, and 50 µL of chloroform
were added to ensure uniform mixing. The chloroform was evaporated out under low (< 1
psi) Argon flow with rotation of the tube by hand while held at ~30° angle. Residual
chloroform was removed by 1+ h under rough vacuum. For 10 mM oleic acid, 500 µL of
aqueous hydration solution was then added and the tubes were sealed with parafilm.
Heat, if applied, was added by placing the tubes in an incubator at 40°C. Tubes were
hand agitated periodically to increase dissolution rate. Extrusion was performed with an
Avanti mini-extruder and Whatman 200 nm polycarbonate filters. The solution was
passed 11 times through the filters.
5.4.3 Preparation of Coacervates. Coacervates were prepared from stock solutions
formed by dissolving each polyelectrolyte in water, and diluting with either water or
sodium chloride solution. Mixtures were then vortexed for 30s. For vesicle-coacervate
interactions, vesicles were added after the coacervate solutions were prepared, and mixed
gently with a pipet tip.
2.4.4 Microscopy. Microscope slides were prepared using siliconized38 1.5 thickness
coverslips, 20 mm diameter by 0.5 mm deep silicone spacers, and either a second
coverslip or microscope slide. 50 µL of sample were placed in the coverslip-spacercoverslip sandwich.
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Images were collected with a Leica TCS SP5 inverted confocal microscope with a 63x oil
objective. A 20x air objective was used in conjunction with an Instec TSA02i
temperature stage with an mK1000 temperature controller to produce the thermocycling
data in Figure 5-3. Rhodamine was excited with a 543 nm HeNe laser and fluorescence
was detected using a 488/543 double dichroic beamsplitter and an emission window from
555 to 650 nm. Images were acquired at 1024 × 1024 or 2048 × 2048 resolution, and 8bit depth.
5.4.5 Zeta Potential. A Malvern Zetasizer Nano ZS was used to measure zeta potential
with disposable folded capillary cells (DTS1060). The conditions for measurement were
analyte refectrative index of 1.375, temperature of 25°C after 60 s equilibration time, and
using the Smoluchowski method. Water was the dispersant phase using the instrument
manufacturer’s property database.
5.4.6 Dynamic Light Scattering. A Malvern Zetasizer Nano ZS was used to measure
size with a PCS8501 glass cuvette. The conditions for measurement were analyte
refractive index of 1.450 and water was the dispersant phase using the instrument’s
property database. Temperature was set to 25°C with 120 s equilibration time, and the
measurements were made a 173° to gather backscattered light. Three measurements were
taken per sample.
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Chapter 6.
Conclusions and Future Directions
6.1 Conclusions.
Biological compartments simultaneously maintain the diverse reaction conditions
needed by the cell. This dissertation explored biological compartmentation with a focus on
stabilizing crowded aqueous phases against coalescence. Methods of stabilization were
kinetic in nature, and they make use of electrostatic and steric interactions. Membranes
were not created to block diffusion across the interface, but surfactant vesicles were used
that may be converted to membranes. Particle adsorption to interfaces in the presence of
crowding agents was investigated to better understand vesicle adsorption in the creation of
bioreactors and observed electrostatic emulsions, and was also demonstrated as a method
of inducing steric emulsions through dispersion forces that drive particles to the interface.
In Chapter 2, an aqueous two-phase systems (ATPS) prepared from poly(wthylene
glycol) (PEG) and dextran polymers was electrostatically stabilized by PEGylated
liposomes that partitioned strongly to the interface.1 Resulting compartments permitted
free diffusion of nucleic acids across the interface, and the phase system concentrated them
by acting as a favorable environment. A hammerhead ribozyme cleavage reaction2 was
able to proceed at low enzyme and Mg2+ concentrations due to high local concentration,
and its products were able to diffuse freely following the reaction.
Chapter 3 investigated the forces driving particles, such as the vesicles in Chapter
2, to the interface. In particular, the effects of crowding were examined. The energetics of
particle capture at liquid-liquid interfaces are typically described in terms of wetting and
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interfacial tensions,3,4 while particle behavior in crowded solution is described in terms of
depletion forces.5–8 Experiments in which electrostatics were reduced yielded results that
indicate both interfacial tension and depletion force play independent roles in particle
adsorption to the aqueous-oil interface to create Pickering emulsions. When an all-aqueous
system was created where both interfacial tension and particle adsorption are a result of
depletion forces, particles failed to adsorb when predicted. More sensitive instrumentation
and changes to experimental design may reveal whether the disparity is significant.
The electrostatic stabilization observed in Chapter 2 was further investigated in
Chapter 4. Chapter 4 featured an investigation of Donnan potential stabilization using
vesicules without the PEGylation present in Chapter 2. Without PEGylation, liposomes
partition to both the interface and the dextran-rich phase. Charge repulsion lead to
stabilization, and the mechanism is interpreted as a difference in partitioning between
liposomes and the counterions associated with egg phosphatidyl glycerol headgroups.
Partitioning of polyelectrolytes and their counter-ions is investigated as an analogous
system to the liposomes. Partitioning of the 500 kDa polyelectrolytes was influenced by
folding and ionic strength as a consequence. Polyelectrolyte partitioning was consistent
with literature values,9–13 observed as less efficient than liposome partitioning, and
emulsions created were meta-stable.
Interactions between vesicles and coacervate phases were examined in Chapter 5
in relation to compartmentation for abiogentic processes. Alkyl acid vesicles proposed to
exist on the early Earth were synthesized.14,15 Tuning of poly(acrylic acid) and
poly(allylamine hydrochloride) ratios in coacervates was found to play a role in
adsorption of alkyl acid molecules at the interface. Addition of ~10% DOPC to the alkyl
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acid vesicles led to observation of free vesicles accompanying amphiphile accumulation
at the interface, an indicator of increased mechanical resilience. Developments in this
area may lead to partitioning of whole vesicles to the interface or interior as in Chapters 2
and 3, or to supported lipid bilayer formation at the interface.
6.2 Future Directions.
Advancements in control and formation of biomimetic compartments are promising
in the understanding of biological properties16,17 as well as the development of biomedical
applications and synthetic biological systems.18,19 The crowded nature of the systems may
also pose an interesting challenge in modelling of diffusion. Studies presented in this work
contribute toward several routes of future research. Arrangement of vesicles at the ATPS
interface places them on a scaffold where further manipulation can occur. Also, spatially
controlled lipid structures interacting with independently localized solutes can be used to
mimic organelles, such as lysosomes and peroxisomes.
6.2.1 Colloidosomal Vesicular Compartments. Liposome-stabilized ATPS demonstrated
in Chapter 2 is may be expanded by incorporation of a pathway that combines localized
reactions within the interior phase as well as at the vesicular interface. Functional lipids
incorporated in the liposomes would provide interface-specific reaction capability. By
changing the functional lipid variety and concentration within a population of liposomes
as well as the ratio of liposomes present, the localization of reactive headgroups of the
“membrane” could be finely tuned (Figure 6-1). Further work could be done with RNA
enzymes, and compared with proof-of-principle multi-enzyme cascades like glucose
oxidase, horseradish peroxidase, and CALB demonstrated with polymersomes.18
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Figure 6-1. (A) Enzyme cascades may be conducted in phase systems within colloidal
vesicular shells. The phase-encapsulating shells could exhibit a variety of biomimetic
forms of compartmentalization; including non-membranous phases, lipid membranes and
lipid phases, and the coarse-filtering membrane created by the shell, and internal vesicular
compartments. (B) Proof-of-concept reactions could be demonstrated similar to those
performed in polymersomes that observed changes in reaction rate dependent on
localization.18 Right panel reproduced with permission from reference 18.
A vesicular analog of colloidosomes may be prepared using linker molecules
between vesicles partitioned to the interface. Work with neuronal SNARES and DNA
hybridization are two existing routes to linkage,20–23 as well as other biological interactions
such as biotin-avidin.24 Click chemistry may also be used.25,26 Subsequent dilution would
result in reduced size or elimination of the interior phase and a linked liposomal shell. By
adjusting variables such as PEG length and vesicle size, the semipermeable barrier created
could be adjusted. Characterizations of resulting cross-linked colloidal shells would answer
questions about their structure and interaction with interior phase(s). For example, changes
in preferential phase wetting, interfacial tensions, and bending properties of the shell
should affect the morphology of resulting compartments (Figure 7-2).
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Figure 6-2. Crosslinked and diluted liposomal shells may have varied morphology
depending on the properties of the shell and wetting between the dispersed phase and the
shell. These properties may be similar or differ greatly with similar systems created using
giant vesicles.27
6.2.2 Supported Lipid Bilayer Formation. Interfacial partitioning and organization of
liposomes combined with the polyelectrolyte partitioning and semi-stable emulsions found
in Chapter 4, as well as coacervate interaction data in Chapter 6, open a path to SLB
formation at aqueous-aqueous interfaces. For a SLB to form from vesicles, interfacespecific rupture must occur (Figure 6-3).28,29 Attractive headgroup-interface interactions
act counter to the bending energy of the membrane, and cause deformations in the vesicles
that lead to rupture. Rupture then results in bilayer patches. Creation of an SLB is likely to
require careful tuning of lipid tailgroup properties in limiting of charged headgroup
migration and the creation of vesicles that will rupture, yet still mainain a membrane
instead of dispersing amongst the polyeletrolyte-rich phase. Lipid headgroups will also
play a role in the type and density of charge in promoting headgroup-interface interactions.
Polyelectrolyte charge denisty, molecular weight, and hose polymer properties will play a
role in interface-headgroup interactions as well as in creating a membrane that overcomes
the bending energy of the vesicle instead of yielding to it. Ionic strength and pH conditions
will affect the intensity of interactions.
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Figure 6-3. A potential SLB formation mechanism at an aqueous-aqueous interface.
Vesicles adsorb to the interface by headgroup-polyelectrolyte interactions and are strained
against by the interactions. The strain immediately ruptures the vesicle, or holds it in place
until fusion with another vesicles and subsequent rupture. Providing cumulative membrane
phase formation forces are stronger than individual lipid-polyelectrolyte interactions, the
ruptured vesicles will result in a membrane patch at the interface. Vesicles are depicted in
orange and red, polyelectrolytes are dark blue, continuous phase is yellow, and dispersed
phase is blue. Host polymers, counter ions, and free ions contributing to pH and total ionic
strength are not shown.
6.2.3 Compartments Mimicking Organizational Mechanisms in Large Cells. Particlephase networks using ATPS produced in Chapter 3 may be used to mimic actin filament
networks found in large cells, such as Xenopus laevis oocytes (Figure 6-4).30 In Xenopus
laevis oocytes, actin filaments prevent gravitational forces from causing settling and
coalescence of phases within the nucleus of large cells. In smaller cells, gravitation plays
less of a role relative to Brownian motion and molecular-scale forces. Bridging particles in
sufficient concentration can also suspend volumes of one phase in another against gravity.
The suspended phase may also contain a third phase. The entire assembly would have
greater uniformity than if the phases where permitted to settle.
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Figure 6-4. Particle-phase bridging networks could be used to mimic aspects of cellular
organization created by actin filaments. (A) Data from Xenopus laevis oocytes showing
actin filaments (green) suspending nucleoli (red). Scale bar = 10 µm.30 (B) A cartoon
representing data in part (A) where blue is the nucleus, green is the actin filaments, red is
the nucleoli, and yellow is the cytosol. (C) Particle-phase networks that could be used to
suspend phases against gravity in a similar manner to actin filaments. Yellow represents
the continuous phase, blue the dispersed phase, red a third phase that partitions to the
dispersed phase, and black is particles. Gravity indicator is in reference to the cartoons.
6.3 Outlook.
Cellular function relies on compartmentalization to manage parallel functions in a
variety of conditions. Information in this dissertation and related studies of cellular
compartments helps to unlock the rich chemistry accessed by nature. This information may
be used in a diverse range of applications from contemporary medical and problems to
understanding the origins and promoting the discovery of life in the universe.
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Appendix.
PEG-Dextran Phase Composition by Refractive Index and Polarimetry

A1.1 Introduction.
When polymers phase separate to from aqueous two-phase systems (ATPS), the
phases created are in equilibrium. As a result, each phase contains some polymer from the
opposite phase, and the composition of each phase changes with polymer concentration.
Analyses that are specific to a single polymer can be used to determine the concentration
of that polymer within each phase, and if a specific analysis exists for each polymer, that
is the most straightforward method. The poly(ethylene glycol) (PEG) and dextran system
is a common ATPS,1–3 and is employed throughout this work. Polarimetry can be used as
a specific analysis for dextran in PEG-dextran solutions because it is the only stereoactive
compound present. PEG-dextran phase composition has been documented to be
determined from polarimetry and refractive index (RI) data. The process is described as
follows:
“Measure the optical rotation for each phase and calculate the respective concentrations.
The concentration of the second component is determined by measuring the refractive
index of the top and bottom phase and subtracting the refractive index component mad by
the optically active component.”3
The exact process and mathematics to determine the concentration of each
component in each phase is not precisely described, but the relationship is described as
additive. The concentration of dextran can be known directly from the specific selection of

210
the chiral molecule by polarimetry relative to standard concentrations. To determine PEG
concentration, the dextran concentration as determined by polarimetry is placed into RI
equations solving for PEG concentration as follows:
PEG Standard Curve:
Equation A1-1:
Dextran Standard Curve:
Equation A1-2:
Solution for PEG Concentration:
Equation A1-3:
Equation A1-4:
Slope is expressed as m in the equations. In Equation A1-3, filling in zero for [PEG] or
[Dextran] results in either of the standard curve equations. Thus, the RI curve of each pure
compound is set as the bounds with the RI of a phase combining the two polymers
permitted to lie anywhere within the bounds. The solution will hold true as long as PEG
and dextran affect RI of the solution when mixed in the same when each does
independently.
A1.2 Results and Discussion.
Following is an test of phase composition analysis for the PEG-rich and dextranrich phases in a 10% PEG 8 kDa :16% dextran 10 kDa ATPS. Dextran concentration is
determined first by polarimetry based on a standard curve (Figure A1-1). Next standard,
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curves are measured for both dextran and PEG by refractometry. Finally, the RI of each
ATPS phase is measured, and all variables of Equation A1-3 except PEG concentration are
known. Equation A1-4 solves for PEG concentration in the phase, and the analysis is
repeated for the second phase.

Figure A1-1. Calibration curve created from dextran standards by polarimetry.
Table A1-1 shows the results of phase composition analysis. The top phase was
found to be more dilute with a higher water concentration, and to contain ~1/7th of the
concentration of dextran as PEG. These data are consistent with the top phase as the PEGrich phase. The bottom phase was determined to contain only water and dextran within the
error in present in the analysis. Solving Equation A1-4 yielded -0.001 w/w% PEG, and the
negative value is a result of calculating PEG concentration indirectly.
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Figure A1-2. Calibration curves created from PEG and dextran standards by refractometry.

Table A1-1. Concentrations in the PEG-rich phase and dextran-rich phase determined from
polarimetry and RI measurements. Dextran was measured directly with polarimetry, PEG
was calculated from RI and dextran concentration, and water was calculated as the
remainder.
To test the results, PEG-rich and dextran-rich phase solutions were formed from
the values calculated by the analysis by directly weighing the polymers instead of making
a 10% PEG 8kDa: 16% dextran 10 kDa ATPS and separating each phase. The resulting
mixtures were compared with phases formed by separating an ATPS (Table A1-2). PEGrich phase created by this method was cloudy, and when centrifuged, yielded a small
dextran-rich phase at a volume ratio of ~ 960 µL:40 µL PEG-rich:dextran-rich. Given the
relatively high concentration of polymers in this ATPS, each phase is almost purely PEG
or dextran (Table A1-1). Therefore, the low concentration of the minority polymer made
it was a strenuous test for the technique, as small errors can cross the coexistence line
between one and two phases. From the RI comparison, a difference between phases was
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0.14% and 0.24% for PEG-rich and dextran-rich, respectively. The difference is roughly
the same magnitude as the percent difference in between the actual and target masses
when forming the phases. These data indicate that the analysis found the composition of
each with enough accuracy to form replicate phases.

Table A1-2. Comparison between phases separated from a native ATPS and phases
directly created by combining the masses from the polarimetry and refractometry analysis
(engineered). Percent weights are calculated from mass used to form the samples, and the
percent beneath each value is the percent difference with the target value. Refractive index
measurements in the final column compare the phases.
A1.3 Conclusion.
Polarimetry and refractometry were used to determine the composition of phases
in a PEG and dextran ATPS. Polarimetry was used to determine dextran concentration in
each phase, and equations were developed to determine PEG concentration from
refractive index by assuming the contribution from each is additive. PEG-rich and
dextran-rich phases were created using values from the analysis and found to
approximately match the phases separated from a native ATPS. Besides providing phase
data for other experiments, this technique can be used to create large volumes of a phase
without producing the other phase as waste.

214
A1.4 Materials and Methods.
A1.4.1 Materials. Dextran 9,000-11,000 Da was purchased from Sigma Aldrich.
Poly(ethylene glycol) 8,000 Da was obtained from Amresco. Water was purified to 18
MΩ with a Barnstead purification system.
A1.4.2 ATPS and Individual Phase Preparation. The ATPS were created by measuring
each component on a balance and combining them. The mixture was allowed to sit until
phases were clear or centrifuged at 5000 × g. Separation of phases was performed at
room temperature. Individual phases were prepared by weighing polymers and water.
Engineered PEG-rich phase appeared cloudy, and was centrifuged and only the top phase
was used for analysis.
A1.4.3 Polarimetry. Polarimetry measurements were taken with a Perkin Elmer Model
343 polarimeter. Samples were loaded in a 3 mL sampling chamber, and 589 nm light
was used from a sodium halide lamp. Temperature was set at 22.0°C. Dextran-rich phase
samples were diluted by a factor of two to fall within the calibration curve.
A1.4.4 Refractometry. Refractometry measurements were taken with a Leica Auto Abbe
refractometer. Duplicate samples were measured three times each. PEG-rich phase was
measured at 23.28 ± 0.02°C (native) and 23.7 ± 0.4°C (engineered). Dextran-rich phase
was measured at 24.22 ± 0.08°C (native) and 24.2 ± 0.1°C (engineered).
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