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ABSTRACT
Macroscale properties of plant cell walls originate from the nano scale interactions
beween microfibrils and matrix polymers, the details of which have not been settled, hampering
our understanding of how the plant cell wall enables loosening during growth while maintaining
its mechanical strength. To visualize the spatial arrangement of the most recently deposited

cell wall components at the nm scale, we used multi-channel atomic force microscopy
(AFM) in PeakForce Tapping® mode to map variations in the surface height, modulus
and tip adhesion across the innermost surface of never-dried primary onion epidermal
walls. Height maps and PeakForceTM error maps selectively visualized microfibrils and
obscured the matrix polymers in hydrated primary walls whereas nanomechanical
mapping reveals significant polymer heterogeneity in stiffness and adhesiveness at the
nm scale. By selectively merging these maps, distribution of soft matrix polymers and
stiffer microfibrils became evident. Individual microfibrils frequently emerged into and
out of short regions of microfibril bundles, resembling the previously predicted structure
of ‘biomechanical hot spots’, the load bearing sites for cell wall loosening. By time lapse
AFM imaging of relaxed cell walls, microfibril dynamics (motion) were seen to increase
upon incubation with Cel12A, an endoglucanase capable of inducing cell wall loosening,
whereas xyloglucanase and EDTA had no effect. This confirms the role of Cel12A sites
as biomechanical hot spots that stabilize and reinforce the microfibril network. By
monitoring the nano scale microfibril motions during cell wall extension, we observed
that microfibrils reoriented and compressed transversely during physical uniaxial
extension, whereas they separated during Cel12A-induced creep. Physical extension also
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caused kinking of microfibrils, which was reduced by Cel12A treatment. Microfibril
sliding as well as shearing was also observed during physical extension and Cel12Ainduced creep. These results provided molecular basis for cell wall extension and
loosening, suggesting that microfibrils are connected at limited regions, dubbed
‘biomechanical hot spots’ which are targeted by Cel12A in order for microfibrils to
decouple and separate during creep. Nanomechanical mapping detected increases in
modulus of microfibrils upon extension, due to tensioning of the microfibrils; the
modulus (and tension) reduced after Cel12A treatment.
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PREFACE
What makes plants different from animals? Although different people may have different
answers, it is the chloroplasts and plant cell walls that inarguably distinguish plants from animals.
Chloroplasts make plants autotrophic, while plant cell walls, a rigid extracellular structure
determined that plants cannot move freely like animals do. Primary cell walls that are still
expanding consist of cellulose (~ 30%), hemicelluloses (~30%) such as xyloglucans or xylans,
pectins (~30%) and small amount of structural proteins (1). Cell walls such as those in woody
tissues that have gone through secondary thickening are secondary cell walls, which contain
mainly cellulose, lignin and xylans, providing much mechanical support for plants (2). The
polysaccharide-rich plant cell walls were applied in many aspects of human life throughout
history: fire-making, housing, clothing, paper pulp, food and dietary fibers, etc. Conversion of
cellulose, the most abundant organic polymer on Earth, has been considered as an alternative fuel
source.
For the last two decades, much knowledge has been gained in terms of identifying cell
wall components and their biosynthesis pathway (3–5). Identification of genes responsible for the
synthesis of certain cell wall polymers facilitates discovery of cell wall mutant, whose phenotype
provides valuable information about the structural role of that particular component (6, 7).
Fluorescently tagged wall-related proteins allow us to monitor their location and movement in
live cells, revealing the dynamics of polymer biosynthesis and the machinery components (8, 9).
Different cell wall components have also been labeled either by binding dyes or click chemistry,
allowing direct visualization of their dynamics during cell wall growth (10, 11).
Despite our much improved knowledge of cell wall components and their biosynthesis,
our understanding of the molecular structure of plant cell walls is still limited. In the case of
primary cell walls, it remains elusive how different polymers interact with each other to make a
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strong yet extensible wall. Recent studies indicated that only small amount of xyloglucans were
in close contact with cellulose whereas pectins covered most of the cellulose surfaces (12). By
combining enzyme treatment with wall extensometry, limited regions, dubbed ‘biomechanical hot
spots’, were proposed to be the targets of cell wall loosening agents and the load bearing
cellulose-cellulose junctions might be mediated by trace amount of xyloglucans (13–15).
The concept of biomechanical hot spots raised many unanswered questions: How are
cellulose microfibrils connected at these hot spots? What is the density of these hot spots? How
do these structures limit the motion of microfibrils during cell wall extension? How does
regulation of these very limited regions induce large scale cell wall loosening? How do cell walls
manage to remain strong while being loosened at the same time? To address these questions,
direct visualization of nano-scale microfibril motions during cell wall extension was required. In
this thesis, Chapter 1 started by establishing the technique of visualizing never-dried onion
epidermis at the most recently deposited cell wall surface by atomic force microscopy. Chapter 2
described the nano-scale organization of microfibrils and matrix polysaccharides using
conventional AFM imaging and nanomechanical mapping. In Chapter 3, microfibril dynamics
was observed in relaxed cell walls during various enzyme or chemical treatment that removed
specific cell wall components. In Chapter 4, microfibril motions were monitored during physical
extension and Cel12A-induced creep, providing many details of primary cell wall structure and
the mechanisms of cell wall loosening. Finally, the insights and prospects for further study were
discussed in Chapter 5.
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Abstract
For more than 10 years epidermal cell layers from onion scales have been used as a
model system to study the relationship between cellulose orientation, cell growth and tissue
mechanics. To bring such analyses to the nanoscale, we have developed a procedure for preparing
epidermal peels of onion scales for atomic force microscopy to visualize the inner surface (closest
to the plasma membrane) of the outer epidermal wall, with minimal disturbance and under
conditions very close to the native state of the cell wall. The oriented, multilayer distribution of
cellulose microfibrils, approximately ~3 nm wide, is readily observed over extended lengths,
along with other features such as the distribution of matrix substances between and on top of
microfibrils. The microfibril orientation and alignment appear more dispersed in younger scales
compared with older scales, consistent with reported values for mechanical and growth
anisotropy of whole epidermal sheets. These results open the door to future work to relate cell
wall structure at the nm scale with larger-scale tissue properties such as growth and mechanical
behaviors and the action of cell wall loosening agents to induce creep of primary cell walls.

Keywords
cellulose microfibrils; primary cell wall; atomic force microscopy; cell wall structure;
matrix polysaccharides
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1.1 Introduction
To understand plant cell wall growth and mechanical properties at the molecular level, it
is essential to understand the mechanism by which cellulose microfibrils are mechanically
connected to one another by matrix materials so as to make a strong yet extensible cell wall
(Cosgrove 2005). The cell wall acts the major physical restraint against the tendency of the
protoplast to absorb water by osmotic processes, with the result that plant cells develop
substantial turgor pressure (typical values being 0.3 – 1 MPa) and cell walls develop tensile
stresses with values ~10-100 fold larger than turgor pressure, depending on cell size, geometry
and wall thickness (Cosgrove 1993; Carpita and Gibeaut 1993; Taiz, 1984). Irreversible wall
expansion during cell growth is not a simple physical process but depends on the continued action
of wall loosening agents such as expansin, which loosen the cellulose-matrix interactions and
thereby induce wall stress relaxation, leading to water absorption and physical extension of the
wall (Cosgrove 2011). In many cells growth is directional, with highest extension rates typically
at right angles to the net orientation of cellulose microfibrils (Baskin 2005; Taiz 1984), but
complications may arise in multicellular tissues or in cells where cellulose orientation differs for
inner and outer periclinal cell walls (Crowell et al. 2001).
For more than two decades most descriptions of primary cell wall structure have
emphasized a tentative model in which extended xyloglucans chains bind to nearly all free
cellulose surfaces and simultaneously acted as load-bearing tethers between adjacent microfibrils
(Albersheim et al. 2011; Hayashi 1989; Cosgrove 2001; Carpita and Gibeaut 1993). This
‘tethered network’ model implies numerous physical and mechanical properties that have not
been tested and is based largely on studies of wall polysaccharide structure and extractability,
supplemented with electron microscopy of heavily processed walls showing apparent cross links
between microfibrils. The credibility of this model has been undercut in recent years by NMR
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results indicating that <10% of the cellulose surface is coated by xyloglucans (Dick-Perez et al.
2011; Bootten et al. 2004) and by biomechanical analyses showing that digestion of cell walls
with xyloglucanase does not cause wall loosening (Park and Cosgrove 2012a). Furthermore,
genetic knockout of xyloglucan synthesis results in only minor alterations in plant growth
phenotype (Cavalier et al. 2008; Park and Cosgrove 2012b), indicating that xyloglucan is not an
essential component for functional cell wall architecture and for cell growth. As a result, the
tethered network model falls short on numerous accounts. One alternative was recently proposed
to account for the enzymatic and biomechanical properties of primary walls and is consistent with
the NMR data indicating limited cellulose-xyloglucan contacts (Park and Cosgrove 2012a); it
envisions the crucial sites of mechanical linkage and wall loosening as being restricted to short
regions of close contact between cellulose microfibrils, mediated by intertwined, entrapped or
tightly adherent xyloglucan.
A major unmet challenge in this field is to develop an integrated model of the primary
cell wall – one that considers the spatial arrangement, conformation and interactions of wall
components to account for wall mechanical properties, growth behaviors, and ultrastructural
architecture. In recent years the onion epidermis has emerged as a useful experimental system for
relating mechanical characteristics to cell wall structure, particularly cellulose orientation (Ng et
al. 2000; Wilson et al. 2000; Suslov et al. 2009; Suslov and Verbelen 2006; Ha et al. 1997;
Loodts et al. 2006; Hepworth and Bruce 2004; Vanstreels et al. 2005; Qian et al. 2010). One
reason for this attention is the ease with which a single epidermal layer can be peeled from onion
scales, resulting in a cm-size sheet of cells suitable for mechanical testing, infrared spectroscopy,
microscopic examination and mechanical modeling. With these advantages it has been possible to
relate the mechanical anisotropy of the wall to net cellulose orientation as assessed by polarized
infrared spectroscopy (Wilson et al. 2000) and by polarization confocal microscopy (Suslov et al.
2009).
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In this study we have extended this work to the nanoscale by developing a simple
procedure for imaging the inner (most recently deposited) surface of never-dried onion scale
epidermal walls by atomic force microscopy (AFM). Although AFM has been used for more than
a decade to examine the appearance of plant cell wall surfaces (Marga et al. 2005; Ding and
Himmel 2006; Ding et al. 2012; Thimm et al. 2000; Kirby et al. 1996), these studies imaged dried
cell wall samples where the potential for surface modification during drying is very great, or they
imaged the outer surface of the cell where the microfibrils likely have undergone substantial
rearrangement and passive reorientation since the time when they were deposited at the inner
surface of the cell wall by cellulose synthesis complexes moving in the plasma membrane
(Paredez et al. 2006). AFM instrumentation has improved in recent years to allow imaging of
samples submerged in water, with finer tips, and with tapping mode operation that minimizes the
disturbance of delicate biological samples (Su et al. 2010).
The outer epidermal wall of most tissues, including the onion scale, is a thick wall,
typically ~1-4 μm depending on age that exerts a major controlling influence on growth of the
entire organ (Kutschera 2008; Savaldi-Goldstein et al. 2007). Analysis of the most recently
deposited wall layers is particularly relevant to growth and wall mechanics because the outer wall
layers have extended so much that they likely have lost physical integrity whereas the newest
layers are thought to dominate the rate and anisotropy of cell growth (Eisinger et al. 1983; Taiz
1984). The fact that the onion walls in this study were visualized without drying is significant
because dehydration can disrupt the appearance and texture of cell wall surfaces, as demonstrated
here.
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1.2 Experimental
1.2.1 Plant materials
Fresh onion bulbs (Allium cepa, cv. Cometa) were purchased from a local grocery store.
The dry, papery outer layers were removed and the fleshy scales were excised and numbered
consecutively 1, 2, 3…n. Scale #1 is the oldest, outermost layer. Epidermal walls were prepared
for AFM analysis from scales #4 to #13, representing older to younger scales respectively, by
pressing a 2 cm x 1.2 cm piece of double sided tape (Scotch Permanent Double Sided Tape, 3M)
to the convex, abaxial surface of onion scale. The tape (with adherent epidermal wall) was quickly
peeled off by hand, trimmed to ~1.5 cm x 1.2 cm, and placed sticky-side down onto a clean glass
slide. The perimeter was sealed to the slide surface with a narrow line of nail polish (nitrocellulose
dissolved in butyl and ethyl acetate) and a droplet of 20 mM HEPES buffer (pH 7.0) with 0.1%
Tween-20 was placed on the center of sample to prevent it from drying. This process was completed
in ~30 s. The nail polish was allowed to cure for ~2 min before the slide was completely submerged
in 15 mL of the same buffer and gently agitated on a rocking platform for at least 20 min before
scanning. For dehydrated onion epidermal wall, samples were prepared as above and air dried
overnight before scanning in air.
1.2.2 Atomic Force Microscopy
Samples were imaged with a DIMENSION ICON atomic force microscope (Bruker, CA.
USA) operated in ScanAsyst and PeakForce Tapping mode with ScanAsyst and Quantitative
Nanomechanical Property Mapping (QNM). Nanoscope (v 8.10b44) and Nanoscope Analysis (v
1.40) software were used for AFM operation and image analysis. Throughout scanning the samples
were immersed in 20 mM HEPES buffer (pH 7.0) unless specified. SCANASYST-FLUID+ probes
(Bruker, CA. USA) with a spring constant between 0.2 and 0.7 N/m and a tip radius calibrated to
be 1.5 nm were used for all experiments. All samples were scanned at 512×512 sampling rates and
maps of the height, deformation, adhesion, modulus values were produced by the Nanoscope
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software using default parameters. At least five different cells from each sample were scanned, and
representative images were chosen for analysis.

1.3 Results and Discussion
In the course of preparing onion epidermal peels for microscopic analysis, we noted a
significant difference in the peeling behavior of adaxial and abaxial epidermal layers. The adaxial
layer covers the inner, concave side of the onion scale and the epidermal cells remain intact and
alive after peeling. Such epidermal peels are commonly used in biology classes for easy
microscopic observation of living plant cells and have been used as a system for gene expression
(Scott et al. 1999). In contrast, the abaxial epidermis (from the outer, convex surface) peeled in
such a way as to leave behind the large common wall shared with the underlying parenchyma
layer, thereby tearing open the epidermal cells and exposing the inner surface (closest to the
plasma membrane) of the outer epidermal wall to easy access for washing and for study by
atomic force microscopy (Figure 1A-D). By trial and error we found that 20 min of gentle
agitation in buffer containing 0.1% Tween-20 removed most of the intracellular contents and
plasma membrane, exposing the inner cell wall surface for AFM investigation.
The surface studied here was of the most recently deposited layer of the outer epidermal
cell wall and the fibrillar structure of the wall surface was clearly visualized in great detail by
peak-force tapping mode AFM, without need of extraction to remove matrix polysaccharides.
Peak force error images brought out the contrast of surface and edge features and in our
experience made it easier to distinguish and follow microfibrils over extended distances in a
complex background, such as the cell wall. Two or sometimes three distinct fibrillar layers were
visible, readily distinguished by differences in the orientation of the fibrils as well as the
appearance of the matrix between the fibrils and the depth from the surface (Figures 1E, 2A).
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The most superficial layer consisted of loosely packed arrays of fibrils as well as single
fibrils, the smallest of which appeared to be ~3 nm wide (corrected for tip convolution) while
larger fibrils appeared to be aggregates of 2 or more of the 3-nm fibrils that came into close
proximity and lateral alignment for short distances (~1 μm or less) before separating. The fibrils
were not perfectly straight but displayed a wavy texture and organization which generally did not
show signs of mechanical disruption or rearrangement. This wavy texture is similar to that
observed in some previous AFM studies of the inner surfaces of cell walls from other tissues
(Marga et al. 2005), but these earlier AFM measurements were made in air and the fibrils
appeared fatter or more irregular and were difficult to follow over distances longer than ~400 nm
compared with what was observed in our never-dried walls. We assume the fibrils are cellulose
microfibrils, with a surface smear of moderately dense matrix polysaccharides in places where the
fibrils are obscured by a smooth coat of microscopically amorphous material (large arrows in
Figure 1F). The 3-nm diameter of the microfibrils is consistent with many size estimates of
elementary cellulose microfibrils from land plants (Fernandes et al. 2011; Kennedy et al. 2007;
Nishiyama 2009; Terashima et al. 2009). The fatter appearance of fibrils shown in some previous
AFM studies of primary walls (Marga et al. 2005; Davies and Harris 2003) is likely to be an
artifact of AFM tip convolution or drying, which may induce collapse of the matrix polymers
onto the cellulose surface.
Microfibrils in deeper lamellae were visible but were less distinct than surface
microfibrils, in part because they were obscured by the more recently deposited layer and in part
because the spaces between microfibrils appeared to be filled in with matrix materials. They also
appeared to be straighter, less wavy, than the superficial microfibrils. A possible explanation for
this difference in waviness is that the deeper layers had undergone some stretching since they
were deposited, i.e. as a result of cell enlargement; such expansion might have the effect of
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straightening and aligning the microfibrils, which would be deposited in an initially relaxed state
but would come into tensile stress as the wall subsequently expanded.
The bending or waviness of the fibrils in these images was visibly greater than what is
observed in images of highly crystalline microfibrils from algae and other sources (Liu et al.
2011; Elazzouzi-Hafraoui et al. 2008), which suggests that microfibrils in onion walls are not as
rigid, perhaps because they are thinner (bending to lateral forces scales with the fourth power of
the radius), or of lower crystallinity or perhaps they were synthesized in a curved shaped as a
result of the path of the cellulose synthesis complex (CSC) in the plasma membrane. We note that
fluorescently tagged CSCs appear to move in approximately straight lines when observed by
confocal microscopy (Paredez et al. 2006), but our AFM images were acquired at ~100X finer
resolution, so the waviness observed here for the fibril patterns is well below the resolution of the
technique used to monitor CSC movement in living cells.
We saw no evidence of cross links between fibrils, as has been reported in some studies
of cell walls prepared by matrix extraction and rapid-freeze, deep-etch, replica methods and
imaged by electron microscopy (Fujino et al. 2000; McCann et al. 1990). Such images of cross
links have been interpreted as support for the tethered network model of wall structure (e.g.
Scheller and Ulvskov 2010), but it is not clear that they occur naturally in cell walls or that they
are present in sufficient density or have sufficient tensile strength to make a substantial
contribution to cell wall mechanics.
Another notable feature of the microfibril arrangement is that the fibrils in a given layer
were laid out in an oriented fashion – they were not jumbled, knotted or tangled as sometimes
suggested by images of cell walls that have undergone harsher treatment or extraction before
imaging (Davies and Harris 2003; McCann et al. 1990). The visible layers or lamellae have
distinct orientations, typically alternating from ~90 o (or transverse) to the long axis of the cell to
an angle roughly +45 o (+/- 15 o) or -45 o (+/-15 o) to the long axis. Lamellae with microfibrils
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parallel to the longitudinal axis were not observed. This wall texture is thus a crossed
polylamellate structure, resembling in many ways the texture of epidermal walls of other species
reported by Chafe and Wardrop (1972) and clearly not helicoidal, where the microfibril angle in
each lamella changes gradually in small steps (Kutschera 2008). However, our results differed
from those of Chafe and Wardrop (1972) who reported the cellulose orientation to be alternately
parallel or transverse to the longitudinal axis of the cell. Our AFM results seem generally
consistent with the net transverse orientation reported by Suslov et al. (2009) who used
polarization confocal microscopy of onion walls stained with Congo red to assess net cellulose
orientation in epidermal layers of onion scales. At odds with these results, Chen et al. (1997) and
Suslov and Verbelen (2006) reported a net longitudinal orientation for cellulose in the epidermis
of onion scales and Wilson et al. (2000) reported nearly isotropic walls. Apparently there is
significant biological variability, perhaps age-dependent, in cellulose orientation.
Our results show that net cellulose orientation of the onion epidermal wall arises from a
complex polylamellate structure. Two-dimensional expansion of such a wall during growth would
seem to entail a pattern of microfibril movements in which both lateral separation and sliding
(shear) between adjacent microfibrils within lamellae would be required. Cellulose orientation
may have more complicated spatial patterns in the Arabidopsis epidermis, where cell lobing may
influence the subcellular pattern of cell expansion and cellulose orientation (Kerstens and
Verbelen 2003; Szymanski and Cosgrove 2009).
The microfibril pattern seen here is consistent with the contemporary view of CSC
movement in the plasma membrane (Baskin and Gu 2012), which is thought to leave in its trail a
microfibril which then interacts with other microfibrils and with matrix materials to become
bonded into the wall. Repeated scans of the wall showed little or no movement of microfibrils,
indicating that they were stably anchored to the surface (Figure 2). The nature of the anchoring is
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uncertain, but is an important element for understanding cell wall structure and its
nanomechanics.
The importance of maintaining these wall samples in a wet state was revealed by imaging
air-dried walls, which yielded a remarkably different surface appearance (Figure 3). In place of
the long fibrillar texture observed in the never-dried samples, a lacey meshwork was seen on the
surface. The basis for the changed appearance is not certain, but coalescence and aggregation of
solvated surface matrix polymers might account for a lacey coating in the dried samples.
With Peak Force QNM® (Quantitative Nanomechanical Property Mapping), mechanical
properties of the cell wall surface were quantitatively mapped simultaneously with topography
imaging (Figure 4) (Su et al. 2010). The regions of high modulus closely tracked the topography
of the fibrils, as might be expected if the fibrils were crystalline cellulose. Because the cellulose
fibrils are embedded in a hydrophilic and softer matrix, the modulus measured by this method is
not that of cellulose itself, yet it is evident from the modulus map that the fibrils are much stiffer
than the surrounding matrix material. This provides a means for assessing the location and
apparent stiffness of the matrix. As might be expected, deformation mapping was largely
complimentary to modulus mapping and indicated that soft, readily deformable material filled the
spaces between microfibrils.
Adhesion mapping shows the locations where the surface molecules interact more
strongly with the tip. Adhesion force was highest in the regions between the cellulose
microfibrils, which approximately coincided with the region of highest deformation, but the
adhesion map showed more dispersion or spread than was evident in the other three maps. If we
assume that tip adhesion is greater for matrix polysaccharides, which are hydrophilic, compliant
and therefore likely to establish more contact points with the AFM tip than would denser,
relatively rigid cellulose surfaces, we can interpret the adhesion map as an approximation of the
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surface distribution of matrix polymers. By this interpretation, the hydrophilic matrix is dispersed
in the regions between microfibrils and to a limited extent also on top of microfibril surfaces.
We also compared the surface appearance of epidermal wall surfaces from younger and
older scales. The microfibrils appeared to be more dispersed and less oriented than was generally
the case for the older scales (Figure 5). This difference in texture is likely related to the
differences reported for growth anisotropy of young and older onion scales (Vanstreels et al.
2005; Suslov et al. 2009).

Conclusions and prospectus
The onion scale epidermis has emerged as a useful model system for experimental and
computational studies relating cell wall structure to cell wall mechanics. We developed a simple
and gentle protocol for AFM imaging of microfibrils and matrix materials at the inner surface of
the epidermal cell wall. Microfibrils are visible with unprecedented clarity in a nearly undisturbed
state. No cross links between microfibrils were visible; instead microfibrils came into close
proximity with one another in short segments that were obscured by matrix materials. It is
tempting to speculate that these limited regions of microfibril alignment and contact correspond
to the limited ‘hotspots’ hypothesized on the basis of endoglucanase digestion and biomechanical
assays (Park and Cosgrove 2012a).
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Figure 1.1 Images of the abaxial epidermal wall of onion scale #8 at various magnifications.
A: low magnification view of an epidermal peel ~2 cm x 1.5 cm (scale bar = 1 mm). The box indicates the detail shown
in B, which shows the cellular detail (scale bar = 200 μm). C: Sketch indicating the topology of the cell wall peel as
used for AFM study. D: Optical micrograph showing cellular detail of an epidermal peel, with the inside wall torn
open, exposing the cell contents and the inner surface of the outer wall for probing by AFM (scale bar = 20 μm). E:
Tapping mode AFM image (peak force error) of the wall surface, showing microfibril and matrix detail (scale bar =
500 nm). F: Higher resolution peak force error image of an area of the wall from E. The large arrows indicate regions
where multiple microfibrils come into close lateral contact and alignment, but the details are obscured by matrix
material. The smaller arrows point to places where a pair of bundled microfibrils separate. The scale bar = 100 nm. In
these and other figures, the axial direction of the onion scale (tip to base) runs horizontally.
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Figure 1.2 Sequential tapping mode AFM images (peak force error) of the same wall surface at 15 min interval.
Note the microfibril pattern is nearly the same for the two images, indicating that microfibrils are stable and
undisturbed by the first AFM scan. The sample was from scale #8. Scale bar = 200 nm.
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Figure 1.3 Air drying significantly altered onion epidermal wall morphology.
As shown in peak force error image (A) and height image (B) scanned from the same area. Onion epidermal walls from
scale #5 were immobilized on a glass slide with innermost wall surface facing up, allowed to air dry overnight and then
scanned in air with tapping mode AFM. Scale bar = 500 nm.
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Figure 1.4 Multi-mode AFM images indicated the spatial arrangement of matrix polysaccharides and cellulose
microfibrils in epidermal wall from scale #5.
A: height image; B: modulus image; C: deformation image; D: adhesion image; scale bar = 100 nm.
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Figure 1.5 The orientation and alignment of surface microfibrils were more dispersed in the 13th scale of onion bulb
(A) than the 6th scale (B).
Scale bar = 500 nm
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Chapter 2
Spatial Organization of Polysaccharides in Primary Plant Cell Walls as
Imaged by Multi-Channel Atomic Force Microscopy

Abstract
Cell wall macro-scale properties such as tensile strength are thought to emerge from the
nano-scale interactions of cellulose microfibrils and matrix polymers, the details of which have
not been settled. To visualize the spatial arrangement of cell wall components at the nm scale, we
used multi-channel atomic force microscopy (AFM) in PeakForce Tapping® mode to map
variations in the surface height, modulus and tip adhesion across the surface of never-dried
primary cell walls. Height maps and PeakForceTM error maps selectively visualized microfibrils
and obscured the matrix polymers in hydrated primary walls. A highly ramified network,
probably containing homogalacturonan, appeared at the cell wall surface upon addition of
calcium. A similar texture was observed in dried cell walls and we interpret it as a superficial
layer of coalesced pectins that obscure the arrangement of cellulose microfibrils. Nanomechanical
mapping revealed significant heterogeneity in stiffness and adhesiveness at the nm scale. By
selectively merging these maps, we inferred distribution of soft matrix polymers and stiffer
microfibrils. By assembling montages of high-resolution images to cover a large area (>30 m2),
individual microfibrils were observed to frequently emerged into and out of short regions of
microfibril bundles, resulting in an extensive reticulated pattern. We propose that this
macromolecular organization of plant cell walls may be of key importance in wall biomechanics
and growth control. Our results point out the utility of multi-channel AFM to assess the
organization of microfibrils and matrix polymers in intact plant cell walls.
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2.1 Introduction
Plant cell walls play a pivotal role in plant cell biomechanics and morphogenesis. The
spatial arrangement of polymers in the wall and their interactions confer mechanical strength to the
cell wall and contribute to cell growth anisotropy (1–4). As a result, cells in the stem and root
elongate rather than widen and other cells may attain distinctive forms such as the star-like
aerenchyma cells of many semi-aquatic plants or the jigsaw puzzle-shaped pavement cells and the
spiky trichomes of the Arabidopsis leaf epidermis. For tip-growing cells, finite element modeling
suggests that the shape of the growing tip is maintained by a spatial gradient of wall mechanical
properties that correlates well with the distribution of de-esterified pectin (5).
Macro-scale wall properties such as tensile strength are thought to emerge from the nanoscale interactions of cellulose microfibrils with matrix polymers, the details of which have not yet
been settled. Primary cell walls of dicots are commonly depicted as arrays of cellulose microfibrils
coated and tethered together by xyloglucans and embedded in a matrix of pectins. This concept is
based on the combined results of wall extractions, polysaccharide structure determinations, and
electron microscopy (6–12). However, many aspects of this concept are still conjectural and have
not been subjected to rigorous testing.
The significance of xyloglucan, until recently thought to be central to primary cell wall
structure, has suffered significant challenges. Solid-state NMR results indicate that only a small
fraction of cellulose surfaces is coated by xyloglucans and that pectins may interact extensively
with cellulose surfaces (13, 14). An Arabidopsis mutant without detectable xyloglucan was found
to have only a modest phenotype under laboratory growth conditions, suggesting that primary cell
walls can retain most of their growth functions in the absence of xyloglucan (15, 16). Wall digestion
with xyloglucan-specific endoglucanases failed to induce wall loosening and results with other
enzymes suggested that wall mechanics is controlled not by xyloglucan tethering of cellulose but
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by limited cellulose-cellulose junctions containing an amalgam of cellulose and xyloglucan (17).
A cellulose-xyloglucan structure with remarkably similar properties was identified by NMR
characterization of expansin’s target in Arabidopsis cell walls (18). Thus, the structural role of
xyloglucan in the primary cell wall may be very different than previously conceived.
High resolution microscopy has greatly influenced our thinking about cell wall architecture
and the interactions between wall components. Different types of microscopy have distinctive
advantages and limitations for imaging cell walls. For example, with confocal fluorescence
microscopy one can track cellulose synthase movement and cell wall dynamics during growth (19–
21), but individual cellulose microfibrils are too thin to resolve within the complex wall. Electron
microscopy (EM) is capable of higher resolution, but the inherently low electron contrast of cell
wall components necessitates the use of wall extraction, metal penetrants or coatings, or other
procedures such as dehydration that inevitably change wall structure.
Atomic force microscopy (AFM) offers the potential to visualize the cell wall in its native
state and for more than a decade the method has been used to image plant cell walls (22–28). These
studies used dried or chemically extracted cell wall samples where the surface may have been
altered significantly, or they scanned the outer layer of cell walls which have undergone substantial
rearrangement and passive reorientation as a result of growth (20), whereas the innermost cell wall
layers directly reflect the results of cell wall synthesis and are believed to be relevant to cell
anisotropic growth and cell wall mechanics (3, 4, 29–31). Recent improvements in AFM
instrumentation allow imaging of samples submerged in fluid and with use of finer tips and lower
applied force, resulting in better resolution of soft materials such as cell walls (32, 33).
Published AFM images of plant cell walls largely emphasized the prominent microfibrils
but failed to visualize the large amount of matrix polymers in primary cell walls (24, 25). Although
it is difficult to identify the biochemical make-up of wall polymers by AFM, recent advances in
AFM technology could potentially differentiate matrix polymers from microfibrils based on their
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contrast in stiffness and adhesiveness, which can be derived from the force-distance curve detected
by nanomechanical mapping, as recently demonstrated in the cases of lambda DNA, polyurethane,
and polystyrene (32, 34).
In this AFM study of hydrated primary plant cell walls, we show that maps based on height
and PeakForce™ error selectively detect microfibrils whereas combined nanomechanical maps of
modulus, deformation and adhesion reveal the distribution of matrix polymers and their spatial
relationship with microfibrils. Addiontinaly, from montages of high-resolution images we can
follow microfibril patterns over large scale (>30 m2), revealing new details of microfibril
dispersion, bundling and lamellation, which need to be incorporated into future models of primary
cell wall architecture and wall growth mechanisms.
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2.2 Results
2.2.1 AFM imaging in height mode or PeakForce error mode selectively detected
microfibrils
Epidermal peels of onion scales were prepared for AFM imaging in a way that separated
the outer epidermal wall from the rest of the cell. Membranes and cell contents were gently removed
with buffered detergent and the inner surface (closest to the plasma membrane) of the wall was
scanned in tapping mode. Although pectins and hemicelluloses comprise ~80% of the
polysaccharide of onion cell walls (35), their locations within the cell wall were not evident in the
AFM images based on height or PeakForce error (Fig. 2.1). The dominant features in these images
were of microfibrils, which we presume to be cellulose microfibrils, perhaps with a thin coating of
matrix polysaccharide. Fuzzy patches sometimes masked surfaces where microfibrils came
together, and these might be concentrated zones of matrix polysaccharide, but they did not seem
sufficient to account for the abundant matrix polymers in these walls.
We hypothesize that the AFM probe tapped right through matrix-rich regions containing
highly-hydrated, gel-like polymers until it approached the surface of relative stiff cellulose
microfibrils or other dense structures where the preset tip-surface force was met. As a result
microfibrils were selectively detected in these images based on topography and PeakForce error,
obscuring the matrix polymers. To test this hypothesis, we attempted to make the matrix more
visible in AFM by two treatments (addition of calcium and dehydration).
2.2.2 A highly ramified network appeared at the cell wall surface upon addition of
calcium
To test for the presence of ‘invisible’ pectins at the cell wall surface, we imaged cell walls
by AFM before and after addition of calcium to the solution surrounding the wall. This test is based
on the notion that calcium can cross-link unesterified homogalacturonan (36, 37), resulting in a
more rigid structure that might be detected by the AFM probe. After addition of 10 mM calcium
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chloride, a lacey meshwork appeared on the cell wall surface (Fig. 2.2B and Supplemental Movie
2.1). Microfibrils previously visible at the wall surface became obscured by the newly visible
meshwork. Within 5 min of addition of EDTA (a calcium chelator), much of the meshwork
disappeared and the microfibrils became visible again, although still somewhat obscured by
remnants of the meshwork (Fig. 2.2C). We infer from these results that pectins were present at the
wall surface before addition of calcium, but were too soft to be detected in AFM height maps.
Interestingly, some of the individual microfibrils (4~5 nm in width) became 1~2 nm finer in width
after the addition of EDTA, whereas the relative height of microfibrils did not change (~3 nm) (Fig.
2.2D and F, Supplemental Movie 2.1). This phenomenon was probably due to an artifact caused by
the AFM tip, becoming contaminated by pectins during scanning, thereby broadening microfibril
width but with no effect on the relative height. Overall, our data suggested that copious pectins at
the wall surfaces of onion epidermis could be revealed under AFM by adding calcium chloride and
this process could be reversed by EDTA.
2.2.3 A lacey meshwork was observed after dehydration
Dehydration might also rigidify matrix polymers located in a soft, hydrated superficial
layer. To test this idea, onion parenchyma and maize coleoptile epidermis were chosen as
representatives of pectin-rich and pectin-poor cell walls (8, 38). We used a grinding procedure to
prepare these walls, rather than peeling as we did for onion epidermis. The cell wall surfaces of
ground onion epidermis had a microfibrillar appearance very similar to the peeled samples
(Supplemental Fig. S2.1). In the case of onion parenchyma, the overall appearance was
significantly altered after being air-dried overnight. Microfibrils were masked by a lacey meshwork
with much shorter fibrils interwoven together (Fig. 2.3A and B). Similar structures were also seen
in critical point dried onion epidermis (Supplemental Fig. S2.2). Considering the pectin-rich
content of onion parenchyma cell walls, the lacey meshwork might be dehydrated and hardened
pectins and other matrix polymers at the wall surface, masking previously evident microfibrils. In
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contrast, with less than 10% pectin content and almost 60% cellulose (39), air dried epidermal walls
of maize coleoptiles still showed a multi-lamellar structure with microfibril bundles after
dehydration. However, the apparent diameters of individual microfibrils became at least two or
three times larger in dehydrated walls, possibly due to the coating of microfibrils by matrix
polysaccharides or coalescence of microfibrils during dehydration (Fig. 2.3C and D).
2.2.4 Nanomechanical mapping revealed the distribution of matrix polymers and
their spatial relationships with microfibrils.
We merged the topography image with modulus, adhesion or deformation images to bring
out the contrast between microfibrils and other wall polymers, making it plausible to assess the
arrangement and spatial relationships of microfibrils and matrix polymers. The high modulus
regions largely correspond to the microfibrils in the height image, whereas the low modulus
regions, probably soft matrix polymers, filled in the space between microfibrils, suggesting that
microfibrils were embedded in matrix polymers. Nonfibrillar patches with high modulus that did
not show up in height images were possibly relatively stiff matrix polymers with very low height.
There are also regions where microfibrils showed up in the height images but not in the modulus
map, indicating that these microfibrils might be relatively flexible or loosely connected (Fig. 2.4A,
B and E). The deformation map was largely complimentary to the modulus map, since areas
between microfibrils that had low moduli experienced higher deformation, consistent with the
notion that the soft wall matrix polysaccharides might be relatively easily deformed during
scanning (Fig. 2.4A, C and F). Areas with loosely connected microfibrils that had low moduli also
experienced higher deformation (Fig. 2.4E and F). Regarding the adhesion map, it largely reflected
the extensive adhesion between sample surface and the AFM tip. Like the deformation map, areas
between microfibrils showed higher adhesion, suggesting the high stickiness of matrix
polysaccharides, presumably mainly pectins in the case of onion epidermal walls. Notably, the
adhesion was not uniformly distributed throughout the wall surface (Fig. 2.4A, D and G), indicating
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the heterogeneous distribution of pectins and other matrix polymers at the cell wall surface. Taken
together, our results demonstrated that combining different imaging modes could provide extra
information about the spatial organization of microfibrils and matrix polymers in plant cell walls.
2.2.5 Montages of AFM images over a large area (> 30 m2) demonstrated a crossed
lamellar structure.
When cell wall surface of onion epidermis was scanned over a large area (> 30 m2) at nm
resolution, a crossed lamellar structure, instead of a helicoidal wall, became apparent (Fig. 2.5).
Microfibrils at the innermost wall surface generally remained in similar orientation across entire
outer epidermal wall (Supplemental Fig. S2.4). Occasionally a few loose arrays of microfibrils at
the most superficial surface were shown to be at an angle (10°~50°) to the existing layer, indicating
the initiation of a new lamella. These arrays tended to merge into the existing layer, likely forming
a reinforcing structure (Fig. 2.5A). The thickness of each lamella was estimated to be around 10
nm, based on the height images (Fig. 2.6A and B). The multi-lamellar structure appeared
throughout the entire depth of plant cell walls, as shown in the cross section of epidermal walls
imaged by AFM (Fig.2.6C and D). Each lamella was 39.8 ± 6.5 nm thick (mean ± SEM, n = 20),
much thicker than the 10 nm estimated by the height profile from the surface scan. The thicker
lamellae shown in cross sections might be an artifact resulted from tissue dehydration and
embedding where finer details of layering might be obscured by matrix polymers.

2.2.6 Microfibril bundles form an extensive reticulated pattern at the innermost wall
surface.
At the inner wall surface of onion epidermis, there were extensive bundled regions where
several strands of microfibrils merged together in short regions and individual microfibril features
were seemingly obscured by a smooth coating of amorphous materials (Fig. 2.7A and B). The
bundling phenomenon was mainly due to lateral association of individual microfibrils, although
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stacking of microfibrils was also involved (Supplemental Fig. S2.3). When following the
microfibril bundles over a relatively large area (>30 m2), we observed that microfibrils frequently
emerge into and out of short regions of microfibril bundles, forming an extensive reticulated pattern
where one bundle connected with another bundle or many other bundles via multiple sub-bundles
or individual microfibrils (Fig. 2.7A and B). Loose ends of microfibrils were rarely seen, possibly
due to the frequent merging events and the presumed length of microfibrils (~10 m) which well
exceeded the individual imaging size (0.5 µm ×0.5 µm) (40, Supplemental Fig. S2.4). To quantify
the bundling degree on the inner wall surfaces, the width of microfibril or microfibril bundle was
measured. Microfibrils with a diameter of 3 to 5 nm were not seen to split within the range scanned
and therefore were considered to be individual microfibrils. The variations in microfibril diameter
might be caused by the coating of matrix polymers, the inherent variations in cellulose microfibril
diameter, or the contamination of AFM tip as discussed above. The width of microfibril bundles
ranged from 6 nm to 55 nm, in some images even reached 100 nm, corresponding to two or more
than twenty microfibrils (Supplemental Fig. S2.5).
Microfibril bundling and crossed lamellar layering appear to be two common and
prominent characteristics of onion epidermal walls as well as the ones of other plant cell types,
such as onion parenchyma, epidermis of maize coleoptiles, Arabidopsis petioles and cucumber
hypocotyls (Supplemental Fig. S2.6), suggesting that these structural features are of key importance
for cell wall mechanics and growth control.
2.2.7 The finest microfibrils are 3.4 nm
The diameter of microfibril can provide direct evidence for the number of glucan chains
that are packed in one microfibril. To deconvolute the AFM tip broadening effect and accurately
measure the microfibril diameter, onion epidermal walls were scanned at high resolution (scan size
500 nm × 500 nm). From the height profile, the relative height of a peak that corresponds to an
individual microfibril could be regarded as the diameter of a microfibril. However, due to the multi-
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lamellar structure and the “empty” space filled by matrix polymers between microfibrils, the
relative height of a microfibril could be greatly overestimated and larger than its width (Fig. 2.8A
and B). As a result, relative height and width of the microfibrils need to be checked. The width of
the microfibril was empirically estimated as the distance between the first rising data points at two
sides of the peak, not the base width of the peak to reduce tip broadening effect. This empirical
deconvolution method was confirmed by calibrating the AFM tip radius, as discussed below. Based
on the height profile and the geometry position of the microfibrils, the diameter of the finest
individual microfibrils was measured to be 3.4 ± 0.3 nm (relative height) × 3.6 ± 0.4 nm (width)
(mean ±SEM, n = 50) .
To calibrate the tip radius, when tip radius R is close to the radius of measured substance
feature r (R ≈ r), the apparent peak width w could be directly measured by AFM as the base width
𝑤2

of the peak, and w = 4√𝑅𝑟, thus 𝑅 = 16𝑟 (Fig. 2.8C). Using linearized plasmid DNA (r ≈ 1 nm)
deposited on mica, the average tip radius was calibrated as ~1.6 nm. Thus, from the apparent peak
width wMF of microfibrils in intact plant cell wall, the theoretical diameter individual microfibril
was calculated to be ~3.3 nm, consistent with the diameter measured from height images, as
discussed above.
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2.3 Discussion
In this study we showed that conventional AFM imaging such as height or error signal
mode selectively detected microfibrils whereas nanomechanical mapping could reveal the
distribution of matrix polymers and their close spatial relationship with microfibrils. Extensive
microfibril bundling and cross-lamellar layering were two common and prominent features of
primary cell walls of various plant cell types such as parenchyma and epidermis of onion scales,
maize coleoptiles, Arabidopsis petioles and cucumber hypocotyls, suggesting that these
architectural features are of key importance for cell wall biomechanics and growth control.
The height images or PearkForce error images of onion epidermal walls predominantly
showed microfibrils and microfibril bundles, although occasionally fuzzy patches or globular
structures were seen that presumably were matrix polymers (33). Similar images were also
presented in other plant species such as Arabidopsis, water chestnut, apples, carrots and potatoes
(24, 25). The observations were at odds with the large amount of matrix content in these cell walls
(38, 41–45). However, after the addition of calcium or dehydration, a lacey meshwork appeared at
the wall surface and masked the microfibrils, suggesting the existence of a pectic layer previously
invisible in height images. In principle, the detection of surface topography by AFM is based on
the interaction force generated by the initial contact between the tip and sample surface as well as
a feedback loop controlled by a force set point (preset at ~1 nN in this study). During imaging of
hydrated cell walls, if the material is too squishy and the force is not met, the AFM tip will simply
push through the soft materials (matrix) and record only the position of the underlying stiff
substances (microfibrils). When these matrix polymers are coagulated or dehydrated into a
relatively stiff form, their existence becomes detectable in the height images. It awaits to be
determined whether the matrix polymers are visible with smaller force. The pectic layer at the wall
surface was also consistent with previous report that pectins might mask the epitopes of other wall
polymers (46). Branched and lacey structures were also seen in EM images of rapid freeze-dried
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or chemically fixed pectin-rich cell wall samples (6, 47, 48). The short fibrillar structures were
interpreted as the most recently synthesized cellulose microfibrils (47). When onion epidermis was
critical point dried following similar procedure by Fujita and Wasteneys (2013) and mounted for
AFM imaging, short and branched fibrillar or globular structures were shown at the cell wall
surface, completely obscuring previously prominent microfibrils (Supplemental Fig. S2.2). Our
results suggest an alternative possibility that these short fibrillar structures are pectins or other
matrix polymers, rather than cellulose microfibrils at the wall surface and demonstrate that height
images or PeakForce error images of hydrated cell walls could be used to represent the organization
of microfibrils without the interference of matrix polymers, especially the masking by pectins.
Based on the contrast in stiffness and adhesiveness between microfibrils and matrix
polymers, nanomechanical mapping visualized the heterogeneous distribution of matrix polymers
simultaneously with topography mapping, suggesting the proximate arrangement of matrix
polymers with microfibrils. Moreover, since the force curves of each pixel were recorded in
quantitative nanomechanical mapping with high spatial resolution, it is possible to distinguish
different matrix polymers based on their specific adhesion with a functionalized AFM tip, such as
a tip functionalized with a xyloglucan antibody or homogalacturonan antibody (32, 49).
In all types of primary plant cell walls examined in this study, the inner wall surface
consisted of individual microfibrils as well as short regions of microfibril bundles, different from
the current cell wall models that often depict evenly dispersed, parallel microfibril arrays (8, 10,
12). The images of microfibrils connected with each other through bundled regions also contrasted
with previous EM images which showed that microfibrils were cross linked, leading to the tethered
cell wall model in which microfibrils were cross linked by xyloglucans with extended strands
coating cellulose surface and for decades xyloglucans were believed to be the essential structural
elements for cell wall load bearing and growth (6, 10, 11, 50). This notion was only challenged
recently when a xyloglucan-deficient mutant was found to have only minor phenotype and
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biomechanical tests showed that removing much of the xyloglucan in the cell wall did not induce
wall loosening. Instead, cellulose-cellulose close contact mediated by a trace amount of xyloglucan
was proposed to be the load bearing sites for cell wall loosening (15–17).
Although the function of microfibril bundling in primary cell walls was rarely discussed in
the literature, the short regions of microfibril bundles shown in this study resemble the cellulosexyloglucan amalgam structures predicted as the cell wall loosening sites targeted by expansins or
endoglucanases (17). Given the extensive reticulated pattern throughout a relatively large region at
the inner wall surface, microfibril bundling might be a key determinant for wall mechanics and
growth control. A recent computational simulation showed that when xyloglucan was sandwiched
by cellulose microfibrils, a tightly bonded junction was formed which was strong enough to
withstand the tensile force generated by turgor pressure (51).
Microfibrils are deposited at the inner wall surface by cellulose synthase complexes
(CSC) moving in the plasma membrane (19, 52). The size and cross section shape of a microfibril
still remain open to debate and could provide insights for fundamental questions such as how
many glucan chains are packed in a microfibril, how many subunits of the CSC are active during
synthesis and therefore the mechanism of cellulose synthesis (53). Different methods have been
applied to measure the diameter of microfibrils in plant cell walls. These procedures either
involved extraction of wall polymers or drying of the cell wall material, causing aggregation of
crystalline cellulose (6, 54–56). In this study, we measured the diameter of microfibrils in their
natural context, the intact never dried cell walls. Due to the complication of three dimensional
structures of intact cell walls as discussed above, it was crucial to consider the geometry position
of microfibrils and measure its relative height and deconvoluted width at the same time.
Calibration of the AFM tip beforehand was also necessary due to the deconvolution involved.
Our data suggested that the finest individual microfibrils were 3.4 nm, consistent with previous
NMR and X-ray results in primary cell walls and the 18 or 24 chain model (53, 57).
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In conclusion, our results demonstrated the limitations and advantages of different AFM
imaging modes in detecting microfibrils and matrix polymers as well as visualizing the
macromolecular organization in plant cell walls. Over the large surface we scanned, the cross
lamellar structure and the extensive reticulated pattern of microfibril bundling were two prevalent
and prominent features whose role in wall mechanics and growth control awaits further study.
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2.4 Methods and Materials
2.4.1 Cell wall sample preparation for AFM
Fresh onions (Allium cepa) were purchased at local grocery store. The fleshy scales were
numbered from the outside inwards as #1, 2, 3, 4, 5….n. The abaxial convex side of scale #5 (cut
to about 1 cm wide) was pressed against double-sided tape so as to avoid wrinkling and then pulled
away from the tape, resulting in splitting of the epidermal cell and retention of the outer wall on
the tape. The peel and tape were trimmed to about 1 cm x 2 cm size, stuck onto a glass slide and
secured with nail polish at the edges. To keep the sample wet, a droplet of 20 mM HEPES buffer
(pH7.0) with 0.1% Tween 20 was added to the center of the sample without touching the
surrounding nail polish. This area was to be scanned under AFM. Once the nail polish had cured
(~20 min), the whole sample was washed in the same buffer on a rocking shaker for another 20 min
before scanning. For onion parenchyma samples, abaxial and adaxial epidermises were peeled off
before use.
For onion parenchyma, Arabidopsis (Arabidopsis thaliana, Columbia) petioles (4 weekold; day/night, 16/8h; temperature, 22°C/16°C), cucumber (Cucumis sativus) hypocotyls or maize
(Zea mays) coleoptiles (dark grown for 4 days at 27 °C), the plant materials were ground to powder
in liquid nitrogen and the ground was washed with 20 mM HEPES buffer (pH7.0) and 0.1% Tween
20 three times or until the supernanant was clear. After the grounds were resuspended with 20 mM
HEPES buffer, a droplet of samples was added to a clean glass slide, and the extra water was
evaporated by a slide warmer (50°C) to such a degree that the ground sample was still visibly moist
but could adhere to the slide firmly. The slide was rinsed immediately with 20 mM HEPES buffer
to remove any loosely bond cell wall fragments before scanning in fluid. To test the drying effect
on cell wall structure, the sample slides were left air dry overnight before scanning.
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2.4.2 Critical point drying
Onion epidermis was critical point dried based on the method of Fujita and Wasteneys
(2013). The outer epidermis was peeled and washed in 20 mM HEPES buffer (pH 7.0) and 0.1%
Tween 20 before being fixed in 4% formaldehyde in 20 mM HEPES (pH 7.0) for 15 min under
vacuum and washed three times with 20 mM HEPES. After dehydration series with ethanol (30,
50, 70, 95, 100% three times, 20 min each step), samples were critical point dried in CO 2 (Bal-Tec
Critical Point Drier 030). With the innermost cell wall surface facing up and the cuticle side down,
the dry epidermis was then mounted on a double sided tape adhered to a glass slide for AFM
imaging in air.
2.4.3 Atomic Force Microscopy
Samples were scanned by Dimension Icon® atomic force microscope (Bruker, CA. USA)
with ScanAsyst® and PeakForce QNM® (Quantitative Nanomechanical Property Mapping)
operation package. The microscope was installed on an air table in a vibration-isolated acoustic
hood system to minimize the vibrations or noise from the environment. Software Nanoscope (v
8.10b44) and Nanoscope Analysis (v1.40) were used for AFM operation and image analysis.
Throughout scanning the samples were immersed in 20 mM HEPES buffer (pH 7.0) unless
specified. SCANASYST-FLUID+ probes (Bruker, CA. USA) with a tip radius < 2 nm and spring
constant between 0.2 and 0.7 N/m were used for all experiment. Once the probe was engaged to
the sample surface and the scan had been stable, parameters such as force set point (~1 nN) and
gain (~10-20) were automatically optimized by ScanAsyst® program. All images (scan size of 0.17
µm, 0.5 µm or 2 µm) were scanned at 512×512 sampling rates. At least five different cells or
fragments from each sample were scanned at 0.5 – 2 m∙s-1, and representative images were chosen
for analysis.
The PeakForce QNM® operation records the force-distance curve at every pixel and
thereby maps the distribution of nanomechanical properties such as elastic modulus, adhesion and
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deformation. The modulus is calculated based on the Derjaguin−Muller−Toporov (DMT) model
(58). In this study we mainly used the DMT modulus qualitatively to differentiate soft matrix
polymers from stiff cellulose microfibrils, although the accuracy of quantifying the elastic modulus
of soft materials based on the DMT model was challenged recently (34). The adhesion force
represents the absolute value of the maximum negative force when the tip starts to pull away from
the sample surface. Deformation registers the maximum penetration depth during tip-sample
interaction (32)
2.4.4 Image analysis and measurement of microfibril or bundle diameter
Height images of 500 nm × 500 nm size were used to quantify the thickness of each layer
and the diameter of microfibrils or microfibril bundles in Nanoscope Analysis (v1.40). All images
were flattened at the 3rd order to remove tilt and bow in each scan line. The cross sections of
microfibrils or bundles were shown as peaks or plateau in the height profiles. Considering the tip
broadening effect and the three dimensional nature of the cell wall, both relative height and width
of the peak were necessary for an accurate measurement. Only when the relative height was close
to the width (≤ 2 nm difference) the measurement was used. To deconvolute the broadening effect
of the tip, the width was measured as the distance between the first “rising” data points above the
baseline on each side of the peaks or plateau. This method was supported by the theoretical
deconvolution based on the calibrated AFM tip radius, as discussed below. In this study diameter
variations (in both relative height and width) was observed within one microfibril, probably due to
uneven coating of matrix polymers. This variation complicates measurement of diameters even
more and we decided to use the minimum values of the relative height and width when tracing the
height profiles of a microfibril as far as we could follow. Typically the minimum values were found
at a position where the microfibril was on top of another or microfibril bundles. 339 microfibrils or
bundles from three independent samples were measured to estimate the distribution of the
microfibril or bundle width. 50 microfibrils from ten independent height images were measured to
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quantify the diameter of individual microfibrils. Both relative height and width were documented.
Continuous 0.5 m × 0.5 m or 2 m ×2 m scans were stitched together by ImageJ’s plugin
MosaicJ (P. Thévenaz and M. Unser) to make the montage. Microfibril orientation and the
curvature radius of bent microfibrils were measured in ImageJ.
2.4.5 Calibration of AFM tip radius
We assumed the tip radius 𝑅 is similar to measured feature radius 𝑟 (𝑅 ≈ 𝑟). When 𝑅 ≈
𝑟, 𝑅 = 𝑤 2 /16𝑟, with 𝑤 being the apparent peak width that could be measured directly as the base
width of the peak from AFM height profiles. Hence, to calibrate the AFM tip radius, we need a
sample with known diameter similar to microfibrils. DNA was chosen based on its small diameter
(𝑟 ≈ 1 nm). The method to image DNA in fluid by AFM was mainly based on the method of
Hansma and Laney (1996). Delinearized plasmid DNA PET-22b(+) was diluted to 0.5 ng/l in the
buffer, which contains 50 mM HEPES, pH 7 and 1 mM Zn2+. A droplet of 5 l buffer containing
DNA was added on newly cleaved mica surface. The V1 mica disc of 10 mm in diameter (Ted
Pella, CA) was stuck onto a glass slide by superglue. DNA was incubated on mica for 30 minutes
before scanning in the same buffer (50 mM HEPES, pH 7), but without Zn2+ to avoid excessive
cation binding on mica and interference (59). When scanned under AFM, the force set point was
maintained less than 500 pN. Other parameters were set similar with the ones used for cell wall
imaging.
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Figure 2.1 Height image (A) and PeakForce error image (B) selectively visualize microfibrils.
Hollow arrows indicate the bundled regions where individual microfibrils were no longer distinguishable. The solid
arrow head points to microfibrils that were hard to distinguish in lower lamella. Scale bar = 100nm.
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Figure 2.2 After addition of calcium, a ramified network appeared at the innermost cell wall surface.
The meshwork structure could be removed by adding EDTA. A, Before adding calcium. B, After adding ~10 mM
calcium chloride. C, After adding ~10 mM EDTA. Scale bar = 200 nm. Hollow squares in A, B, C indicated the same
area being scanned over time and corresponded to the high resolution images in D,E,F respectively. Scale bar = 100
nm.

Figure 2.3 Dehydration significantly altered cell wall morphology.
A, Onion parenchyma in fluid. B, Onion parenchyma air dried overnight. C, maize coleoptile epidermis in fluid. D,
maize coleoptile epidermis air dried over night. Scale bar =100 nm.
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Figure 2.4 Multi-channel AFM imaging indicated the heterogeneity of cell wall polymer distribution.
A, Height image of onion epidermal peel at 500 nm x 500 nm scan. Modulus map (B), deformation map (C) and
adhesion map (D) were taken simultaneously at exactly the same area with A. E, Merged image from A and B. Hollow
arrow heads point to the flexible microfibrils with low moduli. F, Merged image from A and C. G, Merged image from
A and D. Scale bar = 100 nm.
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Figure 2.5 Partial montage of AFM images over a large area demonstrates a crossed lamellar structure (A).
Hollow arrows indicate several parallel arrays of microfibrils at the innermost surface. Arrows and arrow heads point to
the directions of sequential lamellae. Scale bar = 500 nm. B, Optical microscopy of the scanned area by AFM shown in
A. Scale bar = 50 mm.
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Figure 2.6 Multi-lamellar structure of onion epidermal wall.
A, Height AFM image of onion epidermal wall at the surface. The height profiles of the microfibrils indicated by blue,
red and green lines were illustrated in B. Scale bar = 30 nm. B, Height profiles of blue, red and green line drawn from
A. Each of these microfibrils belongs to a different lamella. C, Peak force error image of the cross section of onion
epidermal wall. Scale bar = 500 nm. D, Higher resolution peak force error image scanned from the area of the white
square in C. Scale bar = 100 nm. cy, cytosol; cw, cell wall; cu, cuticle.
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Figure 2.7 Montages of AFM images showing extensive reticulated microfibril bundling pattern (A).
Scale bar = 100 nm. B, Optical microscopy of the scanned cell area by AFM as shown in A. Scale bar = 50 mm. C,
Distribution of microfibril or bundle width. Over 300 microfibrils or bundles were measured from three independent
images.
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Figure 2.8 Quantification of microfibril diameter.
A, Height image of individual microfibrils. Arrow heads point to the variations in microfibril diameter. Scale bar = 50
nm. B, Height profiles of the red and green transects of the same microfibril shown in A illustrated how the geometry
position of microfibrils can affect the relative height measurement. C, Tip broadening effect on microfibril diameter.
Tip radius could be calibrated based on a sample with known radius such as DNA. Since (R+r) 2 = (1/2w)2 + (R-r)2, w2
= 16Rr.
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Supplemental Figure 2.1 AFM imaging of ground onion cell wall epidermis.
Scale bar = 500 nm.
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Supplemental Figure 2.2 Height images from critical point dried onion epidermis showing short, branched fibrilar (A)
and globular structures (B) at the cell wall surface.
Scale bar = 500 nm.
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Supplemental Figure 2.3 Microfibril orientations at different locations of the innermost wall surface (A to I).
Scale bar = 500 nm.
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Supplemental Figure 2.4 Lateral association of microfibrils form short regions of bundling.
A. Height image of onion epidermal wall illustrates lateral association. Scale bar = 100 nm. B. The height profile of the
black line in A.
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Supplemental Figure 2.5 Loose end of microfibrils were only seen in three images among all images (more than
thousands) scanned during this study.
Arrows pointed to the loose end of microfibrils. A. Height image of onion epidermis. Scale bar = 100 nm. B. Height
image of onion epidermis showing the same loose end of microfibrils from the squre (A) at higher resolution. Scale bar
= 30nm.
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Supplemental Figure 2.6 Cell wall images from onion parenchyma (A), epidermis of Arabidopsis leaf petioles (B),
cucumber hypocotyls (C) and maize coleoptiles (D).
Scale bar = 500 nm.
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Supplemental Movie 2.1 Calcium chloride and EDTA effect on cell wall morphology.
Scale bar = 100 nm.

Chapter 3
Enzyme in Action: Increased Microfibril Dynamics Caused by Cel12A, an
Endoglucanase Capable of Inducing Cell Wall Loosening.

Abstract
Previously, an amalgam structure of cellulose and xyloglucan was hypothesized to be the
load bearing sites of primary plant cell walls and potential targets of cell wall loosening proteins
(1, 2). To directly visualize these biomechanical hot spots at the nano scale, we monitored the real
time changes of microfibril patterns during various enzyme treatments by time-lapse AFM
movies. Driselase, a mixture of wall degrading enzymes, digests and peels off entire lamellae
sequentially without loosening the cell wall as measured by creep assay, while Cel12A, an
endoglucanase capable of inducing cell wall loosening, causes localized microfibril digestion in
the relaxed walls at the nano scale. These results suggest that biomechanical hot spots are
specifically targeted by cell wall loosening proteins. Cases of microfibril separation or merging as
well as globally increased microfibril movement were observed during Cel12A treatment, but not
during incubation with EDTA or a xyloglucanase specific endoglucanase (XEG), indicating the
specific role of biomechanical hot spots in stabilizing and reinforcing microfibril network. Based
on these observations, we estimated the frequency of biomechanical hot spots at the surface to be
~ 20 – 60 m-2.
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3.1 Introduction
Cell wall loosening is a fundamental process during plant cell expansion: when cell wall
stress is reduced, water flows inwards and the cell expands irreversibly until equilibrium between
cell wall stress and turgor pressure is reestablished. To effectively measure this process, plant
tissues are usually clamped on an extensometer under constant load, and the increased extension
rate (creep) indicates the degree of cell wall loosening. Efforts toward identifying proteins
responsible for cell wall creep at decreased pH, or acid growth, led to the discovery of expansins
(3, 4). Cell wall loosening mediated by expansins plays an important role during many phases of
plant development: Elongation of hypocotyls helps cotyledons emerge above the soil to harvest
sunlight for photosynthesis; Flooding-tolerant plants express several expansin genes to grow
quickly and escape the disaster of submergence; Certain parasitic plants or plant pathogens
secrete armies of expansins to initiate the attack on host plant cell walls; During pollination and
fertilization, pollen tubes need to penetrate the stigma to reach the ovules and expansins have
been demonstrated to facilitate this process (5–9).
Despite the importance of cell wall loosening in many aspects of plant physiology, the
molecular mechanism of cell wall loosening still remains enigmatic. Besides expansins, only a
few fungal endoglucanases, namely Cel12A and PpXG5 that digest both cellulose and
xyloglucan, are capable of inducing increased creep rate in isolated cell walls (1). Most cell wall
degrading enzymes or cell wall modifying enzymes such as cellulose-specific endoglucanase
(CEG), xyloglucan-specific endoglucanase (XEG), xyloglucan endotransglycosylase (XET),
pectinase etc. do not induce creep of isolated cell walls, although they might play a secondary
role in cell wall loosening or affect wall mechanics in other aspects such as tensile strength and
plasticity (1, 10–13). These results suggest that the targets of expansins and Cel12A are critical
for cell wall loosening and might be different from those targeted by other enzymes. No lytic
activity of expansins has ever been found, although highly substituted glucuronoarabinoxylan and
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homogalacturonan can be solubilized from maize silk by beta-expansin purified from maize
pollen (14). Instead, expansins likely mediate cell wall loosening by disrupting hydrogen bonds
between cellulose microfibrils and matrix polysaccharides and therefore weakening the noncovalent network that are load bearing in cell walls (15–17).
The pursuit of the targets of plant expansins has largely been curtailed by difficulty in
obtaining highly purified large quantity of expansins and expressing recombinant proteins has
proven unsuccessful in various systems. Recent advances have been made using Cel12A and a
bacterial expansin EXLX1(1, 2, 18–21). In the case of Cel12A, simultaneous digestibility of
cellulose and xyloglucan were required to cause creep and the large biomechanical effect was
attributed to digestion of only a small fraction of total wall xyloglucans. These results led to the
hypothesis of biomechanical hot spots: limited regions of close contact between cellulose
microfibrils, mediated by xyloglucans. At these sites xyloglucans are either intertwined or
appressed by cellulose, undigested by XEG, CEG or even a mixture of these enzymes. Only
enzymes capable of digesting cellulose and xyloglucan simultaneously are able to digest the
xyloglucans bonding microfibrils together, causing increased wall extension. Plant cell walls that
lack xyloglucans showed diminished creep response to both Cel12A and expansins, leading to the
suggestion that biomechanical hot spots are the common targets of expansins and Cel12A and the
load bearing sites weakened by cell wall loosening (1, 22). Consistent with this hypothesis,
EXLX1 were demonstrated to bind only at limited regions where both cellulose and xyloglucan
were present (2). A computational study supported the notion that xyloglucans could be
sandwiched between the hydrophobic surfaces of cellulose microfibrils, forming a tight junction
that is strong enough to withstand tensile force generated by turgor pressure and play a role in cell
wall mechanics (23).
While these biomechanical hot spots remain hypothetical, recent technical advances in
atomic force microscopy (AFM) have allowed visualization of nano-scale structure of plant cell
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walls immersed in buffer (24–27), making it feasible to directly observe how wall loosening
proteins or degrading enzymes modify cell wall morphology in real time at nano scale and
providing direct evidence of polysaccharide interactions and load bearing sites in cell walls (28).
In this study, by time lapse AFM imaging of onion epidermis while removing different cell wall
components by Cel12A, Driselase, XEG or EDTA, we observed unique effects of Cel12A on cell
wall morphology and microfibril dynamics and proposed an estimated frequency of
biomechanical hot spots in plant cell walls.
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3.2 Results
3.2.1 Distinctive actions of Cel12A and Driselase in creep and release of
oligosaccharides.
Previously Cel12A was shown to cause creep in heat-inactivated cucumber hypocotyl
walls, here we tested the creep response of Cel12A and Driselase on non-boiled, never-dried
outer onion epidermal wall, which was used for AFM imaging (1, 18, 27). Cel12A induced
increased extension rate whereas Driselase did not do so (Fig. 3.1). For ~50% of clamped tissues,
Driselase caused breakage within 2 h, showing that Driselase weakened the walls, yet did not
induce creep (29). To verify enzymatic activity of Cel12A and Driselase against whole cell walls,
as well as to look for differences in sugar released, we incubated never-dried epidermal peels with
Cel12A or Driselase and measured the released cello-oligosaccharides (CEOs) and xyloglucan
oligosaccharides (XGOs) by high performance anion exchange chromatography-pulsed
amperometric detection (HPAE-PAD) analysis. After 3 h of incubation, Cel12A released about
eight fold more XGOs than Driselase did, albeit only ~10% of CEOs released by Driselase (Fig.
3.2A, B). This result suggested that xyloglucans digested by Cel12A might be crucial for the
creep activity of Cel12A and could be part of the load bearing sites in onion epidermal walls. The
profiles of CEOs and XGOs released by Cel12A and Driselase were also different, indicating that
Cel12A and Driselase might target structurally different substrates in onion cell walls.
Cellotetraose (C4) dominated the CEOs released by Cel12A while cellobiose (C2) was the
primary oligosaccharide released by Driselase. Compared to the wide variety of XGOs released
by Cel12A, only XXFG was detected in the hydrolysis product of Driselase (Fig. 3.2C, D).
Cel12A might be able to digest a cellulose-xyloglucan amalgam structure in which xyloglucans
are inaccessible to the enzymes in Driselase, since Cel12A is a bifunctional enzyme able to digest
both cellulose and xyloglucan while Driselase is a mixture of degrading enzymes containing
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xyloglucanase, cellulase and pectinase, ineffective to digest the amalgam due to the need to
hydrolyze the two different polymers alternatively and repeatedly (1, 30).
3.2.2 Cel12A slightly changes wall morphology over a course of ~ 2.5 h, and regions
of microfibrils become more movable.
Based on the difference in creep and sugar released by Cel12A and Driselase, we
suspected that Cel12A might attack specific cell wall components to induce cell wall loosening.
To localize these load bearing sites, nano-scale structural changes induced by Cel12A or
Driselase were monitored over time under AFM. Although Cel12A released small amounts of
cello-oligosaccharides from native onion epidermis, only very limited microfibril digestion was
observed in time lapse AFM images during ~2.5 h of treatment (Fig. 3.3), compared to the drastic
effect by Driselase (see below). Since these images were taken at ~ 4 nm/pixel, bigger than the
estimated diameter of individual microfibrils (~3 nm), small morphological changes to the
microfibrils might be obscured. When we performed AFM imaging at higher resolution (~1
nm/pixel), several individual microfibrils (61.4 ±22.6, Counts/m2, Mean ±SEM) disappeared
during Cel12A treatment (Fig. 3.4A – C, Table 1, Supplemental Movie 3.1). Processive digestion
of microfibrils were not seen during the time monitored. These observations were consistent with
the endoglucanase activity of Cel12A (31). It is generally believed that endoglucanases hydrolyze
glucan chains in a “cut and leave” fashion and therefore release CEOs more effectively from
amorphous cellulose than from crystalline cellulose. Frequently microfibrils were observed to be
broken before they disappeared out of view, suggesting that regions, if not all, of the microfibrils
were amorphous or disordered and could be digested by Cel12A effectively. Microfibril
separation and merging were also noticed during Cel12A incubation (20.0 ±2.1 and 27.8 ±9.0
respectively, Counts/m2, Mean ±SEM) (Fig. 3.4A – C, Table 3.1, Supplemental Movie 3.1).
The displacement of microfibrils during separation or merging was usually 4 – 6 nm, which could
be easily missed by relatively low resolution imaging (≥ 4 nm/pixel). The driving force of
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microfibril movement might be thermal fluctuation or sample – AFM probe interaction
concomitant with the lateral movement of probes during each line scan. The force applied by a
sharp AFM tip (~1 nm radius) was normally ~ 1 nN, resulting in a pressure of ~0.3 GPa.
Microfibril separation or merging was mainly observed in Cel12A treated cell wall samples but
not in buffer control samples (Fig. 3.4, Table 3.1, Supplemental Movie 3.1 and 2), indicating that
the interactions between microfibrils at these sites were weakened or strengthened as a result of
Cel12A hydrolyzing cellulose and xyloglucan. When the cell wall samples were incubated with
EDTA or XEG to remove pectins or xyloglucan, microfibril separation or merging were rarely
observed, similar to buffer controls (Table 3.1), indicating that pectins and xyloglucans that are
removable by EDTA or XEG play a minor role in mediating close contacts between microfibrils,
whereas cellulose - xyloglucan amalgam, the specific target of Cel12A or cellulose - cellulose
aggregates are responsible for bonding microfibrils together. In several cases microfibrils were
observed to separate first before merging together during Cel12A treatment (Fig. 3.4A – C). If
xyloglucans were bonding cellulose microfibrils together and became part of a cellulosexyloglucan amalgam, the hydrolysis of these xyloglucans by Cel12A could disassociate
microfibrils and result in microfibril separation during AFM scanning. On the other hand,
removing xyloglucans between cellulose microfibrils could create bare cellulose surfaces and
cause cellulose microfibrils merging or aggregating due to affinity between uncovered cellulose
surfaces. Since Cel12A digests both cellulose and xyloglucan, it remains to be tested whether
digestion of only cellulose could also result in microfibril sepration and merging.
The observation of microfibril separation and merging during Cel12A treatment also
indicated increased microfibril dynamics, which propelled us to trace segments of microfibrils
over time and analyze their movement at the nano scale. The majority of microfibrils were
relatively stable, moving within 1 nm over a course of ~ 2.5 h. Cel12A treated samples were less
stable compared to the control (Fig. 3.5A). For larger movement (2 – 41 nm or more), regions of
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microfibrils have consistently increased mobility during Cel12A treatment, especially for
fragments of microfibrils that were being digested (> 10 nm displacement) (Fig. 3.5B). On
average, Cel12A treatment caused a two-fold increase in microfibril displacement (2.0 nm
compared to 1.1 nm in buffer control). To further explore factors that stabilize the majority of
microfibrils, we analyzed microfibril movement during ~2.5 h EDTA or XEG treatment which
partially removes pectins or xyloglucans. The histograms of microfibril movement from EDTA or
XEG treated samples were indistinguishable from buffer controls (Fig. 3.6), indicating that
pectins or xyloglucans that are removable by EDTA or XEG play a limited role in stabilizing
microfibrils. Instead, cellulose-xyloglucan amalgam or cellulose - cellulose aggregates are crucial
in holding microfibrils together and that compromising these anchoring sites can result in
increased microfibril dynamics.
Given the increased microfibril dynamics caused by Cel12A and the large mechanical
effect of increased creep response induced by Cel12A but not by EDTA, XEG or CEG, it is
tempting to speculate that the microfibrils being digested by Cel12A and the sites of microfibril
separation are the biomechanical hot spots targeted by endoglucanases or expansins to induce cell
wall loosening, therefore the frequency of biomechanical hot spots at the innermost surface were
estimated within a range of ~ 20 – 60 m-2.
3.2.3 Driselase digests and peels off sequential cell wall lamellae.
In contrast to the negligible changes of cell walls during Cel12A treatment as observed at
relatively low resolution (4 nm/pixel), Driselase markedly digested microfibrils and gradually
revealed cell wall structures from several lamellae underneath (Fig. 3.7, Supplemental Movie
3.3). During ~3.5 h of enzyme indubation, at least six lamellae were observed, alternating with
different microfibril orientations, indicating a crossed lamellar structure, not helicoidal. Most of
the lamellae appeared to have similar structures as seen at the innermost cell wall surface, with
prominent microfibril bundling (27). Occasionally the lamellae consisted of arrays of much
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thinner fibrillar structures (Fig. 3.7C, E, F), indicating some variations or changes in microfibril
or microfibril bundling during cell wall synthesis or afterwards. The entire lamella at the surface
was completely digested after ~ 2 h, in accordance with the time needed to cause tissue breakage
in creep, suggesting that although impairing the integrity of cell wall lamellae did not necessarily
induce creep, it still might weaken the tissue and reduce its tensile strength. Processive digestion
of microfibrils was also observed, indicating exoglucanase activity in Driselase mixture. Despite
the striking effect of Driselase on cell wall morphology, it had no creep activity; Cel12A caused
much increased creep response but only digested limited microfibrils. These results support the
notion that Cel12A induces creep by digesting only limited regions in cell walls and the
microfibrils or other polysaccharides being digested by Driselase, although may play a role in cell
wall strength, are not the load bearing sites where cell wall loosening occurs (1).
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3.3 Discussion
In this study we demonstrated that Cel12A caused increased creep response and digested
microfibrils to a very limited extent; Driselase grossly changed cell wall morphology without
inducing creep. By time-lapse AFM imaging to monitor the nano-scale movement of microfibrils,
we observed events of microfibril separation and merging as well as increased microfibril
movement during Cel12A incubation but not during EDTA or XEG treatment. Based on these
observations we estimated the frequency of biomechanical hot spots (~ 20 – 60 m-2) at the most
recently deposited lamella of the outer onion epidermal wall.
3.3.1 Specific targets of cell wall loosening visualized by AFM
The notion of biomechanical hot spots, limited regions that are sites of cell wall
loosening or creep, have been suggested by several lines of evidence, largely based on
biomechanical assays combined with enzyme digestion or recent results based on sensitivityenhanced NMR (1, 2). In this study we provided direct evidence of visualization: Only limited
microfibrils, sometimes regions of microfibril bundles were digested during Cel12A treatment.
In contrast, Driselase peeled off entire lamella without causing creep, indicating that the majority
of cell wall polysaccharides being digested by Driselase are not responsible for cell wall
loosening as measured by prolonged, increased creep rate under constant load; nevertheless,
digestion of these polysaccharides can lead to cell wall breakage or weakening, which needs to be
measured by various other mechanical test such as stress-strain assays and tensile strength test
(12). Cell wall weakening does not necessarily lead to cell wall loosening as shown in the case of
Drisease, CEG, XEG or pectinase, and vice versa as shown in the case of alpha expansins (1, 12,
18), indicating that these two mechanical effects could be results of different and independent
processes and these two terms should not be used interchangeably. Increased creep rate under
sudden, increased load during initial phase of tissue clamping does not reflect the relatively
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constant force generated by turgor pressure in living plant cells and should not be used as
evidence of cell wall loosening (32).
3.3.2 The nature of microfibril bundling in primary plant cell walls
The prominent microfibril bundles shown in AFM images resemble the predicted
structures of biomechanical hot spots where cellulose microfibrils form close contacts with one
another (1, 27, 33). The tendency to aggregate is often considered an inherent characteristics of
cellulose and may be disrupted or mediated by hemicelluloses (34–38). The experiments were
often done either with harsh chemicals or based on bacterial celluloses, under conditions that are
very different from native plant cell walls. By treating native cell walls with specific enzymes and
observing different outcomes of microfibril separation, it provides informative insights about the
nature of microfibril bundling. The microfibril could be readily separated as observed during
Cel12A treatment, indicating that microfibrils bundles could be aggregates of at least two
microfibrils and that microfibril bundling could be mediated by cellulose-xyloglucan amalgams
and/or cellulose-cellulose interactions. EDTA or XEG treatment did not significantly increase the
cases of microfibril separation, suggesting that pectins or xyloglucans that are removable by
EDTA or XEG are less likely to play a role in interactions between bundled microfibrils.
Although it is possible that pectins might be trapped between or intertwined with microfibrils
during cell wall synthesis, forming a cellulose-pectin amalgam, the weak binding of pectins to
cellulose in vitro does not seem to support a strong mechanical role of pectins in holding cellulose
together (39). Physically entangled sites, if load bearing, need to be detangled rapidly during
growth and an enzyme that can simultaneously digest cellulose and pectins would be required. It
is difficult to envision the existence of such an enzyme given the different structures of cellulose
and pectins. So far there is no evidence that plants have a modular enzyme that digests both
cellulose and pectins. Investigations are underway to determine whether CEG could affect
microfibril separation and whether microfibril bundling is solely dependent on cellulose –
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xyloglucan amalgams or cellulose – cellulose interactions are also involved in bonding
microfibrils together. Cel12A increased microfibril merging whereas EDTA or XEG did not,
suggesting that matrix polysaccharides might function as spacers keeping cellulose microfibrils
apart but removing only spacers would not result in merging as affinity between microfibrils at a
distance is not strong enough to cause aggregation and microfibrils are still anchored in place by
junctions that are digestible by Cel12A. Although previous results showed that microfibrils
collapsed into big bundles when pectins and some of hemicellulose were removed by 1M NaOH,
the extraction method involved mixing and centrifugation, adding much disturbance to samples
compared to the relatively static environment during AFM imaging (34, 40).
3.3.3 Microfibril dynamics measured by high resolution AFM
Cell wall polysaccharide mobility has mainly been assessed by different NMR technique.
By removing certain cell wall components and assessing the effects on the molecular dynamics of
cell wall polysaccharides, it provides valuable information about the structural roles of different
cell wall components and how they interact with each other (41–44). By observing microfibril
displacement over time during high resolution AFM imaging, we offered a new way of assessing
microfibril dynamics and structural roles of different polysaccharides in stabilizing microfibril
network. The majority of microfibrils were relatively stable and not disturbed by pressure applied
by the AFM tip, suggesting that most of the microfibrils were anchored in place, forming a
relatively stable and rigid network. Occasionally, microfibrils appeared to dance around and
segments of microfibrils moved over 10 nm in buffer control samples, indicating that microfibrils
were not entirely cemented in cell walls and more likely anchored at localized spots. Globally
increased microfibril movement during Cel12A incubation, as well as the large movement of
microfibril fragments being digested by Cel12A, suggested that the anchoring of microfibrils
might be mediated by cellulose - xyloglucan amalgams and/or cellulose - cellulose aggregates
and that these putative biomechanical hot spots might stabilize microfibril network. These
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hypotheses are also supported by previous studies where a xyloglucan deficient mutant has
increased polymer mobility and shows diminished creep response to Cel12A or expansins (1, 43).
In contrast, xyloglucans digestible by XEG did not appear to affect the stability of the microfibril
network. Recent evidence indicates that most xyloglucan in cell walls might adopt a coiled and
highly flexible conformation while only a small component of xyloglucan in a rigid domain might
dock at the cellulose surface or be sandwiched in between cellulose (23, 38, 42, 45, 46). The
coiled xyloglucan might simply fill in the space in cell walls, rather than interacting with
cellulose, therefore removing this xyloglucan by XEG has no effect in microfibril movement and
cell wall creep (1). Pectins have been shown in close spatial relationship with cellulose and
depectinated Arabidopsis cell walls become more rigid, indicating that pectins might promote
flexibility of the cell wall network (42–44). Observations from our time lapse AFM movies
suggest that partial removal of pectins by EDTA did not affect microfibril movement, indicating
limited role of pectins in stabilizing or reinforcing microfibril network. The discrepancy in the
effects of pectins on microfibril dynamics shown by AFM or NMR might arise from the different
spatial scales or different aspects of polymer dynamics that these two techniques are addressing:
Polymer mobility at the atomistic or nanometer level assessed by NMR can be missed by AFM
due to its relatively limited resolution (>= 1 nm), and the large movement of microfibrils driven
by the interactions between sample and AFM tip is probably absent during NMR measurement.
Although not all of the microfibrils digested by Cel12A or all of the separating
microfibril bundles might be load bearing sites, considering the creep activity of Cel12A and its
specific effect on microfibril dynamics, biomechanical hot spot density was estimated to be ~ 20
– 60 m-2 at the most recently deposited lamella, consistent with the estimated frequency of
expansin binding sites (1:1000, wt:wt) (16).
While sequential lamellae were gradually revealed by Driselase, the general features of
cell walls such as bundling were largely maintained. Holes or cavities were not seen as in the
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cases of other special cellulases which can dock and penetrate cell walls (26, 47), suggesting that
protein penetration in the cell wall is largely limited, and protein diffusion might be relatively free
at the surface, at least in the case of Driselase, which is a mixture of different enzymes including
exoglucanases, pectinases and xyloglucanases. The pore size (3 ~5 nm) and permeability of cell
walls might restrict enzyme diffusion to deeper layers (48). As the degrading enzymes were
largely restricted at the surface, time-lapse AFM movies of Driselase digestion could potentially
provide information about the three dimensional structure of cell walls and the dynamics of cell
wall architectures throughout development. Our results strongly suggest a crossed lamellar
structure rather than helicoidal wall, and the extremely fine microfibrils at certain deeper layers
indicate variations or disturbance during cell wall synthesis or turnover afterwards.
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3.4 Methods and Materials
3.4.1 Expression and purification of Cel12A and Driselase
Cel12A from Tricoderma reesei was expressed in Escherichia coli Rosseta-gami (DE3)
and purified as described in Yuan et al. (2001). The crude powder of Driselase from
Basidiomycetes (Sigma-Aldrich) was dissolved in 20 mM sodium acetate (pH 5.0) and filtered
with a Whatman syringe filter with pore size of 0.2 m to make stock solution (10 mg/ml).
Aliquots of 100 ul Driselase (10 mg/ml) was stored at -20 °C. Protein concentration was
estimated by Bradford method (49) or manufacture information.
3.4.2 Wall extension (creep) assays
To test the creep response of native onion epidermis to Cel12A or Driselase, fresh onion
bulbs (Allium cepa cv. Cometa) were purchased from a local store. The dry, papery outer layers
were removed and the fleshy scales were excised and numbered consecutively 1, 2, 3, …, n, with
scale #1 being the outermost, oldest layer. 2 mm × 10 mm strips were cut on the convex, abaxial
side of onion epidermis from scale #5 and peeled off with a pair of tweezers. The wall specimens
were rinsed in 20 mM sodium acetate (pH 5.0) before being clamped on the extensometer with 10
gram of force. The clamped segments (~ 5 mm in length) were incubated with 20 mM sodium
acetate (pH 5.0) for at least 30 min or until the extension rate stabilized, and the incubation buffer
was then replaced with the same buffer containing Cel12A (10 g/ml) or Driselase (100 g/ml).
The extended segment position and extension rate were recorded every 30 s for at least 2 h (4,
12).
3.4.3 Atomic Force Microscopy (AFM)
Abaxial onion epidermal wall specimens were prepared and scanned under AFM as
described in Zhang et al. (2014). During scans, the onion epidermal wall was initially submerged
in 20 mM sodium acetate (pH 5.0) before switching to the same buffer containing Cel12A or

73
Driselase (100 g/ml). Sequential AFM images were taken continuously during 2 ~ 3 h of
enzyme treatment. Each experiment was repeated at least three times independently.
3.4.4 Oligosaccharide analysis
To assess the cellulose oligosaccharides (CEOs) and xyloglucan oligosaccharides
(XGOs) released by Cel12A and Driselase, abaxial epidermal walls were peeled from fresh
onions (5 mg in dry weight total) and washed extensively in 20 mM sodium acetate buffer (pH
5.0) for at least 48 h before incubating with Cel12A or Driselase (100 g/ml) in 1 ml system of
the same buffer with 0.02 % sodium azide (to prevent microbial growth) at 37 °C for 3 h.
Afterwards the samples were boiled for 5 min to inactivate the enzymes. Supernatant were
collected and lyophilized before being dissolved with 200 l distilled, deionized water. The
samples were filtered with 0.2 m Whatman syringe filter and eluded from a Dionex CarboPac200 column at a flow rate of 0.5 mL min-1 using a linear gradient over 35 min starting with 0.1 M
sodium hydroxide to a mixture of 0.1 M sodium acetate and 0.1 M sodium hydroxide (1:1, v/v).
CEOs and XGOs were detected by high performance anion exchange chromatography (HPAE) –
pulsed amperometric detector (PAD) analysis (1).
3.4.5 Image analysis
All images were exported by Nanoscope Analysis (v 1.4) in TIFF format. For time lapse
movies, an ImageJ plugin StackReg were used to register series of images and to remove drift
during scans (49). Microfibrils were semi-automatically traced over time by an ImageJ plugin
JFilament (50). The displacement of microfibrils were calculated using a customized program
written by Dimitrios Vavylonis and Haosu Tang (Dept. of Physics, Lehigh University). Fast
Fourier transformation of AFM images was performed to detect microfibril orientations using the
ImageJ plugin “fit ellipse 3c” kindly provided by Dr. Tobias Baskin (51). Briefly, the Fourier
transforms contain information about both the orientation and periodicity of the spatial patterns.
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The images were transformed into a shape that can be fitted to an ellipse at a series of spatial
frequencies. The major axis of the ellipse is perpendicular to the net orientation of microfibrils.
The more eccentric the transform at a given spatial frequency, the greater orientational order at
that frequency corresponding to spacing between repeating features in the image. AFM images
were exported at 512 ×512 pixel in TIFF format from Nanoscope Analysis (v1.40) and converted
to 8 bit images using ImageJ.
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Figure 3.1 Typical creep response of native onion epidermis to Cel12A (10 g/ml) and Driselase (100 g/ml) in 20 mM
sodium acetate (pH 5.0).
Arrow indicated when the enzymes were added. Native onion epidermis extended at increased rate after adding
Cel12A, although with a ~30 min lag which is typical for Cel12A (Yuan et al. 2001). In contrast, the samples had no
creep response to Driselase. Experiment was repeated in at least 24 onion epidermal strips for each enzyme treatment.
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Figure 3.2 HPAE-PAD analysis of cellulose oligosaccharides (CEOs) and xyloglucan oligosaccharides (XGOs)
released by Cel12A or Driselase (100 mg/ml) after 3 h of incubation.
A, B, Amount of CEOs and XGOs released by Cel12A and Driselase. Error bars = standard error, n = 3. C, D, HPAEPAD profiles of CEOs and XGOs released by Cel12A and Driselase.
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Figure 3.3 Sequential PeakForce error AFM images of the same wall surface treated by Cel12A (100 g/ml) in 20 mM
sodium acetate (pH 5.0) (A, B, C).
Only very limited microfibril digestions was observed during ~2.5 h of treatment. Experiment was repeated three times
independently. Solid arrow heads pointed to microfibrils being digested. Scale bar = 200 nm.
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Figure 3.4 4 Higher magnification of sequential AFM PeakForce error images showing microfibril dynamics in ~2.5 h.
A, B, C, Several microfibrils disappeared (pointed by hollow arrows) when treated with Cel12A (100 g/ml) in 20 mM
sodium acetate (pH 5.0). Microfibril separation (indicated by hollow arrow heads) and microfibril merging (indicated
by solid arrow heads) were also observed. D, E, F, Microfibrils were relatively stable in buffer control (20 mM sodium
acetate, pH 5.0). Experiment was repeated three times. Scale bar = 100 nm.
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Figure 3.5 Histograms showing the movement of microfibrils during AFM imaging in ~2.5 h.
A, The majority of microfibrils were relatively stable (0 ~1 nm movement) and the samples incubated with Cel12A
(100 g/ml) were less stable compared to control. B, Regions of microfibrils have increased mobility during Cel12A
treatment. 12 ~ 40 well distinguished microfibrils in each set were traced and analyzed. Error bar = standard error, n =
3.
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Figure 3.6 XEG (100 g/ml) or EDTA (20 mM) treatment did not affect the movement of microfibrils (A, B).
~35 well distinguished microfibrils were traced and analyzed. Error bar = standard error, n = 2.
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Figure 3.7 Sequential AFM PeakForce error images of the same wall surface treated with Driselase (100 g/ml) in 20
mM sodium acetate, pH 5.0 (A – F).
Wall morphology was grossly changed by Driselase during ~3.5 h of treatment and sequential lamellae were gradually
peeled off, revealing underneath layers of the cell wall. Inserts were fast Fourier transforms, with the major axis
perpendicular to the orientation of microfibrils. Arrows point to the extra fine microfibrils. Scale bar = 200 nm.
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Table 3.1 Analysis of different microfibril behaviors from time-lapse AFM images.
At least two sets of experiments were performed and analyzed for Cel12A (100 g/ml), XEG (100 g/ml), or EDTA
(20 mM) treatment and buffer control respectively (n = 2 or 3).
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Supplemental Movie 3.1 Onion epidermal wall during 2.5 h of Cel12A treatment.
Scale bar = 50 nm.
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Supplemental Movie 3.2 Onion epidermal wall in buffer control for 2.5 h.
Scale bar = 50 nm.
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Supplemental Movie 3.3 Onion epidermal wall during 3 h of Driselase treatment.
Scale bar = 200 nm.

Chapter 4
Molecular Structure of Primary Plant Cell Walls and the Mechanism of Cell Wall
Loosening Revealed by Microfibril Motions during Cell Wall Extension

Abstract
The macro scale mechanical properties of primary plant cell walls originate from the
nano scale molecular interactions between microfibrils and matrix polymers, the details of which
have not been settled, hampering our understanding about how the cell wall polymers are held
together to make a strong yet extensible wall. By monitoring the nano scale microfibril motions
during cell wall extension, we observed that microfibrils reoriented and compressed transversely
during physical uniaxial extension, whereas they separated during extension (creep) induced by
Cel12A, an endoglucanase capable of digesting both cellulose and xyloglucan. Physical extension
also caused kinking of microfibrils, which was reduced by Cel12A treatment. Microfibril sliding
as well as shearing were also observed during physical extension and Cel12A-induced creep.
These results suggested that microfibrils might be connected only at limited regions, dubbed
‘biomechanical hot spots’ which are targeted by Cel12A in order for microfibrils to decouple and
separate during creep. Nanomechanical mapping showed increases in modulus of microfibrils
upon extension, due to tensioning of the microfibrils; the modulus (and tension) reduced after
Cel12A treatment.
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4.1 Introduction
Primary plant cell walls are a composite material with stiff cellulose microfibrils
embedded in a soft matrix of hemicelluloses and pectins. Despite our much improved
understanding of the diversity and complexity of cell wall polymers (1–3), details about how
these polymers are connected to each other still remain enigmatic yet are fundamental in
elucidating the origin of the strength and extensibility of primary cell walls.
Xyloglucan, a hemicellulose that shares the same backbone with cellulose, have been
shown to interact with cellulose and was considered an essential structural component in cell wall
load bearing and growth for the past two decades (4). Most cell wall models frequently depict
parallel microfibrils being tethered by xyloglucans with long, extended strands coating cellulose
surface. The long-held idea that such tethers act as mechanical links in cell walls and keep
cellulose microfibrils apart was largely based on biochemistry and microscopy results without
being tested by mechanical assays (5–7). It came as a surprise when a xyloglucan deficient
mutant was discovered with only minor growth reduction and mechanical weakening (8, 9). NMR
results also indicated that there was only a small portion of xyloglucans in close contact with
cellulose, and instead most cellulose surface might be covered by pectins (10). However, close
spatial relationship does not necessarily indicate strong interactions. Pectins did not bind to
cellulose strongly in vitro, suggesting its limited role in providing mechanical links for cellulose
(11).
The concept of microfibril tethering by xyloglucans or pectins was also challenged when
xyloglucan specific endoglucanases (XEG) or pectinase, despite being capable of removing much
of cell wall xyloglucans or pectins, showed no creep activity, a measure for cell wall loosening
ability. Cellulose specific endoglucanases (CEG) or a mixture of CEG and XEG also failed to
induce creep. Instead, only expansins or GH12 family enzymes such as Cel12A or PpXG5 that
digest both cellulose and xyloglucans were able to induce creep. Cellulose-xyloglucan amalgam
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at localized regions, dubbed ‘biomechanical hot spots’, was proposed to be the load bearing sites
for cell wall loosening (12). A recent NMR study also supported the idea that the limited regions
where both cellulose and xyloglucans were present were likely the targets of expansins (13). By
visualizing the recently deposited surface of unextracted, never dried cell walls by atomic force
microscopy (AFM), microfibrils were observed to merge into and out of bundled regions where
they came into close contact (14). These microfibril bundles resemble the predicted structures of
cellulose-xyloglucan amalgam and can be teased apart during Cel12A treatment (12, 15, CH3).
Although it is tempting to suggest that these bundled regions are the biomechanical hot spots
targeted by Cel12A, the samples used for imaging were relaxed wall specimens without tension,
thus the mechanical role of these microfibril bundles still needs to be validated.
The concept of biomechanical hot spots left many questions unanswered: How do these
structures limit the motion of microfibrils, therefore control cell wall loosening? How does
regulation of these very limited regions induce polymer creep at a large scale? How do cell walls
manage to remain strong while being loosened at the same time? To address these questions, it is
necessary to monitor the dynamics of cell wall polymers and their interactions during cell wall
extension (16). Fluorescent labeling of cell wall polysaccharides by binding dyes or click
chemistry has provided valuable information of cellulose or pectin dynamics and their general
organization after synthesis or secretion in living cells (17, 18), yet the resolution of confocal
microscopy (~ 200 nm) falls short at detecting polymer movement or interactions at nano scale.
Spectroscopy technique such as NMR or infrared was able to determine averaged molecular
dynamics of different polysaccharides (19–21), but in general is unsuitable to detect localized
molecular motions. Previously, FESEM and AFM were used to measure changes of microfibril
orientation after acid growth or -expansin or Cel12A-induced creep. Images from extended and
non-extended samples were compared and no reorientation of microfibrils was observed,
suggesting that cell wall loosening agents acted selectively on the cross links between
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microfibrils (22). The comparison was made using differrent cell wall samples, thus only general
patterns were drawn and subtle details of microfibril motions were lost. In this study, by AFM
imaging of onion epidermis immersed in buffer, we traced the same piece of cell wall and
monitored the nano scale movement of microfibrils during pure mechanical extension and
Cel12A-induced creep. The results provided many details for the structure of primary cell walls
and suggested the molecular mechanism of cell wall loosening.
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4.2 Results
4.2.1 Cell wall extension under AFM and validation by creep and stress-strain
assays.
To differentiate microfibril behavior during plastic deformation, elastic extension and
creep induced by Cel12A, a wall specimen was extended along the long axis of the cells by a
customized extensometer and the same area of the cell wall was imaged by AFM at different time
points: initial (5 mN), plastic extension (5 mN’), elastic extension (80 mN) and after Cel12A
induced creep (Fig. 4.1A and B, Supplemental Fig. 4.1A), allowing us to trace nano-scale
microfibril motions during subsequent extensions. Due to inherent binding of the device, mainly
caused by friction between different elements such as the position sensor, the movable stage and
the linear bearings (Supplemental Fig. 4.1A), the movable stage was helped to move with a pair
of tweezers until the force and position were coupled (Supplemental Fig. 4.1B). When cell wall
stress was relaxed by Cel12A, the movable stage could not move freely unless it was tweaked
gently (Fig. 4.1A and B). On the other hand, the binding helped the sample remain stable, a
prerequisite for AFM imaging. To validate the accuracy of the extensometer used for AFM, the
strains were compared with results from Instron and conventional creep board (Fig. 4.1C and D).
Although the strains during first extension or creep were similar between AFM extensometer and
Instron or conventional creep board, wall specimens stretched by AFM extensometer showed a
larger plastic extension and a smaller elastic extension compared to ones from Instron, indicating
that the binding of the device kept specimen from fully returning when the force was removed
after the first extension whereas the binding has less effect on strains of sample under tension
(80mN). Despite the persistent binding issue, the apparent plastic strain and elastic strain did
reflect increased cell wall extensions and did not affect creep.
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4.2.2 Distinctively different movement of microfibrils during purely mechanical
extension and Cel12A induced creep.
AFM images of the same area were aligned to remove shift and facilitate tracing
microfibril behavior (Fig. 4.2, Supplemental Movie 4.1 – 3). Axial extension during plastic
deformation, elastic extension and Cel12A creep measured from AFM images was consistent
with tissue level extension (Fig. 4.1C and D, Fig. 4.3A). Transverse compression was observed
during physical extension, whereas a small transverse expansion occurred after Cel12A creep
(Fig. 4.2, Fig. 4.3A). The negative ratio of transverse strain over axial strain (, - trans/axial) in the
case of Cel12A creep was also significantly lower compared to physical extension (Fig.4.3B). A
smaller  after Cel12A creep was confirmed by measurements of cell dimensions from light
microscopy, albeit a positive  was observed after Cel12A creep, indicating transverse
compression (Supplemental Fig. 4.2). The extension might result in the epidermal strip to wrinkle
and curl, causing underestimate of the transverse cell dimension. During AFM imaging, the force
applied by the probe (~ 0.3 GPa) might flatten the local area (4 – 100 m2) and the dimensions of
cell walls could be measured more accurately. Z stacks of the extended tissues at different focal
planes need to be examined to test this hypothesis. The transverse compression might be a result
of microfibrils reorienting (5 ~ 7°) towards the direction of extension and moving closer to each
other. In the case of Cel12A creep, although reorientation of microfibrils was observed at
localized places, the general trend of microfibrils seemed to be separating from each other,
resulting in expansion in both axial and transverse directions (Fig. 4.4). Orientations of
microfibrils in the top two to three observable lamellae were also compared: During physical
extension, microfibrils at the innermost lamella always reoriented towards the extension
direction, whereas microfibrils in the subsequent lamellae reoriented either towards axial
direction, or became more transverse (2:2 in four replicates, Fig. 4.4A – C , Supplemental Fig.
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4.3A and B, Supplemental Movie 4.4). The reorientation angle toward transverse direction in the
underneath lamella was similar to the one toward axial direction in the top lamella (7.2 ±1.1°
versus 8.3 ±1.0°, mean ±SEM, n = 10). These observations suggested that the reorientation of
the innermost lamella could dictate the rigid body rotation of the subsequent lamella and there
might be connections between lamellae (Supplemental Fig. 4.3C and D). To measure the
orientation of most of the microfibrils, SOAX software was used to automatically identify
fragments of microfibrils and to plot the distribution of microfibril orientations (23). Although
SOAX was able to identify the majority of microfibrils and the results indicated reorientation of
microfibrils in certain cases (Supplemental Fig. 4.4), removing short microfibril fragments that
were generated due to noise and matching identified microfibrils in different frames might still be
needed to improve the method and calculate changes in orientation.
By aligning different frames to remove global shift and semi-manually tracing
microfibrils in different frames, the displacement of each point along microfibrils could be
recorded. During physical extension and Cel12A creep, microfibril movement ranged from 0 to ~
150 nm, instead of a uniform movement as would be expected for microfibrils with complete
freedom to move. The heterogeneous movement of microfibrils suggested that the heterogeneous
local environment of microfibrils, such as non-uniform connections with other microfibrils or
uneven distribution of matrix, might affect microfibril behavior during extension (Fig. 4.5).
4.2.3 Purely mechanical extension caused kinked microfibrils, which were reduced
or digested after 2.5 h Cel12A treatment.
Several microfibrils (~ 3 counts/m2) markedly became more kinked during apparent
plastic deformation and elastic extension (Fig. 4.6 and Table 4.1). There might be at least three
scenarios for the formation of kinks: (1) Microfibrils were irreversibly extended during the first
extension and become buckled when the cell wall was returned till the force was brought back to
5 mN; (2) Microfibrils were anchored in place at two points and kinks formed between the two
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connection points when they came closer to each other during plastic and elastic extension; (3)
Microfibrils were connected to the other at one point where they intersect and kinks formed at
these points when microfibrils moved heterogeneously towards different directions or with
different displacement (Supplemental Fig. 4.5). For scenario (1), the kinks formed after plastic
extension were expected to be stretched and reduced during second extension. 17 % (7/41) of the
kinks were observed to behave as such. More than 80 % of the kinks became more severe after
the second extension, possibly with one or two connection points as predicted in the last two
scenarios. From the height map, the height of two microfibrils at the intersected junctions was
indistinguishable, indicating that these microfibrils were connected via limited matrix mediation.
We determined whether the connections were made within the same lamella or between different
lamellae based on the orientations of microfibrils rather than their indistinguishable height. If the
connected microfibrils had similar orientation and belonged to the same lamella, the connections
were formed within lamella and the kinks were intralamellar. If the connected microfibrils were
almost perpendicular to each other and belonged to different lamella, the connections were
formed between sequential lamellae and the kinks were interlamellar (Supplemental Fig. 4.6). 78
% (32/41) of the kinks were found to be intralamellar at the innermost surface, while 22% (9/41)
of the kinks were interlamellar, suggesting widespread connections within the same lamella and
the possibility of interlamellar connections (Table 4.1).
Cel12A incubation reduced 61.5 % (24/39) of the kinked microfibrils by 5°while 12.8%
(5/39) of the kinked microfibrils disappeared, presumably being digested by Cel12A. After
Cel12A creep, 76.5 % (26/34) of the kinks were further reduced by 20°(Fig. 4.6, 7, Supplemental
Fig. 4.7). The reduced kinks during 2.5 h of Cel12A incubation suggested that these kinks were
under tension and could be relaxed by the action of Cel12A. On the other hand, straight
microfibrils that were under tension could become buckled when being relaxed, as observed in
12.8 % (5/39) of the kinked microfibrils during Cel12A incubation (Supplemental Fig. 4.7).
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Changes in local environment of the kinked point, or the spatial relationship between kinks and
adjacent microfibrils suggested sliding of these kinked microfibrils and disconnection between
microfibrils as a result of Cel12A digestion (Fig. 4.6E – H and Fig. 4.8A).
4.2.4 Sliding and shearing was observed during extension.
Sliding between microfibrils was observed during physical extension as well as Cel12A
creep, suggesting that microfibrils were not entirely anchored in place (Fig. 4.6E – H and Fig.
4.8A - E). When 100 mN of extension force (~ 8 MPa in the case of a 3 mm wide, 4 m thick
onion epidermal strip) was applied to the wall specimen, stiff microfibrils (~ 150 GPa) that
oriented close to the extension direction could only be extended to a very limited degree (<
0.01%), much less than the 10% extension at tissue level. On the other hand, shearing between
microfibrils could potentially facilitate the large axial tissue strain (Fig. 4.8F). Although thinning
of microfibril bundles during extension might be used as a marker to identify shearing, given the
resolution of these AFM images (4 nm/pixel), the thinning (~ 3 nm) was likely undetectable or
difficult to differentiate from noise. Simply measuring the changes between two vertices was
inappropriate due to the possibility of sliding. Instead, we looked for microfibrils with two
vertices whose immediate environment such as brightness/darkness or adjacent microfibrils
remained the same during extension (Fig. 4.8G – J). Changes of distance between these vertices
were calculated as shear strain between microfibrils. If the environment in close proximity of the
vertices changed, sliding between microfibrils was considered to occur. ~ 10% shear strain was
observed during apparent plastic extension, elastic extension and Cel12A-induced creep
(Supplemental Fig. 4.8), confirming that microfibrils were not bonded to one another tightly.
There was no significant difference in shear strains between physical extension and Cel12Ainduced creep, indicating that shearing might not be the specific chemorheological effect of
Cel12A.
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4.2.5 Cell wall modulus as detected by AFM increased during extension and
decreased after 2.5 h Cel12A treatment.
Since cell walls were under tension during extension, nanomechanical mapping
concomitant with height imaging was used to detect changes in cell wall stiffness. At initial
position and after apparent plastic deformation, when cell walls were under minimum tension (5
mN), the histograms of cell wall modulus were indistinguishable from one another. When the
wall specimen was extended for the second time at 80 mN, cell wall modulus markedly increased
and microfibrils appeared to be load bearing (Fig. 4.9A – D). Cell wall modulus decreased after
2.5 h of Cel12A treatment while remained the same during buffer control, indicating that Cel12A
induced cell wall stress relaxation (Fig. 4.9C – I). The modulus at the kinked microfibrils
increased during physical extension but reduced after Cel12A treatment (Fig. 4.10), confirming
that these kinks might be targeted by Cel12A during cell wall loosening. When the wall specimen
was further extended (i.e., Cel12A induced creep) by adjusting the extension force back to 80
mN, the modulus increased again as a result of increased cell wall tension (Supplemental Fig.
4.9). These results showed that nanomechanical mapping was able to detect changes in cell wall
tension and the kinked microfibrils were the load bearing sites weakened during cell wall
loosening.
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4.3 Discussion
By monitoring microfibril movement during physical extension and creep induced by
Cel12A, we were able to dissect the effect of purely mechanical extension and cell wall loosening
on microfibril movement: Microfibrils reoriented and compressed transversely during increased
physical extension, while they separated from each other after Cel12A induced creep; Purely
mechanical extension caused kinked microfibrils, which were reduced or digested after Cel12A
treatment and Cel12A induced creep; Sliding and shearing between microfibrils were also
observed during extension. These results provide molecular details for the primary cell wall
structure and the mechanism of cell wall loosening. Nanomechanical mapping was shown to be
sensitive to changes in cell wall tension during extension and microfibrils appeared to be the main
load bearing components in cell walls.
4.3.1 The molecular details of primary cell wall structure
The observation of microfibril reorientation, transverse compression as well as
microfibril kinks suggested the local connections between microfibrils. By determining which
lamella the kinked microfibrils and the intersected microfibrils belonged to, the majority of the
kinks were found to be intralamellar junctions, while 20% of the kinks were interlamellar
junctions. While microfibrils at the most recently deposited lamella always reoriented towards the
extension direction, microfibrils at the subsequent layer reoriented towards either axial or
transverse direction, with the latter case seemingly contradictory to basic rules of physics. If
connections between the innermost lamella and the underneath lamella do exist and it is the
innermost lamella that plays the primary role of load bearing, reorientation in the underneath
layer towards the transverse direction might happen as an indirect, secondary effect of axial
extension. For much older layers that are invisible to AFM and have been pushed even further
outside during cell wall synthesis and growth, the integrity of these connections might have been
lost since the cell wall has extended so much. Microfibrils in these older layers might undergo
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passive reorientation during extension and eventually align themselves with the growth direction.
The specific environment of matrix and growth stages might affect how fast microfibrils can
reorient in these older layers which contribute a significant portion of cell walls. As a result,
lamellae with different orientations are formed to reinforce cell walls at all directions, and the net
orientation of microfibrils in cell walls, axial or transverse, can be achieved as required to provide
necessary mechanical support (17, 24–26).
Microfibril sliding and shearing during physical extension indicated that microfibrils
were not entirely cemented in cell walls, a structural feature allowing microfibrils to move when
only limited regions were loosened by Cel12A. The modulus of matrix and the interactions
between cellulose microfibrils with or without being moderated by hemicelluloses might
influence microfibril sliding and shearing, thus contribute to cell wall mechanical properties.
4.3.2 The molecular mechanism of cell wall loosening
Microfibril kinks were either reduced or digested and microfibrils slide against each other
at these kinked regions during Cel12A-induced creep suggested that Cel12A might decouple
microfibrils at these localized regions, resulting in microfibril separation instead of passive
reorientation during creep, consistent with previous result (22). The slight transverse expansion
during wall loosening, rather than compression as observed during physical extension, has
significance from plant physiology aspect in that it helps maintain the minimum girth during cell
elongation and therefore keep other physiological activities such as water and nutrient transport
functioning properly.
Previously, short regions of microfibril bundles were proposed to be the candidates for
biomechanical hot spots based on the resemblance with the predicted structure and increased
dynamics of these bundled regions in relaxed cell walls during Cel12A treatment (12, 15, CH3).
The intralamellar kinks observed in this study confirmed that at least some of these bundled
regions could be load bearing and disassociated during Cel12A-induced creep. Moreover, small
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amount of interlamellar connections at surface layers observed by AFM could also play a role in
cell wall loosening. Cel12A is an endoglucanase known to preferentially digest amorphous
cellulose (27). The kinked regions with locally disrupted cellulose crystallinity might become the
preferred targets by Cel12A. Since simultaneously digesting cellulose and xyloglucan by Cel12A
is required to cause creep, the localized junctions that were disassociated during Cel12A creep
suggested that these connections between microfibrils were likely cellulose-xyloglucan amalgam
type structures, indigestible by CEG or XEG. Recent computational simulation studies suggested
that the interactions between cellulose and hemicelluloses contribute significantly to cell wall
mechanics and the structure of xyloglucans being sandwiched between cellulose could withstand
strong enough force comparable to turgor pressure (28, 29). Treating cell walls with CEG or XEG
and monitoring microfibrils motions during extension would be needed to confirm the nature of
these connections.
The density of the kinks that were reduced or digested by Cel12A, suggested the density
of biomechanical hot spots at the surface layer to be ~ 3 – 6 m-2, depending on whether the kinks
were caused by one or two point connection (Supplemental Fig. 4.5). The biomechanical hot spot
density were previously estimated to be ~ 20 – 60 m-2, based on observations of microfibril
separation and digestion. Calculations based on saturated expansin binding sites (1:1000) also
gave a similar number. The lower frequency of biomechanical hot spots observed in this study
might be because only reduced or digested kinks were counted, while there might be other subtler
forms of decoupling that were below current resolution (4 nm/pixel), as demonstrated in previous
chapter (CH3).
4.3.3 Changes in cell wall tension detected by nanomechanical mapping
AFM has been used to detect changes in plant tissue mechanics with a large spherical tip
(1 ~ 5 m) (30). Here we demonstrated that changes in cell wall tension can be detected by AFM
at the nano scale. Although cellulose has long been considered the load bearing elements of plant
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cell walls, the reasoning was largely based on the stiffness of cellulose compared to the gel – like
matrix or indirect evidence derived from light microscopy, extensometry or genetic mutants that
has defected cellulose synthesis (25, 31, 32). Here we provided the first direct evidence that when
wall specimens were being stretched and under tension, microfibrils appeared to be load bearing
and respond to cell wall stress relaxation induced by Cel12A. The modulus of kinked microfibrils
increased during physical extension but decreased during Cel12A treatment, supporting the load
bearing role of these connections for cell wall loosening.
Conclusion
The distinctively different microfibril behavior during physical extension and cell wall
loosening, emphasized the differences between pure mechanical extension and the
chemrheological effect of plant cell walls. Our observation of microfibrils motions during cell
wall extension provided insights for how the molecular structure of primary plant cell walls can
achieve cell wall loosening during growth without losing its mechanical strength.
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4.4 Materials and Methods
4.4.1 Expression and purification of Cel12A
Cel12A from Tricoderma reesei was expressed in Escherichia coli Rosseta-gami (DE3)
and purified as described in Yuan et al. (2001). Protein concentration was determined by
Bradford assay (33).
4.4.2 Cell wall extension monitored by AFM
A customized extensometer was made to adapt AFM scanning (Supplemental Fig. 4.1A).
Glass slides (75 mm × 25 mm) were fixed on top of the plexiglass stages to provide a smooth and
flat surface for cell wall specimens. To enhance light reflection and illuminate cell walls, a layer
of aluminum foil was inserted underneath the glass slide of the fixed stage, on which the cell wall
sample would be imaged by AFM. Wall extension was measured by a position sensor attached to
the movable stage. The movement of the stage was driven by a screw, connected to the stage by a
spring and a load sensor, which indicated the force applied to the tissue. Both position and force
were recorded by custom software. The position sensor and bearings of the movable stage caused
considerable friction (up to ~ 80 mN) and hindered the free movement of the stage. To overcome
this inherent binding issue which would result in inaccurate recording of the force applied to the
tissue, the movable stage was gently tweaked by tweezers until the position and force were
coupled (Supplemental Fig. 4.1B).
To prepare wall specimens for cell wall extension and AFM imaging, fresh onion bulbs
(Allium cepa cv. Cometa) were purchased from a local store. The dry, papery outer layers were
removed and the fleshy scales were excised and numbered consecutively 1, 2, 3, …, n, with scale
#1 being the outermost, oldest layer. Scale #5 was cut to ~ 1.5 cm wide with its long axis in
parallel to the shoot-root direction. The convex, abaxial side of onion epidermis was pulled away
by hand until a sheet of ~ 3 cm long, 1.5 cm wide was obtained. The flesh at the ends was left
attached to the peel and trimmed into trapezoid prism shape with the cuticle side being the widest
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base to help identify the innermost cell wall layer for AFM imaging and keep the epidermal sheet
from rolling together. The epidermis was washed in 10 ml of 20 mM HEPES buffer, pH 7.0 with
0.1% Tween 20 for 30 min before being boiled in water for 10 s to heat-inactivate the endogenous
expansins. The washed and boiled epidermis was put on a glass slide (75 mm × 25 mm) with the
innermost cell wall layer facing up and hydrated with 20 mM sodium acetate buffer, pH 5.0. The
fleshy ends were trimmed off at this point and the epidermis was further cut into a strip of 3 mm
× 30 mm with razor blade and moved to the short end of the glass slide to be ready for transfer.
The rest of wall materials were saved in case of failure during transfer.
With the fixed stage and movable stage of the extensometer aligned right next to each
other (position 0 mm), one end of the epidermal strip was lifted and gently dragged onto the far
edge of the fixed stage by a pair of tweezers, while the majority of the strip still on the glass slide
held by the other hand. Remove wrinkles and hold the strip on the fixed stage (~ 5 mm) by
tweezers before sliding the glass side towards the movable stage to transfer the rest of the strip on
both stages, while maintain the strip perpendicular to the extensometer stages and aligned with
the extension direction. Blot two ends (~ 5 mm) of the strip dry with Kimwipes (Kimberly-Clark,
USA) and secure both ends onto the stages with foam safe cyanoacrylate glue (medium,
#GPMR6069, Great Planes, USA) and cover slips (cut to 5 mm × 10 mm), leaving ~ 20 mm
between fixed ends. Cyanoacrylate accelerator (Great Planes, USA) was used to cure the super
glue immediately. The entire transfer and clamping process took less than 5 min and the
epidermal strip was kept moist throughout operation. No wrinkles in the clamped strip were
allowed, or AFM imaging was likely to be very difficult with uneven sample surface. The
extensometer with the cell wall strip was moved carefully under the scanner head of AFM so that
a liquid column was formed between AFM probe and the sample surface with additional sodium
acetate buffer.
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The slack in the cell wall was removed by extending the tissue until a minimum force of
5 mN was reached. Wall specimen was first extended until the force reached 100 mN and then
returned until the force was brought back to ~ 5 mN. The dimension of the cell walls only
recovered partially and the retained irreversible deformation of the cell wall was called plastic
extension. A second extension was made until the force reached 80 mN. The second extension of
the cell wall was largely reversible and therefore considered elastic (34). The tissue was held at
constant position after the second extension, and 30 g/ml Cel12A in 20 mN sodium acetate
buffer (pH 5.0) was added to the cell wall sample. After ~ 2.5 hr, presumably cell wall stress was
relaxed by Cel12A and the sample was extended by tweaking the movable stage until the position
and the force (< 80 mN) were coupled again. Extend the sample further until 80 mN of force was
re-established. The total amount of wall extension induced by Cel12A was a result of cell wall
yielding and wall polymer creep, sharing the same mechanism of cell wall extension as measured
by conventional creep extensometer where constant load was applied. Positions were recorded at
six different time points: initial position at 5 mN of force; first extension at 100 mN; returned
after first extension (force brought back to 5 mN); second extension at 80 mN of force; 2.5 hr of
Cel12A treatment before creep (apparent force at 80 mN); after Cel12A induced creep (force
reestablished at 80 mN). To be concise, the six time points were named as 5 mN, 100mN, 5 mN’,
80 mN, Cel12A 2.5 hr and Cel12A creep. Same area of cell wall (2 m × 2 m) was imaged by
AFM at these time points except 100 mN. A light microscope installed next to AFM scanner head
and scans at larger scale (5 m × 5 m or 10 m × 10 m) by AFM were used to help localize the
same area of cell walls. AFM probes and scanning parameters were as described in Zhang et al.
(2014). The experiment was repeated at least three times.
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4.4.3 Cell wall extension by creep and stress-strain assays
To verify the accuracy of the extensometer used for AFM, similar procedure was carried
out on Instron (stress – strain assays) and conventional creep board. For Instron experiment, the
washed and boiled onion epidermal strips (3 mm × 10 mm) were clamped under intial load of 2
mN, with 5 mm in between clamps. Wall specimens were extended at a rate of 3 mm/min until
100 mN of force was reached. Positions at 5 mN, 100 mN, 5 mN’ and 80 mN were recorded and
strains were calculated to compare with the results from the extensometer used for AFM.
For creep, a number of onion epidermal strips (3 mm × 10 mm, n = 24) were washed and
boiled for 10s before being clamped on creep board under initial load of 5 mN, with ~ 5 mm in
between clamps. Since strain would be compared, only the width of the strips needs to remain the
same as the samples used for AFM imaging. The wall specimens were first extended under 100
mN of force for 5 min before the force was switched back to 5 mN. The cell walls were extended
for the second time with 80 mN of force. Wall specimens were held at this position for ~ 1.5 hr,
the amount of time needed for AFM imaging before 30 g/ml of Cel12A in 20 mM sodium
acetate buffer (pH 5.0) was added to induce creep. Positions at the point of adding Cel12A and
after 2.5 hr of Cel12A treatment were recorded and strains (Cel12A creep) were calculated to
compare with the results from the extensometer used for AFM.
4.4.4 Image analysis
All raw AFM images were exported into TIFF images by Nanoscope Analysis (v 1.4). To
remove shift due to sample movement during cell wall extension or thermal drift during AFM
imaging, sets of images were aligned by an ImageJ plugin StackReg (35). The orientation of
microfibrils was color coded by OrientationJ (36). To calculate the axial or transverse strains
from the AFM images, the axial or transverse distance between at least ten pairs of vertices were
measured in ImageJ for each set of experiment. Microfibrils were semi-automatically traced and
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their movement was calculated by JFilament and a custom program as described (33, CH3).
Automatically tracing microfibrils was attempted by SOAX (23).
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Figure 4.1 Experimental procedure and validation of cell wall extension under AFM.
A, B, Force applied and position of specimen in one experiment set. 30 mg/ml Cel12A in 20 mM sodium acetate buffer
(pH 5.0) were added after elastic extension (iii). Dotted line indicated force decay during Cel12A treatment but was not
recorded in load sensor due to inherent binding issues of the device. The same piece of cell wall was imaged by AFM
at initial point (5 mN, i), plastic extension (5 mN’, ii), elastic extension (80 mN, iii), 2.5 h Cel12A treatment before
extension (iv), Cel12A induced creep (v). The experiment was repeated independently at least three times. To validate
the accuracy of AFM extensometer, strain results were compared with ones from Instron (C) and conventional creep
board (D). Error bar = SEM, 3 ≤ n ≤ 16. * P < 0.05 by two tailed t test for difference from buffer control.
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Figure 4.2 AFM images showing the same area of cell wall during extension.
A, initial point (5 mN). B, Anomaly plastic extension (5 mN’). C, Anomaly elastic extension (80 mN). D, Cel12A
induced creep. Hollow arrows marked the same vertices at the cell wall surface during extension. White double headed
arrows with numbers above indicated transverse compression during physical extension (B and C) and expansion
during Cel12A creep (D). Black double headed arrow indicated extension direction. The experiment was repeated at
least three times. Scale bar = 200 nm.
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Figure 4.3 Axial and transverse strains measured from AFM images (A) and the negative ratio of transverse strain over
axial strain (B).
Error bar = SEM, n = 3. * P < 0.05 by two tailed t test for difference from plastic extension (5 mN’) and elastic
extension (80 mN).
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Figure 4.4 Color coded images showing microfibril reorientation (A – C) and separation (D) during cell wall extension.
The colored bar represented color coding for orientation from -90°to 90°. Aqua or green colored microfibrils were at
the innermost surface whereas purple or blue colored microfibrils belonged to the subsequent lamella. Hollow arrows
pointed to microfibrils that reoriented during physical extension but remained similar orientations during Cel12A creep.
Solid arrow heads pointed to localized reorientation after Cel12A creep. Double headed arrow indicated extension
direction. Scale bar = 200 nm.
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Figure 4.5 Histograms showing microfibril movement during extension.
Images were aligned to remove global shift and ~ 40 microfibril fragments were traced by JFilament, an ImageJ plugin.
The displacement of microfibrils (7047~9565 points) were calculated and plotted. Analysis was repeated for three
independent sets of experiment.
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Figure 4.6 Kinked microfibrils appeared during physical extension and were reduced after Cel12A creep.
A – D, Motions of the same microfibril during extension. E – H, Two more examples showing kinks being reduced and
microfibril sliding after Cel12A creep. Solid arrow heads pointed to kinked regions. Scale bar = 50 nm. I, J,
Measurement of kinked angles or change of kinked angles during extension. Error bar = SEM, 28 ≤ n ≤ 41.
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Figure 4.7 Kinked microfibrils disappeared after 2.5 h Cel12A incubation before extension.
Solid arrow head point to the kinked microfibril. 12.8% (5/39) kinks disappeared after Cel12A treatment. Scale bar =
50 nm.
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Figure 4.8 Microfibril sliding (A – E) and shearing (F – J) occurred during extension.
Examples were selected from three independent sets of experiment. Solid arrow heads pointed to sliding microfibrils.
Hollow arrow heads pointed to vertices along shearing microfibrils. The distance between two vertices along a
microfibril was used to calculate shear strain. B – E, G, H, scale bar = 50 nm. I, J, scale bar = 100 nm.
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Figure 4.9 Nanomechanical mapping detected changes in microfibril modulus during extension.
The modulus of microfibrils increased upon tensioning (A – C, E) while decreased after 2.5 h Cel12A treatment (C, D,
F). G – I, Modulus of microfibrils did not change significantly after 2.5 h in buffer control. A – D, DMT modulus
images of the same area of cell wall shown in Fig. 2. Grayscale color bar indicated DMT modulus values (0 – 24 Mpa).
Scale bar = 200 nm. E, F, I, Histograms of cell wall modulus based on A – D, G and H. Error bar = SEM, n = 3.
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Figure 4.10 The modulus of kinked microfibrils increased during extension (A, B) and decreased after Cel12A
treatment (C).
Solid arrow heads pointed to kinked microfibrils. Grayscale color bar indicated DMT modulus values (0 – 55 Mpa).
Scale bar = 50 nm.
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Table 4.1 Density of kinked microfibrils at the innermost cell wall surface.
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Supplemental Figure 4.1 Experimental set up for cell wall extension under AFM.
A, top view and side view of the schematic design of the AFM extensometer. B, Coupling of force applied and position
of wall specimen by tweaking the movable stage.
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Supplemental Figure 4.2 The negative ratio of transverse strain over axial strain measured by light microscope installed
next to AFM scanner head.
Error bar = SEM, n = 3. *P < 0.05 by two-tailed t test for difference from anomaly plastic extension (5 mN’) and elastic
extension (80 mN).
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Supplemental Figure 4.3 The alternative reorientation directions of the underneath lamella indicated connections
between lamellae.
A, B, The underneath lamella (green) reoriented transversely during elastic extension (80 mN). The first lamella was
colored in blue. The color bar represented orientation from -90°to 90°. The double headed arrow indicated extension
direction. Hollow arrows pointed to microfibrils in the subsequent lamella reorienting towards transverse direction.
Scale bar = 200 nm. C, D, Schematics showing subsequent lamella reorienting axially (C) or transversely (D) (2:2 for
four sets of experiment) due to connections with the first lamella. Solid lines represented microfibrils at the innermost
lamella whereas the dotted lines indicated microfibrils at the subsequent lamella. Yellow dots indicated connections
between lamellae.
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Supplemental Figure 4.4 Using SOAX software to automatically detect the orientation of microfibril fragments.
A, A snapshot of SOAX result showing microfibril fragments identified and marked in purple. Scale bar = 200 nm. B –
D, Plotting orientations of microfibril fragments generaged by SOAX. Reorientation of microfibrils was reflected by
peak shift during elastic extension (C) but not after plastic extension (B) or Cel12A creep (D). Analysis was repeated
for three independent sets of experiment.

127

Supplemental Figure 4.5 Schematics showing three scenarios of kink formation.
Orange lines represented microfibrils on the top while blue lines represented microfibrils underneath. Red dots
indicated connections between microfibrils.
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Supplemental Figure 4.6 Height images showing intralamellar kinks (A) and interlamellar kinks (B) determined by the
orientations of the connected microfibrils.
Arrow heads point to the kinks magnified in Fig. 6E-H. Scale bar = 200 nm.
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Supplemental Figure 4.7 The kinked microfibrils were largely reduced by 2.5 h Cel12A treatment.
Solid arrow heads pointed to reduced kinks (61.5%, 24/39) while hollow arrow heads (left upper corner) indicated
microfibrils that became more kinked (12.9%, 5/39). Scale bar = 200 nm.
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Supplemental Figure 4.8 Shear strain during cell wall extension.
No significant differences of shear strains were found between anomaly plastic and elastic extension and Cel12A creep.
Error bar = SEM, 21 ≤ n ≤ 32. P > 0.05 by two tailed t test.
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Supplemental Figure 4.9 Modulus in microfibrils increased after adjusting the force to 80 mN by further extension
(Cel12A creep).
A, B, DMT modulus images of cell wall during 2.5 h Cel12A treatment before extension (A) and after Cel12A creep
(B). Grayscale color bar indicated DMT modulus values (0 – 24 Mpa). Scale bar = 200 nm. C, Histograms of DMT
modulus based on A and B. Error bar = SEM, n = 3.
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Supplemental Movie 4.1 Apparent plastic extension
Scale bar = 200 nm

133

Supplemental Movie 4.2 Elastic extension.
Scale bar = 200 nm.
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Supplemental Movie 4.3 Cel12A-induced creep.
Scale bar = 200nm.
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Supplemental Movie 4.4 The underneath lamella reoriented transversely during elastic extension.
Scale bar = 200 nm.
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Chapter 5
Summary and Prospects

5.1 Establishing AFM method for observing the nano-scale structure of never-dried
plant cell walls at the most recently deposited surface.
Onion epidermal peels were imaged without chemical extraction and dehydration,
therefore representing the native, undisturbed or unmasked nano-scale structure of primary cell
walls. The method could be modified and adapted to other plant cell types such as onion
parenchyma, epidermal cells of Arabidopsis petioles and hypocotyls, cucumber hypocotyls and
maize coleoptiles (Supplemental Fig. 2.8). With accelerated identification of cell wall mutants,
visualization of cell wall architecture by AFM could facilitate genetic studies on the functions of
certain wall related proteins or specific cell wall components in microfibril organization (1).
5.2 Organization of microfibrils and matrix polysaccharides visualized by multichannel AFM imaging.
Microfibrils merged into and out of short regions of bundling and the distribution of
matrix polymers revealed by nanomechanical mapping, provided detailed information on the
organization and spatial relationship of microfibrils and matrix polymers. To further locate
different cell wall polysaccharides and assess their interactions, it might be necessary to apply
immunogold labeling of different polymers such as cellulose, xyloglucans and pectins and image
distribution of the nanogold particles by AFM. Time lapse AFM imaging of cell walls treated
with enzymes that specifically remove a certain cell wall component might also be informative in
identification of certain cell wall polymers.
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5.3 Microfibril dynamics in relaxed cell walls during Cel12A, Driselase, XEG and
EDTA treatment.
Driselase, a mixture of wall degrading enzymes, digested and peeled off entire lamellae
sequentially without loosening cell walls as measured by creep assay, while Cel12A, an
endoglucanase capable of inducing cell wall loosening, digested only limited microfibrils in the
relaxed walls. The specific effect of increased microfibril dynamics induced by Cel12A,
represented by microfibril merging, separation and larger displacement over time, was not
observed when cell walls were treated with XEG or EDTA. These results suggested that
microfibrils were anchored at localized regions which might be the specific target of cell wall
loosening agents.
Although xyloglucans or pectins that were accessible to XEG or EDTA did not appear to
play a role in microfibril anchoring, it is yet to be determined whether the microfibril junctions
were direct cellulose-cellulose contact, or mediated by xyloglucans, as in the predicted structure
of biomechanical hot spots. Moreover, imaging cell walls labeled with nanogold-tagged Cel12A
might reveal the exact location and conformation of the biomechanical hot spots. Besides NMR,
monitoring microfibril movement during time-lapse AFM imaging of relaxed cell walls
potentially provided a new way of assessing real time microfibril dynamics affected by specific
chemical or enzyme treatment, thus facilitating studies of interactions between microfibrils and
matrix polymers.
5.4 Microfibril motions during physical extension and cell wall loosening.
The distinctively different microfibril motions during physical extension and cell wall
loosening provided the molecular details of how microfibrils were connected in primary cell
walls and the specific chemorheological effects of cell wall loosening agents. To avoid the
interference of endogenous wall related proteins during cell wall extension, we used briefly heat
inactivated cell walls and then added Cel12A, a purified fungal endoglucanase to induce creep.
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As a result, in order to assess nano-scale effects of endogenous wall-related proteins on cell wall
biomechanics, it is necessary to compare our current results with microfibril motions of native
cell walls during physical extension and acid growth.
During cell wall extension, the soft matrix polymers would undergo plastic deformation
and microfibrils can either slide or shear against each other as observed during cell wall
extension. The role of matrix polysaccharides in cell wall mechanics might be twofold: First,
xyloglucans and pectins might act as lubricant coating cellulose, moderating the interactions
between cellulose, especially during sliding and shearing motions; Secondly, for xyloglucans and
pectins as spacers or plasticizers, they might hinder the free movement of microfibrils and
therefore directly affect cell wall mechanical property.
The appearance of kinked microfibrils during physical extension suggested connections
within and between lamellae. These kinks were reduced after Cel12A creep, and the tension of
these kinked regions can be relaxed by Cel12A, indicating microfibril decoupling by Cel12A and
the load bearing role of these kinked regions during cell wall loosening. Although the density of
kinks might underrepresent the frequency of biomechanical hot spots at the cell wall surface, the
connections within cell walls inferred from the appearance of kinks and the disconnections
indicated by the reduction of kinks during cell wall creep did suggest a structure that provides
mechanical strength while can be elegantly regulated by wall loosening agents in order to achieve
rapid growth.
One difference between Cel12A and expansins is that no lytic activity has been
demonstrated for expansins so far whereas Cel12A is an endoglucanase that digests both cellulose
and xyloglucan. Although both Cel12A and expansin are capable of inducing creep, the
molecular details of how they target and attack the biomechanical hot spots might be quite
different. Among the microfibrils digested by Cel12A as shown in the time lapse AFM movie,
not all of them might be load bearing for cell wall loosening. Do expansins attack the
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biomechanical hot spots more efficiently compared to Cel12A? Do expansins specifically target
the kinked regions due to the locally disrupted crystallinity? How do expansins and Cel12A differ
in ways of cell wall loosening? To address these questions, it is necessary to monitor microfibril
motions during expansin-induced creep and identify the target of expansins.
Regarding biomechanical hot spots, several questions still remain: Do they regenerate
during cell wall growth? Does the density of these hot spots play a role in regulating growth rate?
Are they destroyed in older cell wall lamellae? How and when are these hot spots formed in the
first place? Is there any coordination between cellulose synthesis and xyloglucan secretion at the
interface between plasma membrane and cell walls? Are there proteins facilitating making of
these hot spots? While all of these questions present a big challenge in our understanding of the
relationship between cell wall biomechanics and plant cell growth, some of them might be
answered by testing samples from different growth stages. Onion epidermis has been an ideal
system in studying cell wall mechanics due to its manageable size (2–5), but advanced technique
such as micromechanical tests using cell wall fragment might allow us to expand our scope to
other model systems and take advantage of the availability of cell wall mutants (6).
The traditional creep experiment extends cell wall specimens uniaxially, while plant cell
walls were under two dimensional stress in living plant cells. It would be interesting to compare
microfibril motions during uniaxial extension and 2D extension.
5.5 A dynamic cell wall model
Our understanding of the primary cell wall architecture is fast advancing. An updated cell
wall model was made based on the currently published results and new insights generated from
this thesis research: Primary plant cell wall is a crossed lamellar structure, with microfibrils
frequently merging into and out of short regions of bundling, forming connections within and
between lamellae. The close contact between cellulose that is potentially mediated by trace
amount of xyloglucans might be the load bearing sites for cell wall loosening during growth.
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These so called biomechanical hot spots might also stabilize cell wall network. Coiled
xyloglucans and pectins fill in space between microfibrils, with pectins covering most of the
cellulose surface. Although these matrix polymers might not directly participate in cell wall
loosening, they interact with cellulose and play an important role in cell wall mechanics.
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